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ABSTRACT 

 

 The prevalence of diabetes, obesity, and the metabolic syndrome is increasing in 

society.  These diseases can have serious consequences on organ systems containing 

smooth muscle tissue.  For example, atherosclerosis and bladder dysfunction can both 

result from the high lipid levels that occur with obesity and diabetes.  Thus, it is 

important to elucidate the mechanisms responsible for the development of atherosclerosis 

and bladder dysfunctions.  A major symptom of obesity and diabetes is high lipid levels.  

These have been shown to cause cell dysfunction and death, termed lipotoxicity, in 

various cell types.  However, lipotoxicity has not been shown in smooth muscle.  The 

goal of this dissertation was to determine if lipotoxicity does indeed occur in vascular 

smooth muscle and to determine how to modulate this lipotoxicity.  We found that 

vascular smooth muscle takes up fatty acid and does not store it adequately, thus 

rendering it free to cause lipotoxicity in the cell.  This lipotoxicity did not seem to be due 

to an increase in reactive oxygen species (ROS) production, suggesting that it was due to 

either an increase in ceramide levels or a decrease in cardiolipin production.  Although 

the saturated fatty acid palmitate did cause lipoapoptosis in vascular smooth muscle, the 

unsaturated fatty acid oleate did not result in cell death, and actually prevented palmitate-

induced apoptosis, mostly likely due to a restoration of cardiolipin levels because other 

mechanisms were ruled out.  Previous work in the lab demonstrated that bladder smooth 

muscle may be susceptible to lipotoxicity, which may be due to changes in peroxisome 

proliferator-activated receptors (PPARs), which are nuclear receptors involved in energy 

homeostasis.  We found that there were significant differences in the levels of certain 
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PPARs between Yucatan and Ossabaw male swine, suggesting genetic differences in 

PPARs.  We also observed differences in PPAR levels between male and female 

Ossabaw swine, suggesting gender differences as well.  These results may explain the 

differences in prevalence of bladder dysfunctions, which may be related to lipotoxicity of 

bladder smooth muscle, between males and females and within the sexes.  To modulate 

lipotoxicity in smooth muscle, we overexpressed caveolin-1 (Cav-1), a protein found in 

caveolae.  Overexpression of Cav-1 caused an increase in CD36 expression and 

redistribution inside the cell and an increase in apoptosis.  This suggests that there may 

have been an increase in fatty acid uptake with Cav-1 overexpression leading to 

lipotoxicity.  Our combined results from these studies suggest that smooth muscle cells in 

the contractile phenotype, which contain a high number of caveolae, are more susceptible 

to lipotoxicity than cells in the proliferative phenotype, and may explain the increase in 

smooth muscle proliferation that occurs with atherosclerosis and bladder dysfunctions 

that result from obesity, diabetes, and the metabolic syndrome. 
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CHAPTER 1: INTRODUCTION 

 

 From the Late-Paleolithic era of human existence to modern times, humans have 

become a mostly sedentary population that eats fat-rich and fiber-poor diets and have a 

positive caloric imbalance (22).  This lifestyle has had a number of consequences on the 

health and disease of people in society.  Amongst these diseases and conditions are 

obesity, the metabolic syndrome, and type 2 diabetes.  In spite of the increase in these 

diseases, modern people live longer than their ancestors, primarily due to the decreased 

mortality from infections.  In 2003 cardiovascular disease, which includes coronary heart 

disease (CHD), stroke, atherosclerosis, and hypertension, accounted for 911,000 deaths, 

which is 37% of all deaths (www.nhlbi.nih.gov/about/factpdf.htm).  According to the 

Centers for Disease Control (CDC) (www.cdc.gov/diabetes/statistics/cvd/index.htm), 5.2 

million people aged 35 years or older with diabetes reported being diagnosed with a 

cardiovascular disease, which is the major cause of morbidity and mortality among 

persons with diabetes.  Thus, the study of obesity, diabetes, and the metabolic syndrome 

and the conditions that result from these diseases will have a profound impact on human 

society. 

 

ATHEROSCLEROSIS 

Disturbances in lipid metabolism are important in the pathogenesis of 

atherosclerosis.  In an atherogenic plasma milieu there is an alteration in the composition 

of the lipids (dyslipidemia) and an increase in total lipids (hyperlipidemia) (125).  

Increased serum lipid level, induced by nutritional and pathological conditions, is 

http://www.nhlbi.nih.gov/about/factpdf.htm
http://www.cdc.gov/diabetes/statistics/cvd/index.htm
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correlated with an increase in the occurrence of atherosclerosis (54). Atherosclerosis is 

one component of cardiovascular disease and affects the vascular system.  In a normal 

conductance artery, there is a monolayer of endothelial cells facing the luminal side of 

the artery.  The endothelial monolayer has intercellular tight junctional complexes that 

act as a selectively permeable barrier between the blood and tissues of the artery.  The 

next layer is the intima, which is very thin and consists of extracellular connective tissue.  

Within the intima is the the internal elastic lamina, which is composed of elastin.  The 

intima is followed by the media, which is a layer that is composed primarily of smooth 

muscle cells.  The outermost layer is the adventitia which is composed of connective 

tissue with interspersed fibroblasts and smooth muscle cells (Figure 1) (81).  

Atherosclerosis is a disease that is characterized by the accumulation of lipids and fibrous 

elements in the large and medium-sized elastic and muscular arteries (81, 128).  

Atherosclerosis can ultimately lead to ischemia of the heart, brain, or extremities, 

resulting in infarction (128).  Endothelial dysfunction is the first step in atherosclerosis, 

and can be caused by elevated and modified low density lipoprotein (LDL); free radicals 

caused by cigarette smoking, hypertension, and diabetes; genetic functions; elevated 

plasma homocysteine concentrations; infectious microorganisms; hemodynamic factors; 

sex hormones; or a combination of these and other factors (81, 128).  Endothelial 

dysfunction results in an increase in the adhesiveness and permeability of the 

endothelium and causes the endothelium to have procoagulant properties and to form 

vasoactive molecules, cytokines, and growth factors (128).  This leads to the 

accumulation of LDL, which diffuses passively through endothelial cell junctions, into  

 



 

 

 

 

 

 

 

 

Figure 1. Normal large conductance artery (81).  The thickness of the intima is 

disproportionate to the other layers. 
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the subendothelial matrix (81).  The LDL that accumulates in the subendothelial space 

then becomes modified by oxidation, glycation, aggregation, association with 

proteoglycans, incorporation into immune complexes, lypolysis, or proteololysis (81, 

128).  The accumulation of oxidized LDL stimulates endothelial cells to produce pro-

inflammatory molecules such as adhesion molecules and growth factors (81) and 

promotes progressive oxidation of LDL (128).  Monocytes adhere to the surface of the 

endothelium and migrate across the monolayer into the intima, where they proliferate, 

differentiate into macrophages, and take up lipoproteins, forming foam cells (81).  The 

foam cells eventually die, contributing their lipid-filled contents to the necrotic core of 

the atherosclerotic lesion (81).  The oxidized LDL trapped in the artery is internalized by 

macrophages by means of scavenger receptors, such as SR-A and CD36, on the surfaces 

of these cells (81, 128).  These lipid-laden macrophages secrete cytokines and growth 

factors that cause smooth muscle cells in the media to migrate to the atherosclerotic 

lesion and proliferate.  The smooth muscle cells secrete fibrous elements and 

extracellular matrix which causes fibrous plaques  These lesions are characterized by a 

growing mass of extracellular lipid and by accumulation of smooth muscle cells and 

smooth muscle cell-derived extracellular matrix, to develop and increase in size (81) 

(Figure 2).  The cycles of accumulation of monocytes, migration and proliferation of 

smooth muscle cells, and the formation of fibrous tissue result in enlargement and 

restructuring of the lesion (128).  The arterial wall compensates for this growth by 

gradual dilation, or “remodeling” (128) until a critical point is reached, after which the 

lesions begin to grow outwards and encroach on the lumen, altering the flow of blood 

(81, 128).  The fibrous plaque will eventually erode or thin at the shoulder, resulting in 



 

 

 

 

 

 

Figure 2. Events involved in atherosclerosis 

(http://server.activeweb.pl/images/atherosclerosis_damage.jpg) 
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plaque rupture and thrombosis, which can lead to coronary syndromes or myocardial 

infarction (128). 

 

DYSFUNCTIONS OF OTHER SMOOTH MUSCLE CONTAINING ORGANS 

 Many complications involving several organ systems are associated with diabetes.  

In addition to the atherosclerosis that occurs in the vasculature, the bladder and digestive 

system are two other examples of organ systems containing smooth muscle that can be 

affected by diabetes, the metabolic syndrome, and obesity.  Similar to a vessel, the 

bladder wall is composed of three layers: a layer of epithelial cells called the urothelium 

that borders the lumen, a layer of connective tissue composed of extracellular collagen, 

and an outermost layer that is composed of smooth muscle cells (113).  Urinary bladder 

dysfunction has symptoms of insidious onset of voiding, progressive bladder paralysis, 

urinary retention, and incomplete voiding (39) and is a common disorder associated with 

diabetes affecting about 80% of the diabetic population (20, 39, 74).  Chronic diabetes 

has been shown to cause functional impairment of bladder smooth muscle, including 

decreased tone and contractility, and an increase in bladder size and capacity (20, 71, 74).  

The detrusor muscle contractions during bladder dysfunctions are compromised as the 

diabetic state progresses resulting in an inability to void completely (71).  Women with 

diabetes typically have a flaccid, hypotonic, or atonic bladder condition termed bladder 

cystopathy (18).  Urinary incontinence has been associated with a higher body mass 

index (BMI) in people with type 2 diabetes (18, 63, 152).   

Another condition in the bladder is called benign prostatic hyperplasia (BPH), 

which is characterized by hypertrophy of the detrusor which permits a compensatory 
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increase in detrusor pressue to maintain flow in the face of increased outflow resistance.  

There is an increase in the amount of extracellular matrix in the bladder wall which leads 

to decreased compliance and impaired emptying (73).  It has been suggested that 

overactive bladder in men with BPH might be associated with the metabolic syndrome, 

including diabetes (152).   

These bladder dysfunctions that are associated with diabetes, obesity, and the 

metabolic syndrome may be due to alterations in the smooth muscle layer of the bladder.  

In rats that are treated with streptozotocin, which induces diabetes, there is an increase in 

the total cross-sectional area and lumen area and an increase in bladder weight due to an 

increase in smooth muscle (74, 113).  During BPH, there is a decrease in MHC 

expression, suggesting smooth muscle dedifferentiation into a proliferative phenotype 

(73).  Thus, it is possible that the bladder complications that arise with diabetes and 

obesity may be due to pathologies of the smooth muscle layer. 

 There are also problems with the gastrointestinal system, which has a significant 

amount of smooth muscle tissue, with diabetes.  In outpatient diabetics, 76% had 

gastrointestinal symptoms (42).  Gastrointestinal dysfunction includes reduced peristalsis 

and dilation of the esophagus, gastric retention, disordered small intestinal movement, 

and colonic atony or megacolon (101).  In streptozotocin-treated rats, there was a 

significant increase in intestinal weight and 39% increase in smooth muscle mass (101).  

Thus, alterations in smooth muscle function may result in not only dysfunctions of the 

bladder and vasculature, but in gastrointestinal dysfunctions as well.  Thus, it is 

extremely important that the role that elevated lipids during obesity and diabetes play in 
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atherosclerosis, bladder dysfunctions, gastrointestinal dysfunctions, and other problems 

associated with smooth muscle containing tissues is elucidated. 

 

SMOOTH MUSCLE CELLS 

 Diseases such as atherosclerosis and bladder dysfunction are associated with 

pathologies of smooth muscle.  For example, the bladder is comprised of mostly smooth 

muscle tissue and the dysfunctions associated with obesity and diabetes are related to a 

change in smooth muscle function and morphology.  Also, even though atherosclerosis 

involves a variety of cell types, such as endothelial cells and macrophages, smooth 

muscle cells also play a major role in its pathology.   

 Smooth muscle exists in a wide spectrum of phenotypes to carry out a vast range 

of functions that vary in different smooth muscle cell containing organs during normal 

development and maturation, as well as to allow the repair of injury to smooth muscle 

tissues resulting from mechanical injury or inflammation (106, 163).  Each of the 

different phenotypes have different marker proteins (106).  These protein markers include 

α-actin, myosin heavy chain (MHC) isoforms SM-1 and SM-2, calponin, caldesmon, 

vinculin, and desmin.  See Table 1 for examples of smooth muscle markers and their 

occurrence during different stages of development and injury.  The earliest marker of 

differentiated smooth muscle cells is α-actin and there is a sequential induction of marker 

proteins that continues late in vascular development, with SM-1 MHC, calponin, h-

caldesmon, and SM-22 being markers of the middle stages of smooth muscle cell 

differentiation and SM-2 MHC being a marker of late differentiation.  Under normal  
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SMOOTH 

MUSCLE-

SPECIFIC 

PROTEIN 

YOUNG OR 

FETAL CELLS 

ADULT 

CELLS 

PROLIFERATIVE 

CELLS 

DURING 

INJURY 

α-actin Some present Predominant 

marker 

Absent Absent 

β-actin Predominant 

marker 

Some present Some present Some present 

γ-actin Some present Some present Some present Some present 

Myosin heavy 

chain 

Some present Predominant 

marker 

Decreased Decreased 

Desmin Some present Predominant 

marker 

Absent Absent 

Vinmentin Some present Some present Some present Some present 

Caldesmon Some present Some present Decreased Decreased 

Vinculin Some present Some present Decreased Decreased 

 

 

 

 

Table 1.  Examples of smooth muscle cell specific markers and their prevalence during 

different development and injury states.  Adapted from (136). 
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conditions, the expression of most smooth muscle cell differentiation markers appears to 

be relatively homogeneous between smooth muscle cells within mature blood vessels 

(106).  Despite the range of phenotypes, there are two main phenotypes: a spindle shaped 

“contractile” smooth muscle cell and the epithelioid “synthetic” smooth muscle cell (136, 

163).  The main function of vascular smooth muscle cells is contraction.  Thus, the 

contractile phenotype is the most prominent phenotype in the media of arteries in mature 

animals and the cells in these vessels proliferate at extremely low rates and produce small 

amounts of extracellular matrix proteins.  The other phenotypes exist and play a role in 

vascular pathologies (106).  During vascular injury or disease, smooth muscle cells 

undergo phenotypic modulation that consists of an increase in the rate of proliferation, 

migration, and synthesis of extracellular matrix proteins; and decreased expression of 

proteins characteristic of differentiated smooth muscle cells, including smooth muscle 

(SM) actin, SM- MHC, SM 22α, h1-calponin, vinculin, desmin, smoothelin, caldesmon, 

and telokin (32, 106, 163).  These proliferative cells decreased myofilments, increased 

synthetic cellular organelles such as the Golgi (106) and endoplasmic reticulum and 

appear to be derived from fully contractile smooth muscle cells (32, 106).  Despite the 

continuum of smooth muscle cell phenotypes, it is possible that some of the pathologies 

of smooth muscle associated with diabetes and obesity may be related to changes from 

the contractile phenotype to the proliferative phenotype.   

 

LIPOTOXICITY 

Adipocytes have the capacity to store large amounts of fatty acids as triglycerides 

(131).  Non-adipose tissue, such as skeletal muscle, the heart, the pancreas, the liver, and 
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the kidney, have a very limited ability for the storage of fatty acids as triglycerides (131, 

157).  Under normal conditions, fatty acid transported into the cell or hydrolyzed from 

triglycerides in the cell is in homeostasis with fatty acid being metabolized by β-

oxidation, storage as triglycerides, generation of lipid signaling molecules, post-

translational protein modification, or transcriptional regulation (131).  Diabetes, obesity, 

and the metabolic syndrome (47, 72, 168) and lipodystrophies (48) can result in 

dyslipidemia and hyperlipidemia.  The high plasma lipid levels that are a consequence of 

these diseases results in excess delivery of fatty acids to tissues.  When the amount of 

fatty acid being taken up by cells or being broken down from triglycerides exceeds the 

amount that is stored as triglycerides or oxidized, these fatty acids accumulate inside the 

cytoplasm (131).  As a result of fatty acid accumulation inside the cell, cell dysfunction 

or cell death can occur and this is known as lipotoxicity (131). 

Lipotoxicity has been shown to occur in several different types of tissues (14, 27, 

31, 58, 59, 61, 78, 83, 109, 139, 145).  However, to date there is no evidence showing 

that lipotoxicity occurs in smooth muscle.  The purpose of this dissertation was to 

elucidate the role that lipotoxicity plays in smooth muscle and to modulate this 

lipotoxicity by various means. 

 

PREVIOUS DATA, HYPOTHESIS, AND STUDY SIGNIFICANCE 

 Vascular smooth muscle phenotype transformation from a contractile to a 

proliferative one is a critical step in atherosclerotic plaque formation (125) and may be 

the driving force for the increase in smooth muscle cell mass due to an increase in 

proliferation that is observed in bladder and digestive tract pathologies.  We previously 
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have shown that there is change in substrate utilization in response to both increased 

plasma cholesterol and triglyceride concentration in miniature swine supporting the 

notion that dyslipidemia is an important component of vascular changes in diabetes 

(125).  The changes in mitochondrial function observed may reflect early changes in 

cellular energy homeostasis preceding phenotype transformation in smooth muscle cells 

(125).  This supports the theory that there is a change from smooth muscle cells in the 

contractile phenotype to smooth muscle cells with a more proliferative phenotype due to 

excess lipid.  However, Owens (106) and Schwartz et al. (136) asked the following 

question: Are the proliferating smooth muscle cells in the atherosclerotic lesion derived 

from a fully differentiated contractile smooth muscle cell, or is there a subpopulation of 

relatively undifferentiated “precursor” smooth muscle cells that coexist with the 

contractile smooth muscle cells in a healthy artery?  Most evidence suggests that smooth 

muscle cells in the intima are derived from fully differentiated contractile smooth muscle 

cells that undergo changes in their differentiated state in response to injury or atherogenic 

stimuli, rather than recruitment from a preexisting precursor smooth muscle cell type 

(106).  However, it has been shown that vessels contain a subset of smooth muscle cells 

lacking desmin, one of the proteins characteristic of smooth muscle differentiation (136).  

This suggests that proliferative smooth muscle cells may be derived from undifferentiated 

precursor cells or a small population of proliferative cells rather than smooth muscle cells 

of the contractile phenotype. 

I hypothesize that excess fatty acids will cause lipotoxicity in smooth muscle cells 

(Figures 3 and 4).  I tested this hypothesis by subjecting cultured vascular smooth 

muscle cells to physiological and supraphysiological levels of different fatty acids,  



 

 

 

 

 

Figure 3. I propose that contractile smooth muscle cells, which contain more Cav-1 than 

proliferative cells, will be more susceptible to lipotoxicity because an increase in fatty 

acid uptake. The intima and the adventitia are disproportionate from the other layers. 
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Figure 4. The selective “killing off” of contractile smooth muscle cells will cause an 

increase in the percentage of proliferative phenotype cells, resulting in proliferation of 

vascular smooth muscle.  The intima and the adventitia are disproportionate from the 

other layers. 
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such as palmitate and oleate, and found that there was an increase in lipotoxicity in cells 

incubated in palmitate, but not oleate.  I also overexpressed Cav-1, the major structural 

protein in caveolae, to modulate lipotoxicity in vascular smooth muscle cells.  

Overexpression of Cav-1 increased the incidence of palmitate-induced apoptosis.   

Because there is much more caveolae in smooth muscle cells in the contractile phenotype 

compared to the proliferative phenotype (153), it is possible that contractile smooth 

muscle cells may be more susceptible to lipotoxicity than those in the proliferative 

phenotype.  If this is the case, then during conditions of excess fatty acid provision, there 

will be selective “killing off” of vascular smooth muscle cells in the contractile 

phenotype.  This will allow an increase the percentage of precursor smooth muscle cells 

or those in the proliferative phenotype due to an increase in space to grow and a decrease 

in the number of contractile cells.  The proliferation of smooth muscle cells is an 

important step in the progression of atherosclerosis because they secrete fibrous elements 

that contribute to the plaque.  It also may be important in the development of bladder 

dysfunctions and gastrointestinal dysfunctions.  Therefore, studying lipotoxicity in 

smooth muscle is very important in understanding the disease process that occurs during 

atherosclerosis and other disease in smooth muscle containing organs. 
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CHAPTER 2: VASCULAR METABOLIC DYSFUNCTION AND LIPOTOXICITY 

 

 

ABSTRACT 

The purpose of this study was to determine the role of lipotoxicity in vascular 

smooth muscle (VSM). To determine the ability of VSM cells to transport long-chain 

fatty acids, cultured A7r5 rat aortic cells were incubated in C1-BODIPY 500/510 C12 with 

fluorescence measured as an index of lipid accumulation. Lipid transport did not appear 

to limit metabolism, and thin layer chromatography revealed storage of transported oleic 

acid occurred primarily as mono- and diglycerides and not as triglycerides, hence poising 

VSM for lipotoxicity. We used lipid-induced apoptosis as a measure of lipotoxicity and 

found that 1.5 mM palmitate bound to albumin in a 6.8 to 1 ratio resulted in a 15-fold 

increase in the number of apoptotic cells compared to control at 24 hours. This apoptosis 

did not seem to be due to an increase in reactive oxygen species (ROS) as VSM cells 

incubated in palmitate showed less ROS production than cells incubated in only albumin. 

Similar exposure to oleate did not significantly increase the number of apoptotic cells 

compared to control. To see if oleate had a protective effect, we incubated the cells in 

different ratios of palmitate and oleate and in 0.5 μM staurosporine with or without 

oleate. Oleate significantly attenuated the apoptosis induced by palmitate but did not 

protect cells from apoptosis caused by staurosporine, suggesting that unsaturated fatty 

acids have a protective effect on cells undergoing palmitate-induced apoptosis. 

Incubation of hog carotid artery VSM with palmitate resulted in an 11.3% decrease in 

13C-acetate utilization and an 11.2% increase in endogenous substrate utilization 
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reflecting mitochondrial metabolic dysfunction. These results suggest that vascular 

smooth muscle is vulnerable to lipotoxicity and that some of this lipotoxicity may be due 

to the effects of palmitate metabolism. 
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INTRODUCTION 

Atherosclerosis is a serious disease that is characterized by the accumulation of 

lipids and fibrous elements in arteries (81). One of the stages of this disease involves the 

de-differentiation, proliferation, and migration of smooth muscle cells from the medial 

layer to the intima. The smooth muscle cells accumulate and produce extracellular 

matrix, which forms the fibrous plaque of the lesion (81). In addition to proliferating, 

vascular smooth muscle cells in the lesion also undergo apoptosis (9, 49). Early in the 

process of atherosclerosis, lipid accumulates in the vessel wall resulting in alterations in 

vascular smooth muscle function, such as proliferation (49) and apoptosis. 

Normal fatty acid homeostasis involves the balance between the formation or 

delivery of fatty acids and the utilization of fatty acids. When cells accumulate more fatty 

acids than are required for anabolism or catabolism, then extra fatty acids are typically 

stored as triglycerides (131). Adipose tissue is capable of storing large amounts of fatty 

acid as triglycerides, but non-adipose tissue has a limited lipid storage capacity for the 

storage of lipid. Lipotoxicity occurs when excess lipids accumulate in non-adipose tissues 

and results in cell dysfunction or apoptosis (131).  

Saturated fatty acids, such as palmitate, appear to contribute to lipotoxicity (77). 

For example, palmitate has been shown to induce apoptosis in a variety of tissues (27, 31, 

59, 77, 78, 83, 109). Palmitate is most likely able to induce apoptosis because it is 

metabolized into pro-apoptotic compounds such as ceramide (35) and reactive oxygen 

species (ROS) (78). Saturated fatty acids also may result in decreased cardiolipin 

synthesis, resulting in the release of cytochrome c (104). Recent evidence suggests 

lipotoxicity may occur in vascular smooth muscle. For instance, lipid and cholesterol can 
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accumulate within vascular smooth muscle cells (8, 85), lipid can cause a shift from the 

contractile phenotype to the synthetic phenotype (2, 87, 148), and apoptosis of vascular 

smooth muscle cells can be induced by ROS (150).  Therefore, excess plasma lipid 

levels, such as those that occur during diabetes, obesity, and high fat diets, may be a 

significant contributor to vascular lipotoxicity, and ultimately to atherosclerosis. 

The purpose of this study was to further elucidate the role that lipotoxicity plays 

in vascular smooth muscle cells. In this study we used A7r5 rat aortic smooth muscle 

cells and hog carotid arteries to demonstrate that the low oleate utilization previously 

observed in vascular smooth muscle (4) was probably not a consequence of a limitation 

in fatty acid transport or of storage of the fatty acid as triglyceride. We also showed that 

palmitate altered substrate oxidation and induced apoptosis. Oleate, however, protected 

cells from palmitate-induced apoptosis. Our results suggest that palmitate, and possibly 

other saturated fatty acids, is capable of causing mitochondrial dysfunction, suggesting 

that lipotoxicity may play a role in vascular smooth muscle and in vascular disease. 
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MATERIALS AND METHODS 

Tissue handling 

Hog carotid arteries were obtained from the local abattoir and dissected free of 

loose fat, connective tissues, and adventitia. They were placed in physiological saline 

solution (PSS), pH 7.4, pre-equilibrated by bubbling with a 95% O2-5% CO2 gas mixture. 

PSS was composed of 116 mM sodium chloride, 4.6 mM potassium chloride, 1.16 mM 

monobasic potassium phosphate, 25.3 mM sodium bicarbonate, 2.5 mM calcium 

chloride, 1.16 magnesium sulfate, 0.85 mM penicillin, 0.069 mM streptomycin, and 5 

mM glucose. Arteries were stored in PSS with 5 mM glucose at 4ºC until needed.  

 

Cell Culture 

A7r5 vascular smooth muscle cells from rat aorta (American Type Culture 

Collection, Manassas, VA) were grown in 75-cm2 culture flasks and on Lab-Tek II 

chambered coverglass (Nalge Nunc International, Rochester, NY) in Dulbecco’s 

modified Eagle’s medium (DMEM; Sigma, St. Louis, MO) that contained 5.5 mM D-

glucose, 26.2 mM sodium bicarbonate, 1 mM sodium pyruvate, and 4 mM L-glutamine. 

DMEM was supplemented with 10% fetal bovine serum (FBS; GIBCO, Grand Island, 

NY) and 1% antibiotic/antimycotic solution (Sigma). Cells were incubated in a 5% 

CO2/humidified chamber at 37ºC. The media was changed every two days to avoid 

microbial contamination. Cells used in the apoptosis and ROS experiments were grown 

in the 75-cm2 flasks. When the cells were ~80% confluent, they were incubated in 1.5 

mM palmitate or oleate conjugated to albumin (6.8:1) for various time points and 
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apoptosis or ROS was measured. For fatty acid uptake experiments, cells were grown on 

chambered coverglass until they reached ~95% confluence.  

 

Fatty acid uptake 

A7r5 cells were serum starved for 24 hours before the experiment. Serum-free 

media was removed from the cells. Cells were rinsed with phosphate-buffered saline 

(PBS) and 2 ml of fresh serum-free media were added to the chambered coverglass. 5.39 

μl (final concentration of 6.25 μM) of 1 mg/ml of C1-BODIPY 500/510 C12 (4,4-difluoro-

5-methyl-4-bora-3a,4a-diaza-s-indacene-3-dodecanoic acid; Molecular Probes, Eugene, 

OR) were added for up to 10 minutes. Images to view fatty acid uptake were taken by 

confocal microscopy every 45 seconds. 

 

Confocal microscopy and image analysis 

Laser scanning confocal microscopy was performed by using the Bio-Rad 

Radiance 2000 (Bio-Rad, Hercules, CA) on an IX-70 inverted microscope (Olympus, 

Tokyo, Japan). The images were captured using a 60X water objective and transmitted to 

a computer with the LaserSharp 2000 program (Bio-Rad). Images were obtained using 

excitation lines from an argon krypton-argon laser at 488 nm and an emission filter of 

515 +/- 30 nm. The transmitted light images were acquired with Nomarski using a 637-

nm red diode laser. Image acquisition was performed in the x, y, and z dimensions with z 

steps of 0.30 μm for all fluorescence images, with 15-20 z steps per image. Images were 

taken every 45 seconds. The magnification (zoom), laser iris, gain, and offset parameters 

were optimized for the laser and were kept constant for each image.  
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MetaMorph software (Universal Imagine, Chesterfield, PA) was used for image 

processing after acquisition. For each image, the central z plane was taken and 

background noise was removed by the median filter.  

 

Triglyceride content determination 

Arteries were incubated in PSS containing 1.5 mM oleate and/or palmitate bound 

to albumin (6.8:1) at 37ºC for 16 hours. Following incubation the tissues were blotted, 

weighed, and frozen in liquid nitrogen for subsequent analysis of triglyceride content. 

Lipid was extracted by the modified Folch method for lipid extraction. Briefly, the frozen 

tissues (approximately 250 mg each) were pulverized in liquid nitrogen and homogenized 

in 2.5 ml methanol with a Polytron tissue homogenizer (Brinkman) for 1 minute. 5 ml 

chloroform were added and the tissue was further homogenized for 2 minutes. The 

suspension was filtered through a Buchner funnel with Whatman No. 1 filter paper and 

the elutant was transferred to a graduated cylinder to record the volume. The filter paper 

was cut into small pieces and placed into the original glass beaker to which 7.5 ml of 

chloroform:methanol (2:1) were added. The material was homogenized for 3 minutes. 

The suspension was then filtered with the same buchner funnel. 5 ml chloroform and 2.5 

ml methanol were added to rinse the tissue residue from the filter paper. All filtrates were 

combined in a graduated cylinder and 0.88% potassium chloride solution was added in a 

volume corresponding to one-quarter of the combined filtrates. The solution was mixed, 

layers were allowed to form and the upper layer was removed by aspiration and 

discarded. Water:methanol (1:1) was added to the lipid-containing lower layer in a 

volume corresponding to one-quarter of the lower layer volume. The solution was mixed, 
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the layers were allowed to settle, and the upper layer was removed by aspiration and 

discarded. The lower, chloroform:methanol:water layer was placed in a tared flask. The 

solvent was evaporated under a stream of N2 gas. The mass of the lipid residue was 

determined after the solvent was evaporated. Thin layer chromatography (TLC) plates 

(Silica Gel G, 250 μm) were developed in solvent 1 (hexane:ether:glacial acetic acid 

(60:40:1)) to remove contaminants. The plates were then heated at 100ºC for 30 minutes 

before use.  

The lipid residue obtained above and a standard containing a mono-, di-, and 

triglyceride mix (40 mg each) (Sigma) were dissolved in chloroform to 1% solutions. The 

lipid residue and triolein stock solutions were spotted on the TLC plate 2 cm from the 

bottom and 1.5 to 2 cm apart using a Hamilton syringe. The TLC plate was then 

developed in solvent 1 to 7 cm, dried under N2 gas for 10 minutes and then developed in 

solvent 2 (hexane-ether-glacial acetic acid (90:10:1)) to 15 cm. The TLC plate was dried 

for 10 minutes and then exposed to iodine vapor for 5-10 minutes, which delineated the 

lipid spots. The intensity of the iodine staining, in addition to the size of the triolein spot, 

was used as an indication of the amount of triolein present in the standard and the sample. 

Qualitative comparison of the tissue extract triolein spot relative to the triolein standards 

containing known amounts of triolein was used to determine the amount of TG 

synthesized in the arteries. 

 

Apoptosis determination 

A7r5 cells were incubated in DMEM (with 1% antimicotic/antimicrobial solution 

(Sigma) and without serum) containing 1.5 mM palmitate or 1.5 mM oleate conjugated to 
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albumin (6.8:1) or 0.22 mM albumin with or without 0.5 μM staurosporine in DMSO 

(LC Laboratories, Woburn, MA) for 12, 18, and 24 hours. After the incubation, the media 

were taken off and detached cells in the media were collected by centrifugation. Attached 

cells were harvested from the flasks by adding a 1X trypsin-EDTA solution (Sigma, St. 

Louis, MO) for 5 minutes. The trypsinized cells were collected by centrifugation and 

rinsed in phosphate-buffered saline (PBS) that contained 0.5% (w/v) BSA. The cells were 

then incubated in 1% (w/v) paraformaldehyde in PBS (pH 7.4) for 1 hour on ice in the 

dark. They were then collected by centrifugation, rinsed in PBS with 0.5% (w/v) BSA, 

collected, and incubated in a permeabilization solution that contained 0.1% (v/v) Triton 

X-100 in 0.1% (w/v) sodium citrate in water for two minutes on ice. The cells were then 

collected by centrifugation and rinsed in wash buffer from an APO-BrdU TUNEL 

apoptosis kit (Phoenix Flow Systems, San Diego, CA). The cells were incubated in 50 μl 

of a DNA labeling solution that contained 10 μl TdT reaction buffer from the kit, 0.75 μl 

TdT enzyme from the kit, 8 μl Br-dUTP from the kit, and distilled water for 1 hour in a 

37ºC water bath. The cells were rinsed in a rinse buffer from the apoptosis kit, collected 

by centrifugation, and resuspended in 100 μl of an antibody solution that had 5 μl 

Fluorescein-PRB-1 from the kit and 95 μl rinse buffer. They were kept in the dark for 30 

minutes at room temperature. 500 μl propidium iodide with RNase from the kit was 

added to the cells and they were incubated for another 30 minutes at room temperature in 

the dark.  

A FACScan flow cytometer (Becton Dickenson, San Jose, CA) with CellQuest 

software was used to determine the percent apoptosis. The log of green fluorescence was 

detected through a 530 band pass filter and the log of red fluorescence was detected 
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through a 670 long pass filter. Fluorescence was collected and gated on forward angle 

light scatter versus 90º log side light scatter. Gating for the experimental samples was 

based on results obtained with control samples. Cells in the lower right quadrant were 

considered healthy, whereas cells in the upper right quadrant were considered apoptotic. 

 

ROS determination 

 A7r5 cells were incubated in DMEM (with 1% antimycotic/antimicrobial solution 

(Sigma) and without serum) containing 1.5 mM palmitate conjugated to albumin (6.8:1) 

or 0.22 mM albumin for 3, 6, 9, 12, 18, and 24 hours. Cells also were incubated in 0.22 

mM albumin and 5 mM hydrogen peroxide (H2O2) for 30 minutes as a positive control. 

After the incubation, the media were taken off and detached cells in the media were 

collected by centrifugation and resuspended in DMEM (containing 10% FBS and 1% 

antimycotic/antimicrobial). This solution was placed back on the attached cells for 15 

minutes. The detached cells were than collected and resuspended in PBS supplemented 

with 0.5 mM MgCl2 and 0.92 mM CaCl2. This solution was then put back in the flasks 

with the attached cells. 2 μM of the ROS detector 6-carboxy-2’,7’-

dicholorodihydrofluorescein diacetate, di(acetoxymethyl ester) (C-2938) (Molecular 

Probes), general ROS detector, were added to each flask and the cells were incubated for 

1 hour at 37ºC. After incubation in C-2938, detached cells were collected by 

centrifugation. Attached cells were harvested from the flasks by adding a 1X trypsin-

EDTA solution (Sigma) for 5 minutes. The trypsinized cells were collected by 

centrifugation and combined with the collected detached cells. The cells were then rinsed 
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with PBS and collected by centrifugation. Cells were resuspended in 500 μl propidium 

iodide (PI) (Phoenix Flow Systems) and incubated for 30 minutes at 4ºC in the dark.  

 A FacScan flow cytometer (Becton Dickensen) with CellQuest software was used 

to determine the percent of cells with ROS. Fluorescence was collected and gated on size 

and intact plasma membranes (PI negative). The change in median fluorescence over 

control cells was determined. 

 

Mitochondrial substrate utilization 

One half of each artery was incubated in PSS solution containing 5 mM 1-13C-

glucose, 1 mM 1,2-13C-acetate, 80 mM KCl, and 1.5 mM palmitate bound to albumin 

(6.8:1) for six hours at 37ºC. The other half of each artery was incubated under the same 

conditions excluding palmitate. At the end of six hours, each half-artery was weighed and 

frozen for future extraction and 13C-isotopomer analysis of glutamate. One small section 

of each whole artery was incubated in 5 mM glucose for six hours to determine the 

amount of glycogen produced. Glycogen content was determined using an enzyme-linked 

assay, where absorbance was measured at 340 nm according to the procedure described 

by Lynch et al. (82). Previous studies have shown that arteries with glycogen contents 

exceeding 7 μmol/g were viable tissues (2, 4). These arteries were combined to a weight 

of approximately 1.5 g and extracted in preparation for nuclear magnetic resonance 

(NMR) analysis as previously described (2, 4, 16, 34).  
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Lactate determinations  

 A sample of superfusate from each half-artery was reserved to determine lactate 

production. Lactate production, which can be assumed to be derived almost entirely from 

glucose (4), was determined as previously described (3). Briefly, lactate was measured 

with an enzyme-linked assay as described by Lowry and Passonneau (79). Absorbance 

was measured at 340 nm using a dual-beam spectrophotometer. Lactate concentrations 

(mM) were calculated using the least squares regression line for standard samples 

containing known concentrations. 

 

13C NMR spectroscopy 

The lyophilized extract was resuspended in 1 ml of 99% D2O containing 25 mM 

3-(trimethylsilyl)-1-propane-sulfonic acid (TMSPS) and 5 mM EDTA. The resuspension 

was centrifuged for 15 min and filtered with a 0.45 μm syringe filter. 650 μl of the 

solution were transferred to a 5-mm NMR tube. A Bruker DRX 300 spectrometer was 

used to perform 13C–NMR spectroscopy with the following acquisition parameters: 

20,480 scans with 64 dummy scans, sweep width 19,960 Hz, 30º pulse angle at 75.477 

MHz and a 1-second predelay with broad-band proton decoupling. The 32,768 points 

acquired were processed with 1-Hz line broadening prior to Fourier transform. The 

TMSPS peak at 0 ppm was used as a chemical shift and peak intensity reference. The 

data were processed using Bruker software for peak intensity determination. 13C-

isotopomer analysis of glutamate was used to calculate the substrate oxidation as 

previously described (3, 84).  
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Statistical analysis 

Statistics were calculated using Microsoft Excel using a one-tailed Student’s t test 

for paired samples and ANOVA with post hoc Tukey test. p values of less than or equal 

to 0.05 were considered significant.  All values are expressed as mean±standard error of 

the mean (SEM). 
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RESULTS 

Fatty acid uptake 

Previous data show that 13C-labeled acetate, 13C-labeled glucose, and unlabeled 

(endogenous) substrate utilization in hog carotid arteries does not change when incubated 

in 0.71 mM oleate (C18:1) compared to control conditions. This suggests that oleic acid 

is not an oxidative substrate for vascular smooth muscle or that an increase in exogenous 

long-chain fatty acid oxidation induces a decrease in endogenous lipid oxidation, keeping 

the total unlabeled substrate oxidation constant (4). It is possible that the low oleate 

oxidation may be due to fatty acid transport limitations. A fluorescent long-chain fatty 

acid analogue, C1-BODIPY-C12, has been used to demonstrate fatty acid transport in 

Saccharomyces cerevisiae (167). The length of this analogue is approximately the length 

of a 16 carbon fatty acid and can be used to represent long chain fatty acids, such as 

oleate and palmitate. To see if fatty acids are transported effectively in vascular smooth 

muscle cells, we incubated A7r5 cells in 6.25 μM C1-BODIPY-C12. In Figure 5, the 

fluorescent intensity, which is an indication of fatty acid accumulation, was apparent at 

the onset of C1-BODIPY-C12 addition. The rate of fatty acid uptake appeared to be 

greatest from 0 to 45 seconds. These results suggest that fatty acids are capable of being 

rapidly taken up in smooth muscle cells. Therefore, the low oleate oxidation observed in 

vascular smooth muscle (4) does not appear to be limited by fatty acid uptake. 

 

Triglyceride stores  

If the low fatty acid oxidation is not due to limitations in uptake, then it is 

possible that it is a result of fatty acids being stored as
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Figure 5. Fatty acid accumulation in A7r5 cells. Cells were serum-starved for 24 hours and 

then incubated in C1-BODIPY-C12 for (A) 0, (B) 45, (C) 90, and (D) 405 seconds. Images 

were taken with confocal microscopy and the central z plane is shown. 
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triglycerides (TG). Substantial incorporation of oleic acid into TG stores of vascular 

smooth muscle cells in culture after 8, 16, and 24 hour incubations has been previously 

described (13). However, in the current study we found that hog carotid arteries 

incubated for 16 hours in 1.5 mM oleic acid bound to albumin (6.8:1) exhibit a low level 

of incorporation into TG (Figure 6). Thus, the low oleate oxidation is not due to storage 

into triglycerides.  Instead of being stored as TG, palmitate and oleate were stored as 

monoglycerides, diglycerides, and free fatty acids. 

 

Apoptosis time course 

If fatty acids are being transported and not being stored as triglycerides, then they 

may be capable of causing detrimental effects to the cells.  Because palmitate, which is a 

generator of pro-apoptotic compounds such as ceramide (35) or reactive oxygen species 

(ROS) (78) and may decrease cardiolipin synthesis (58, 104), appears to induce apoptosis 

in different tissues (27, 31, 59, 77, 78, 83, 109), we examined the potential role that 

palmitate may play in apoptosis in VSM. A7r5 cells were incubated in albumin or 1.5 

mM palmitate conjugated to albumin for 12, 18, and 24 hours. Figure 7 shows that as the 

time that the cells are incubated with palmitate increased, the percent of cells undergoing 

apoptosis also increased, with insignificant apoptosis in cells incubated in only albumin. 

At 12 hours and 18 hours of incubation only 0.08 ± 0.03 (mean ± SEM, n=3) and 0.44 ± 

0.25 (mean ± SEM, n=3) percent were apoptotic, respectively. At 24 hours, there was a 

significant increase in the number of cells that were apoptotic (46.50 ± 3.67 (mean ± 

SEM, n=3) percent). These results show that palmitate induces apoptosis in a time-

dependent 
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Figure 6. TLC plate of lipid extracts of hog carotid arteries incubated in 1.5 mM palmitate 

and/or oleate (bound to albumin at a molar ratio of 6.8:1) prepared by the Modified Folch 

Method. The extract spot was developed on the TLC plate along with a standard containing 

mono-, di-, and triglycerides. The locations of the lipids on the TLC plate are indicated. In 

arteries incubated in 1.5 mM palmitate, 1.5 mM oleate, and 50% oleate/50% palmitate, there 

was 4.10, 2.54, and 5.91 μg triolein; 31.59, 25.48, and 23.27 μg free fatty acids; 14.02, 18.81, 

and 13.81 μg 1,3-diolein; 9.78, 11.14, and 8.12 μg 1,2 diolein; and 1.16, 1.53, and 0.11 μg 

monolein, respectively. 
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Figure 7. Apoptosis time course for cells incubated in albumin or palmitate.  A7r5 cells 

were incubated in albumin (black) and 1.5 mM palmitate (gray) for 12, 18, and 24 hours.  

Apoptosis was determined by flow cytometry.  Values are presented as the mean±SEM. 
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manner. Consistent with previous studies (77), oleate did not induce apoptosis in smooth 

muscle cells (Figure 8).  

 

Reactive oxygen species 

Palmitate has been shown to induce apoptosis in Chinese hamster ovary (CHO) 

cells by increasing ROS (78). To see if the apoptosis caused by palmitate was due to the 

production of reactive oxygen species in VSM, we incubated A7r5 cells in albumin or 1.5 

mM palmitate for 3, 6, 9, and 12 hours and measured ROS. We also incubated cells in 

albumin and 5 mM H2O2 for 30 minutes as a positive control. Cells incubated in H2O2 

had a 10-fold increase in cells containing ROS compared to those incubated in only 

albumin (Figure 9). However, A7r5 cells that were incubated in palmitate actually had a 

significantly lower percentage of cells with ROS at each time point than those cells 

incubated in only albumin (Figure 10). To see if an increase in ROS occurred later than 

12 hours, we incubated cells in palmitate for 18 and 24 hours. At those time points we 

also did not see any increase in the production of ROS (Figure 11). Therefore, the 

apoptosis caused by palmitate in VSM is not due to an increase in ROS, but rather due to 

something else being produced in the cell, such as ceramide or possibly due to a decrease 

in baseline ROS production. 

 

Protective effect of oleate on palmitate-induced apoptosis 

Previous studies have demonstrated that unsaturated fatty acids such as oleate 

have a protective effect against apoptosis induced by palmitate in pancreatic β-cells (27, 

38) and breast cancer cells (59). To see if oleate had a protective effect against apoptosis 
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Figure 8. Apoptosis time course for cells incubated in oleate.  A7r5 cells were incubated 

in 1.5 mM oleate for 12, 18, and 24 hours.  Apoptosis was determined by flow cytometry.  

Values are presented as the mean±SEM. 
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Figure 9. The effect of hydrogen peroxide (H2O2) on ROS production.  A7r5 cells were 

incubated in albumin or 5 mM H2O2 for 30 minutes.  The percentage of cells with ROS 

was determined by flow cytometry.  Values are presented as the mean±SEM. 
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Figure 10. The effect of palmitate on ROS production.  A7r5 cells were incubated in 

albumin or 1.5 mM palmitate for 3, 6, 9, and 12 hours.  The percentage of cells with ROS 

was determined by flow cytometry.  Values are presented as the mean±SEM. 
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Figure 11. The effect of palmitate on ROS production.  A7r5 cells were incubated in 

albumin or 1.5 mM palmitate for 18 or 24 hours.  The percentage of cells with ROS was 

determined by flow cytometry.  Values are presented as the mean±SEM. 
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in VSM, we incubated A7r5 smooth muscle cells in different ratios of 1.5 mM palmitate 

and 1.5 mM oleate for 24 hours or in 0.5 μM staurosporine, (induces apoptosis by 

inhibiting kinases), with or without oleate for 24 hours. Oleate significantly reduced the 

incidence of apoptosis caused by palmitate (Figure 12). However, oleate did not protect 

against staurosporine-induced apoptosis (Figure 13). Thus, unsaturated fatty acids, such 

as oleate, may have a protective effect on VSM cells undergoing saturated fatty acid-

induced apoptosis, but not apoptosis caused by staurosporine, suggesting that palmitate 

and staurosporine cause apoptosis via different mechanisms. 

 

Substrate utilization 

Previous work with dyslipidemic and diabetic swine has demonstrated a decrease in 1,2-

13C-acetate utilization by VSM with increases total plasma triglyceride and cholesterol 

levels (125). These results were hypothesized to reflect mitochondrial dysfunction due to 

lipotoxicity. To see if palmitate (C16:0) has an effect on substrate utilization in VSM, we 

incubated hog carotid arteries for 6 hours in 1.5 mM palmitate (conjugated to albumin in 

a ratio of 6.8:1). Figure 14 shows the substrate selection by the mitochondria in the 

presence and absence of 1.5 mM palmitate. In the presence of palmitate, acetate 

utilization represented 31.3 ± 0.02 (mean ± SEM, n=5, self-paired) percent of the total 

contribution toward acetyl-CoA, as compared to 42.6 ± 0.03 percent in the absence of 

palmitate (p= 0.01). Acetyl-CoA production from glucose in the presence of palmitate did 

not change in the presence of palmitate compared to the absence of palmitate. The 

contribution of unlabeled substrate to acetyl-CoA production increased with addition of 

palmitate from 1.1 ± 0.05 (mean ± SEM, n=5, self-paired) percent without palmitate  
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Figure 12. The effect of varying ratios of palmitate and oleate on apoptosis.  A7r5 cells 

were incubated in albumin, 1.5 mM oleate, 1.5 mM palmitate, and different ratios of 1.5 

mM oleate and 1.5 mM palmitate for 24 hours.  Apoptosis was determined by flow 

cytometry.  Values are presented as the mean±SEM. 
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Figure 13. The effect of oleate on staurosporine-induced apoptosis.  A7r5 cells were 

incubated in albumin or 1.5 mM oleate with or without 0.5 μM staurosporine for 24 

hours.  Apoptosis was determined by flow cytometry.  Values are presented as the 

mean±SEM. 
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Figure 14. The effect of 1.5 mM palmitate on substrate utilization.  Hog carotid arteries 

were incubated in 1.5 mM palmitate for 6 hours.  Substrate utilization was determined 

with 13C-NMR spectroscopy.  Values for substrate oxidation in the absence (black) and 

presence (gray) of 1.5 mM palmitate (n=5, self-paired) are expressed as mean±SEM. 
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to12.3 ± 0.07 percent (p=0.21). Therefore, in contrast to oleate, 1.5 mM palmitate results 

in decreased the amount of 13C-labeled acetate utilization and increased the amount of 

unlabeled substrate oxidized, with no significant change in glucose oxidation. These 

results are similar to those obtained with the dyslipidemic and diabetic pigs (125), 

suggesting that palmitate may play a role in dyslipidemia and diabetes perhaps due to 

direct lipotoxic effects on the vascular smooth muscle mitochondria. 

Because palmitate did not change in glucose oxidation in arteries, then a change in lactate 

production would suggest a change in glycolytic flux. In the presence of 1.5 mM 

palmitate, the lactate production significantly increased to 167 ± 4.3 nmol/min/g (mean ± 

SEM, n=80) from 159 ± 3.9 nmol/min/g (mean ± SEM, n=80) (p=0.04) (Figure 15). The 

increase in lactate production and the lack of change in glucose oxidation with palmitate 

are consistent with increased glycolytic flux and hence stimulation of the pathway at a 

control point upstream of pyruvate dehydrogenase. 
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Figure 15. The effect of 1.5 mM palmitate on lactate production (n=80).  Hog carotid 

arteries were incubated for 6 hours in 1.5 mM palmitate.  Lactate was measured in the 

superfusate.  Values are expressed as mean±SEM. 
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DISCUSSION 

We demonstrated that the low oleate oxidation in vascular smooth muscle we 

previously had observed (4) was probably not due to a limitation in fatty acid transport or 

to storage of oleate as triglyceride. We also found that, unlike oleate (C18:1), palmitate 

(C16:0) altered substrate utilization, and also induced apoptosis in vascular smooth 

muscle. Palmitate most likely is transported into the cell effectively and not stored as 

triglyceride. Therefore, palmitate, which is a precursor for pro-apoptotic compounds such 

as ceramide (35) and reactive oxygen species (ROS) (78) and may cause a decrease in 

cardiolipin production (58, 104), is able to cause mitochondrial dysfunction, suggesting 

that lipotoxicity may play a role in vascular smooth muscle pathogenesis. 

 

Vascular smooth muscle fatty acid transport and storage 

The low oxidation of oleate we previously observed (4) may have been due to 

either limited fatty acid transport into the cell or to oleate being stored as triglyceride, and 

thus rendering it less available for metabolism. By using a fluorescent fatty acid analog, 

which is representative of long-chain fatty acids such as oleate and palmitate, we 

demonstrated that fatty acids are readily taken up in vascular smooth muscle cells, similar 

to wild-type yeast, which is a model system for lipid uptake measurements (167). 

Therefore, the low rate of oxidation of oleate (4) is probably not due to a limitation in 

fatty acid transport. 

 We also found that oleate and palmitate are not readily stored as TG in VSM. 

Instead, when palmitate and oleate are added to hog carotid arteries, they appear 
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primarily as monoglycerdies, diglycerides, and free fatty acids inside the cell. Thus, the 

low oleate oxidation (4) is not due to the storage of fatty acids as TG. 

 

Lipotoxicity and vascular disease 

Lipotoxicity occurs when excess lipids accumulate in non-adipose tissues and 

leads to cell dysfunction or cell death (131). Lipotoxicity has been reported in a number 

of cell types (27, 31, 59, 77, 78, 83, 109). The dyslipidemic environment that 

accompanies diabetes, such as increased levels of triglycerides, lowered high density 

lipoprotein (HDL) levels, and increased low density lipoprotein (LDL) and very low 

density lipoprotein (VLDL) levels (9), may contribute to lipotoxicity. The combination of 

dyslipidemia and diabetes is critical to inducing atherosclerosis. For example, feeding 

diabetic pigs a high fat/high cholesterol diet resulted in the development of more fatty 

streaks, which is the first step in plaque formation, than feeding non-diabetic pigs the 

same diet (34). The lipid accumulation in the vessel wall during atherosclerosis causes 

vascular smooth muscle cells in the vessel to de-differentiate from a contractile 

phenotype to a proliferative or secretory phenotype and to migrate from the media to 

form the neointima (9, 62), where they proliferate (148). It has been shown that excess 

cholesterol is esterified and accumulates in lipid droplets within the cytoplasm of 

vascular smooth muscle (8, 85). Evidence suggests that dyslipidemia promotes vascular 

smooth muscle phenotypic changes and proliferation (2, 87, 148). In addition to 

proliferation, vascular smooth muscle cells in the atherosclerotic lesion also undergo 

apoptosis (9, 49), which may contribute to the creation of the lipid core of the plaque. 

Reactive oxygen species (ROS), such as superoxide, also have been shown to induce 
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apoptosis in vascular smooth muscle (150). This supports the lipotoxic effect of diabetic 

dyslipidemia, given that increased plasma free fatty acids can cause the release of 

superoxide from mitochondrial oxidative metabolism and an increase in superoxide 

production by NAD(P)H oxidase (150). These observations suggest lipotoxicity may 

occur in vascular smooth muscle during atherosclerosis.  

 

Palmitate causes apoptosis in vascular smooth muscle cells 

Several studies have demonstrated that palmitate induces apoptosis in a variety of 

tissues (27, 31, 59, 77, 78, 83, 109). However, the role that palmitate plays in vascular 

smooth muscle is unknown. Our study shows that palmitate causes apoptosis in vascular 

smooth muscle. However, oleate, an unsaturated fatty acid, did not induce apoptosis. 

Palmitate most likely causes apoptosis because the metabolism of palmitate, unlike 

oleate, results in the formation of pro-apoptotic compounds such as ceramide (35) and 

ROS (78). It also has been demonstrated in cardiomyocytes (104) and breast cancer cells 

(58) that during palmitate-induced apoptosis there is decreased cardiolipin synthesis. 

Therefore, it also is conceivable that palmitate causes apoptosis by decreasing cardiolipin 

production, which is necessary for cytochrome c retention. Our results demonstrate that 

fatty acids can readily enter VSM cells and that palmitate and oleate are not being stored 

as TG in VSM. Thus, the possibility exists that palmitate is transported into the cell 

effectively and not stored as triglyceride and it is more free to be metabolized into these 

pro-apoptotic compounds, ultimately resulting in apoptosis.  

One of the pro-apoptotic components that can lead to apoptosis is ROS. We 

demonstrated that the apoptosis of VSM caused by palmitate is not due to an increase in 
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reactive oxygen species. Instead, we observed a decrease in ROS. This is consistent with 

findings that show decreased ROS levels in cardiomyocytes incubated in palmitate 

compared to cardiomyocytes incubated in either albumin or oleate (61). It is possible then 

that palmitate caused apoptosis in these cells by increasing ceramide production or 

decreasing cardiolipin synthesis. However, the possibility also exists that the decrease in 

ROS observed may be responsible of the incidence of apoptosis. For example, it is 

possible that ROS are necessary for smooth muscle cell survival (66). Suppression of 

intracellular hydrogen peroxide has been shown to promote apoptosis in smooth muscle 

cells. This suggests that ROS may act as signaling intermediates in anti-apoptotic 

pathways in vascular smooth muscle cells (66). Thus, in VSM cells, reactive oxygen 

species may play a role in keeping the cells alive. When these cells are treated with 

palmitate, the decreased ROS may cause apoptosis. 

Oleate may protect cells against palmitate induced apoptosis in VSM cells. In 

other cell types, oleate has been shown to protect from palmitate-induced apoptosis (27, 

38, 59). Oleate blocked palmitate-induced apoptosis in breast cancer cells by restoring 

cardiolipin levels (58). Therefore, it is possible that the reduction in apoptosis in cells that 

were co-incubated in palmitate and oleate may be due to the stabilization of cardiolipin in 

the mitochondrial membrane and thus a decrease in the release of cytochrome c. Other 

mechanisms, such as oleate protecting cells by quenching ROS (88), may also be 

involved.  Some studies have shown that oleate may protect cells against palmitate-

induced apoptosis by shuttling palmitate into triglyceride stores (27, 77).  However, 

during our triglyceride storage experiments, there was no apparent change in the amount 

of TG in arteries that were co-incubated in oleate and palmitate.  Based on our data, 
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oleate does not appear to protect against palmitate-induced apoptosis by preventing the 

inhibition of kinases involved in apoptosis. 

 

Vascular smooth muscle does not “substrate swap” 

In 1963, Randle et al. (119) hypothesized that increased fatty actyl-CoA 

formation caused by increased fatty acid oxidation leads to an increase in citrate 

production through the Krebs cycle. The increase in citrate production, and subsequent 

increase in the ATP/ADP ratio, inhibits phosphofructokinase and decreases glycolytic 

flux. This in turn increases glucose-6-phosphate, which inhibits hexokinase II and results 

in increased intracellular glucose content and decreased glucose uptake (119, 120). The 

increased acetyl-CoA and NADH from increased fatty acid oxidation activates pyruvate 

dehydrogenase kinase (PDK) (68, 112). PDK is responsible for phosphorylating and thus 

inactivating pyruvate dehydrogenase (PDH) (75), which converts pyruvate to acetyl-

CoA. Inactivation of PDH limits glucose from undergoing complete oxidation and thus 

promotes the conversion of pyruvate to lactate.  

It has been shown previously that the addition of oleate to vascular smooth 

muscle does not change the total unlabeled substrate oxidation or the overall measured 

pattern of substrate utilization (4). Even addition of the readily utilized substrate acetate 

did not alter glucose oxidation (5). Therefore, vascular smooth muscle does not appear to 

decrease utilization of glucose and increase fat utilization when excess lipid is provided. 

The reason for this may be due to the presence of a different isoform of PDK in vascular 

smooth muscle. There are 4 known isoforms of PDK: PDK1, PDK2, PDK3, and PDK4 

(53, 130). It has been shown that PDK3, which is highly expressed in the rat testis, has 
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little, if any activation in response to NADH and the simultaneous presence of NADH 

and acetyl-CoA inhibits PDK3 activity (17). It is possible that vascular smooth muscle 

has the PDK3 isoform. However, the presence of the PDK3 isoform in vascular smooth 

muscle has yet to be determined.  

 

Mitochondrial dysfunction and lipotoxicity in vascular smooth muscle 

After the capacity for vascular smooth muscle to increase fatty acid oxidation 

when faced with excess lipid has been surpassed, a proposed number of pathological 

cascades may be executed, resulting in mitochondrial dysfunction, apoptosis, and 

changes in vascular smooth muscle phenotype and function. In a previous study from our 

lab, we found that hog carotid vascular smooth muscle from diabetic/dyslipidemic swine 

exhibited an altered pattern of mitochondrial substrate utilization which was interpreted 

as being indicative of mitochondrial dysfunction (125). A similar mitochondrial 

dysfunction was observed in bladder smooth muscle from dyslipidemic swine (55). In the 

current study, palmitate, in addition to causing apoptosis in A7r5 cells, resulted in an 

altered pattern of mitochondrial substrate utilization comparable to that observed in 

vascular smooth muscle from dyslipidemic swine (125). Thus, we conclude that vascular 

smooth muscle is susceptible to lipotoxicity and at least a portion of the lipotoxicity 

observed may be due to effects of palmitate or other long chain saturated fatty acids with 

unsaturated fatty acids possibly playing a protective role.  If VSM is susceptible to 

saturated fatty acid-induced apoptosis, then it is possible that high plasma fatty acid 

levels, such as those that occur during diabetes and obesity, may contribute to the 

development of atherosclerosis. 
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CHAPTER 3: GENDER AND GENETIC DIFFERENCES IN BLADDER SMOOTH 

MUSCLE PPAR mRNA IN A PORCINE MODEL OF THE METABOLIC 

SYNDROME 

 

 

ABSTRACT 

The metabolic syndrome and diabetes are associated with bladder dysfunction in 

many people.  Peroxisome proliferator-activated receptors (PPARs) may play a role in 

the effects of the metabolic syndrome on bladder smooth muscle (BSM). The purpose of 

this study was to determine if there are gender and genetic differences in PPAR levels in 

BSM.  We measured PPAR mRNA levels using quantitative polymerase chain reaction 

(PCR) in BSM from male Yucatan swine and male and female Ossabaw Island swine, a 

model for the metabolic syndrome.  Male Ossabaw swine had 0.732±0.111 the amount of 

PPAR-α mRNA as the male Yucatan swine (P=0.029), suggesting a genetic difference in 

PPAR-alpha levels, that possibly contribute to the incidence of metabolic syndrome in 

the Ossabaw compared to Yucatan pigs.  PPAR-δ mRNA was 2-fold higher in male 

Ossabaw swine than in female Ossabaw swine, with no significant differences in PPAR-α 

levels (p=0.071).  However, PPAR-γ mRNA was 4.067±0.134 times higher in female 

Ossabaw swine than in their male counterparts (p<0.001).  Changing the percentage of 

calories derived from fat did not alter any PPAR mRNA levels measured.  Thus, PPAR-δ 

and PPAR-γ mRNA levels in male and female Ossabaw swine BSM are not only 

different, but also may result in gender differences in lipid metabolism in bladder smooth 
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muscle.  We conclude that the species of PPAR present in BSM may reflect the 

susceptibility of the BSM to lipotoxicity in the metabolic syndrome. 
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INTRODUCTION 

The metabolic syndrome affects about 27% of adults in the United States and 

continues to increase as lack of physical activity and obesity become more common (44).  

The risk factors associated with the metabolic syndrome are central (intra-abdominal) 

obesity, insulin resistance, impaired glucose tolerance, dyslipidemia (low HDL and 

increased triglycerides), and hypertension.  These risk factors result in increased risk for 

developing coronary heart disease, stroke, and type II diabetes (37, 44, 52, 93).  The 

“thrifty genotype” hypothesis states that in the hunter-gatherer era of human 

development, the ability to store excess fat resulted in survival during periods of famine 

(99).  Historically, people from hunter-gatherer societies were lean and active, but 

exposure to inactivity and Western diets have produced obesity in the majority of adults 

and the highest incidence of type II diabetes in the world (86). 

The high fat conditions that are associated with dyslipidemia and hyperlipidemia 

of the metabolic syndrome can result in lipotoxicity in a variety of tissue types (27, 31, 

59, 77, 78, 83, 109).  Normal fatty acid homeostasis involves the balance between the 

formation or delivery of fatty acids and the utilization of fatty acids. When cells accumulate 

more fatty acids than are required for anabolism or catabolism, then extra fatty acids are 

typically stored as triglycerides (131). Adipose tissue is capable of storing large amounts of 

fatty acid as triglycerides, but non-adipose tissue has a limited capacity to store lipid. 

Lipotoxicity occurs when excess lipids accumulate in non-adipose tissues and results in cell 

dysfunction or apoptosis (131).  

 Individuals with the metabolic syndrome are susceptible to conditions such as 

polycystic ovary syndrome, fatty liver, cholesterol gallstones, asthma, sleep disturbances, 
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and some forms of cancer (52).  One of the consequences of diabetes and the metabolic 

syndrome is bladder dysfunction.  Urinary bladder dysfunction occurs in about 80% of 

diabetic people (20, 39, 74).  Additionally, diabetes and hypertension appear to be 

responsible for lower urinary tract problems (127) and diabetic patients are more likely to 

get bladder cancer than non-diabetic patients (100).  Symptoms of urinary bladder 

dysfunction include insidious onset of voiding, progressive bladder paralysis, urinary 

retention, incomplete voiding (39), incontinence, loss of sensation, infections, and 

retention of urine (164), many of which are related to BSM function (164).  Chronic 

diabetes also is associated with a general increase in bladder size and capacity (20, 71, 

74).  For example, mice with streptozotocin-induced diabetes had nearly double the total 

bladder tissue after 5 weeks and this increase in bladder mass was due to an increased 

mass of the smooth muscle (113).  We have previously have shown that porcine bladder 

smooth muscle has a limited capacity to increase lipid use and has altered mitochondrial 

substrate selection, which suggests that BSM may be susceptible to lipotoxicity (55). 

PPARs may be responsible for bladder dysfunction. The PPARs are ligand-

activated transcription factors that control the expression of specific genes that regulate 

several metabolic processes (114). There are three types of PPARs: PPAR-α, PPAR-γ, 

and PPAR-δ. PPAR-α is involved in fatty acid oxidation and ligands for PPAR-α include 

unsaturated fatty acids, saturated fatty acids, and the synthetic fibrates (43). PPAR-γ 

plays a role in the storage of lipids.  Agonists of PPAR-γ include unsaturated fatty acids 

and the synthetic thiazolidediones (TZDs) (43).  PPAR-δ is activated by saturated fatty 

acids, unsaturated fatty acids, eicosanoids, certain prostanoids, and to a lesser extent 

polyunsaturated fatty acids (11, 25, 142, 162). PPAR-δ is activated by the synthetic 
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ligands GW2433, L-165041, and GW501516 (11, 25, 102). Activation of PPAR-δ results 

in the upregulation of genes involved in fatty acid oxidation (160). 

 As a model of the metabolic syndrome, we used swine isolated for approximately 

500 years on Ossabaw Island off the coast of Georgia.  These swine are speculated to 

have the thrifty genotype in order to survive seasonal cycles of feasting and famine (36).  

Ossabaw swine allowed to eat excess food in captivity have the highest levels of total 

body lipid of any mammal, decreased muscle mass and adult body size compared to 

domestic swine, impaired glucose tolerance and insulin resistance, hypertriglyceridemia, 

and hypercholesterolemia compared to those of lean Ossabaw and domestic swine (36).  

The similarities in coronary atherosclerosis between humans and Ossabaw swine suggest 

that research of molecular and cellular mechanisms in these swine could have relevance 

to human clinical medicine (36).  Thus, Ossabaw swine are an ideal model for humans 

with the metabolic syndrome and may be a good model of bladder dysfunction (55). 

 Because PPARs are involved in the progression and treatment of type 2 diabetes 

(11), it is possible that they play a role in the development of diabetes-related bladder 

complications, and may account for genetic and gender differences associated with the 

metabolic syndrome.  In this study we compared mRNA levels of PPAR-α, PPAR-γ, and 

PPAR-δ in male Yucatan swine and male and female Ossabaw swine BSM.  We 

hypothesized that gender and genetics influence the relative amounts of PPAR mRNA.  

We found that there were significant differences amongst the different PPARs between 

swine type and sex, indicating that PPARs may play a role in genetic and gender 

differences associated with the metabolic syndrome.   
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MATERIALS AND METHODS 

Animal care 

All experimental procedures involving animals were approved by the University 

of Missouri Animal Care and Use Committee and complied fully with the Guide for the 

Care and Use of Laboratory Animals and the American Veterinary Medical Association 

Panel on Euthanasia.  Ossabaw miniature swine (Sus scrofa) were bred at the University 

of Missouri (Columbia, MO) from animals obtained on Ossabaw Island and Yucatan 

miniature swine were bred at the Sinclair Research Center (University of Missouri), as 

described by Dyson MC et al (36).  Swine were fed either a standard pig chow (8% fat) 

or a high-fat/cholesterol diet (46% kcal from fat or 75% kcal from fat).   

 

Tissue preparation 

Pig bladders from male and female Ossabaw and male Yucatan swine were placed 

in PSS at pH 7.4 that was pre-equilibrated by bubbling with a gas mixture of 95% O2 and 

5% CO2.  PSS was composed of 116 mM NaCl, 4.6 mM KCl, 1.16 mM KH2PO4, 25.3 

mM NaHCO3, 2.5 mM CaCl2, 1.16 mM MgSO4•7H2O, 0.85 mM penicillin, 0.069 mM 

streptomycin and 5 mM glucose.  Bladders were dissected free of loose fat.  The 

urothelial layer (transitional epithelium and submucosal coat) was removed, as verified 

grossly by visual inspection.  Bladder segments (about 50 mg each) that were used for 

PCR extracts were taken from the body of the bladder, blotted dry, and frozen at -80ºC 

until use.   
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RNA extracts 

Approximately 50 mg pieces of frozen bladder tissue were pulverized and then 

placed in 750 μl Trizol (Invitrogen, Carlsbad, CA) in a microcentrifuge tube.  The 

pulverized tissue was homogenized in Trizol with a hand held homogenizer until the 

suspension was uniform.  The bladder-trizol suspension was incubated at room 

temperature for a minimum of 10 minutes and vortexed occasionally and then centrifuged 

at 12,000 x g for 10 minutes at 4ºC to pellet the proteoglycans.  150 μl of chloroform was 

added and the sample was inverted several times until the solution turned cloudy.  The 

samples were then incubated on a rocker at room temperature for 10 minutes and 

centrifuged at 12,000 x g for 12 minutes at 4ºC.  The upper (aqueous) phase was carefully 

transferred to a new microcentrifuge tube.  250 μl of isopropanol and 250 μl of 0.8 M Na-

citrate/1.2 M NaCl were added to the aqueous phase and the sample was inverted to mix.  

The sample was incubated on a rocker at room temperature for 10 minutes and then 

centrifuged at 12,000 x g for 8 minutes at 4ºC.  The supernatant was carefully poured off 

and 1.125 mL of 75% ethanol were added to the RNA pellet.  The sample was vortexed 

until the pellet dislodged and then incubated at room temperature for 5 minutes.  The 

sample was then centrifuged at 7,500 x g for 5 minutes at 4ºC.  The supernatant was 

poured off and the pellet was allowed to air dry for 5 to 10 minutes.  The RNA pellet was 

dissolved in 50 μl of DEPC treated H2O (Fisher Scientific, Hanover Park, IL), incubated 

at 55-60ºC for 10 minutes, DNase treated (DNA Free, Ambion), and stored at -80ºC.  

RNA samples were electrophoresed on a 1% agarose gel containing ethidium bromide 

and examined under UV light to confirm purity of the sample.  Samples were analyzed 

spectrophotometrically at 260 and 280 nm for calculation of the A260/280 ratio.  Samples 



59 

with A260/280 below 1.7 were considered to be degraded or impure and were repurified.  

RNA concentration was calculated from the absorbance of the sample at 260 nm. 

 

PCR 

All RNA samples were adjusted to a final concentration of 10 ng/μl with 1x Tris-

EDTA (TE) buffer (Sigma).  RNA was converted to cDNA in a BioRad iCycler using the 

TaqMan Gold RT-PCR Kit (Applied Biosystems) according to the manufacturer’s 

instructions.  Random hexamers were used to prime the cDNA for synthesis.  Real-time 

PCR was carried out in triplicate on 5 μl of cDNA from each sample in an ABI 7000 

instrument (Applied Biosystems).  The reactions were performed using TaqMan 

universal PCR master mix (Applied Biosystems) and sequence-specific custom 

oligonucleotides (Applied Biosystems).  Primers were present at 900 nM.  Target 

amplification was detected with TaqMan probes (250 nM).  Primer sequences used were: 

PPAR-α forward, CTGAAAGCAGAAATCCTCACATGT; PPAR-α reverse, 

CGTAAATCCTCTTGGCGAGAGA; PPAR-γ forward, 

CCCGCCTTATTATTCTGAAAAGAC; PPAR-γ reverse, 

TTGCCATGAGGGAGTTGGA; PPAR-δ forward, GCCTTCTCCAAGCACCTCTACA; 

and PPAR-δ reverse, GCCTTGCCGGTGAGGAT.  Probes used were: PPAR-α, 6FAM-

ACCTAGAAGATGCCGAGACCGCAGATCTC-TAMRA; PPAR-γ, 6FAM-

CAGCTGTACAACAAACCTCACGAAGAGCC-TAMRA; and PPAR-δ, 6FAM-

CATGACCAAAAAGAAGGCCCGCG-TAMRA.  Due to the high sequence similarity 

of the different PPAR isoforms, primers and probes were targeted to isoform-unique 

regions of the sequence.  All PPAR primer sets produced single products of the expected 
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size when electrophoresed on a 3% agarose gel containing ethidium bromide and 

examined under UV light (data not shown).  18S rRNA was amplified in separate PCR 

reactions for use as an internal control using TaqMan Ribosomal RNA Control Reagents 

(Applied Biosystems). 

 

Data and statistical analysis 

 Target gene expression was quantified using the standard curve (absolute 

quantification) method.  Bladder weights and areas were normalized to pig weight prior 

to sacrifice. Statistics in Figures 1-4 used one-tailed Student’s t test (Microsoft Excel).  

Statistics in Figure 5 were calculated with one-way ANOVA (SigmaStat). p values ≤ 0.05 

were considered significant.  All values are expressed as mean ± SEM. 
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RESULTS 

Genetic differences in PPAR mRNA 

Some people are more susceptible to type II diabetes and the metabolic syndrome 

than other people (36, 52, 86).  This suggests that genetics plays a role in whether or not 

people get the disease and the complications, such as bladder dysfunction, that arise from 

it.  PPARs may be involved in the genetic differences in the occurrence of BSM 

dysfunction.  To test this, we used two different pig models, the male Yucatan pig and the 

male Ossabaw pig (which is a model of the metabolic syndrome) and compared the 

mRNA levels of PPAR-α, PPAR-γ, and PPAR-δ between the two types of swine.  As 

shown in Figure 16, male Yucatan pigs had significantly larger bladders in both weight 

(p=0.014) and area (p=0.048) compared to male Ossabaw pigs.  PPAR-α mRNA levels 

(32.05±3.50 units) in the male Yucatan pigs were significantly (p=0.03) higher than in 

the male Ossabaw pigs (11.96±2.61 units) (Figure 17).  However, PPAR-γ mRNA levels 

were slightly, but significantly higher (p=0.034) in the Ossabaw pigs (2.14±0.14 units) 

than in the Yucatan pigs (1.81±0.10 units) (Figure 17).  There were no significant 

differences (p=0.46) in PPAR-δ mRNA levels between the two groups.  These data reveal 

that there may be genetic differences in PPAR-α and PPAR-γ mRNA levels between two 

swine strains and these differences may translate into genetic differences in the 

susceptibility to develop BSM dysfunctions during type II diabetes and the metabolic 

syndrome. 
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Figure 16. (a) Bladder weight and (b) bladder area in male Yucatan and Ossabaw swine. 

P=0.014 for bladder weight and p=0.048 for bladder area.  
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Figure 17. PPAR-α, PPAR-δ, and PPAR-γ mRNA in male Yucatan and Ossabaw swine.  

Expression of mRNA was determined by real time RT PCR. Gray bars represent Yucatan 

swine (n=15 for PPAR-α, n=17 for PPAR-δ and PPAR-γ) and black bars represent Ossabaw 

swine (n=21 for PPAR-α, PPAR-δ, and PPAR-γ). p=0.03 for PPAR-α, p=0.46 for PPAR-δ, 

and p=0.034 for PPAR-γ. 
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Gender differences in PPAR mRNA 

 Not only are some people more apt to have BSM dysfunction, but females are 

more susceptible to the problems than are males (19, 133).  Therefore, differences in 

PPAR amounts may be responsible for these gender differences.  To determine if there 

were gender differences in PPAR mRNA levels and bladder sizes, we used male and 

female Ossabaw swine.  Female Ossabaw swine (99.69±12.77 units) had significantly 

(p=0.022) larger bladders than their male counterparts (70.79±4.64 units) (Figure 18).  

However, there were no significant differences (p=0.24) in bladder weights between male 

and female Ossabaw swine (Figure 18).  PPAR-δ levels were two times higher in males 

(15.69±0.83 units) than in females (7.48±0.70 units) (p<0.001) (Figure 19).  On the 

contrary, there was 4-fold higher PPAR-γ mRNA levels in females (8.69±1.17 units) than 

in males (2.14±0.14 units) (p<0.001) (Figure 19).  There were no significant differences 

(p=0.071) in PPAR-α between male and female Ossabaw swine.  The differences in 

PPAR-δ and PPAR-γ levels in male and female Ossabaw swine bladder may predict 

gender differences that occur with BSM dysfunction. 

 

Effect of diet on PPAR levels 

 One of the risk factors for diabetes and the metabolic syndrome is a high fat diet 

(36).  As fatty acids are ligands for the PPARs, we were curious to see if a high fat diet 

altered PPAR mRNA levels.  Male swine (both Ossabaw and Yucatan) were fed a control 

diet (8% kcal from fat), a moderately high fat diet (46% kcal from fat), and a very high 

fat diet (75% kcal from fat).  As evident in Figure 20, changing the amount of fat in the 

diet did not change the mRNA levels of PPAR-α (p=0.98), PPAR-γ (p=0.87), or PPAR-δ
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Figure 18. (a) Bladder weight and (b) bladder area in male and female Ossabaw swine.  

p=0.24 for bladder weight and p=0.022 for bladder area. 
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Figure 19. PPAR-α, PPAR-δ, and PPAR-γ expression in male and female Ossabaw swine.  

mRNA expression was determined by real time RT PCR.  Gray bars represent male Ossabaw 

swine (n=21 for PPAR-α, PPAR-δ, and PPAR-γ) and black bars represent female Ossabaw 

swine (n=24 for PPAR-α and PPAR-δ, n=22 for PPAR-γ). p=0.07 for PPAR-α, p<0.001 for 

PPAR-δ, and p<0.001 for PPAR-γ. 
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Figure 20. Diet effects on PPAR-α, PPAR-δ, and PPAR-γ expression in male swine (Yucatan 

and Ossabaw combined).  Gray bars represent swine fed a control diet (8% kcal from fat) 

(n=17), black bars represent swine fed a diet containing 46% kcal from fat (n=11), and white 

bars represent swine fed a diet containing 75% kcal from fat (n=7). p=0.98 for PPAR-α, 

p=0.87 for PPAR-δ, and p=0.07 for PPAR-γ. 
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(p=0.07).   This suggests that any changes in PPAR levels in BSM in swine are more 

influenced by genetics and gender than by the amount of fat consumed. 
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DISCUSSION 

 The metabolic syndrome and type 2 diabetes affect many people in the United 

States (44).  Bladder dysfunction has been shown to be a problem in about 80% of people 

with diabetes.  Swine isolated from Ossabaw Island off of the coast of Georgia are a very 

good model for the metabolic syndrome and to study bladder dysfunction associated with 

the metabolic syndrome (36, 55).  In this study, we analyzed the expression of PPARs in 

bladder tissue from male and female Ossabaw swine and male Yucatan swine and found 

that all three PPAR mRNA isoforms were expressed in bladder tissue from all three types 

of animals.  However, there were differences in the amount of expression between the 

types of PPARs, indicating that gender and genetics may play a role. 

 

Genetic susceptibility to bladder dysfunction 

Not every obese person gets type 2 diabetes or the metabolic syndrome, which 

indicates that some people genetically are more susceptible than others (86).  For 

example, the Pima Indian Tribe in Arizona has the highest rate of type 2 diabetes in the 

world (86).  Also, people with diabetes are more likely to have children with diabetes due 

to diabetes susceptibility genes that can be passed down from parent to child (86).  

Overweight people also exhibit a spectrum of insulin sensitivities, suggesting an inherited 

component to insulin resistance (52).  In pigs, there is increased fat mass and insulin 

resistance in Ossabaw swine compared to Yucatan swine (36), also suggesting a genetic 

component to diabetes and insulin resistance.  In this study, we observed significant 

differences in the PPAR-α and PPAR-γ expression between male Yucatan and Ossabaw 

swine.  There were significantly (p=0.034) higher amounts of PPAR-γ mRNA in the 
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Ossabaw pigs and significantly (p=0.03) higher PPAR-α mRNA levels in the Yucatan 

pigs (Fig. 2).  This suggests that there are genetic differences in PPAR-α and PPAR-γ 

levels in BSM and may explain why some people get BSM complications and why others 

do not.  For example, certain variations in the PPAR-γ gene have been linked to a modest 

increase in diabetes risk (86).  It is interesting to note that PPAR-α levels are lower in the 

male Ossabaw pigs.  PPAR-α has been shown to be associated with increased fatty acid 

oxidation (43).  Because PPAR-α levels are lower in the Ossabaw swine, a model for the 

metabolic syndrome, then it is possible that the low PPAR-α levels may be partly 

responsible for the susceptibility of these animals to diabetes and the metabolic syndrome 

as they have less fatty acid oxidation.   

 Despite having lower PPAR-α levels than the Yucatan pigs, the Ossabaw swine 

had slightly significantly higher levels of PPAR-γ mRNA.  PPAR-γ has been shown to be 

associated with fatty acid storage (43).  An increase in fatty acid storage in bladder 

smooth muscle may cause more fatty acids to be present in the cells and thus may 

contribute to bladder complications associated with the metabolic syndrome.   

 

Gender differences in susceptibility to bladder dysfunction 

 There are gender differences in the occurrence of the metabolic syndrome and 

diabetes in men and women and also in the complications associated with the diseases. 

Women are more likely to have bladder dysfunctions than men (19, 133).  In these 

experiments, there were significantly (p<0.001) higher PPAR-δ mRNA levels and 

significantly (p<0.001) lower PPAR-γ mRNA levels in male Ossabaw swine compared to 

female Ossabaw swine (Fig. 4).  As with PPAR-α, PPAR-δ has been shown to be 
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associated with increased fatty acid oxidation (160).  As there is less PPAR-δ mRNA in 

female Ossabaw pigs, then less fatty acid oxidation may be taking place.  The higher 

levels of PPAR-γ mRNA, which is involved in fatty acid storage (43), in female Ossabaw 

swine, may result in an abundance of fatty acids in BSM cells.  The combination of a 

decreased fatty acid oxidation and increased fatty acid content may contribute to a higher 

incidence of BSM dysfunction in females as opposed to males (19, 133).   

 Despite seeing genetic and gender differences in PPAR mRNA levels, changing 

the amount of dietary fat did not change PPAR mRNA levels.  This is interesting because 

fatty acids are ligands for PPARs (43).  This suggests that genetics and gender are more 

responsible for BSM dysfunction during diabetes than dietary fat. 

 

Conclusions 

 In diabetes and dyslipidemia, high plasma lipids have been proposed to cause 

lipotoxicity in nonadipose tissue due to an inability to oxidize fatty acids as quickly as 

uptake occurs; this leads to fatty acid accumulation, cell dysfunction, and death (131, 

157).  We previously have shown that porcine BSM has limited ability to increase lipid 

use suggesting they may be susceptible to lipotoxicity, which could result in changes in 

BSM phenotype, bladder hypertrophy, and bladder dysfunction (55).  The differences in 

PPAR mRNA profiles in BSM may contribute to the susceptibility of the BSM to 

lipotoxicity and may explain why some people are more susceptible to getting bladder 

dysfunctions with type II diabetes and the metabolic syndrome than are other people.  It 

also is possible that one or more of the PPAR genes are part of the thrifty genotype. 
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CHAPTER 4: THE EFFECT OF CAVEOLIN-1 (CAV-1) ON FATTY ACID UPTAKE 

AND CD36 LOCALIZATION AND LIPOTOXICITY IN VASCULAR SMOOTH 

MUSCLE (VSM) CELLS 

 

 

ABSTRACT 

The purpose of this study was to determine if Cav-1 alters CD36 membrane 

localization and thereby is involved in lipotoxicity in VSM cells.  Normal A7r5 cells, 

A7r5 cells overexpressing Cav-1, and those cells treated with 10 mM cyclodextrin for 30 

minutes were immunolabeled with Cav-1 and CD36.  The peripheral to central ratio of 

CD36 in Cav-1 overexpressing cells (1.52±0.19) was significantly higher than in control 

cells (1.05±0.16) and cyclodextrin-treated cells (0.861±0.279).  Fatty acid uptake at 

different time points was quantified with C1-BODIPY 500/510 C12 fluorescence.  A7r5 

VSM cells overexpressing Cav-1 had decreased rates of fatty acid uptake compared to 

control cells.  Cells treated with cyclodextrin also had decreased fatty acid uptake 

compared to controls.  Cav-1 overexpressing cells incubated in 0.05 mM palmitate had 

31.4±8.8% apoptosis, where only 3.9±1.0% of Cav-1 overexpressing cells incubated in 

albumin were apoptotic.  Cyclodextrin treatment decreased apoptosis in cells incubated in 

0.1 mM palmitate (69.7±2.1%) compared to control cells incubated in palmitate 

(85.6±2.7%).  From these data, it is suggested that cells overexpressing Cav-1, CD36 is 

relocated to the plasma membrane of VSM cells, where it may play an increased role in 

fatty acid uptake and possibly lipotoxicity.   
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INTRODUCTION 

 Lipid rafts are rigid areas of the plasma membrane that confine the movement of 

phospholipids.  They result from the coalescence of cholesterol, glycosphingolipids, and 

sphingomyelin (141).  These lipid rafts can be purified by sucrose gradient 

ultracentrifugation due to their resistance to detergent solubilization and increased 

buoyancy (76, 108). Caveolae are flask-shaped invaginations of 50-100 nm that represent 

a subdomain of lipid rafts and are enriched in cholesterol, sphingolipids, and a family of 

21-24 kDa integral membrane proteins called caveolins (see (28, 57, 123) for a review).  

There are three different isoforms: caveolin-1 (Cav-1), caveolin-2 (Cav-2), and caveolin-

3 (Cav-3).  Caveolins can form higher order oligomeric complexes with themselves 

which result in caveolin-rich domains in the plasma membrane.  Caveolins can bind other 

proteins through their caveolin scaffolding domain (CSD) in the carboxy-terminus region 

(28, 57, 123).  The three main Cav-1 containing compartments are plasma membrane 

caveolae, Cav-1 positive vesicles or “cavicles”, and large pericentrosomal caveosomes 

(97, 110, 137). 

Caveolae are involved in a wide variety of cellular processes, including 

potocytosis, which is the ability of the caveolae to concentrate and take up select 

molecules (6).  Caveolae have been implicated in the uptake of a variety of compounds 

such as folates, albumin, and alklaline phosphatase (6, 107, 118, 134).  Caveolae and 

caveolins also are involved in endocytosis, lipid homeostasis, signal transduction, and 

tumorigenesis (28, 57, 123).  Smooth muscle cells contain abundant caveolae that are 

organized in distinct patches on the cell membrane (138).  Cav-1 is the major structural 

caveolin isoform in smooth muscle cells but all three isoforms of caveolin are found in 
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smooth muscle cells (149).  Cav-2 and Cav-3 may play roles other than formation of 

caveolae, such as regulation of cell signaling, Cav-1 expression, and metabolism (57). 

There are several proposed mechanisms for fatty acid uptake in cells.  These 

include a nonsaturable mechanism representing passive flip-flop (147).  However, fatty 

acids also may be transported across the cell membrane by facilitated transport proteins.  

There are several proteins that are involved in transport of fatty acids, including plasma 

membrane fatty acid binding protein (FABPpm) (146), fatty acid transport protein 

(FATP) (132), fatty acid translocase (FAT/CD36) (1), and Cav-1 (50, 117, 121, 124, 

156).  CD36 is an 88 kDa protein that is abundantly expressed in endothelial cells, 

smooth muscle cells, and macrophages (21).  CD36 increases saturable, high-affinity 

fatty acid uptake when overexpressed (65) and when knocked out, decreases fatty acid 

uptake (64).   

It is possible that caveolae plays a role in CD36 mediated fatty acid uptake.  

Several studies demonstrate an association between CD36 and Cav-1.  For example, 

CD36 localizes to caveolae and interacts with Cav-1 (46, 76, 115, 143).  Cav-1 and 

FAT/CD36 were shown to be enriched in detergent-resistant membranes isolated from 

cholesterol-loaded alveolar type II cells, suggesting that CD36 is possibly located in 

caveolae or lipid rafts at the plasma membrane level (70).  Not only is it possible that 

Cav-1 and CD36 are associated with each other, but Cav-1 may be responsible for the 

localization of CD36 in the cell (16, 46, 80).  This suggests that caveolae may be 

associated with the process of transporting fatty acids across the cell membrane and in the 

normal functioning, transport, and expression of CD36. 
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Lipotoxicity occurs when excess lipids accumulate in non-adipose tissues and 

results in cell dysfunction or apoptosis (131). Lipotoxicity has been shown to occur in a 

variety of tissues types (27, 31, 59, 77, 78, 83, 109).  We previously have demonstrated 

that VSM has a limited capacity to store fatty acids as triglycerides and that it may be 

susceptible to lipotoxicity (90).  As caveolae and lipid rafts may involve CD36, which is 

a fatty acid uptake protein, then it is possible that modulating Cav-1 expression will 

effect the amount of fatty acid taken up into the cell and thus play a role in lipotoxicity in 

VSM.  Therefore, we hypothesize that overexpression of Cav-1 will redistribute CD36 to 

the cell membrane.  This in turn will increase fatty acid uptake and thus, increase fatty 

acid-induced apoptosis. 
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MATERIALS AND METHODS 

Cell Culture 

A7r5 VSM cells from rat aorta (American Type Culture Collection, Manassas, VA) 

were grown in 75-cm2 culture flasks and on Lab-Tek II chambered coverglass (Nalge Nunc 

International, Rochester, NY) in Dulbecco’s modified Eagle’s medium (DMEM; Sigma, St. 

Louis, MO) that contained 5.5 mM D-glucose, 26.2 mM NaHCO3, 1 mM C3H3O3Na, and 4 

mM L-glutamine. DMEM contained 10% fetal bovine serum (FBS; GIBCO, Grand Island, 

NY) and 1% antibiotic/antimycotic solution (Sigma). Cells were incubated in a 5% 

CO2/humidified chamber at 37ºC. The media was changed every two days to avoid microbial 

contamination.  

 

Transfection with caveolin-1 cDNA 

 A7r5 cells grown to about 80% confluency in T-75 flasks were transfected with 

PCI-NEO vector containing the coding sequence for human Cav-1 (generously provided 

by Dr. Eric Smart, University of Kentucky) using a Tfx delivery solution.  Tubes 

containing 7.5 ml serum free culture media (no antibiotic/antimycotic solution) and 19.95 

μg of plasmid were prepared (control cells were transfected with the PCI-NEO vector 

without the coding sequence for human Cav-1).  A tube containing only 7.5 ml serum 

free culture media was used for mock transfection.  The tubes were vortexed and 89.7 μl 

of Tfx reagent (Promega, Madison, WI) was added to each tube.  The tube was vortexed 

again and incubated at 25ºC for 10-15 minutes.  The media from the T-75 flasks was 

discarded and the Tfx/DNA mixture was added.  After 1 hour of incubation at 37ºC, the 
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Tfx/DNA mixture was overlayed with 16.5 ml DMEM containing serum and incubated 

for 48 hours at 37ºC. 

 

Selection for stably expressing A7r5 cells 

 The antibiotic G-418 Sulfate (Promega) was added to DMEM to select for 

transfected cells.  Two days after cells were transfected, the medium was changed to one 

containing G-418 (500 μg/ml in DMEM).  When the cells from the mock transfection 

were all dead, the G-418 in the media was reduced to 200 μg/ml in DMEM.   

 

Cell lysate preparation 

 Cells were harvested from flasks with trypsin-EDTA (Sigma) and centrifuged at 

1000 x g for 5 minutes.  Pelleted cells were resuspended in 200 μl ice-cold lysis buffer 

(pH 6.4) that contained 0.12 M octyl β-D-glucopyranoside, 2% (v/v) Triton X-100, 0.3 M 

NaCl, and 49.7 mM 2N-morpholino ethanesulfonic acid.  The cells plus lysis buffer were 

incubated at 4ºC for 30 minutes and then sonicated (ELMA sonicator Transsonic Digital 

Sonicator) for 10 minutes at maximum power.  The lysate was centrifuged at 15,000 x g 

for 10 minutes at 4ºC.  The supernatant was transferred to a centrifuge tube and stored at 

-20ºC. 

 

SDS Page and Western Blot 

 The protein concentration of each sample was determined by Bradford Assay 

(Bio-Rad, Hercules, CA).  Lysates were separated by SDS-PAGE using a 4-12% Bis-Tris 

Criterion XT precast gel (Bio-Rad) and then electrotransferred to a 0.45 μm nitrocellulose 
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membrane for Western blot analysis.  The nitrocellulose paper was immunolabeled with 

purified rabbit anti-Cav-1 primary antibody (1:1000) (BD Transduction Laboratories, San 

Jose, CA) followed by alkaline phosphatase conjugated to anti-rabbit IgG secondary 

antibody (Rockland Immunochemicals for Research, Gilbertsville, PA).  The 

nitrocellulose was developed in alkaline phosphatase developing buffer (Bio-Rad) to 

visualize protein bands. 

 

Immunofluorescence labeling 

 A7r5 cells grown in chambered coverglass were fixed with 2% paraformaldehyde 

solution containing 350 mM NaCl, 160 mM HEPES, and 10 mM CaCl2.  Fixed cells were 

then incubated in a permeabilization solution (500 μM β-escin, 150 mM NaCl, and 15 

mM Na-citrate) containing 1% normal donkey serum (Sigma, St. Louis, MO).  Cells were 

then incubated overnight in permeabilization solution with 1% normal donkey serum 

(Sigma), goat polyclonal CD36 IgG (1:100), (Santa Cruz Biotechnologies, Santa Cruz, 

CA) and mouse anti-Cav-1 IgG (1:100) (BD Transduction Laboratories).  After 

incubation with both primary antibodies, cells were incubated for 3 hours in 

permeabilization solution containing 1% bovine serum albumin (BSA), donkey anti-

mouse IgG conjugated to Alexa-488 (green) (1:100) (Molecular Probes, Eugene, OR) and 

donkey anti-goat IgG conjugated to Alexa 568 (red) (1:100) (Molecular Probes).  Cells 

were rinsed with a solution containing 150 mM NaCl, 15 mM Na-citrate, and 2% BSA.  

300 μl of Mowiol 4-88 were added to the chambers. 
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Confocal microscopy and image analysis 

Laser scanning confocal microscopy was performed by using the Bio-Rad Radiance 

2000 (Bio-Rad) on an IX-70 inverted microscope (Olympus, Tokyo, Japan). The images 

were captured using a 60X water immersion objective and transmitted to a computer with the 

LaserSharp 2000 program (Bio-Rad). All fluorescence images were acquired using the 

excitation lasers (BioRad) of ArKr/Ar 488 (for green) and Kr/Ar 568 (for red) and the 

emission filters (BioRad) of 515±30 nm (for green) and 600±40 nm (for red). The transmitted 

light images were acquired with Nomarski using a 637-nm red diode laser. Image acquisition 

was performed in the x, y, and z dimensions with x-y resolution of 0.09 μm and with z steps 

of 0.30 μm for all fluorescence images. The magnification (zoom), laser iris, gain, and offset 

parameters were optimized for the laser and were kept constant for each image. MetaMorph 

software (Universal Imagine, Chesterfield, PA) was used for image processing after 

acquisition. For each image, the central z plane was taken and background noise was 

removed by the median filter. The ratio of overlapping signals from the green-fluorescence 

and red-fluorescence images from each sample was reviewed by creating an overlay image.  

Line scans to determine pixel intensity across the cell and colocalization analyses were 

performed using MetaMorph software.  The peripheral to central ratios were calculated by 

taking the average of the pixel intensity from the line scan in the first and last 25% of the cell 

(line drawn through the perinuclear region) divided by the pixel intensity from the line scan 

from the middle 25% of the cell. 
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Fatty acid uptake 

 A7r5 cells grown to about 70% confluency in T-25 flasks were rinsed with PBS 

(phosphate buffered saline), harvested with 1X trypsin-EDTA solution (Sigma), and then 

centrifuged.  Cells were resuspended in 2 μM of C1-BODIPY 500/510-C12 (Molecular 

Probes, Carlsbad, CA) and incubated for various time points.  Fatty acid uptake was 

stopped by adding ice-cold 4% paraformaldehyde in PBS (pH 7.4) and incubated for one 

hour on ice in the dark.  For the zero time point, C1-BODIPY-C12 and paraformaldehyde 

were pre-mixed and added to the cells at the same time.  At the end of the one hour 

incubation, cells were centrifuged and resuspended in PBS. A FACScan flow cytometer 

(Becton Dickensen, San Jose, CA) with CellQuest software was used to determine fatty acid 

uptake. Fluorescence signals were collected and gated on size. 

 

Apoptosis determination 

A7r5 cells grown to about 70% confluency in T-75 flasks were incubated in DMEM 

(serum-free) containing 0.05 or 0.1 mM palmitate conjugated to albumin (6.8:1) for 24 hours. 

After the incubation, the media was taken off and detached cells in the media were collected 

by centrifugation. Attached cells were harvested with 1X trypsin-EDTA solution (Sigma). 

The trypsinized cells were centrifuged and added to the collected detached cells. The cells 

were rinsed in PBS that contained 0.5% (w/v) bovine serum albumin (BSA). The cells then 

were incubated in 1% (w/v) paraformaldehyde in PBS (pH 7.4) for 1 hour on ice in the dark. 

The cells were then centrifuged, rinsed in PBS with 0.5% (w/v) BSA, collected, and 

incubated in a permeabilization solution that contained 0.1% (v/v) Triton X-100 in 0.1% 

(w/v) sodium citrate in water for two minutes on ice. The cells were then collected by 

centrifugation and rinsed in wash buffer from an APO-BrdU TUNEL apoptosis kit (Phoenix 
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Flow Systems, San Diego, CA). The cells were incubated in a DNA labeling solution from 

the kit for 1 hour in a 37ºC water bath. The cells were rinsed in a rinse buffer from the 

apoptosis kit, centrifuged, and resuspended in Fluorescein-PRB-1 from the kit in the dark for 

30 minutes at 25ºC. Propidium iodide (PI) with RNase was added to the cells and they were 

incubated for another 30 minutes at  25ºC in the dark. A FACScan flow cytometer (Becton 

Dickensen) with CellQuest software was used to determine the percent apoptosis. 

Fluorescence signals were collected and gated on size. Instrument settings according to the 

apoptosis kit from Phoenix Flow Systems were used.  

 

Statistical analysis 

 Statistics were calculated using Microsoft Excel using a one-tailed Student’s t test 

for all data except for the fatty acid uptake experiments.  Statistics for fatty acid uptake 

were calculated using SigmaStat using one way ANOVA with post hoc Student-

Newman-Keuls test. p values ≤ 0.05 were considered significant.  All values are 

expressed as mean ± standard error of the mean (SEM).   
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RESULTS 

 To determine if Cav-1 was overexpressed in A7r5 VSM cells, cells were 

transfected, frozen, and subjected to Western blot.  Figure 21a shows that Cav-1 can be 

successfully overexpressed in A7r5 cells.  There was 65% more Cav-1 protein in cells 

overexpressing Cav-1 (lane 3) than in control cells (lane 2).  Overexpression of Cav-1 

also resulted in an 88% in CD36 protein (lane 3) compared to control cells (lane 2) 

(Figure 21b). 

 Several lines of evidence demonstrate that CD36 is associated with caveolae and 

lipid rafts (46, 70, 76, 115, 143) and may play a role in the distribution of CD36 inside 

the cell (16, 46, 80), and further suggesting that caveolae play a role in CD36-mediated 

fatty acid uptake in other cell types.  To see if overexpression of Cav-1 caused 

redistribution of CD36 to the membrane in vascular smooth muscle cells, confocal 

microscopy was performed on control A7r5 cells, A7r5 cells overexpressing Cav-1, and 

A7r5 cells that had lipid rafts disrupted by cyclodextrin administration.  As shown in 

Figure 22, control A7r5 cells had fairly uniform distribution of CD36 throughout the 

cytoplasm.  Cav-1 in control cells, on the other hand, had a punctate appearance 

throughout the cell.  A7r5 cells were transfected with a plasmid overexpressing Cav-1 to 

determine if more Cav-1 caused a change in CD36 distribution throughout the cell.  As 

shown in Figure 23, Cav-1 overexpression resulted in movement of CD36 towards the 

cell membrane.  Cav-1, however, retained its punctate distribution throughout the cell and 

appeared to relocate to internal compartments.  There also was significantly less overlap 

of Cav-1 with CD36 in Cav-1 overexpressing cells (32.34±8.40%, n=4) compared to 

control cells (48.17±7.96%, n=4) (Figure 26). 



a)       b) 
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Figure 21: Transfection of A7r5 cells with a plasmid encoding a gene for Cav-1 resulted in 

increased a) Cav-1 protein (about 22 kDa) and b) CD36 protein (about 88-90 kDa).  A 

molecular weight marker (lane 1), protein from control cells (lane 2), and protein from Cav-1 

overexpressing cells (lane 3) were electrophoresed and subjected to Western blot.  The blot 

was labeled with Cav-1 primary antibody in a) and CD36 primary antibody in b).  Extra 

bands in b) are due to non-specific binding of the CD36 antibody.
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Figure 22: Normal A7r5 cells.  Images were taken using confocal microscopy.  Cells were 

immunolabeled with antibodies staining for Cav-1 (green) and CD36 (red).  The central z 

plan in shown.  Colocalization is indicated in yellow. 
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Figure 23: Overexpression of A7r5 cells with Cav-1.  Images were taken using confocal 

microscopy.  Cells were immunolabeled with antibodies staining for Cav-1 (green) and CD36 

(red).  The central z plane is shown.  Colocalization is indicated in yellow. 
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Cyclodextrin treatment disrupted lipid rafts in cells.  To see if disrupting lipid 

rafts and caveolae had the opposite results of overexpression of Cav-1 in VSM cells, we 

incubated A7r5 cells in 10 mM cyclodextrin for 30 minutes.  Cells treated with 

cyclodextrin had movement of CD36 towards the nucleus (Figure 24) compared to 

control cells (Figure 22).  Cav-1 distribution in cyclodextrin treated cells no longer had 

the punctate distribution observed in control cells.  Instead, Cav-1 appeared to be 

localized to different parts of the cell membrane and there appeared to be much less Cav-

1 in the cytoplasm.  Cyclodextrin treatment caused less Cav-1 overlapping with CD36 

(20.61±6.06%, n=4) than control cells (48.17±7.96%, n=4) and Cav-1 overexpressing 

cells (32.34±8.40, n=4) (Figure 25). 

The distribution of CD36 in the images was quantified by performing intensity 

line scans in the perinuclear region of the cell.  The average of the fluorescence intensity 

of CD36 in the first and last 25% of the line scan was divided by intensity of fluorescence 

of CD36 in the middle 25% of the line scan to get the peripheral to central intensity ratio.  

There was a significant increase in CD36 in the periphery of cells overexpressing Cav-1 

compared to control cells (Figure 25).  However, there was not a significant decrease in 

the peripheral to central ratio in cyclodextrin treated cells compared to control cells 

(Figure 25).  Thus, overexpression of Cav-1 in VSM cells resulted in a movement of 

CD36 to the cell membrane, but the disruption of the lipid rafts did not alter the 

distribution. 

 CD36 is a membrane protein that is involved in fatty acid uptake (1).  If 

overexpression of Cav-1 results in the movement of CD36 from the interior of the cell to 

the plasma membrane, then it is possible there may be an increase in fatty acid uptake  



 

 

 

 

Cav-1 Overlay CD36

 

 

Figure 24: Disruption of caveolae and lipid rafts with 10 mM cyclodextrin for 30 minutes.  

Images were taken using confocal microscopy.  Cells were immunolabeled with antibodies 

staining for Cav-1 (green) and CD36 (red).  The central z plane is shown.  Colocalization is 

indicated in yellow. 
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Figure 25: Overexpression of Cav-1 in A7r5 cells significantly (p=0.035) increased the 

peripheral to central ratio of CD36 compared to control.  Results are expressed as the 

mean±SEM.  n=4 for each group.   
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Figure 26: Colocalization data for normal A7r5 cells (dark gray bars), A7r5 cells 

overexpressing Cav-1 (black bars), and A7r5 cells treated with 10 mM cyclodextrin for 30 

minutes (light gray bars).  Results are expressed as the mean±SEM.  n=4 for each group. 

 

89 



90 

due to increased CD36 in the membrane.  A fluorescent long-chain fatty acid analogue, 

C1-BODIPY-C12, has been used to trace fatty acid uptake in Saccharomyces cerevisiae 

(167).  The length of this analog is approximately that of a 16 carbon fatty acid and can 

be used to represent long chain fatty acids (167).  To determine if overexpression of Cav-

1 increased in the rate of fatty acid uptake, control cells, Cav-1 overexpressing cells, and 

cells treated with 10 mM cyclodextrin for 30 minutes, were incubated in 2 μM C1-

BODIPY-C12 for 0, 5, 10, and 15 seconds.  The rates of fatty acid uptake were calculated 

by subtracting the amount of fluorescence at 5, 10, and 15 seconds by the amount of 

fluorescence at 0 seconds.  As shown in Figure 27, control A7r5 cells actually had a 

higher rate of fatty acid uptake compared to cells overexpressing Cav-1.  As expected, 

cyclodextrin treatment resulted in the lowest rates of fatty acid uptake compared to 

control cells and cells overexpressing Cav-1.  Therefore, overexpression of Cav-1 

resulted in a decreased rates of fatty acid uptake in VSM cells. 

 We previously have shown that excess fatty acid given to VSM cells does not get 

stored as triglycerides and results in lipoapoptosis (90).  Increased fatty acid uptake 

should, therefore, increase apoptosis.  Thus, as control A7r5 had higher rates of fatty acid 

uptake than Cav-1 overexpressing cells and cyclodextrin-treated cells, there should be 

more apoptosis in the control cells than in the other two groups.  We used control cells 

and cells transfected with Cav-1 and incubated the cells in albumin or albumin 

conjugated to 0.05 mM palmitate (6.8:1 ratio) for 24 hours.  Interestingly, cells 

overexpressing Cav-1 exposed to palmitate had a significant increase in apoptosis 

compared to control cells incubated in palmitate (Figure 28).  Thus,  
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Figure 27:  Rate of fatty acid uptake in control A7r5 cells (solid line), A7r5 cells 

overexpressing Cav-1 (line with long dashes), and A7r5 cells treated with 10 mM 

cyclodextrin for 30 mintes (line with short dashes).  Fatty acid uptake was determined with 

flow cytometry.  Results are expressed as the mean±SEM.  n=3 for each group.   
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igure 28:  A7r5 cells overexpressing Cav-1 and incubated in 0.05 mM palmitate had 
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significantly (p=0.044) more apoptosis than control cells incubated in 0.05 mM palmita

Apoptosis was determined with flow cytometry.  Results are expressed as the mean±SEM.  

n=4 for each group.   
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overexpressing Cav-1, which results in a redistribution of CD36 to the membrane causes 

increased lipoapoptosis. 

 To see if disrupting lipid rafts with cyclodextrin had the opposite effects on 

apoptosis, control cells and cells treated with 10 mM cyclodextrin for 30 minutes were 

incubated in albumin and 0.1 mM palmitate (conjugated to albumin in a 6.8 to 1 ratio) for 

24 hours.  Disruption of lipid rafts with cyclodextrin significantly decreased the amount 

of apoptosis (Figure 29).  Therefore, disruption of CD36 in lipid rafts causes a decrease 

in fatty acid uptake and a decrease in lipoapoptosis. 
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igure 29:  Cyclodextrin treatment (10 mM for 30 minutes) significantly (p=0.003) decreased 
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palmitate-induced apoptosis in A7r5 cells overexpressing Cav-1.  Apoptosis was determined 

with flow cytometry.  Results are expressed as the mean±SEM.  n=4 for each group. 
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DISCUSSION 

 Several pieces of evidence demonstrate that CD36, a protein involved in fatty acid 

uptake, is associated with caveolae and lipid rafts (46, 70, 76, 115, 143).  However, this 

has yet to be elucidated in VSM cells.  We previously have found for the first time that 

VSM cells are susceptible to lipotoxicity (90).  From these results we hypothesized that 

modulation of CD36 expression in response to changes of Cav-1 expression or disruption 

of lipid rafts with cyclodextrin would alter lipid uptake and lipotoxicity in VSM cells.   

We demonstrated that overexpressing Cav-1 in cultured VSM cells redistributed 

CD36 to the cell periphery and increased the amount of CD36 protein in the cells.  Our 

data supports work done in other cell types that also demonstrate both a redistribution of 

CD36 and an increase in CD36.  For example, Frank et al. showed that Cav-1 

overexpression caused translocation of CD36 to the cell membrane and increased CD36 

expression several-fold in HEK-293T cells and that cotransfection of Cos-7 cells with 

Cav-1 and CD36 resulted in the targeting of CD36 to the plasma membrane (46).  In 

skeletal muscle cells, CD36 is located in an intracellular pool, from which it can 

translocate to the sarcolemma (16, 80), suggesting that there is a translocation mechanism 

for increasing fatty acid uptake by CD36 in muscle cells (15, 80).  In our experiments, 

disrupting caveolae and lipid rafts with cyclodextrin resulted in movement of CD36 

towards the nuclear region of the cell.  This supports findings in COS-7 cells where, in 

the absence of Cav-1, CD36 was retained intracellularly in a perinuclear compartment 

(46).  How Cav-1 targets CD36 to the plasma membrane is not known, as we did not 

observe substantial colocalization of CD36 and Cav-1.  In skeletal muscle cells, CD36 

colocalized with the muscle-specific caveolae marker Cav-3 in the sarcolemma, 
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indicating that caveolae may regulate cellular fatty acid uptake by CD36 (158). Thus, it is 

possible that Cav-3 or perhaps Cav-2 may play a more direct role in the translocation of 

CD36 to the plasma membrane.  While the effects of Cav-1 on CD36 distribution may be 

indirect, they nevertheless occur and any conditions in vivo that alter Cav-1 expression 

would be expected to also alter CD36 distribution. 

In both control cells and Cav-1 overexpressing cells, Cav-1 had a punctate and 

apparently random distribution throughout the cytoplasm.  This also was shown in 

Chinese hamster ovary (CHO) cells where confocal microscopy revealed a punctate 

pattern for Cav-1 and a smooth, homogenous pattern for CD36, with little overlap 

between the two proteins (166).  In Cav-1 overexpressing cells, there was a decrease in 

the percentage of Cav-1 overlapping CD36.  This is possibly due to an increase in the 

amount of Cav-1 in the cell from transfection and because more CD36 is located in the 

plasma membrane than inside of the cell and is consistent with an indirect effect of Cav-1 

on CD36 distribution.  It is interesting to note that there is even less Cav-1 overlapping 

CD36 in cells treated with cyclodextrin.  A possible explanation for this observation is 

that in normal cells, there are cholesterol-rich caveosomes containing CD36 which would 

result in an observed colocalization of Cav-1 and CD36.  However, cholesterol depletion 

with cyclodextrin would result in fewer caveosomes, which need cholesterol for their 

structure.  This would result in Cav-1 and CD36 being in the cell, but not in caveosomes.  

Thus, Cav-1 and CD36 would have less association with each other, and thus less 

colocalization (see Figures 30 and 31). 



 

 

 

 

 

Figure 30. Effect of Cav-1 overexpression on CD36 and Cav-1 distribution, caveolae, and 

lipid rafts. 
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Figure 31. Effect of cyclodextrin treatment on CD36 and Cav-1 distribution, caveolae, 

and lipid rafts. 
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CD36, which is associated with caveolae and lipid rafts (46, 70, 76, 115, 143), is a 

protein involved in fatty acid uptake (1).  In our study, we observed an increase in 

palmitate-induced apoptosis with Cav-1 overexpression, which may be due in part to the 

redistribution of CD36 to the cell membrane.  Theoretically, if more CD36 was in the 

plasma membrane, then there would be increased fatty acid uptake in the cells.  However, 

we found that there was a decrease in the rate of fatty acid uptake in Cav-1 

overexpressing cells compared to control cells.  This contradicts data in other cell types 

where an increase in CD36 increased fatty acid uptake (65) and knocking down CD36 

decreased fatty acid uptake (64).  There are several possible explanations why the rate of 

fatty acid uptake would decrease in cells overexpressing Cav-1 compared to control cells.  

It has been shown that caveoale are also involved in the export of lipid from cells (153).  

One possible explanation is that with Cav-1 overexpression there actually is an increase 

in unidirectional fatty acid uptake, but at the same time there is also an even greater 

increase in fatty acid unidirectional export due to the increase in caveolae and CD36 in 

the membrane, thus making the net rate of fatty acid uptake lower.   

The second possible explanation for the decrease in the rate of fatty acid uptake in 

Cav-1 overexpressing cells is that the increased caveolae which results from increasing 

Cav-1 expression decreased the space available in the plasma membrane for lipid rafts.  

We observed a decrease in colocalization of CD36 and Cav-1 in Cav-1 overexpressing 

cells, but yet there was still movement of CD36 towards the plasma membrane.  Thus, it 

is possible that CD36 is targeted mainly to non-caveolar lipid rafts. If there are fewer 

lipid rafts, then there are fewer places for CD36 to be inserted in the plasma membrane 

and thus less fatty acid uptake into the cell.  However, because there is an increase in 
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caveolae, which is also involved in fatty acid uptake (50, 117, 121, 124, 156), there 

would still be increased fatty acid uptake during longer time periods, which would 

explain the increase in lipoapoptosis that we observed at 24 hours.   

Along the same lines of space constraints, it is possible that overexpressing Cav-1 

will increase the amount of all lipid-raft containing compartments, not just in the plasma 

membrane.  This would increase the number of intracellular caveosomes and may explain 

the more punctate appearance of Cav-1 labeling in the confocal images of Cav-1 

overexpressing cells.  If this is the case, then the increase in Cav-1 containing 

compartments would result in less room for CD36 in the perinuclear region of the cell, 

pushing it towards the periphery.  However, this does not imply that CD36 is actually 

inserted in the plasma membrane.  If it is not, and is only located towards the perpiphery 

of the cell, then this could be another explanation for the decrease in fatty acid uptake in 

Cav-1 overexpressing cells. 

Another explanation for why there decreased fatty acid uptake but increased 

palmitate-induced apoptosis in Cav-1 overexpressing cells is that there may be two 

different pools of fatty acid uptake proteins, those with a low affinity for fatty acids but a 

high capacity for uptake, and those with a high affinity for fatty acids but a low capacity 

for uptake.  In our fatty acid uptake experiments, we used a very low concentration of the 

fluorescent fatty acid analog (2μM) because we were dealing with short time points.  

However, for the apoptosis experiments, we used a palmitate concentration of 500 μM, 

which is substantially higher than the concentration used for fatty acid uptake 

experiments.  Thus, during the fatty acid uptake experiments, fatty acid transport proteins 

that have a high affinity for fatty acid binding but a low capacity for uptake, such as 
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CD36, may be involved, which would help explain the lower rate of fatty acid uptake in 

Cav-1 overexpressing cells.  During the apoptosis experiments, where higher 

concentrations of fatty acid were used, fatty acid transport proteins with a low affinity for 

fatty acid binding but a high capacity for uptake, such as caveolae, are involved, resulting 

in increased fatty acid uptake and accumulation in Cav-1 overexpressing cells and thus 

increased apoptosis.  Regardless of the mechanism for decreased rates of fatty acid 

uptake in Cav-1 overexpressing cells compared to control cells, lipotoxicity still 

developed, but the “extra” lipid uptake occurs later in time than when we did our 

measurements. 

We found that disrupting lipid rafts with cyclodextrin decreased the rate of fatty 

acid uptake.  This supports other studies that show that dissociation of caveolae by 

removing cholesterol with a sterol-binding agent significantly reduced fatty acid uptake 

(116, 117) and that removal of cholesterol from the membrane by cyclodextrin and 

knocking down caveolae with a dominant negative mutant caused disassembly of 

caveolae structures and a time-dependent reduction of oleate and stearate incorporation 

(115).  

 We previously have shown that VSM cells are susceptible to lipotoxicity (90).  In 

the present study, we found that overexpressing Cav-1 in VSM cells increased palmitate-

induced apoptosis and that disrupting caveolae and lipid rafts with cyclodextrin decreased 

the amount of apoptosis after 24 hours of incubation.  This increase in lipotoxicity with 

Cav-1 overexpression is probably due to either to increased numbers of caveolae in the 

cell or to the increased CD36 being relocated to the plasma membrane.  In the long term, 

an increase in CD36 or caveolae would increase in fatty acid uptake into the cell.  If the 
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increase in fatty acid uptake exceeds the amount of fatty acids that can be oxidized, then 

lipotoxicity can occur. 

The results found in these experiments may have implications for diseases such as 

atherosclerosis and the metabolic syndrome.  It has been shown previously that Cav-1 

null mice have high fatty acids and triglycerides, decreased leptin, reduced glucose 

uptake, and reduced insulin receptor protein levels (122).  In young Cav-1 knockout (KO) 

mice there were elevated levels of triglycerides and free fatty acids (29).  In ApoE KO 

mice, knocking out CD36 expression protected against development of atherosclerosis by 

reducing atherosclerotic lesions (41, 45) and CD36 KO mice have increased serum 

fasting levels of nonesterified FFA and show decreased uptake of oleate in isolated 

adipocytes (40).  These studies suggest that regulating Cav-1 and/or CD36 may modulate 

the progression of atherosclerosis and the metabolic syndrome.  

VSM cells can exist in several different phenotypes (32, 105).  VSM cells that are 

in the proliferative phenotype have decreased caveolae (153).  Because contractile 

phenotype VSM cells have more caveolae and Cav-1 than do proliferative cells, then, 

based on the conclusions from this study, they may be more susceptible to lipotoxicity 

because of more uptake of lipid into the cell.  Thus, during atherosclerosis, contractile 

vascular smooth muscle cells in the medial layer, which is the dominant phenotype in a 

normal conductance artery (32, 105), would undergo lipotoxicity.  This would 

theoretically increase the percentage of VSM cells in the proliferative phenotype, which 

could contribute to the proliferation of the arterial smooth muscle layer during 

atherosclerotic lesions.  In ApoE/Cav-1 double KO mice, there was a drastic reduction in 

the area of atherosclerotic lesions (45).  Thus, mutations in Cav-1 that would result in a 
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lack of function or absence of Cav-1 could possibly protect against proliferation of VSM 

cells in lesions and may be one of the reasons why there was a decrease in lesion size 

seen in the ApoE/Cav-1 double KO mice.   

In conclusion, we have demonstrated, for the first time in VSM, that 

overexpressing Cav-1 results in a redistribution of CD36 to the plasma membrane and we 

have strong evidence that Cav-1 or CD36 or both may play a role in fatty acid uptake and 

lipotoxicity and may have implications for health and disease. 
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CHAPTER 5: DISCUSSION AND CONCLUSIONS 

 

 Adipose tissue is unique from other types of tissue in that it has the ability to store 

large amounts of fatty acids as triglycerides (131).  Non-adipose tissue, such as skeletal 

muscle, the heart, the pancreas, the liver, and the kidney, have very limited capacities for 

storage of fatty acids as triglycerides (131, 157).  Under normal conditions, the amount of 

fatty acid that is taken into the cell or freed from triglycerides in the cell is balanced by 

the amount of fatty acid being metabolized by β-oxidation, storage as triglycerides, 

generation of lipid signaling molecules, post-translational protein modification, or 

transcriptional regulation (131).  Diabetes, obesity, and the metabolic syndrome (47, 72, 

168) and lipodystrophies (48) can result in dyslipidemia and hyperlipidemia.  The high 

plasma lipid levels that are a consequence of these diseases result in excess fatty acids 

delivered to tissues.  When the amount of fatty acid taken up by cells or broken down 

from intracellular triglycerides is more than the amount that is being stored as 

triglycerides or oxidized, they can accumulate inside the cytoplasm (131).  As a result of 

fatty acid accumulation inside the cell, cell dysfunction or cell death can occur and this is 

known as lipotoxicity (131). 

Lipotoxicity has been shown to occur in a variety of cell types, including 

cardiomyocytes (31, 61, 145), hematopoetic cells (109), pancreatic β-cells (27, 139), 

astrocytes (14), breast cancer cells (27, 58, 59, 83), and Chinese hamster ovary (CHO) 

cells (78).  However, there is a small but growing body of evidence that shows that 

lipotoxicity occurs in smooth muscle.  The study of lipotoxicity in vascular smooth 

muscle is particularly important because there are many serious conditions, such as 
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atherosclerosis, that may result from high lipid levels that are characteristic of obesity, 

the metabolic syndrome, and diabetes, and because smooth muscle cells are found in 

nearly every organ system. 

 

LIPOTOXICITY IN SMOOTH MUSCLE 

There are several tissues in the body, such as the vasculature, the airways of the 

lungs, the gastrointestinal tract, and the urogenital tract, that contain smooth muscle.  In 

these organs, the main function of smooth muscle is to provide tone and aid in the 

propulsion of the organ’s contents, such as blood, air, digested food, or urine.  It is 

possible that lipotoxicity may play a role in pathologies that occur in these tissues.  

However, thus far, there is very little evidence that investigates the role that lipotoxicity 

plays in smooth muscle.   

We previously have shown that VSM from swine fed a high fat diet decreased 

lipid and increased glucose utilization that was significantly associated with increased 

plasma cholesterol and triglyceride levels (125).  Additionally, we found that bladder 

smooth muscle has a limited ability to increase lipid use, suggesting that it may be 

susceptible to lipotoxicity (55).  In diabetic/dyslipidemic Yucatan swine, we found 

significant increases in bladder smooth muscle α-actin, smooth muscle myosin heavy 

chain, and desmin, which are indicators for smooth muscle hypertrophy.  In 

hyperlipidemic swine, we observed an increase in the oxidation of endogenous metabolic 

substrates, most likely lipids, and decreased glycogen storage compared to control 

suggesting mitochondrial adaptation to increased lipid levels (56).  This provides 

evidence that smooth muscle is susceptible to lipotoxicity, just as are other cell types.   
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Previous work revealed that low oleate oxidation occurs in vascular smooth 

muscle (4). This may reflect limitations in fatty acid uptake or that fatty acids are being 

stored as triglycerides.  However, we have shown that fatty acids are taken up by vascular 

smooth muscle cells are not stored as triglycerides, but rather exist in the cell as 

monoglycerides, diglycerides, and free fatty acids (90).  As excess intracellular fatty 

acids have been shown to cause lipotoxicity (131), then our data suggests that an increase 

in fatty acid supply to vascular smooth muscle cells which would be free to cause 

detrimental damage, or lipotoxicity, to the cell.  To see if apoptosis occurred with excess 

fatty acid provision in vascular smooth muscle cells, we incubated A7r5 cells in both 

physiological and supraphysiological levels of palmitate and found that it indeed caused 

lipotoxicity in vascular smooth muscle cells (90, 92). 

 

WHAT CAUSES LIPOTOXICITY IN VSM? 

Lipotoxicity can be caused by several different mechanisms, and the type of cell 

that it is occurring in dictates which mechanism is taking place.  One mechanism 

involves increased ceramide production with excess fatty acids.  For example, palmitate 

has been shown to causes apoptosis in cardiomyocytes through de novo ceramide 

generation (35, 60, 144).  Ceramide is formed by the condensation of serine and 

palmitoyl-CoA to form 3-oxosphinganine.  Through a series of reactions, 3-

oxosphinganine is converted to ceramide (89).  Ceramide acts as a second messenger 

during the initiation phase of apoptosis via two mechanisms, one that involves the 

transcriptional activation of the JNK pathway and the other which involves alteration of 

mitochondrial function (89).  Another way that fatty acids can cause lipotoxicity is by 
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decreasing cardiolipin levels (58, 104).  Cardiolipin is an anionic phospholipid in the 

mitochondrial membrane that contains four unsaturated fatty acids responsible for the 

incorporation and retention of cytochrome c (58, 104).  When there is decreased 

cardiolipin there is increased cytochrome c release from the mitochondrial inner 

membrane into the cytosol, resulting in apoptosis (104).  Saturated fatty acids contribute 

to decreased cardiolipin production because they are poor substrates for cardiolipin 

synthase (104).  A third way that lipotoxicity occurs is via increased reactive oxygen 

species (ROS) (78).  Reactive oxygen species are produced during mitochondrial 

oxidative phosphorylation when partially reduced forms of O2 are formed during the 

transfer of electrons to O2 by cytochrome c oxidase to form H2O2. (61).  ROS may be 

involved in initiation of apoptosis by thiol modification of mitochondrial adenine 

nucleotide translocase and stimulation of mitochondrial permeability transition (MPT), 

which is mediated by opening of porse in the mitochondrial inner membrane (144).  

However, some evidence indicates that decreased ROS may cause apoptosis (66).  In our 

studies, we showed that there was decreased ROS when vascular smooth muscle cells 

were incubated in palmitate.  This suggests that a decrease in ROS may be one of 

mechanisms responsible for fatty acids causing lipotoxicity in vascular smooth muscle.  

More research needs to be done, however, to determine if an increase in ceramide or a 

decrease in cardiolipin also is occurring. 

 

NOT ALL FATTY ACIDS ARE CREATED EQUAL 

Fatty acids exist in a saturated form, in which there are no double bonds, and an 

unsaturated form, in which there are one or more double bonds.  Palmitate, a long chain 
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saturated fatty acid, contains 16 carbons and no double bonds.  Oleate is a long chain 

unsaturated fatty acid that contains 18 carbons and one double bond.  Both oleate and 

palmitate are obtained from dietary sources and are produced by the body.  Their 

physiological concentrations of each are about 0.1 mM in the plasma (4).   

Evidence suggests that saturated fatty acids can cause lipotoxicity, whereas 

unsaturated fatty acids do not (27, 38, 58, 59, 61) and may even protect against saturated 

fatty acid-induced lipotoxicity (27, 38, 59).  We found that oleate decreased the 

lipotoxicity caused by palmitate.  There are several possible mechanisms for this.  

Unsaturated fatty acids have been shown to rescue palmitate-induced apoptosis by 

promoting palmitate incorporation into triglyceride stores (27, 77) and by scavenging 

superoxide anion radicals (88).  Thin layer chromatography of lipid extracts arteries 

incubated in palmitate, oleate, or a combination of the two showed that oleate did not 

promote storage of fatty acids into triglycerides.  Therefore, this is probably not one of 

the mechanisms whereby oleate protects against palmitate-induced apoptosis.  As we saw 

a decrease in ROS in our studies, then it also is unlikely that oleate quenches reactive 

oxygen species.  A possible mechanism is that oleate may restore cardiolipin levels in 

VSM.  However, since we have not yet looked at cardiolipin levels during lipotoxicity, it 

is unclear if oleate protects VSM against lipotoxicity via this mechanism. 

 

MODULATION OF LIPOTOXICITY IN VSM  

 Lipotoxicity may be alleviated or enhanced by modulating the amount of lipids 

taken into the cell, the rate of fatty acid oxidation, the amount of fatty acids that is stored 

as triglycerides, or the generation of fatty acids.  For example, increasing fatty acid 
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uptake, decreasing fatty acid oxidation, and decreasing storage of fatty acids as 

triglycerides would result in free fatty acid accumulation in the cell, and thus increase the 

incidence of lipotoxicity.  The opposite would happen if there was a decrease in fatty acid 

uptake, an increase in fatty acid oxidation, or an increase in storage of fatty acids as 

triglycerides.  All three of these mechanisms would reduce the amounts of free fatty acids 

in the cytoplasm and thus reduce the amount of fatty acids that can cause mitochondrial 

dysfunction or apoptosis.   

Overexpressing or inhibiting proteins in any of these pathways would have an 

effect on the amount of fatty acid inside the cell.  Caveolae are flask-shaped 

invaginations of 50-100 nm in the plasma membrane that represent a subdomain of lipid 

rafts that function in a wide variety of cellular processes such as endocytosis, lipid 

homeostasis, signal transduction, and tumorigenesis.  The main structural protein of 

caveolae is caveolin-1 (for a review on caveolae and caveolins see (28, 57, 123)).  CD36 

is an 88 kDa protein in the plasma membrane that functions in the uptake of fatty acids 

into the cell (64, 65).  Modulating Cav-1 or CD36 may have an effect on the amount of 

fatty acid being taken up into the cell.  Previous studies demonstrate that Cav-1 and 

CD36 are associated with each other in lipid rafts in a variety of cell types (46, 70, 76, 

115, 143) and modulating Cav-1 protein in cells has an effect on the distribution and 

levels of CD36 (46).  The link between Cav-1 and CD36, however, is not very clear in 

vascular smooth muscle.  We have shown that overexpressing Cav-1 results in increased 

the amounts of CD36 in VSM and causes a redistribution of CD36 towards the plasma 

membrane, where it may be involved in increasing fatty acid uptake and lipoapoptosis 

(unpublished data).   
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Peroxisome proliferator-activated receptors (PPARs) are ligand-regulated 

transcription factors that control gene expression by binding, along with cofactors, to 

peroxisome proliferator response elements (PPREs) within promoter regions of DNA.  

There are three types of PPARs: PPAR-α, PPAR-γ, and PPAR-β/δ.  PPAR-α is expressed 

in metabolically active tissues and is involved in fatty acid uptake and oxidation.  

Ligands for PPAR-α include saturated and unsaturated fatty acids and the fibrate family 

of synthetic ligands.  PPAR-γ is expressed predominantly in adipose tissue and plays a 

role in adipocyte differentiation, regulates genes that control energy homeostasis, and is 

associated with genes that affect insulin action.  PPAR-γ binds fatty acids, particularly 

polyunsaturated fatty acids, and eicosanoid derivatives.  The thiazolidinedione drugs, 

such as troglitazone and rosiglitazone, are the major synthetic ligands for PPAR-γ.  Much 

less is known about PPAR-δ, which is expressed in a wide range of tissues.  PPAR-δ has 

been implicated in fatty acid oxidation, colon cancer, and fertility, and ligands for PPAR-

δ include saturated and unsaturated fatty acids, eicosanoids, and drugs such as 

GW501516 (for a review on PPARs see (11, 12)).   

We have previously shown gender and genetic differences in PPAR levels in 

swine bladder smooth muscle.  We found that there was more PPAR-γ mRNA and less 

PPAR-α mRNA in bladder tissue from Ossabaw swine, a genetic model of the metabolic 

syndrome, compared to Yucatan swine.  We also observed significantly higher PPAR-δ 

and significantly lower PPAR-γ mRNA levels in male Ossabaw swine compared to 

female Ossabaw swine (91).  These results are interesting because both PPAR-δ and 

PPAR-α are implicated in fatty acid oxidation.  If these PPARs are lower in male 

Ossabaw swine compared to Yucatan swine and in female Ossabaw swine compared to 
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male Ossabaw swine, then perhaps there is less fatty acid oxidation occurring in bladder 

tissue in these animals and more bladder dysfunction due to fatty acid accumulation, 

suggesting that PPARs may play a role in lipotoxicity in smooth muscle.   

There is substantial evidence that shows that PPAR activation may play a role in 

CD36 expression and fatty acid uptake and PPAR-responsive elements have been 

identified in the CD36 promoter (151).  In ob1771 pre-adipocytes, overexpression of 

PPAR-δ resulted in the induction of CD36 and lipid accumulation, whereas treating the 

cells with a dominant negative mutant form of PPAR-δ reduced CD36 mRNA (7).  In 

adipose tissues mRNA levels of CD36 were increased by PPARγ activation (96, 140).  

PPAR-δ activation has been shown to increase lipid accumulation and CD36 expression 

in human macrophages and THP-1 monocytes and (159).  PPAR-γ activation also has 

been shown to increase CD36 expression and the uptake of oxidized LDL in monocytes 

(24, 98, 155, 159), J774 macrophages (23), NIH-3T3 fibroblasts (23), and embryonic 

steam cell-derived macrophages (23, 95).  In the liver, agonists for PPAR-α and PPAR-γ 

increased CD36 expression (94, 96, 165).  CD36 is increased with agonists for all three 

PPARs in keratinocytes (161) and with PPAR-α in the intestine (96) as well.  In skeletal 

muscle, PPAR-γ activation with either troglitazone or rosiglitazone increased CD36 

expression.   

It is possible that activating one or more of the PPARs in smooth muscle would 

increase CD36.  We have shown that activating PPAR-δ with the agonist GW0742 for 

four hours results in increased CD36 protein in vascular smooth muscle cells 

(unpublished data).  PPAR-δ also has been shown to increase fatty acid oxidation (160).  

An increase in CD36 from PPAR-δ activation would theoretically increase in fatty acid 
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uptake into the cells, possibly causing lipotoxicity.  However, if an increase fatty acid 

oxidation is occurring, then this would clear fatty acids from the cells and there would not 

be an increase in lipotoxicity.  The latter is supported by observations showing that 

activating vascular smooth muscle cells with the PPAR-δ agonist GW0742 did not 

decrease lipotoxicity (unpublished data), most likely due to a balance in the increased 

influx of fatty acids due to CD36 upregulation and an increase in fatty acid oxidation.   

If PPAR activation does indeed increase expression of CD36 in smooth muscle, 

then perhaps the differences in PPAR levels observed in smooth muscle between two 

difference genetic models of swine and between male and female swine (91) may explain 

the differences observed in the susceptibility of the animals to the metabolic syndrome 

and lipotoxicity and may translate to other species, such as humans, as well.  

 

IMPLICATIONS FOR LIPOTOXICITY IN SMOOTH MUSCLE 

 Smooth muscle is an important component of a variety of organ systems and 

alterations in smooth muscle function in these organs can result in serious consequences.  

Changes in the physiology of detrusor smooth muscle cells is one of the factors 

contributing to diabetes-associated bladder complications (164) and during other 

problems such as partial bladder outlet obstruction (33).  During diabetes and partial 

outlet obstruction there is an increase in the bladder smooth muscle layer which may 

contribute to and result from bladder dysfunctions (73, 74, 113, 164).  Also, with Crohn’s 

disease and diabetes, there is an increase in the smooth muscle layer in the 

gastrointestinal tract (26, 51, 101).  Atherosclerosis is a disease of the arteries that 

involves more than just the endothelial monolayer or intimal layer of arteries, as it 
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involves the proliferation and migration of vascular smooth muscle cells from the medial 

layer (81, 128).  These vascular smooth muscle cells contribute to atherosclerosis by 

accumulating in the fibrous plaque and secreting extracellular matrix that give rise to the 

fibrous cap of the atherosclerotic lesion (81). 

Smooth muscle cells can exist in a wide range of phenotypes (106). Two 

distinguishing phenotypes in vascular smooth muscle, however, are the contractile and 

the synthetic phenotypes (106, 163).  Under normal conditions most smooth muscle cells 

in arteries exist in a quiescent, contractile phenotype and contain high amounts of smooth 

muscle α-actin (154).  Smooth muscle cells in the contractile phenotype have been shown 

to contain many more caveolae than smooth muscle cells in the synthetic phenotype (153, 

154).  In fact, the density of caveolae has been shown to be more than 6-fold higher in 

contractile cells than in synthetic cells (153).  Also, overexpression of caveolin-1 has 

been shown to inhibit vascular smooth muscle cell proliferation (111). 

If there are more caveolae and thus caveolin-1 in cells in the contractile 

phenotype, then it is possible that there is an increase in CD36 in the plasma membrane.  

This increase in CD36 and caveolae would theoretically result in increased fatty acid 

uptake over time, resulting in lipoapoptosis.  Thus, apoptosis would be more prevalent in 

the smooth muscle cells in the contractile phenotype.  If they are undergoing lipotoxicity 

because they have more CD36 and caveolae, then there would be a reduction in the 

number of cells in the contractile phenotype and an increase in the number of cells in the 

synthetic phenotype.  This would explain why knocking out Cav-1 in ApoE deficient 

mice would have a 70% reduction in the area of atherosclerotic lesions (45).  One of the 

causes of smooth muscle cell proliferation during atherosclerosis could be the selective 
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lipoapoptosis of cells in the contractile phenotype and the growth of cells in the 

proliferative phenotype.   

This may be the same mechanism that occurs in bladder smooth muscle and 

smooth muscle from other organ systems during high fat conditions.  For example, 

normal bladder smooth muscle contains mostly cells in the contractile phenotype (33).  

With caveolae being more numerous in smooth muscle cells in the contractile phenotype, 

then these cells would be more susceptible to the effects of lipoapoptosis.  The death of 

these contractile cells would increase the number of bladder smooth muscle cells in the 

proliferative phenotype, which would grow and causes proliferation of bladder smooth 

muscle tissue, ultimately resulting in bladder dysfunctions. 

 

CONCLUSIONS AND FUTURE DIRECTIONS 

 The goal of these studies was to determine if lipotoxicity did indeed occur in 

smooth muscle, especially vascular smooth muscle; to elucidate the mechanisms involved 

in lipotoxicity in smooth muscle; and to modulate lipotoxicity in smooth muscle by 

altering fatty acid uptake.  What we found from our research is that lipotoxicity may be 

prevalent in vascular smooth muscle and may have important implications for health and 

disease.  Our research with lipotoxicity in smooth muscle raises additional questions.  For 

example, more experiments need to be done to look further into the mechanisms 

responsible for lipotoxicity in smooth muscle and how lipotoxicity can be modulated.   

 It is important to have a more complete knowledge base in the causes lipotoxicity 

in smooth muscle.  There are several different pathways that lead to lipotoxicity, 

including ceramide production (35, 60, 144), changes in ROS levels (78), and a decrease 
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in cardiolipin levels in the mitochondria (58, 104).  However, these mechanisms can be 

different depending on the cell type and cell phenotype.  Our work has shown that there 

was a decrease in ROS in VSM but it did not show if that was the particular mechanism 

causing lipotoxicity.  Other experiments to determine cardiolipin levels and ceramide 

production under high saturated fatty acid conditions would shed some light on how 

saturated fatty acids cause lipotoxicity in smooth muscle.   

 It has been shown that diets high in unsaturated fatty acids, such as olive oil, can 

have protective effects against the incidence of heart disease and atherosclerosis (67, 69).  

Much more research needs to be done concerning the protective mechanism of 

unsaturated fatty acids during saturated fatty acid-induced apoptosis.  Thus far, we have 

shown that unsaturated fatty acids, such as oleate may protect against lipotoxicity by 

possibly stabilizing cardiolipin levels, but not by shuttling fatty acids into triglyceride 

stores or quenching reactive oxygen species.  Experiments to determine the mechanism 

of unsaturated fatty acids in the protection of saturated fatty acid-induced apoptosis 

would be extremely important because much of the Western diet contains a combination 

of these fatty acids. 

 Modulation of lipotoxicity would help gain insight into the mechanisms of 

lipotoxicity in smooth muscle.  CD36 and Cav-1 are not the only means for fatty acid 

uptake in cells.  Fatty acids can also be transported via fatty acid binding protein 

(FABPpm) (146) and fatty acid transport protein (FATP) (132).  Thus, modulating these 

transporters would help us understand the role that fatty acid uptake plays in lipotoxicity. 

In addition to modulating lipotoxicity by fatty acid transporters, liptoxicity can be 

influenced by the rate of fatty acid oxidation and storage into triglycerides.  For example, 
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it would be interesting to study the effects of PPAR agonists, which have been shown to 

increase fatty acid oxidation in other tissues (11), on the rate of fatty acid oxidation in 

smooth muscle and on the expression of proteins involved in fatty acid oxidation.  Cav-2 

and Cav-3 have also been shown to be expressed in smooth muscle.  Thus, it would be 

particularly interesting to see the role that they play in liptoxicity, especially in regards to 

the redistribution of CD36 or other fatty acid uptake proteins during overexpression and 

colocalization with those proteins. 

 In conclusion, although we have made some significant strides in determining the 

incidence of lipotoxicity in vascular smooth muscle and in the modulation of lipotoxicity 

by overexpressing Cav-1, much more still needs to be done to obtain a better 

understanding of the mechanism of lipotoxicity in smooth muscle.  More information 

would have profound consequences in the understanding of dysfunctions of organ 

systems that contain smooth muscle and in the treatment and prevention of these diseases.   
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APPENDIX 1 

ADDITIONAL FIGURES 

 

FIGURE 32 

 Several studies have shown that PPAR agonists increase CD36 expression and 

protein levels (see Discussion).  For this figure, we incubated A7r5 vascular smooth 

muscle cells in DMEM with 10% FBS and 1% antimycotic/antibiotic with or without 1 

μM of the PPAR-δ agonist, GW0742 for 4, 8, and 12 hours.  At the end of each time 

point, the cells were frozen.  Proteins were extracted and subjected to Western blot.  The 

blot was incubated with a primary antibody for CD36.  Figure 32a shows the resulting 

western blot and Figure 32b shows the quantification of the Western blot (lanes 1-3 are 

control cells for 4 hours, lanes 4-6 are agonist treated cells for 4 hours, lanes 7-9 are 

control cells for 8 hours, lanes 10-12 are agonist treated cells for 8 hours, lanes 13-15 are 

control cells for 12 hours, lanes 16-18 are agonist treated cells for 12 hours).  As evident 

in Figure 32b, there was significantly more CD36 protein in cells treated with the agonist 

for 4 hours compared to control cells that were frozen after 4 hours.  However, there was 

significantly less CD36 in cells incubated in the agonist for 8 hours compared to the 

respective control.   
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Figure 32. The effect of the PPAR-δ agonist, GW0742 on CD36 protein levels.  The gel 

in a) was labeled with a primary antibody for CD36, which is indicated.  Other bands are 

due to non-specific binding of the antibody.  The quantification of the gel using Un-Scan-

It is shown in b).  Results are expressed as the mean±SEM.  n=3 for each group.
118 



119 

 

 

 

FIGURE 33 

 PPAR-δ agonists have been shown to increase fatty acid oxidation (see 

Discussion).  An increase in fatty acid oxidation with agonist treatment increases the 

clearance of fatty acids from the cell and thus decreases apoptosis.  We incubated A7r5 

vascular smooth muscle cells in albumin or 0.1 mM palmitate conjugated to albumin 

(6.8:1) with or without 1 μM of the PPAR-δ agonist, GW0742 for 24 hours.  After the 

incubation, cells were subjected to flow cytometry to determine apoptosis.  Figure 33 

shows that GW0742 did not significantly change the amount of apoptosis occurring with 

palmitate treatment.   
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Figure 33. GW0742 treatment (1μM) did not change the numbers of A7r5 cells undergoing 

palmitate-induced apoptosis.  Apoptosis was determined with flow cytometry.  Results are 

expressed as the mean±SEM.  n=4 for each group. 
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APPENDIX 2 

APOPTOSIS  

 

 Apoptosis, or programmed cell death, occurs with embryogenesis, 

morphogenesis, normal adult tissue turnover, organ atrophy, the immune response, 

inflammation, and the removal of harmful cells (10, 135).  It plays a role in cancer, 

autoimmune diseases, the nervous system, and in neurodegenerative disorders (135).  

Apoptosis is characterized by cell shrinkage, membrane remodeling and blebbing, 

chromatin condensation, and DNA and cellular fragmentation into apoptotic bodies (10, 

129).  Cells undergoing apoptosis lose contact with neighboring cells and become round.  

The endoplasmic reticulum dilates and superficial cisternae fuse with the plasma 

membrane.  There is a loss of cell volume due to voiding of water and ions that results in 

compaction of organelles and increases cell density (10).  The apoptotic bodies are 

eventually phagocytosed by neighboring cells, macrophages, or dendritic bodies (10, 

135).  Unlike necrosis, which is characterized by release of intracellular contents by cell 

lysis, inflammation, and secondary tissue damage, apoptosis is a closely regulated 

process induced by specific stimuli and occurs without the release of inflammatory 

mediators (135). 

 Apoptosis can occur via two different pathways: an extrinsic pathway or an 

intrinsic pathway (see Figure 34).  The extrinsic pathway of apoptosis is mediated by 

specific ligands and surface receptors.  The death signal is delivered from the 

microenvironment.  The intrinsic pathway of apoptosis regulation is activated from the 

inside of the cell through specific cell sensors in the nucleus and cytoplasm.  Both the 



 

 

 

 

 

 

 

Figure 34.  A simplified model of the intrinsic (cell stress) pathway and the extrinsic 

(death receptor) pathway of apoptosis 

(http://www.bioteach.ubc.ca/CellBiology/Apoptosis/) 
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extrinsic and intrinsic pathways come together into a common pathway causing the 

activation of effector enzymes called caspases (129).  With the extrinsic pathway, death 

receptors, also called tumor necrosis factor receptors (TNF-R), in the plasma membrane 

transmit apoptotic signal intiated by the binding of a ligand.  The TNF-R family consists 

of TNF-R1, Fas, death receptor (DR)-3, DR-4, DR-5, and DR-6.  The death receptors 

transmit their apoptotic signals through a death domain (DD) that is located in the 

intracellular cytoplasmic tail of the receptor (129, 135).  When a ligand, such as TNFα, 

lympotoxin, Fas-ligand (Fas-L), Apo3-ligand (Apo3-L), or TNF-related apoptosis-

inducing ligand (TRAIL), binds to the death receptor, adaptor proteins are recruited to the 

death receptor through interaction of the death receptor’s DD to the DD of the adaptor 

proteins (129).  Adaptor proteins contain death effector domains (DEDs) that interact 

with the DED of the apoptosis initiator enzyme, procaspase-8, forming a complex called 

the death-inducing signaling complex (DISC).  Procaspase-8 is proteolyticallyl activated 

and activates effector caspases such as caspase-3 (129, 135).  Caspase-3 releases caspase-

activated deoxyribonuclease (CAD) from inhibition.  CAD enters the nucleus and 

degrades the cell’s chromosomal DNA resulting in DNA fragmentation and cell death 

(135).   

 Death receptors are not the only way that apoptosis can be initiated in cells.  The 

other pathway to apoptosis is the intrinsic pathway, or through mitochondrial activation.  

Mitochondria are the site for oxidative metabolism and provide ATP via oxidative 

phosphorylation and cytochrome c.  Mitochondrial function seems to be crucial in some 

cells for initiating apoptosis and the activation of mitochondria is a critical step for 

coordinating and integrating several upstream and downstream apoptotic pathways (135).  
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Stress such as DNA damage induced by chemotherapeutic agents or irradiation or the 

withdrawal of growth factors and survival stimuli can induce the mitochondria to release 

cytochrome c in to the cytosol (129, 135).  Cytochrome c normally resides in the 

intermembrane space of the mitochondria and is loosely attached to the outer surface of 

the inner mitochondrial membrane.  Stress on the mitochondria may lead to the opening 

of the mitochondrial transition pore complex, which causes swelling and the rupture of 

the outer membrane, ultimately releasing cytochrome c and proteins called apoptosis-

inducing factor (AIF) and second mitochondria-derived activator of caspases 

(SMAC)/DIABLO (135).  Cytochrome c, apoptosis protease-activating factor (Apaf-1), 

and the apoptosis intiator procaspase-9, form a holoenzyme complex called the 

apoptosome.  Through the enzymatic activity of caspase-9, the apoptosome activates 

effector caspases along the common pathway of apoptosis and also acts directly on the 

nucleus to induce DNA fragmentation (129, 135).  Cytochrome c can also be released 

from the mitochondria through other mechanisms.  For example, caspase-8 cleaves and 

activates Bid, a promoter of apoptosis in the Bcl-2 family, which can release cytochrome 

c.  Ceramide also can induce the release of cytochrome c from the mitochondria.  Blc-2, 

which is an inhibitor of apoptosis, blocks the permeability transition pore opening in the 

mitochondria and prevents the release of cytochrome c (135). 

 The extrinsic and intrinsic pathways are intimately connected through caspases.  

The activation of caspases is important for the execution of apoptosis.  Caspases can be 

split into initiator caspases and effector caspases.  Initiator caspases include procaspase-8, 

procaspase-9, and procaspase-10.  The DED of initiator caspases allows for their 

association with adaptor proteins of the DISC and the apoptosome.  The enzymatic 
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domain of initiator caspases triggers the activation of downstream effector caspases 

(129).  Effector caspases include caspase-3, caspase-6, and caspase-7 and lack the DED 

domain.  These caspases depend on the upstream initiator caspases for their activation.  

Effector caspases are responsible for cell death by proteolysis of cellular substrates (129). 
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APPENDIX 3 

FLOW CYTOMETRY 

 

 Over the years, techniques have been refined to make scientific measurements in 

shorter time frames and with better ease.  One such method of measuring scientific data is 

flow cytometry.  Flow cytometry, which was developed in the 1960s by Louis 

Kamentsky, is a technique for making rapid quantitative measurements on single particles 

or cells while they flow at very high rates of speed in a fluid environment single file past 

a light source focused at a very small region (30, 103, 126).  Applications of flow 

cytometry include, but are not limited to measuring nucleic acid content, enzyme activity, 

calcium flux, membrane potential, and pH (30, 103).  Other uses for flow cytometry 

include studying fluorochrome-conjugated antibodies bound to cellular receptors 

(immunophenotyping), phagocytosis of microorganisms, production of oxygen radicals, 

DNA ploidy, microbes and their behavior, plant systems, and sperm analysis (126).  One 

important application of flow cytometry is cell sorting.  With cell sorting, large numbers 

of cells can be physically separated from mixed populations for function studies (30, 103, 

126).  The key advantage of flow cytometry is that very large numbers of cells or 

particles can be analyzed in a very short time period.  The main principle of flow 

cytometry is that every particle is identified individually and classified into a category or 

population based upon a statistical difference of any of 10 to 20 variables that can be 

measured.  The populations can then be separated electronically and identified using 

multivariate analysis techniques (126).  Flow cytometry measurements consist of light 

scatter (particle size and surface characteristics), fluorescence (total intensity, maximum 
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intensity, polarization, and lifetime), particle volume (“Coulter volume”), and 

measurements such as phase shift (internal cell environment).  These measurements give 

information about the amount of DNA, RNA, protein, cell surface molecules, and other 

intracellular characteristics (30). 

The first step in flow cytometry is sample preparation.  The sample that is used in 

flow cytometry must be a suspension of single particles that are stained in a certain way 

(30, 103).  Fluorescence is the most common measurement made in flow cytometry, so 

particles or cells are often stained with fluorescent dyes which may also be conjugated to 

polyclonal or monoclonal antibodies.  Combinations of flurochromes must be considered 

carefully to avoid spectral emission overlap and energy transfer between closely bound 

fluorochormes (30).  Single particles and minimal debris is necessary to ensure a uniform 

flow stream.  Particles can be whole cells, cell organelles, or specific clumps of tissue 

(30, 103) 

 Once samples are prepared, they are injected into flow cells, which is an area in 

which fluid flows from a large area to a very constrained channel (126).  An insertion rod 

or needle deposits cells within a flowing stream of sheath fluid (which is either water or 

saline), which creates a coaxial flow or laminar flow that moves from the larger orifice to 

the smaller orifice.  This creates a parabolic velocity parabola with maximum velocity at 

the center of the parabola.  This results in hydrodynamic focusing which causes cells to 

remain in the center of the core fluid and allows accurate excitation with excellent 

sensitivity and precise measurement within the flowing stream.  There is a small 

differential pressure between the sheath fluid and the sample which results in the 

alignment of the cells in a single file (103, 126) (Figure 35).



 

 

 

 

Figure 35. An example of flow cytometry.  Samples are taken into the flow cytometer 

through the sample inlet.  The sample then flows in to the flow cell where it is mixed 

with sheath fluid.  The narrowing of the flow cell results in hydrodynamic focusing 

which causes the cells to move towards the center of the sheath fluid in a single file 

manner.  The stream of cells and sheath fluid move past a laser beam.  The pulse that is 

created by the laser beam is detected by photomultiplier tubes.  Information from the 

photomultiplier tubes is amplified, analyzed, and stored in a computer 

(http://www.ljbi.org/nolan_lab.htm). 
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 The next step in flow cytometry is the movement of the single file stream of cells 

to flow past an excitation source.  Flow cytometers make measurements based on light as 

the source of excitation.  Intense illumination is required because cells are small and pass 

through the detection point at a high speed.  The light source also must be able to produce 

specific wavelengths that can excite fluorescent dyes (103).  The most common light 

source is the laser, with solid-state lasers becoming the standard (126).  A laser is a 

coherent, plane-polarized, intense, narrow beam of light at specific selectable 

wavelengths (103).  The chief criterion for selection of lasers is excitation wavelength.  

The excitation source must match the absorption spectra of the fluorochromes of interest 

(126).  Most flow cytometers use one or more lasers as light sources to excite 

fluorochromes bound to cells.  Commonly used laser sources are argon ion (365 nm, 488 

nm, or 514 nm), krypton (567 nm, 646 nm), and helium-neon (633 nm) (30).  In flow 

cytometry the laser beam is usually elliptical with a large, relatively flat cross-section to 

reduce the variation in intensity of the excitation spot in the case the particle moves 

around in the excitation area (126).  Spectroscopic analysis of the multiple color emission 

is achieved using optical filters intended to block scattered laser light that enters the 

optical channel, which is positioned at right angles to the intersection of the laser beam 

and sample stream (30).   

The fluorescence of each cell is collected using conventional optical components, 

broken into selected wavelength regions, and focused onto an optical detector (30).  The 

scattered and fluorescent light generated by cells passing through the laser beam is 

collected by photodetectors that convert the photon pulse into electronic signals (103) 

(Figure 35).  The most common detectors of both fluorescent and scattered light are 
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photomultiplier tubes (PMTs) (126).  The light falling on the photodetector surface 

creates a current that is fed into a filtering pre-amplifier and the output is a pulse (103).  

The pulse that is detected from the particle or cell crossing the excitation beam is 

proportional to the number of photons reaching the photodetectors and depends upon 

beam shape, beam intensity, particle size, the velocity of the particle, and the distribution 

of the fluorochrome within the particle (103, 126).  When a threshold voltage is met, a 

signal is fed into an analog to digital converter circuit, called a comparator circuit, which 

identifies and indicates the presence of a measurable signal that is used to trigger the rest 

of the detection systems, allowing for several measurements of each variable to be made, 

such as peak fluorescence, integral, and time-of-flight (126). 

 The electronic signal that is converted from the fluorescent signal is amplified by 

a photomultiplier, analyzed, and stored in a computer (30).  Choice of a linear or 

logarithmic amplifier depends on the type of sample being analyzed.  Linear amplifiers 

produce signals that are proportional to their inputs.  However, most immunofluorescence 

applications have huge dynamic ranges that are beyond amplification in the linear region.  

Therefore, logarithmic amplifiers are used to capture the range of fluorescence intensities 

(30, 126).  Data can be analyzed in a variety of ways, such as integration of the area 

under the fluorescence peak.  Also, the forward light scatter (FSC), which is measured 

from the forward direction of the laser beam, and side scatter (SSC), which is measured 

at a right angle from the direction of the laser beam, that are detected and recorded give 

information about the cell size and internal cell structure, respectively (30).  Analysis can 

become complex when a particle or cell contains fluorophores of multiple spectral bands.  

When two or more fluorophores with close emission bands are present, it is essential to 
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identify which fluorophore was the real emitter of photons.  To do this, spectral 

compensation is performed, whereby a percentage of signal from one detector is 

subtracted from the other (126). 

 In our series of experiments, we used flow cytometry to estimate the number of 

apoptotic cells, reactive oxygen species (ROS), and fatty acid uptake.  For apoptosis 

measurements, we used an APO-BRDU Kit.  The kit contained a two color TUNEL 

(Terminal deoxynucleotide transferase dUTP Nick End Labeling) assay for labeling DNA 

breaks and total cellular DNA.  Cells were incubated in bromodeoxyuridine triphosphate 

(Br-dUTP) and a fluorescein labeled antiBrdU antibody to label the DNA breaks.  Cells 

also were incubated in propidium iodide (PI), which is also fluorescent, to label the total 

amount of DNA.  Any fluorescence that was detected by the flow cytometer from the 

fluorescein antibody was proportional the number of cells with DNA breaks, and thus 

apoptosis.   

 For reactive oxygen species experiments, cell were incubated in 6-carboxy-2’,7’-

dicholorodihydrofluorescein diacetate, di(acetoxymethyl ester) (C-2938).  This molecule, 

when exposed to a wide range of reactive oxygen species, fluoresces.  Therefore, the 

amount of fluorescence that is detected by the flow cytometer reflects the number of cells 

containing reactive oxygen species. 

 We also used flow cytometry to study fatty acid uptake.  Cells were treated with 

4,4-difluoro-5-methyl-4-bora-3a,4a-diaza-s-indacene-3-dodecanoic acid (C1-BODIPY 

500/510-C12), which is a 12-chain fatty acid conjugated to fluorescent probe, for various 

time points.  Fluorescence was proportional to the amount of fatty acid taken up into the 
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cell.  Thus, the greater the shift in fluorescence, the more fatty acid that was transported 

and vice versa. 
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