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TALES OF AN ‘INVISIBLE’ LIFE STAGE: SURVIVAL AND PHYSIOLOGY AMONG TERRESTRIAL 

JUVENILE AMBYSTOMATID SALAMANDERS  

ABSTRACT 

The vital rates (e.g., survival, growth, and reproduction) of distinct life stages 

within a species are known to influence the growth and persistence of populations. As 

such, studies describing stage-specific vital rates, and the factors that shape variation in 

these rates across species and populations, can help to improve our understanding of 

population dynamics and species distributions. Moreover, the insights gained from such 

studies can guide the prioritization of populations for conservation efforts and inform the 

selection of management strategies under predicted climate and land use changes. Yet life 

stage-specific vital rate estimates, and characterizations of the physiological responses 

that influence demographic rates under variable conditions, are lacking for most species. 

Amphibians are experiencing drastic population declines across the globe. As 

amphibians exhibit complex lifecycles, wherein unique life stages rely on divergent 

resources and habitat types, examinations of distinct life stages may be particularly 

critical for enhancing amphibian conservation efforts. Specifically, juveniles are known 

to play a critical role in amphibian population dynamics, but are relatively understudied 

compared with other life stages due to their small body size and often elusive life 

histories. The main objective of this dissertation was to elucidate survival rates, and 

physiological characteristics that contribute to survival, among terrestrial juveniles of 

multiple complex lifecycle pond-breeding salamanders in the genus Ambystoma.  

I first estimated juvenile survival rates among three ambystomatid species (A. 

annulatum, A. maculatum and A. texanum) by conducting an 11-month capture-mark-
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recapture study within semi-natural enclosures. I found juvenile survival rates to be 

constant through time and comparable among species. These similarities indicated that 

vital rate estimates from congeneric, ecologically similar species can serve as robust 

place-holder information to examine the population dynamics of the many amphibian 

species for which stage-specific data are lacking. Next, I reared larvae of five species (A. 

annulatum, A. maculatum, A. opacum, A. talpoideum, and A. texanum) from populations 

along an ~200 km latitudinal gradient in Missouri, USA to metamorphosis under 

common conditions. By performing flow-through respirometry on juveniles, I found 

respiratory surface area water loss (RSAWL) and standard metabolic rates (SMR) to 

differ between species. Though SMR showed no relationship with locality, RSAWL was 

weakly positively correlated with latitude. This suggested that juvenile ambystomatids 

exposed to warmer average conditions at more southern latitudes, and thus a higher 

desiccation risk, may demonstrate the locally adaptive regulation of RSAWL compared 

with juveniles from northern populations. Given common rearing, it is likely that 

differences among species and populations had a genetic basis, and were not solely the 

result of phenotypic plasticity. I then conducted a replicated experiment to evaluate how 

juvenile RSAWL, SMR, and body mass might influence individual fitness by releasing A. 

maculatum and A. opacum juveniles from the previous study into the semi-natural 

enclosures for seven months of capture-mark-recapture. Examining known survival at 

three time points during the study, I found juveniles with higher initial body mass and/or 

lower SMR to have a higher likelihood of survival, particularly under warm initial 

conditions. There was no effect of RSAWL on survival. Acclimation experiments with 

surviving salamanders revealed that thermal tolerances and SMR demonstrated plastic 



xiv 

 

responses to warming. Further, a simulation of juvenile survival following high 

temperatures suggested that the two study species may demonstrate diverging juvenile 

survival rates after being thermally challenged due to distinct acclimation strategies. 

Collectively, the results of these studies shed light on a key vital rate for 

ambystomatid population dynamics in a life stage that is difficult to observe. I compiled 

the findings of these and other ambystomatid studies to propose management objectives 

and strategies to conserve A. annulatum, an endemic species of the Ozark and Ouachita 

Mountains. This effort demonstrated the utility of life stage-specific demographic and 

physiological information for guiding the conservation of biodiversity. 
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CHAPTER 1 

INTRODUCTION 

The biodiversity crisis has been a primary driver of environmental research and 

management efforts over the last several decades (Robbins et al. 1989; Daszak et al. 

1999; Thomas et al. 2004; Johnston et al. 2013). Yet, for many species, we still lack a 

clear understanding of which populations require conservation resources (Kindsvater et 

al. 2018), the best approaches for ensuring species viability (e.g., Ricciardi and 

Simberloff 2009; Thomas 2011), and how populations will respond to ongoing and 

predicted habitat changes (Foden et al. 2019). This lack of clarity is frequently the result 

of missing biological data that describe population dynamics, species life histories, and 

environmental tolerances (Böhm et al. 2013; Evans et al. 2015; Gifford 2016; Mahoney 

et al. 2018; Kindsvater et al. 2018). Such data are lacking due in part to the sheer number 

of species on the planet, but also as a result of the time, labor, and resource intensive 

nature of data collection (Kearney and Porter 2009; Kindsvater et al. 2018). Nevertheless, 

collecting fundamental biological data for groups of species that are sensitive to 

environmental change can importantly inform conservation decision-making, thus 

increasing the efficiency of efforts to mitigate the biodiversity crisis (e.g., Crouse et al. 

1987; Crowder et al. 1995; Johnson et al. 2010; Martínez et al. 2015; Riddell et al. 2018). 

Amphibians are among the most threatened vertebrates on the planet, with an 

estimated 43–50% of species in decline (Stuart et al. 2004; González-del-Pliego et al. 

2019). Among vertebrate groups, amphibians also contain the highest proportion of 

species for which biological data are so scarce that conservation assessments cannot be 

reliably completed (listed as Data Deficient by the IUCN [2019]). Amphibians have 
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complex lifecycles, which require distinct life stages to use different resources and cope 

with dramatically different environmental conditions (Wilbur 1980). Each life stage also 

contributes uniquely to population growth and the likelihood of population persistence 

(Hines et al. 1987; Vonesh and De la Cruz 2002; Mills 2013). Therefore, amphibian 

conservation efforts are likely to benefit from studies elucidating factors that importantly 

influence the vital rates (e.g., survival, growth, and reproduction) of life stages. 

Specifically, multiple simulations of amphibian population dynamics predict survival 

rates among juveniles to be a critical component of amphibian population growth rates 

(Biek et al. 2002; Vonesh and De la Cruz 2002; Taylor et al. 2006; Harper et al. 2008). 

However, we lack detailed information about juvenile biology for many amphibian 

species, as juveniles are often small, cryptic, and/or demonstrate elusive life histories 

(Trenham et al. 2000; Petrovan and Schmidt 2019). 

Terrestrial juveniles of biphasic pond-breeding mole salamanders (genus 

Ambystoma) provide an excellent example of the near-invisibility of this life stage. 

Aquatic larvae of these species undergo metamorphosis, and emerge onto a novel 

terrestrial landscape as small, inconspicuous juveniles (Petranka 1998). Juveniles 

navigate away from wetlands in search of fossorial habitat, and are thought to be the 

dispersing life stage of Ambystoma (Gamble et al. 2007). Small-bodied terrestrial 

amphibians, like juvenile ambystomatids, are known to be sensitive to shifts in 

temperature and vulnerable to desiccation (Rohr and Madison 2003; Rothermel and 

Luhring 2005; Navas et al. 2008; Rittenhouse et al. 2008). Once settled in subterranean 

burrows, juveniles are very rarely observed, and remain in upland habitat for 1–4 years 

until sexual maturity is reached (Trenham et al. 2000; Semlitsch et al. 2014; Semlitsch 
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and Anderson 2016). Long-term studies of natural biphasic Ambystoma populations with 

extensive sampling efforts generate only moderate recapture rates of previously-marked 

juveniles at the time of first reproduction (e.g., Semlitsch et al. 1988; Scott et al. 1994; 

Trenham et al. 2000; Gamble et al. 2007). Correspondingly, we lack reliable estimates of 

juvenile survival rates for many ambystomatid species, and have a poor understanding of 

how juveniles respond to novel abiotic conditions associated with the transition from a 

fully aquatic to a fully terrestrial environment. 

For my dissertation research, I conducted a series of experiments to empirically 

estimate juvenile ambystomatid survival rates and evaluate the potential contribution of 

physiological traits to juvenile survival. My first goal was to calculate robust estimates of 

juvenile ambystomatid survival rates for three species (A. annulatum, A. maculatum, and 

A. texanum) under common semi-natural conditions (Chapter 2). The resulting estimates 

represent some of the very few available examples of juvenile ambystomatid survival 

rates calculated with recapture probabilities taken into account. As juveniles must 

maintain net energetic and hydric balance to survive the terrestrial environment (Porter 

and Gates 1969; Huey 1991; Klepsatel et al. 2016), I then elucidated inter- and 

intraspecific patterns in juvenile ambystomatid physiological regulation of water loss and 

metabolism among five species (A. annulatum, A. maculatum, A. opacum, A. talpoideum 

and A. texanum) across an ~200 km latitudinal gradient in Missouri, USA (Chapter 3). 

Findings of this research indicated a latitudinal trend in physiological rates of water loss, 

which may allow juvenile ambystomatids to cope with variation in terrestrial conditions 

across populations. Using A. maculatum and A. opacum juveniles assessed in Chapter 3, I 

next identified relationships between likelihoods of juvenile survival and individual body 
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mass, physiological rates of water loss, and standard metabolic rates under variable semi-

natural environmental conditions (Chapter 4). Results of this replicated experiment 

indicated that the conservation of energy was positively correlated with the likelihood of 

juvenile ambystomatid survival, while a simulation analysis suggested that relationships 

between metabolic rate and survival likelihoods may shift differentially between the 

study species when juveniles are challenged by high temperatures. To explore potential 

applications of my findings to Ambystoma conservation initiatives, I reviewed my 

research with other relevant ambystomatid literature and expert observations to propose 

management objectives and strategies to conserve A. annulatum, an endemic species of 

conservation concern in the Ozark and Ouachita Mountains (Chapter 5). Taken together, 

the findings reported in this dissertation bridge the gap between theoretical models and 

empirical data to further our understanding of a key vital rate for ambystomatid 

population dynamics in an elusive life stage, opening the door for the application of these 

findings to ambystomatid conservation efforts. 
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CHAPTER 2 

ESTIMATING SURVIVAL FOR ELUSIVE JUVENILES: A MULTI-SPECIES COMPARISON 

AMONG AMBYSTOMA 

Arianne F. Messerman, Raymond D. Semlitsch, and Manuel Leal 

ABSTRACT 

  Juvenile vital rates have important effects on population dynamics for many 

species, but this demographic is often difficult to locate and track. As such, we frequently 

lack reliable estimates of juvenile survival, which are necessary for accurately assessing 

population stability and potential management approaches to conserve biodiversity. We 

empirically estimated survival rates for elusive juveniles of three complex lifecycle 

species of Ambystoma salamanders (A. annulatum, A. maculatum, and A. texanum) using 

two approaches. First, we conducted an 11-month mark-recapture study within semi-

natural enclosures and used Bayesian Cormack-Jolly-Seber models to estimate survival 

and recapture probabilities. Second, we inferred the expected annual juvenile survival 

rate given published vital rates for pre-metamorphic and adult ambystomatids assuming 

stable population growth. For all three species, we found juvenile survival probabilities to 

be constant across recapture occasions, while recapture probability estimates were time-

dependent. Further, survival and recapture probabilities among study species did not 

significantly differ. Post-study sampling revealed that the initial study period median 

estimate of annual survival probability (0.39) underestimated the number of salamanders 

known alive at 11 months. We therefore appended ~1 year of opportunistic data, which 

produced a median annual survival probability of 0.50, encompassing known alive. 

Inference from literature values of other life stages suggested a mean annual juvenile 
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ambystomatid survival probability of 0.49. Similar results among our approaches 

indicated that juvenile survival estimates for the study species were robust and likely 

comparable to rates in nature. These estimates can now be confidently applied to 

research, monitoring, and management efforts for the study species and ecologically 

similar taxa. Our data indicated that similarly robust vital rate estimates for subsets of 

ecologically and phylogenetically similar species can provide reasonable surrogate 

demographic information to advance conservation efforts for data-deficient species. 

INTRODUCTION 

The ongoing global decline of biodiversity remains one of the major drivers of 

conservation biology and ecological management planning. To mitigate species 

extinctions, numerous efforts are underway to identify threatened populations and 

develop strategies for reversing declines (Heller and Zavaleta 2009; McAlpine et al. 

2016). Models of population dynamics are frequently used to estimate the current and 

projected viability of target populations (Boyce 1992; Brook et al. 2000). Further, 

simulation models allow us to better understand probable population responses to 

potential conservation approaches, enabling us to make informed management decisions 

(Hamilton and Moller 1995; Keith et al. 2008; Saunders et al. 2018). These descriptive 

and predictive population models rely on demographic data, which may include 

population-level, age- or stage-specific abundance information, sex ratios, as well as 

survival, growth, reproduction, emigration, and immigration vital rates (Mills 2013). 

However, we lack demographic data to assess many species, and in some cases, large 

groups of species that share similar life histories (Böhm et al. 2013; Kindsvater et al. 

2018). 
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 Missing demographic information can have important consequences for 

identifying the conservation needs of a species or population. For example, in the absence 

of vital rate estimates for loggerhead sea turtles (Caretta caretta), managers invested 

heavily in egg and hatchling conservation (Crouse et al. 1987). However, as preliminary 

demographic data became available, population modeling indicated that loggerhead 

population growth rates are instead most sensitive to changes in late-stage juvenile 

survival rates (Crouse et al. 1987). This finding, and simulated population responses to 

possible fisheries regulations (Crowder et al. 1994), led to targeted efforts to protect older 

life stages, and a higher probability of species recovery (Crowder et al. 1995; Arendt 

2016).  

 Survival among juveniles and natural variation in this vital rate are key 

components of population dynamics and adult recruitment (Caley et al. 1996; Gaillard et 

al. 1998; Altwegg et al. 2005; Maslo et al. 2015; Dahlgren et al. 2016). However, 

estimating juvenile survival is notoriously difficult in many species (e.g., Peterson et al. 

1983; Morafka 1994; Frederiksen et al. 2004; Abadi et al. 2017). These challenges are 

associated with sampling complications due to small body size (e.g., Bozec et al. 2011), 

inconspicuous morphologies or behaviors (e.g., Baird et al. 2006), and/or ontogenetic 

shifts in habitat use (e.g., Prior et al. 2001). In some cases, censuses can be conducted to 

establish population structure, and when done using a repeated-sampling approach, stage-

specific vital rates can be determined (e.g., Harcourt et al. 1981; Lamare and Barker 

1999; Moss 2001). In most instances, however, detection of all individuals in the 

population through time is far from perfect (Kéry et al. 2009), and stage-specific 

abundance and vital rate information must be empirically estimated, for example through 
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capture-mark-recapture protocols (Cormack 1964). In situations where demographic 

information proves exceedingly difficult to estimate under natural conditions (e.g., due to 

species rarity or cryptic life histories), an alternative approach has been gathering 

demographic data under semi-natural or laboratory conditions (e.g., Kiritani and Nakasuji 

1967; Rothermel and Semlitsch 2006; Wan et al. 2014). Although the results of such 

studies may not perfectly represent free-living individuals, these estimates can be more 

robust than those from studies conducted in the field, which are commonly hindered by a 

small sample size. When empirical calculations of a vital rate are missing or not feasible 

to perform, but survival and fecundity rates are known for all other life stages, an 

estimate of the juvenile survival probability can be inferred from a population matrix by 

assuming a stable population growth rate (Harper et al. 2008; Pike et al. 2008). 

Alternatively, data from conspecific populations, closely related species, or ecologically 

similar taxa are used as surrogate information to construct population models in the 

absence of species-specific vital rate estimates (Etterson and Bennett 2006). 

 Amphibians are a group in which deficits of demographic data are widespread, 

and for which missing information is hindering our understanding of population 

dynamics. Amphibians are among the world’s most threatened vertebrates, with 43–50% 

of the ~7,900 known species believed to be threatened with extinction across the globe 

(Stuart et al. 2004; González-del-Pliego et al. 2019; but see Rhodin et al. 2018). Many of 

these species have complex lifecycles (Wilbur 1980), wherein discrete life stages rely on 

dissimilar resources (Hines et al. 1987; Kingsolver et al. 2011). As such, each life stage 

tends to have distinct determinants of survival, and correspondingly unique vital rates, 

that are not often immediately apparent from studies of other life stages (Hines et al. 
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1987; Vonesh and De la Cruz 2002). Simulation models strongly suggested that complex 

lifecycle amphibian population growth rates are most responsive to changes in post-

metamorphic vital rates (Biek et al. 2002; Vonesh and De la Cruz 2002; Taylor et al. 

2006; Harper et al. 2008). Among biphasic amphibian species, juveniles are also the first 

life stage to move from aquatic to terrestrial habitats (Wilbur 1980; Duellman and Trueb 

1986) and have been shown to be the dispersing stage (Gill 1978; Gamble et al. 2007). 

Empirical estimation of stage-specific vital rates generally, and juvenile survival 

probabilities specifically, will greatly enhance our abilities to both identify amphibian 

populations in decline, and more effectively manage species by targeting the ecological 

requirements of influential life stages. For example, empirical juvenile survival estimates 

can inform population models that test how specific management approaches, like 

terrestrial habitat restoration, would likely affect population viability in comparison with 

strategies that focus on larval habitat or breeding success. 

 Here, we estimate juvenile survival probabilities for three salamander species in 

the genus Ambystoma (A. annulatum, A. maculatum, and A. texanum) using both 

empirical estimation from capture-mark-recapture methods under semi-natural conditions 

and inference from published congeneric vital rates (following Pike et al. 2008). These 

species have a prototypical complex lifecycle, wherein terrestrial adults breed and lay 

eggs in temporary wetlands (Wilbur 1980; Petranka 1998). Aquatic larvae then hatch 

from inundated eggs and develop into terrestrial juveniles over the course of several 

months. Juvenile salamanders move into upland habitats in the spring and summer, and 

spend much of their time living underground until sexual maturity is reached (often 2–4 

years, e.g., Trenham et al. 2000; Semlitsch et al. 2014; Semlitsch and Anderson 2016), 



15 
 

and the cycle repeats. Juveniles of the study species are difficult to track in natural 

populations due to their fossorial nature and small body size. Therefore, our knowledge 

of their biology is sparse, with few extended studies in a limited number of species 

describing terrestrial juvenile Ambystoma survival probabilities at a fine temporal scale 

(e.g., Pechmann 1995; Trenham et al. 2000; Rothermel and Semlitsch 2006). As such, 

empirical estimation of terrestrial juvenile Ambystoma survival in multiple species under 

common conditions will enhance our understanding of population dynamics in these 

complex lifecycle amphibians. Given that ambystomatids are sensitive to habitat change 

(Davidson et al. 2002; Semlitsch et al. 2009), and that many of these species are 

considered to be of conservation concern at both state and federal levels, elucidating the 

terrestrial juvenile survival rates of these species can also inform conservation plans for 

the study species, and ecologically similar taxa. 

 Though our primary objective was to calculate robust empirical estimates of 

juvenile survival rates among our three study species, we also sought to compare survival 

and recapture probabilities among species. Our limited knowledge suggests similar 

resource requirements among the congeneric juveniles examined herein, but overarching 

ecological differences exist among these species. Ambystoma annulatum (ringed 

salamanders) are an endemic fall-breeding species of the Ozark Highlands, and are listed 

as a Species of Concern in Arkansas and Missouri (NANFA 2004; MDC 2019) and as 

Imperiled in Oklahoma (ONHI 2019). Despite state management listings, population 

growth trajectories for A. annulatum are unknown. Ambystoma maculatum and A. 

texanum (spotted and small-mouthed salamanders, respectively), by contrast, are more 

broadly distributed and breed in the spring. As environmental tolerance and niche 
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breadths tend to be positively correlated with species range sizes (Slatyer et al. 2013), and 

a narrower environmental tolerance may lead to increased mortality, we hypothesized 

that A. annulatum would exhibit a lower juvenile survival probability than the other two 

species in association with the relative habitat specificity suggested by the more limited 

range of A. annulatum. Vital rate differences between congeneric and ecologically 

comparable species would indicate that the collection of species-specific data may be 

important for accurately assessing population viability among complex lifecycle 

ambystomatids. Alternatively, if juvenile survival probabilities do not differ among 

species under common conditions, juvenile survival estimates for these species may be 

more confidently applied as surrogate information for the study and management of 

ecologically similar, closely related taxa.  

STUDY AREA 

We collected the three study species from ponds at two sites in Missouri, USA: 

Fort Leonard Wood (FLW; 37.92° N, 92.17° W) and Mingo National Wildlife Refuge 

(MNWR; 37.01° N, 90.07° W). Fort Leonard Wood is a 24,852-ha active military 

training facility in the Ozark Highlands and is subject to multiple land use types. 

Collection ponds at FLW lay within oak-hickory forests (dominated by Quercus spp. and 

Carya spp.) or short leaf pine (Pinus echinata) plantations. Mingo National Wildlife 

Refuge spans 8,737.97-ha, and is composed primarily of bottomland hardwood 

communities (Quercus spp. and Carya spp.) and bald cypress (Taxodium distichum) 

swamps. The remainder of the study occurred at the Botany Greenhouse at Research 

Park, University of Missouri, Columbia, Missouri, USA (38.56° N, 92.20° W). Outdoor 
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animal rearing and data collection took place within a fenced-in mowed field 

immediately south of this facility. 

METHODS 

Animal Collection, Rearing, and Handling 

All animal research protocols were approved by the University of Missouri 

Animal Care and Use Committee (#8402). To rear captured eggs and larvae of the study 

species to metamorphosis, we established 24 aquatic mesocosms using 1000 L cattle 

watering tanks at the Botany Greenhouse on 1 March 2016. We filled each mesocosm 

with city water and covered them with 40% shade cloth to reduce the likelihood of 

predator colonization. We allowed the water to dechlorinate for one week before adding 1 

kg of dry leaf litter from Baskett Wildlife Research and Education Center (BWREC), 

Ashland, Missouri to each mesocosm. The deciduous forest composition at the leaf 

collection site was similar to those characterizing many native Ambystoma upland 

habitats, being dominated by oak (Quercus sp.) and maple (Acer sp.). After another week, 

we inoculated each mesocosm three times over a six-day period with 8.5 oz of 10 × 

concentrated zooplankton water collected from three ponds in which ambystomatids are 

known to breed. 

 We allowed embryos to hatch in 6.15 L plastic containers filled with pond water. 

Soon after hatching, we placed 12–13 conspecific individuals in one of six species-

specific mesocosms at random. We then observed tanks every other night after dark and 

captured newly metamorphosed salamanders from the mesocosms between 28 April and 

23 August 2016. We transferred each individual to a 740 mL plastic container with moist 
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sphagnum moss, maintained salamanders in a climate controlled room (20 ± 3°C, 12:12 h 

light:dark cycle), and fed red wiggler worms (Eisenia fetida) ad libitum.  

 We marked each salamander by surgically implanting an 8.4 mm passive 

integrative transponder (PIT) tag (Biomark® MiniHPT8) into the abdomen in July and 

August 2016 following methods that have not been found to affect the survival of 

juvenile A. annulatum (Ousterhout and Semlitsch 2014). We allowed salamanders a 

minimum of two weeks to recover from surgery, and then assessed each individual’s 

body mass and tag retention. We implanted tags a second time if the original tag was 

dropped, as was the case in 16 of 174 salamanders. We checked tag retention for a third 

time immediately prior to the release of individuals for mark-recapture data collection. 

Study Enclosures 

We constructed 40 outdoor enclosures (i.e. pens) within a fenced-in field 

immediately south of the Botany Greenhouse (Figure 1). We built the pens of 1/8-in 

mesh hardware cloth to allow for the free movement of invertebrate prey items, while 

preventing the trespass of juvenile salamanders. Each pen enclosed a 2 m × 2 m area, 

with each 1.22 m high wall being buried to a depth of 0.61 m. We chose a 4 m2 area 

because this provides the mean core area used by congeneric juvenile ambystomatids 

post-settlement (0.08 m2; Semlitsch 1981). We attached a 10 cm baffle of hardware cloth 

at the bottom edge of each wall, and a 20 cm baffle of UV-resistant plastic sheeting to the 

top edge of each wall, all curling inwards to reduce the likelihood of escape by burrowing 

and climbing salamanders. We constructed these pens in five blocks of eight, with each 

block being composed of two rows of four pens (Figure 2). 
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 Our goal was to mimic conditions of forested upland Ambystoma habitat within 

the pens. As such, we installed six northward-opening artificial burrows within each pen 

to provide refuge to juvenile salamanders (Figure 1). We followed the methods of 

Osbourn et al. (2014) to construct 35 cm-long burrows using two layers of plastic 1/4-in 

mesh. We buried each burrow at a 45° angle from the surface. To approximate the effects 

of vegetation in forested habitat, we collected dry leaf litter from BWREC on 1 July 

2016, and added 3 kg to each pen with the intention of creating an insulated layer of cool, 

moist microhabitat and a food source for invertebrate prey items (Figure 1). By sampling 

each pen using 7 cm × 10 cm rectangular flypaper traps, we confirmed invertebrates to be 

abundant across all pens prior to salamander release. We also attached 70% shade cloth 

to the interior-most wall of each pen at 25 cm above the ground using zip ties (Figure 1). 

We attached the shade cloth to the opposite side of the pen using wire hooks, so that the 

suspended cloth could easily be pulled back during data collection. On 17 November 

2016, we added an additional 1 kg of leaf litter to each pen to simulate autumn leaf fall 

and replenish the litter layer prior to winter conditions. To allow for the potential 

formation of an insulating snowpack, we rolled the shade cloth to the center wall of each 

pen on 15 December 2016. We re-suspended the shade cloth on 17 February 2017, as 

conditions warmed. To measure precipitation at the study site, we installed a rain gauge 

at the center of the study area between blocks (Figure 2). 

 To aid in the recapture of released salamanders, we installed pitfall traps (45 cm 

deep, 22 cm diameter) in all four corners of each pen (Figure 1). When not in use, we 

closed all traps. Each pitfall trap featured a wetted sponge to ensure access to moisture 

under dry conditions, and a piece of plastic foam to provide a floating refuge during 
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precipitation events. To exclude potential predators (e.g., raccoons) from the pens, we 

installed a small animal electric fence around the perimeter of the study site (Figure 2).  

Capture-Mark-Recapture 

We randomly assigned two pens per block to hold six conspecifics for each of the 

three species examined (Figure 2). Prior to release, we measured the snout-to-vent length 

(SVL), total length (TL), and mass (minus mass of PIT tag) of each juvenile. Ambystoma 

annulatum and A. maculatum were released into 10 pens, whereas A. texanum was 

released into nine pens (Figure 2). All salamanders were released into their assigned pens 

at night after rain events. Ambystoma annulatum juveniles were first to complete 

metamorphosis and recover from PIT tag surgeries, and were released on 2 August 2016. 

We released individuals of A. maculatum and A. texanum on 30 September 2016 due to 

later metamorphosis and the occurrence of only a few insubstantial precipitation events in 

early September.  

 We conducted recapture occasions at the beginning and mid-point of each month. 

A single recapture occasion lasted for three days and two nights. The following 

procedures were done during each of the three sampling days of a recapture occasion. 

First, we would record air temperature and rainfall since previous sampling day. We then 

unhooked the shade cloth on each pen and scanned the ground of all 40 pens with a PIT 

portable BP antennae and reader (Biomark® FS2001-F ISO). If we detected a PIT tag, 

we manually searched for surface-active salamanders or visual confirmation of living 

study animals (e.g., within artificial or natural burrows). We recorded detected tag 

identification numbers, current detection position, and whether the individual associated 

with the tag was seen alive. If we found a surface-active salamander, we held that 
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salamander in a moist, shaded plastic bag. If we could not recapture a detected tag, we 

flagged the tag position. We also recorded the discovery of bare tags, dead salamanders 

and potential predators. We then opened the pitfall traps on the first sampling day and 

checked each trap for captured salamanders on the second and third day. We transported 

all recaptured salamanders into the on-site environmental chamber to collect 

morphological data. We maintained recaptured salamanders under the same abiotic 

conditions as metamorphs (without feeding) until the conclusion of the recapture 

occasion. At the end of each sampling day we re-suspend the shade cloth until the 

following morning.  

 On the third day of a recapture occasion, we closed each pitfall trap after checking 

for salamanders. We identified the assigned pen of recaptured salamanders that had 

trespassed into other pens, with trespasses between pens observed at a mean rate of 2.9 ± 

2.5 SD novel trespasses per recapture occasion. Trespassing salamanders captured alive 

were found within their assigned block in all instances. We re-released all salamanders at 

the center of their assigned pens after nightfall. We did not open pitfall traps during the 

early January recapture occasion, as low temperatures may have caused mortality among 

trapped animals. 

 With the final recapture occasion ending on 16 June 2017, we conducted a total of 

21 recapture occasions for A. annulatum, and 18 recapture occasions for A. maculatum 

and A. texanum. Following the final occasion, we did not re-release any salamanders. We 

collected final measures of SVL, TL, and body mass on each animal recaptured, and later 

compared the magnitude of change between these and morphological data at release by 

species using analysis of variance (ANOVA; α = 0.05) and Tukey’s honestly significant 
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difference (HSD) post hoc comparisons using the ‘aov()’ and ‘TukeyHSD()’ commands 

from the ‘stats’ package in base R Software version 3.5.1 (R Core Team 2018). We 

searched for additional surviving salamanders by visually inspecting pens at nighttime 

during or after rain events between June and August 2017. Additionally, we retrieved all 

detected PIT tags from the pens. Despite these efforts, and subsequent mark-recapture 

research in the pens, we continued to recapture salamanders from this study for more than 

a year after the end of the formal study period. 

 We euthanized a subset of salamanders (n = 53) recaptured after the study period 

on 10 August 2017 using a 0.3% Tricaine methanesulfonate (MS-222) solution buffered 

with baking soda, and bathed these specimens in a 10% formalin solution (Simmons 

2002). We transferred preserved salamanders to 95% ethanol for storage, and later 

dissected the abdomen of each specimen to identify individual state of sexual maturity, 

and sex, if possible. We used a generalized linear model (GLM) with a binomial error 

distribution to examine whether an interaction of SVL and species was predictive of 

sexual maturation using the ‘glm()’ command in the R ‘stats’ package (R Core Team 

2018). 

Mark-Recapture Data Management and Analysis 

For each recapture occasion, we assigned each individual a binary code, which 

formed that individual’s capture-history. If we recaptured a salamander alive or visually 

confirmed it to be alive (considering both pitfall and PIT tag recapture processes, which 

were performed with constant effort across samples), then that individual received a ‘1’ 

for that recapture occasion. All salamanders also received a ‘1’ on their date of initial 

release. If we did not confirm the salamander to be alive during the recapture occasion, 



23 
 

then that individual was marked with a ‘0’. This accounted for any individual that died, 

escaped detection, or could not be identified without error. 

 We recaptured six salamanders (four A. annulatum and two A. texanum) over the 

course of the study period without detectable PIT tags, indicating tag drop or failure. As 

we could not identify these individuals beyond species and likely pen assignment, we 

excluded these recaptures from our final capture histories. Though observed tag loss was 

rare (~3.5% of released salamanders), the inability to individually identify all living 

salamanders violated the assumptions of the open population capture-mark-recapture 

analysis described below (Arnason and Mills 1981). We acknowledge that survival 

probabilities may have been slightly underestimated as a result.  

 We ultimately confirmed 64% of PIT tags that we detected in new locations 

between occasions to be surviving salamanders. We thus felt confident in assuming that 

moving PIT tag detection points indicated the salamander had been alive during the 

previous recapture occasion. Therefore, we marked individuals with PIT tags that moved 

with a ‘1’ for the recapture occasion prior to detection at the new location.  

 To identify survival (Φ) and recapture (ρ) probabilities from individual capture-

histories, we used the state-space formulation (Gimenez et al. 2007, Royle 2008) of the 

Cormack-Jolly-Seber (CJS) model for open populations (Cormack 1964, Jolly 1965, 

Seber 1965). In such models, Φ represents the apparent survival probability, as the 

complementary estimate is a combination of mortality and permanent emigration. To our 

knowledge, no tests yet exist to assess goodness-of-fit (GOF) of CJS models with 

individual and temporal covariates (Gimenez et al. 2018). Therefore, we summarized 

capture-histories by frequency for each species to assess GOF for a fully time-dependent, 
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species-specific CJS model. We examined GOF for each species with the ‘R2ucare’ 

package (Gimenez et al. 2018) in R, and found the model to fit the data adequately (A. 

annulatum: χ2 = 40.31; df = 31; p = 0.12; A. maculatum: χ2 = 38.32; df = 31; p = 0.17; A. 

texanum: χ2 = 32.92; df = 33; p = 0.47). As individuals of each species were released 

simultaneously, we did not perform transience GOF testing (i.e. tests of components 3.SR 

and 3.SM). There was no evidence for a long-term trap response (Test 2.CL, p ≥ 0.26) for 

any species. However, A. maculatum demonstrated short-term trap dependency (Test 

2.CT, p = 0.009), wherein juveniles ‘captured’ (via surface capture, moving detection 

points, pitfall trapping, or sighting within a burrow) during one recapture occasion were 

more likely to be confirmed alive during the recapture occasion immediately following. 

As such, we followed Kéry and Schaub (2012) to incorporate trap-dependency in our 

models by estimating ρ at occasion (t) as a function of matrix m, which described whether 

an individual (i) was captured during the prior occasion:  

𝜌𝑖,𝑡 = 𝛽𝑚(𝑖,𝑡) 

The incorporation of trap-dependency indicated a degree of ‘trap-happiness’ in our study 

system, likely due to the tendency of individuals to repeatedly use particular burrows. 

We relied on the Bayesian ‘jagsUI’ package (Kellner 2017) in R to build all CJS 

models following R code outlined in Kéry and Schaub (2012). After GOF testing, we 

built the full combination of time-dependent and time-constant models of Φ and ρ using 

individual capture-histories (Table 1). We accounted for unequal time intervals between 

recapture occasions by calculating a vector of interval durations (int) as: 

𝑖𝑛𝑡𝑡 =
(𝑡𝑗+1 − 𝑡𝑗)

𝜇(𝑡𝑗+1−𝑡𝑗)
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Where tj is the current recapture occasion, tj+1 is the next recapture occasion, and 

𝜇(𝑡𝑗+1−𝑡𝑗) is the mean number of days between recapture occasions (here, 14 days). We 

then raised Φi,t to the power of intt in each model (Letcher et al. 2015). Using the Markov 

Chain Monte Carlo (MCMC) approach, we specified that our models run three chains of 

15,000 samples each, with a 7,000-sample burn-in and a thinning rate of 10 samples. All 

four of our models featured uninformative priors. We identified the model from this set 

that best fit our data using deviance information criterion (DIC) model selection, where 

lower DIC indicated a better fitting model, and ΔDIC > 5 was taken to indicate a 

substantial decline in relative model fit to the data (Table 1, Spiegelhalter et al. 2002). 

We built our full CJS model based on the best-supported general model, wherein 

Φ was estimated as time-constant and ρ was time-dependent (Φ(.)ρ(t)). The full model was 

extended to include grand means (𝜇𝛷 and 𝜇𝜌), fixed effects of species 

(𝛽𝑎(𝑖)
𝑠𝑝𝑒𝑐𝑖𝑒𝑠

and 𝛽𝑒(𝑖)
𝑠𝑝𝑒𝑐𝑖𝑒𝑠

), additive random effects of block (𝛽𝑐(𝑖)
𝑏𝑙𝑜𝑐𝑘 and 𝛽ℎ(𝑖)

𝑏𝑙𝑜𝑐𝑘) and pen 

(𝛽𝑑(𝑖)
𝑝𝑒𝑛 and 𝛽𝑗(𝑖)

𝑝𝑒𝑛
), and residual terms for individual survival (𝜀𝑖) and temporal recapture 

(𝜀𝑡) on Φ and ρ, respectively. Both temperature and precipitation are known to influence 

terrestrial Ambystoma activity levels (e.g., Semlitsch 1985, Timm et al. 2007), and we 

therefore expected these abiotic covariates to be predictive of ρ. After standardizing 

([𝑥 − �̅�]/SD) occasion-specific mean air temperature and interval-specific precipitation 

data, and testing for collinearity (Pearson’s product moment correlation), we included 

both temporal covariates (𝛽𝑓(𝑡) and 𝛽𝑔(𝑡), respectively) in the full ρ model. Additionally, 

body size at metamorphosis has been found to be positively correlated with juvenile 

survival in complex lifecycle amphibians (Smith 1987; Chelgren et al. 2006). As such, 

we standardized body mass measurements from the date of initial release and included 
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these data as an individual covariate (𝛽𝑏(𝑖)) in the full Φ model. The logit transformed 

constraints for Φ and ρ were written as: 

𝛷𝑖,𝑡 = (
1

1+exp (−(𝜇𝛷+𝛽
𝑎(𝑖)
𝑠𝑝𝑒𝑐𝑖𝑒𝑠

+𝛽𝑏(𝑖)×𝑚𝑎𝑠𝑠+𝛽𝑐(𝑖)
𝑏𝑙𝑜𝑐𝑘+𝛽

𝑑(𝑖)
𝑝𝑒𝑛

+𝜀𝑖))
)

𝑖𝑛𝑡𝑡

  

 

𝜌𝑖,𝑡 =
1

1+exp (−(𝜇𝜌+𝛽𝑚(𝑖,𝑡)+𝛽
𝑒(𝑖)
𝑠𝑝𝑒𝑐𝑖𝑒𝑠

+𝛽𝑓(𝑡)×𝑡𝑒𝑚𝑝.+ 𝛽𝑔(𝑡)×𝑝𝑟𝑒𝑐𝑖𝑝.+ 𝛽ℎ(𝑖)
𝑏𝑙𝑜𝑐𝑘+𝛽

𝑗(𝑖)
𝑝𝑒𝑛

+𝜀𝑡))
  

 

We again used uninformative priors, making the following distribution assumption for 

each term: 

𝜇𝛷 and 𝜇𝜌~Normal(0, 0.001) 

𝛽𝑎(𝑖)
𝑠𝑝𝑒𝑐𝑖𝑒𝑠and 𝛽𝑒(𝑖,𝑡)

𝑠𝑝𝑒𝑐𝑖𝑒𝑠~Uniform(0, 1) 

𝛽𝑚(𝑖,𝑡)~Uniform(0, 1) 

𝛽𝑏(𝑖), 𝛽𝑓(𝑡), and 𝛽𝑔(𝑡)~Normal(0, 0.001) I(-10, 10) 

𝛽𝑐(𝑖)
𝑏𝑙𝑜𝑐𝑘 and 𝛽ℎ(𝑖,𝑡)

𝑏𝑙𝑜𝑐𝑘~Normal(0, σ𝑏𝑙𝑜𝑐𝑘) 

𝛽𝑑(𝑖)
𝑝𝑒𝑛 and 𝛽𝑗(𝑖,𝑡)

𝑝𝑒𝑛 ~Normal(0, σ𝑝𝑒𝑛) 

𝜀𝑖~Normal(0, 𝜎𝑖
𝑟𝑒𝑠) 

𝜀𝑡~Normal(0, 𝜎𝑡
𝑟𝑒𝑠) 

We specified that our full model run three chains of 60,000 samples each, with a 30,000-

sample burn-in and a thinning rate of 10 samples. For all our models, we checked for 

chain convergence using trace plots and the Gelman-Rubin diagnostic, with �̂� < 1.1 

indicating convergence (Gelman and Hill 2007). We additionally examined posterior 

distributions to confirm parameter identifiability.  
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 The gradual capture of salamanders following the formal, or ‘primary’, study 

period allowed us to compare the number of salamanders known to have been alive 

during the 21st recapture occasion with our CJS model estimates of survival. In addition 

to comparing the raw number known alive, we estimated the constant 14-day survival 

rate that would yield the known alive value.  

To examine whether survival estimation could be made more accurate with 

additional data, we appended recapture data through 15 May 2018 as a ‘secondary’ study 

period. However, it should be noted that secondary data increasingly lost power, as 

salamanders were removed from the pens after recapture, and represent opportunistic 

recapture methods from June through August 2017, at which point another study using 

the same standardized recapture methods began. To build the secondary CJS model, we 

identified salamanders that had been removed from the pens as ‘NA’ at all subsequent 

recapture occasions within their capture-histories. We obtained supplementary 

precipitation and temperature data for the period between formal data collection (June-

August 2017) from the nearby Capen Park weather station, Boone County, Missouri 

(MM/UME 2019). We then ran the same full CJS model on the combined primary + 

secondary data set. We specified that this model run three chains of 100,000 samples 

each, with a 50,000-sample burn-in and a thinning rate of 15 samples. We present model 

estimates for both primary-only and primary + secondary data for comparison. Posterior 

distributions of 𝛷 and ρ were negatively and positively skewed, respectively. As such, we 

present medians of the posteriors and 95% credible intervals (95% CRI, based on 2.5th 

and 97.5th percentiles) for all CJS models. 

Juvenile Survival Estimated from Published Vital Rates 
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To assess whether our empirical CJS model estimates aligned with inferred 

terrestrial juvenile survival rate values for stable ambystomatid population growth, we 

searched the literature for published estimates of annual adult survival (SA), annual 

female fecundity (f, number of juveniles∙females-1∙year-1, which accounts for all pre-

metamorphic mortality), and age at maturation of Ambystoma species (a, Table 2). We 

excluded estimates from paedomorphic and neotenic populations. We calculated mean 

and variance values across vital rate estimates, and simulated random distributions of 

1,000 observations for each demographic parameter, such that SA ~ Beta(α, β), f ~ 

Poisson(λ), a ~ Uniform(minimuma, maximuma). Where: 

α = (
1 − 𝜇𝑆𝐴

𝜎𝑆𝐴

2 −
1

𝜇𝑆𝐴

) ∙ 𝜇𝑆𝐴

2  

β =  α ∙ (
1

𝜇𝑆𝐴

) − 1 

𝜆 =  𝜇𝑓  

We then randomly sampled from each simulated distribution independently 10,000 times 

with replacement. For each indexed position (i) in the produced vectors, we calculated a 

value for annual juvenile survival (SJ) using an adapted version of equation 4 from Pike 

et al. (2008): 

𝑆𝐽(𝑖) = √
2(1 − 𝑆𝐴(𝑖))

𝑓𝑖

𝑎𝑖

 

This equation assumes both stable population growth and an even sex ratio. We removed 

all values of SJ that were not estimable or >1, as such values are not ecologically realistic. 

Next, we calculated the mean and standard deviation of the remaining 9,551 simulated 
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observations of SJ. To compare SJ with our empirical model estimates of Φ and known 

alive data, we estimated the constant 14-day survival rate that would produce mean SJ. 

RESULTS 

Growth and Maturation 

Juvenile body mass did not differ among species prior to initial release (ANOVA; 

F = 1.03; df = 2, 174; p = 0.36), with juveniles having a mean body mass of 1.81 ± 0.57 g 

SD (n = 178). Body mass was observed to increase steadily throughout the study period 

by a mean change in mass of 6.75 ± 3.00 g SD (n = 49) by June 2017 relative to mass at 

initial release. By this time point, surviving A. annulatum demonstrated a larger mean 

increase in body mass (8.55 ± 2.05 g SD, n = 21) than surviving A. maculatum (4.44 ± 

3.31 g SD, n = 11) or A. texanum (6.14 ± 2.56 g SD, n = 17; ANOVA and Tukey’s HSD; 

F = 9.93; df = 2, 45; p < 0.001).  

Mean SVL differed among species prior to release, with A. texanum (35.86 ± 5.45 

mm SD, n = 54) having 8.40% greater mean SVL than A. maculatum (33.08 ± 4.15 mm 

SD, n = 60), but A. annulatum (34.55 ± 3.98 mm SD, n = 60) not differing from either 

congeneric species (ANOVA and Tukey’s HSD; F = 5.44; df = 2, 174; p = 0.005). 

Similarly, A. texanum (65.98 ± 11.18 mm SD, n = 54) and A. annulatum (67.27 ± 7.88 

mm SD, n = 60) had greater mean TL prior to release than A. maculatum (60.27 ± 7.59 

mm SD, n = 60) but did not differ from one another (ANOVA and Tukey’s HSD; F = 

10.26; df = 2, 174; p ˂ 0.001). By June 2017, A. annulatum (26.85 ± 4.71 mm SD, n = 

21) demonstrated the largest mean change in SVL relative to initial release, with no 

difference in mean SVL growth between A. texanum (17.18 ± 6.80 mm SD, n = 17) and 

A. maculatum (12.46 ± 11.13 mm SD, n = 11; ANOVA and Tukey’s HSD; F = 15.94; df 
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= 2, 45; p ˂ 0.001). Ambystoma annulatum (62.65 ± 11.25 mm SD, n = 21) also 

demonstrated the largest mean change in TL by June 2017 relative to initial release, while 

mean TL growth of A. texanum (43.41 ± 15.99 mm SD, n = 17) and A. maculatum (33.09 

± 23.94 mm SD, n = 11) did not differ (ANOVA and Tukey’s HSD; F = 12.96; df = 2, 

45; p ˂ 0.001).  

Following euthanasia in August, we found 40% of 20 A. annulatum, 44% of 16 A. 

maculatum, and 29% of 17 A. texanum to have remained sexually immature. Of the 33 

salamanders that matured enough to differentiate sex organs, only two were identifiable 

as females (one A. annulatum and one A. texanum). There was no difference in 

maturation given SVL and species (Binomial GLM; 𝜒2 = 0.32, 1.11, 3.84; df = 1, 2, 2; 

pSVL, species, interaction = 0.57, 0.57, 0.15). 

Primary Study Period Survival and Recapture Probability Estimation 

Among general time-dependent and time-constant CJS models, the Φ(.)ρ(t) model 

demonstrated the lowest DIC value, indicating the best fit to the data of the model set 

(Table 1). Effect sizes of 𝛽𝑚 suggested an immediate trap response in which salamanders 

captured at the previous occasion were 5.5-times more likely to be recaptured at the 

current occasion than salamanders that had not been captured (Table 1). Additionally, the 

Φ(.)ρ(t) model indicated that median time-dependent ρ estimates trended with standardized 

mean air temperature and interval-specific precipitation data (Figure 3). 

The full CJS model using primary study period data estimated median Φ to be 

0.96 (95% CRI = 0.80, 0.99). As such, we would predict ~46% of released salamanders 

to survive the primary study period and an annual survival probability of 0.39 in the pens 

(Figure 4). Ambystoma annulatum trended towards a lower median Φ estimate (0.93 
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[95% CRI = 0.72, 0.99]) than did A. maculatum (0.96 [95% CRI = 0.83, 1.0]) or A. 

texanum (0.98 [95% CRI = 0.86, 1.0]). However, posterior distributions of Φ overlapped 

by 73.4% between A. annulatum and A. maculatum, 62.9% between A. annulatum and A. 

texanum, and 80.2% between A. maculatum and A. texanum (Figure 5), with posteriors of 

each difference substantially overlapping zero. As such, we concluded that species-

specific survival probabilities did not statistically differ. Body mass was positively 

correlated with survival with 89.8% certainty (𝛽𝑏; Table 3). Median random effect sizes 

of block on Φ were centered around zero with a negative skew down to a minimum 

estimate of −0.20 (95% CRI = −1.42, 0.43; Figure 6A; available online in Supporting 

Information). In contrast, pen random effects on Φ were distributed widely across the 

range of values (−0.88 [95% CRI = −2.50, 2.15] to 0.70 [95% CRI = −0.40, 2.59]), with 

most estimated medians being positive (Figure 6A). Approximately 40% of individual 

variation in Φ was accounted for by the full model (σ2; Table 3). The individual residual 

median effect sizes on Φ grouped both above and below zero (Figure 6A). 

Median ρ was estimated to be 0.27 (95% CRI = 0.12, 0.52) across recapture 

occasions by the full CJS model (Figure 7). Estimates of ρ were comparable across 

species, with no consistent trends between species through time (Figure 8). The estimated 

effect size of previous capture (𝛽𝑚) on ρ again demonstrated immediate positive trap 

dependency, with salamanders captured at the previous occasion being more than twice 

as likely to be recaptured at the current occasion than salamanders that had not been 

captured prior (Table 4). Mean air temperature and interval-specific precipitation were 

not autocorrelated, with a correlation coefficient of 0.40 (95% confidence interval = 

−0.03, 0.71; Pearson’s, t19 = 1.93, p = 0.07). As anticipated, both covariates were 
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positively correlated with ρ through time (𝛽𝑓 and 𝛽𝑔; Table 4). Median random effect 

sizes of block on ρ across the primary study period was centered tightly around zero with 

an approximately normal distribution (Figure 6A). The effect of pen on ρ through time 

were also centered around zero but had more varied effect sizes with a positive skew 

(Figure 6A). Approximately 94% of temporal variation in ρ was accounted for by the full 

model (σ2; Table 4). Median estimates of temporal residuals were tightly centered around 

zero, with an approximately even distribution of positive and negative effect sizes (Figure 

6A). 

Known Alive 

Gradual recapture of salamanders since the end of the primary study period 

revealed that at least 21 A. annulatum, 32 A. maculatum, and 36 A. texanum individuals 

were alive at the conclusion of the primary study period. Under the assumption of time-

constant survival, salamanders would have to have survived at a rate of ~0.969 to achieve 

the observed 51.2% survival of released salamanders to the final primary period recapture 

occasion. This rate of decline fell within the 95% CRI (0.80, 0.99) for the estimated 

median Φ (0.96) of the primary-only CJS model (Figure 4). 

Primary + Secondary Study Period Survival and Recapture Probability Estimation 

The posterior distributions of the primary-only and primary + secondary model Φ 

estimates overlapped by 76.8%, suggesting that these two estimates did not significantly 

differ (Figure 9). However, we note that the full CJS model run on primary + secondary 

data estimated median Φ to be closer to known alive, with a value of 0.97 (95% CRI = 

0.81, 0.99). Based on this median, we would predict ~56% of salamanders to survive to 

the end of the primary study period, and an estimated annual survival probability of 0.50 
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(Figure 4). Species-specific posterior distributions of Φ overlapped by ≥67.7%, again 

suggesting no difference in survival between species within the pens. The body mass 

covariate (𝛽𝑏) trended towards an increased median effect size with the addition of the 

secondary data, but the variance in Φ among individuals explained by the model 

decreased to 7% (σ2; Table 3), as demonstrated by an increase in spread of median 

individual residual random effect size estimates (Figure 6B). Random effect sizes of 

block on Φ increased to a range of −0.61 (95% CRI = −2.34, 0.58) to 0.85 (95% CRI = 

−0.52, 1.33), with an overall negative median of −0.21 and positive skew (Figure 6B). 

Median pen random effect sizes on Φ remained distributed widely around zero, with a 

range of −0.93 (95% CRI = −2.80, 0.23) to 0.68 (95% CRI = −0.40, 2.44; Figure 6B). 

Median ρ values were statistically comparable between the two full CJS models, 

while trending lower in the primary + secondary model at 0.18 (95% CRI = 0.07, 0.47). 

Although not significantly different, occasion-specific medians were estimated 

consistently lower across the primary study period, particularly during spring recapture 

occasions (Figure 10). With the additional data, 𝛽𝑚 estimates indicated that salamanders 

were 3-times more likely to be recaptured immediately following a previous capture than 

without being previously captured. The temperature (𝛽𝑓) and precipitation (𝛽𝑔) covariate 

median effect sizes were smaller than estimated using only primary study period data 

(Tables 4). These findings may be attributed to inconsistent recapture methods during the 

beginning of the secondary study period. Correspondingly, the temporal variance in ρ 

explained by the model decreased to 44% (σ2; Table 4), associated with a substantial 

increase in the spread of median temporal residual effect size estimates (Figure 6B). 

Median time- and block-specific random effect sizes on ρ remained tightly centered 



34 
 

around zero with an approximately normal distribution (Figure 6B). The median time- 

and pen-specific effect sizes were also comparable to those produced using primary 

period data only (Figure 6B). 

Juvenile Survival Inferred from Published Vital Rates 

Based on estimates from the literature (Table 2), we calculated the mean 

Ambystoma annual adult survival rate to be 0.61 ± 0.21 SD (n = 9). Age at first 

reproduction ranged between 1 and 4 years, with a mean value of 2.33 ± 0.82 years (n = 

15). Annual adult female fecundity had a mean value of 4.11 ± 3.69 juveniles∙females-

1∙year-1 SD, (n = 9). Our simulation model estimated a mean annual juvenile survival rate 

of 0.49 ± 0.20 SD (n = 9,551) to achieve stable population growth. Assuming time-

constant survival over 14-day intervals, a biweekly survival rate of ~0.969 would be 

required to achieve this inferred annual juvenile survival rate (Figure 4). 

DISCUSSION 

As biodiversity continues to decline across the globe, conservation efforts are 

hindered by a lack of demographic information across species, particularly among taxa 

and life stages that are notoriously difficult to reliably capture and recapture (Böhm et al. 

2013; Kindsvater et al. 2018). We conducted an experimentally replicated study under 

semi-natural conditions to evaluate the survival probability of juvenile A. annulatum, A. 

maculatum, and A. texanum, which like many other Ambystoma species, exhibit an 

elusive fossorial ecology. This life stage has a particularly important influence on 

amphibian population dynamics (Biek et al. 2002; Vonesh and De la Cruz 2002; Taylor 

et al. 2006; Harper et al. 2008), but data describing juvenile vital rates are scarce. Our 

results revealed that juvenile survival probabilities were best estimated as being time-
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constant, whereas recapture probabilities were strongly affected by temporal variability 

(Table 1, Figures 3 and 7). Further, under common conditions, juvenile survival and 

recapture probabilities estimated via capture-mark-recapture protocols were comparable 

among the three ecologically similar study species (Figures 5 and 8), and survival 

estimates did not statistically differ from number known alive at the conclusion of the 

primary study period (Figure 4). In addition, we compared our findings with those 

estimated using inference from published adult and pre-metamorphic Ambystoma vital 

rates from natural populations under the assumption of stable population growth. 

Empirical survival probability estimates based on mark-recapture data did not 

significantly differ from the inferred juvenile Ambystoma survival rate (Figure 4). Given 

the assumption of stable population growth in our simulation, this finding indicates that 

the juveniles in this study were likely surviving at a rate comparable to those 

characterizing sustainable Ambystoma populations under natural conditions. These 

findings strongly suggest that our approach provided biologically robust measurements of 

juvenile survival, opening the door for future studies to both evaluate potential 

mechanisms affecting juvenile survival probabilities and test hypotheses of population 

dynamics using simulation modeling. 

We collected 11 months of biweekly capture-mark-recapture data and estimated a 

median 14-day survival probability of 0.96 given a median recapture probability of 0.27. 

Despite barriers to salamander movement, multiple modes of recapture, a high frequency 

of data collection, and the considerable duration of the primary study period, this survival 

probability underestimated the number of individuals known to have been alive by 5.1% 

of released salamanders (~9 individuals). We found that appending a year of subsequent 
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recapture records as secondary data did not significantly change survival rate posterior 

distributions (Figures 9 and 10). We note that, although in violation of the assumption of 

constant recapture methods over the summer months of 2017 (Cormack 1964), the full 

CJS model run on the extended data set produced a median 14-day primary period 

survival probability estimate of 0.97 with a median recapture probability of 0.18. This 

resulted in a survival estimate of 56% of released individuals at the end of the primary 

period, which encompasses the percent known alive and potentially other surviving 

salamanders that escaped detection (Figure 4). Such small shifts in posteriors may 

ultimately be important for improving accuracy when using central tendency estimates to 

inform future simulation models or management targets, as subtle rate changes can have 

dramatic cumulative effects on the number of adults recruited into a population (Figure 

4), particularly if the juvenile stage lasts for multiple years (Table 2). Thus, our study 

reinforces the need for large individual (here, n = 174) and temporal (here, n > 21) 

sample sizes when empirically estimating survival probabilities for cryptic species and 

life stages using the capture-mark-recapture methodology (Papadatou et al. 2012).  

Local climatic conditions are well-documented correlates to movement in many 

species, including taxa ranging from cephalopods (e.g., Sims et al. 2001), to insects (e.g., 

Morsello et al. 2014), and mammals (e.g., Garrott et al. 1987). Among biphasic 

Ambystoma, migrations to and from breeding ponds occur under mildly warm, rainy 

conditions in the fall or spring (e.g., Semlitsch 1985; Sexton et al. 1990; Trenham et al. 

2000; Timm et al. 2007). We thus expected these covariates to importantly influence the 

detection of juvenile salamanders in our study. As anticipated, formal biweekly data 

collection during the primary study period revealed strong relationships between 
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recapture probability and our selected abiotic covariates (Figure 3). Temperature had a 

slightly larger, positive median effect size than precipitation, with the two covariates 

taken together explaining the majority of temporal variation in juvenile Ambystoma 

recapture probabilities. The strong relationship between climatic variables on juvenile 

detectability despite time-constant survival probabilities illustrates the importance of 

using state-space models to disentangle the effects of spatial and temporal variation on 

animal behavior and the state variable of interest (Gimenez et al. 2007). 

Not originally anticipated, our data indicated an immediate trap response, 

particularly among A. maculatum individuals, wherein salamanders that were confirmed 

alive at the previous occasion were more likely to be confirmed alive at the current 

occasion. We note that the structure of the trap-dependency factor in our full CJS model 

only considered the effect of recapture given detection one occasion prior, and does not 

account for potential cumulative effects of multiple consecutive captures on recapture 

probabilities. As such, the effect of capture at the preceding time step may represent a 

conservative estimate of the effect of trap dependency among our study species. This 

effect was likely a result of individuals being seen alive at the mouth of one or two 

specific artificial burrows across recapture occasions. Such site fidelity has been 

documented in terrestrial A. talpoideum, with individual juvenile salamanders outside of 

migration seasons having on average two proximate activity centers of a mean 0.08 m2 

(Semlitsch 1981). Further, juvenile A. maculatum have been found to spend more time in 

burrows compared with juvenile A. opacum (Smyers et al. 2002) and exhibit higher rates 

of post-metamorphic settlement than do A. annulatum (Osbourn et al. 2014). In this 

study, the higher site fidelity observed among juvenile A. maculatum compared with 
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juvenile A. annulatum and A. texanum could have been due to a greater preference for 

pen habitat conditions leading to increased burrow settlement (Osbourn et al. 2014), the 

more aggressive defense of spatial resources from conspecifics facilitated by burrow 

occupancy (Smyers et al. 2002; Nussbaum et al. 2016), or a greater reliance on sit-and-

wait foraging from the mouth of burrows (Ducey et al. 1994). Alternatively, A. 

maculatum may have had a higher probability of detection within burrows due to a 

greater preference for occupying the upper strata of the soil (thus increasing PIT tag 

detectability and visual survival confirmation [Ousterhout and Semlitsch 2014]) 

compared with the other two species (Nussbaum et al. 2016). Additional research is 

needed to test each of these hypotheses. Our findings emphasize the importance of 

checking for violations of the assumption of equal detectability in multispecies mark-

recapture studies, even when examining species that are thought to have highly 

comparable ecologies (Gimenez et al. 2018). 

Both abiotic and biotic habitat conditions that facilitate juvenile survival are 

required for adequate adult recruitment (Gaillard et al. 1998; Scheuerell et al. 2009). As 

such, similarities among our annual empirical (0.39 primary, 0.50 primary + secondary) 

and inferred (0.49) survival probability estimates suggest that the pen design provided 

suitable habitat for the juvenile Ambystoma used in this study (Figure 4). Juvenile 

survival under relatively controlled pen conditions may have been comparable to inferred 

annual survival among free-living juveniles due to the reduced ability of juveniles to 

move away from potential stressors (e.g., competitors, non-preferred prey resources, 

unfavorable temperature or humidity conditions) within the pens (Pittman et al. 2014) or 

the observed permeability of the pens to some predators (e.g., snakes, large arachnids, 
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and small rodents [Brodie and Gibson 1969; Dodd 1977; Rubbo et al. 2003]). Similar 

estimates between methods suggest that risk factors experienced within the pens and 

those faced by free-living individuals (e.g., additional exposure to larger mammalian and 

avian predators [Brodie and Gibson 1969; Greenwood 1982] and greater environmental 

stochasticity) have approximately equivalent effects on survival rates among terrestrial 

juvenile ambystomatids. The pen environment allowed for both substantial growth 

among juveniles of the study species and the sexual maturation of 38.4% of the 

individuals dissected following the primary study period, indicating resource availability 

and energetic conditions that fostered growth and maintenance. Taken together, these 

findings strongly suggest that the experimental approach described in this study can be 

applied to other species of complex lifecycle Ambystoma, opening the door for further 

experimental studies addressing survival among the understudied terrestrial life stages of 

the taxon. Although we found no relationship between body size and maturation in this 

study, we did find that body mass at release was positively correlated with survival 

probability with 89.8% certainty, as has been observed among other complex lifecycle 

amphibians (Smith 1987; Chelgren et al. 2006), as well as juvenile birds (Garnett 1981), 

fishes (Sogard 1997), mammals (Craig and Ragen 1999), and reptiles (Civantos et al. 

1999). Therefore, our data reinforce the common view that body size affects juvenile 

survival among many vertebrate species. 

Although studies addressing juvenile survival rates in ambystomatids are 

relatively rare, published juvenile Ambystoma survival rate estimates collected under 

semi-natural and natural conditions range between 0% (female A. californiense known 

alive at the first breeding occasion after marking [Trenham et al. 2000]) and 55.5% (male 
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A. californiense known alive at the first breeding occasion after marking [Trenham et al. 

2000]; but see also Semlitsch et al. 1988; Scott 1994; Pechmann 1995; and Rothermel 

and Semlitsch 2006). All of these studies used percent known alive as an estimate of 

juvenile survival, which likely underestimated true juvenile survival to some extent due 

to imperfect detection (Mazerolle et al. 2007). Furthermore, direct comparison with our 

findings should be interpreted cautiously due to the potential confounding effects of 

differing study species and data collection protocols. Notably, and to the best of our 

knowledge, we present the first empirical juvenile survival probability estimates for A. 

annulatum and A. texanum. Despite incongruities, it appears that our estimates are within 

an ecologically realistic range of juvenile Ambystoma survival rates under natural 

conditions. As such, the results of this study lend support to the use of semi-natural 

enclosures as a means to collect ecologically meaningful vital rate data for species that 

are otherwise exceedingly difficult to reliably capture and recapture (Harper et al. 2010). 

Future studies of natural populations that more effectively account for recapture 

probability will aid in clarifying the spectrum of juvenile survival probabilities observed 

in nature. 

Here, as in many species, stage-specific vital rates are subject to temporal and 

spatial process variation, which in turn affect population dynamics in ways that can guide 

management efforts (Wisdom et al. 2000; Boyce et al. 2005; Taylor et al. 2012). Early 

theoretical generalizations emphasized a negative relationship between instantaneous 

effects of vital rates (e.g., sensitivities or elasticities) and vital rate variability in affecting 

population growth rate (e.g., Gaillard et al. 1998; Pfister 1998; Sæther and Bakke 2000). 

Such generalizations have been increasingly modified, as threatened populations have 
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been found to demonstrate high sensitivity to vital rates that also vary considerably 

through time and between populations, resulting in novel management considerations 

(Johnson et al. 2010; Dahlgren et al. 2016). Collectively, the current state of applied 

population ecology focuses squarely on the importance of estimating both the means and 

variability of stage-specific vital rates, thereby providing critical data to inform 

demographic models to guide more efficient management actions. Within this context, it 

is valuable to compare survival rate and variance estimates for juvenile ambystomatids 

examined in this study with those of other ambystomatid life stages. Here, juvenile 

survival estimates were substantially higher than those typically observed among pre-

metamorphic ambystomatids under natural conditions (e.g., pre-metamorphic survival of 

0.01−0.78% in A. annulatum [Semlitsch et al. 2014] and 1.0−12.6% in A. maculatum 

[Shoop 1974]). Further, the aquatic life stages of complex lifecycle amphibians tend to 

demonstrate a high degree of temporal and spatial variation in survival (e.g., Semlitsch 

and Anderson 2016) due to a reliance on suitable wetland hydroperiod (Rowe and 

Dunson 1995), susceptibility to predation (Drake et al. 2014), and strong negative density 

dependence (Petranka 1989). In contrast, we found that Ambystoma juvenile survival 

probabilities over 11 months were best estimated as being time constant. Although we 

made no comparison across sites or years, this relative stability aligns with previous 

observations of constant survival among late-stage juvenile Ambystoma (Rothermel and 

Semlitsch 2006). Although exposed to similar resources and stressors in terrestrial 

habitat, Ambystoma annual adult survival rates (�̅� = 0.61, Table 2) tend to be somewhat 

higher than our estimated annual juvenile survival probabilities. This trend may be due to 

the observed effects of larger body size on survival and the novelty of the terrestrial 
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habitat to juveniles, which may make this life stage more susceptible to environmental 

exposure and predation (Shoop 1974; Rohr and Madison 2003; Rothermel and Luhring 

2005). Like juveniles, adult Ambystoma have also been observed to demonstrate 

relatively constant rates of survival through time (Taylor et al. 2006; Gamble et al. 2009). 

The apparent divergence in survivorship across life stages and insights gained from 

understanding variance among stage-specific survival rates highlight the importance of 

estimating vital rates for unique life stages to address data gaps among the many complex 

lifecycles found across invertebrate and vertebrate species (Werner 1988). 

We had hypothesized that A. annulatum would have lower juvenile survival rates 

than A. maculatum or A. texanum given the relatively limited distribution of the species. 

Though the median estimate of the A. annulatum juvenile survival probability trended 

lower than those of A. maculatum or A. texanum, we did not find species-specific 

posterior distributions to differ significantly within the pens (Figure 5). These findings 

indicate that juvenile survival probabilities are relatively similar among our study species 

under the common study conditions, even though each of the species likely experiences a 

distinct distribution of environmental conditions across their unique geographic ranges 

(Petranka 1998). This finding lends support to the notion that surrogate data from 

taxonomically and ecologically similar species can be applied to population models to 

yield reasonable predictions of data-deficient species’ responses to both habitat change 

and potential management strategies (Biek et al. 2002; Schtickzell et al. 2005; Wenger 

2008). Moving forward, Bayesian integrated population models can be used to harness 

known hierarchical data structures (e.g., spatial, temporal, and phylogenetic relationships) 

and extant ecological knowledge (e.g., physiological, community ecology, life history, 



43 
 

and environmental data) from ecologically similar and phylogenetically related species to 

improve estimates of demographic rates by using informed vital rate prior distributions 

for species and populations with data gaps (Kindsvater et al. 2018).  

Our results also show that, in cases where the vital rates of other life stages can be 

reliably estimated, inference via single vital rate back-calculation can provide a 

reasonable estimate of the missing vital rate given an assumed population growth rate. 

While this approach may not be preferable under conditions in which population growth 

is not stable or viability estimates are the primary interest, it can be a valuable tool to 

facilitate population simulation modeling. Such models allow for the comparison of 

projected outcomes of management strategies, as well as the identification of taxa and 

demographic groups that should be prioritized by monitoring and planning initiatives 

(e.g., Enneson and Litzgus 2008; Harper et al. 2008). These initial insights into 

demography facilitated by inference are particularly valuable for guiding conservation 

efforts for species with life stages that are difficult to track (Pike et al. 2008). 

With this study, we have empirically estimated terrestrial survival probabilities 

for juveniles of three Ambystoma species (A. annulatum, A. maculatum, and A. texanum), 

a life stage that is notoriously difficult to track in nature. These estimates can now inform 

population models that predict population viability and facilitate the testing of hypotheses 

to guide management decision-making for our study species. As survival probability 

estimates did not differ between the congeneric, ecologically similar species examined 

under the common conditions of this study, our data support the approach of rigorously 

estimating vital rates for a subset of phylogenetically and ecologically similar species as a 

viable path to identifying reasonable estimates of demographic information for data-
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sparse species until species-specific estimates become available (Biek et al. 2002; 

Schtickzell et al. 2005; Wenger 2008). For example, while the endemic A. annulatum is 

itself of conservation concern across its range, it is also the sister species to the federally 

listed flatwoods salamanders (A. bishopi [Endangered] and A. cingulatum [Threatened], 

Shaffer et al. 1991, USFWS 2009). The flatwoods salamanders have experienced 

dramatic declines over the last several decades, and are now too rare and fragile to 

ethically and effectively conduct survival experiments with either species (Semlitsch et 

al. 2017). As such, data from A. annulatum, or multiple ecologically similar Ambystoma 

species, may provide the best available approximation of juvenile survival probabilities 

for testing hypotheses of flatwoods salamander population dynamics. Such robust 

surrogate data can establish more reliable jumping-off points for conservation planning 

given persistent data deficiencies and pressing biodiversity losses. 
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TABLES AND FIGURES 

Table 1. Deviance information criterion (DIC) model selection statistics and median 

parameter estimates for the basic combination of time-dependent and time-constant 

Cormack-Jolly-Seber models of ambystomatid juvenile survival (Φ) and recapture (ρ) 

probability estimation in the experimental pens. Estimates for the deviance, posterior 

mean deviance (pD), DIC, mean Φ, mean ρ, trap dependency if captured at the preceding 

occasion (𝛽𝑚
𝑐𝑎𝑝𝑡𝑢𝑟𝑒

), trap dependency if not captured at the preceding occasion 

(𝛽𝑚
𝑛𝑜 𝑐𝑎𝑝𝑡𝑢𝑟𝑒

), and residual temporal variance (σ2
t) of each candidate model are shown. 

Values in parentheses are 95% credible interval estimates. Lower DIC values indicate 

better model fit to the data, with ΔDIC > 5 representing a substantial decline in model fit.  

 Φ(.)ρ(.) Φ(.)ρ(t)
a Φ(t)ρ(.) Φ(t)ρ(t) 

Deviance 2739.35  

(2691.33, 

2787.70) 

2372.91 

(2324.73, 

2426.32) 

2570.15 

(2533.54, 

2613.59) 

2308.72 

(2232.70, 

2381.80) 

pD 302.5 337.5 206.5 808.3 

DIC 3041.3 2710.9 2777.7 3116.3 

ΔDIC 330.4 0.0 66.8 405.4 

Φ 0.97  

(0.95, 0.97) 

0.96  

(0.95, 0.97) 

0.96  

(0.88, 1.00) 

0.95  

(0.84, 1.00) 

ρ 0.24  

(0.24, 0.30) 

0.28  

(0.21, 0.38) 

0.29  

(0.25, 0.30) 

0.29  

(0.22, 0.41) 

𝛽𝑚
𝑐𝑎𝑝𝑡𝑢𝑟𝑒

 0.36  

(0.33, 0.40) 

0.33  

(0.08, 0.66) 

0.36  

(0.33, 0.40) 

0.35  

(0.08, 0.71) 

𝛽𝑚
𝑛𝑜 𝑐𝑎𝑝𝑡𝑢𝑟𝑒

 0.24  

(0.22, 0.27) 

0.06  

(0.00, 0.32) 

0.25  

(0.23, 0.27) 

0.07  

(0.00, 0.36) 

σ2
t  1.97  

(1.04, 4.29) 

 2.08  

(1.07, 4.35) 
a Indicates the model best fit to the data based on DIC model selection. 
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Table 2. Published estimates of annual adult survival (SA), annual female fecundity (f; 

juveniles∙females-1∙year-1), and age at maturation (a; years) calculated from wild 

Ambystoma populations. 

Vital Rate Species Publication Estimate 

SA A. californiense 

A. maculatum 

 

 

A. opacum 

 

 

 

A. talpoideum 

Trenham et al. (2000) 

Husting (1965) 

Todd et al. (2014) 

Whitford and Vinegar (1966) 

Gamble et al. (2009) 

McGarigal et al. (2008) 

Taylor and Scott (1997) 

Todd et al. (2014) 

Raymond and Hardy (1990) 

0.61 

0.8 

0.5 

0.9 

0.68 

0.55 

0.5 

0.19 

0.74 

f A. annulatum 

A. californiense 

A. laterale × jeffersonianum 

A. maculatum 

 

A. opacum 

A. talpoideum 

A. tigrinum 

Semlitsch et al. (2014) 

Trenham et al. (2000) 

Homan et al. (2007) 

Homan et al. (2007) 

Semlitsch and Anderson (2016) 

Taylor and Scott (1997) 

Semlitsch (1987) 

Semlitsch (1983) 

Semlitsch (1983) 

0.76 

8.5 

0.9 

5.7 

1.09 

3.0 

8.58 

8.41 

0.01 

a A. annulatum 

A. californiense 

A. laterale 

A. laterale × jeffersonianum 

A. maculatum 

 

 

 

 

A. talpoideum 

 

 

A. tigrinum 

Semlitsch et al. (2014) 

Trenham et al. (2000) 

Wilbur et al. (1977) 

Wilbur et al. (1977) 

Rothermel and Semlitsch (2006) 

Semlitsch and Anderson (2016) 

Wilbur (1977) 

Pechmann (1995) 

Rothermel and Semlitsch (2006) 

Pechmann (1995) 

Raymond and Hardy (1990) 

Semlitsch et al. (1988) 

Semlitsch (1983) 

Semlitsch (1983) 

Wilbur (1977) 

3 

4 

2 

2 

3 

2 

3 

3 

3 

1 

2 

1 

2 

2 

2 
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Table 3. Juvenile ambystomatid survival probability (Φ) median grand mean (𝜇𝛷), fixed 

effects of species (𝛽𝑎) and individual body mass (𝛽𝑏), and residual variation (σ2) 

estimates from the full model using primary-only and primary + secondary capture-

histories. Values in parentheses are 95% credible interval estimates. 

 primary-only primary + secondary 

logit(𝜇𝛷) 0.94 (0.88, 0.97) 0.96 (0.87, 0.99) 

𝛽𝑎
𝐴.  𝑎𝑛𝑛𝑢𝑙𝑎𝑡𝑢𝑚 0.15 (0.01, 0.68) 0.15 (0.01, 0.70) 

𝛽𝑎
𝐴.  𝑚𝑎𝑐𝑢𝑙𝑎𝑡𝑢𝑚 0.62 (0.08, 0.98) 0.62 (0.06, 0.98) 

𝛽𝑎
𝐴.  𝑡𝑒𝑥𝑎𝑛𝑢𝑚 0.82 (0.25, 0.99) 0.82 (0.22, 0.99) 

𝛽𝑏 0.21 (-0.12, 0.55) 0.32 (0.00, 0.69) 

σ2 0.60 (0.00, 2.31) 0.93 (0.04, 3.02) 

 

 

Table 4. Juvenile ambystomatid recapture probability (ρ) median grand mean (𝜇𝜌), fixed 

effects of trap dependency if captured at the preceding occasion (𝛽𝑚
𝑐𝑎𝑝𝑡𝑢𝑟𝑒

), trap 

dependency if not captured at the preceding occasion (𝛽𝑚
𝑛𝑜 𝑐𝑎𝑝𝑡𝑢𝑟𝑒

), species (𝛽𝑒), 

temperature (𝛽𝑓), interval-specific precipitation (𝛽𝑔), and residual variation estimates (σ2) 

from the full model using primary-only and primary + secondary capture-histories. 

Species-specific effect sizes represent medians for each species across recapture 

occasions. Values in parentheses are 95% credible interval estimates. 

 primary-only primary + secondary 

logit(𝜇𝜌) 0.13 (0.09, 0.18) 0.09 (0.06, 0.13) 

𝛽𝑚
𝑐𝑎𝑝𝑡𝑢𝑟𝑒

 0.65 (0.24, 0.98) 0.77 (0.42, 0.99) 

𝛽𝑚
𝑛𝑜 𝑐𝑎𝑝𝑡𝑢𝑟𝑒

 0.31 (0.02, 0.76) 0.24 (0.01, 0.59) 

𝛽𝑒
𝐴.  𝑎𝑛𝑛𝑢𝑙𝑎𝑡𝑢𝑚 0.47 (0.06, 0.94) 0.50 (0.04, 0.96) 

𝛽𝑒
𝐴.  𝑚𝑎𝑐𝑢𝑙𝑎𝑡𝑢𝑚 0.47 (0.06, 0.93) 0.47 (0.04, 0.94) 

𝛽𝑒
𝐴.  𝑡𝑒𝑥𝑎𝑛𝑢𝑚 0.57 (0.07, 0.95) 0.54 (0.05, 0.97) 

𝛽𝑓 0.51 (0.28, 0.74) 0.35 (0.04, 0.66) 

𝛽𝑔 0.42 (0.20, 0.66) 0.17 (-0.17, 0.49) 

σ2 0.06 (0.00, 0.29) 0.56 (0.25, 1.25) 
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Figure 1. Photograph of a 4-m2 pen at the Botany Greenhouse at Research Park, 

University of Missouri, Columbia, Missouri, USA, featuring UV resistant baffles and 

edging, six artificial burrows, four pitfall traps, leaf litter, and shade cloth that has been 

opened to allow for recapture protocols. 
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Figure 2. Schematic of the outdoor pen array at the Botany Greenhouse at Research Park, 

University of Missouri, Columbia, Missouri, USA, composed of five blocks of eight 

pens. Blocks 4 and 5 are conjoined at the southern and northern most walls, respectively. 

Color fill indicates the species of the six individual salamanders stocked into each pen at 

the initial release occasion. 

 



67 
 

 

Figure 3. Estimated time-dependent juvenile ambystomatid median recapture 

probabilities in the experimental pens from the Φ(.)ρ(t) model in comparison with 

standardized mean temperature and interval-specific precipitation data during the primary 

study period (2 August 2016-16 June 2017). Error bars on recapture probability represent 

95% credible intervals, whereas error bars on temperature are standard deviations. 
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Figure 4. Projected number of juvenile ambystomatid salamanders surviving through one 

year in the experimental pens assuming an initial study population of 174 salamanders 

and constant survival through time given each estimation approach. The green triangle 

indicates the number of salamanders projected to be alive given the mean annual survival 

rate inferred from published vital rates, and the red circle represents the known number of 

salamanders that survived to the end of the primary period (2 August 2016-16 June 

2017). Shaded regions are 95% credible intervals projected around the expected number 

of juveniles surviving from the primary and primary + secondary (2 August 2016-15 May 

2018) study periods and the standard deviation projected around inferred survival.  
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Figure 5. Species-specific posterior distributions of juvenile ambystomatid survival 

probability estimates (Φ) in the experimental pens for the primary study period (2 August 

2016-16 June 2017). 



70 
 

 

Figure 6. Median random effect size estimates for blocks (𝛽𝑐 and 𝛽ℎ), pens (𝛽𝑑 and 𝛽𝑗), 

and residual variation of individuals (𝜀𝑖) and time (𝜀𝑡) from the full Cormack-Jolly-Seber 

model using primary period data only (A) and primary + secondary data (B). Width of 

each violin plot indicates the density of estimated medians for each effect size, length 

indicates the range of median estimates, white dots are the median values across all 

estimates, black rectangles represent the interquartile range, and black lines are minimum 

and maximum values excluding outliers. 
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Figure 7. Posterior distributions of estimated juvenile ambystomatid recapture 

probabilities for each recapture occasion of the primary study period (2 August 2016-16 

June 2017) in the experimental pens using the full model. Width of each violin plot 

indicates the density of estimates, length indicates the range of estimates, white dots are 

the median values across all estimates, black rectangles represent the interquartile range, 

and black lines are minimum and maximum values excluding outliers. 
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Figure 8. Species-specific and time-dependent estimates of juvenile ambystomatid 

recapture probabilities (ρ) in the experimental pens for the primary study period (2 

August 2016-16 June 2017). Error bars represent 95% credible intervals. 
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Figure 9. Posterior distributions of juvenile ambystomatid survival probability estimates 

(Φ) in the experimental pens from the full model for primary-only (2 August 2016-16 

June 2017) and primary + secondary (2 August 2016-15 May 2018) data sets. 
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Figure 10. Temporal juvenile ambystomatid recapture probability estimates (ρ) from the 

full model for primary-only (2 August 2016-16 June 2017) and primary + secondary (2 

August 2016-15 May 2018) data sets. Error bars represent 95% credible intervals. 
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CHAPTER 3 

GEOGRAPHIC VARIATION IN WATER LOSS IN THE EARLY TRANSITIONAL LIFE STAGE 

OF FIVE CONGENERIC AMPHIBIAN SPECIES 

Arianne F. Messerman and Manuel Leal 

ABSTRACT 

 For populations to persist through time, individuals representing each intraspecific 

life stage must maintain net energetic and hydric equilibria under local environmental 

conditions. However, our knowledge of how physiological responses enable different life 

stages to maintain homeostasis under distinct conditions is sparse for most species. Such 

responses can be facilitated by genetically-based phenotypic variation and/or phenotypic 

plasticity (i.e., acclimatization). Among biphasic amphibians, juveniles are the first life 

stage to move from aquatic to terrestrial environments, yet our current understanding of 

the physiological mechanisms that allow them to survive the novel abiotic challenges 

presented by this extreme transition is rather limited. We used flow through respirometry 

to elucidate patterns in respiratory surface area water loss (RSAWL) and standard 

metabolic rates (SMR) among juveniles reared under common larval conditions for five 

species of ambystomatid salamanders (A. annulatum, A. maculatum, A. opacum, A. 

talpoideum, and A. texanum) collected across an ~200 km latitudinal gradient in 

Missouri, USA. We corrected both RSAWL and SMR for juvenile body size, and found 

that SMR described 34% of the observed variation in RSAWL. We accounted for SMR in 

our analyses of RSAWL, and found that the juvenile ambystomatids studied demonstrated 

distinct RSAWL and SMR values between species. Though we found little support for 

intraspecific variation in SMR across localities, RSAWL was positively correlated with 
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latitude. Common rearing conditions and the examination of juveniles to which the 

terrestrial environment was novel strongly suggested that observed differences had a 

genetic basis, and were not primarily attributed to phenotypic plasticity. Given that 

ambystomatids from lower latitudes likely experience warmer average temperatures, and 

correspondingly a higher desiccation risk, the latitudinal pattern observed among RSAWL 

values indicated that juvenile ambystomatid physiological water loss rates may be locally 

adaptive. Future studies of the relationships between juvenile ambystomatid physiology 

and measures of fitness are needed to resolve whether patterns in RSAWL and SMR 

impart a fitness advantage under local conditions. 

INTRODUCTION 

Achieving homeostasis under local environmental conditions is a fundamental 

requirement of all organisms, allowing for survival and the allocation of energy towards 

growth, development, and reproduction (Porter and Gates 1969; Huey 1991; Klepsatel et 

al. 2016). Correspondingly, it has been shown that both invertebrate and vertebrate 

species demonstrate a wide array of behavioral, morphological, and physiological traits 

that facilitate the maintenance of energy and water balances across their geographic 

ranges (e.g., Forsman 2000; Macek et al. 2009; Du et al. 2011; Kelley et al. 2016). This 

pattern can also be observed at the intraspecific level, particularly among species that 

occur across distributions spanning dissimilar local environments (e.g., Campbell-Staton 

et al. 2016; Ribeiro et al. 2019). For example, numerous studies have identified 

intraspecific phenotypic shifts across latitudinal clines in temperature, with populations 

from lower absolute latitudes having increased resiliency against higher temperatures and 

elevated desiccation risks compared with higher absolute latitude conspecifics (e.g., 
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Hopkins et al. 2008; Dunbar and Brigham 2010; Seebacher et al. 2015). In the case of 

physiological traits, differences among populations can have a genetic basis, represent the 

outcome of acclimatization, or be the product of some combination of these mechanisms 

(Somero 2010; Huey et al. 2012; Botero et al. 2015). When conditions change, 

physiological responses through these mechanisms occur over time as organisms either 

acclimatize to new conditions (i.e., responsive plasticity) or adjust to forthcoming abiotic 

changes based on internal cues (i.e., anticipatory responses; Whitman and Agrawal 2009; 

Esperk et al. 2013). Acclimatization has been shown to be a common mechanism by 

which individuals can adapt to environmental conditions (Roberts et al. 1997; Somero 

2010; Gunderson et al. 2011; Noakes et al. 2017). Though the contributions of both 

genetic and acclimatization responses to observed physiological traits have been 

examined within and across a wide diversity of taxa, we still lack physiological 

information for many species, particularly those of conservation concern (Evans et al. 

2015; Gifford 2016; Mahoney et al. 2018). Moreover, there is a need to elucidate 

different abiotic requirements and physiological responses among distinct life stages 

within species to improve predictions of population and metapopulation responses to 

current and future climatic conditions (Kingsolver et al. 2011).  

Approximately 80% of species on Earth exhibit complex lifecycles, including 

most plants, parasites, marine invertebrates, insects, fish, and amphibians (Werner 1988). 

In such species, the abiotic conditions encountered by each life stage can drastically 

differ due to shifts in resource requirements and habitat use (Wilbur 1980). Nevertheless, 

some number of individuals representing all stages must maintain homeostasis to survive 

and eventually reproduce for populations to remain viable through time (Mills 2013). 
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Though species exhibiting complex lifecycles are abundant and diverse, our 

understanding of how physiological traits enable different stages to cope with novel 

challenges is relatively limited (Du et al. 2011; Kingsolver et al. 2011; Gleason et al. 

2018).  

Existing studies of stage-specific responses to thermal clines confirm that 

intraspecific life stages can differ in both their physiological requirements and 

mechanisms of response to environmental conditions (Kingsolver et al. 2011). For 

example, larvae of butterflies in the genus Colias have lower thermal optima than adults, 

as their primary behavior is feeding rather than flight, the latter of which is energetically 

demanding (Watt 1968; Sherman and Watt 1973). As such, larvae demonstrate limited 

behavioral thermoregulation (Sherman and Watt 1973), while adults rely on several 

behavioral and morphological traits to facilitate acquisition of the higher body 

temperatures needed for flight and reproduction (Watt 1968; Kingsolver 1983). 

Moreover, Colias larvae from higher elevation populations demonstrate lower 

physiological thermal optima for feeding than low elevation larvae (Sherman and Watt 

1973), whereas adults show increasingly extreme morphological phenotypes to increase 

body temperatures across similar elevational thermal gradients (Kingsolver 1983). This 

example indicates that stage-specific responses and vulnerabilities to current and future 

environmental stressors are likely to vary, warranting additional studies of distinct life 

stages among complex lifecycle species (Kingsolver et al. 2011).  

 The complex lifecycles of biphasic pond-breeding amphibians have been 

extensively documented (Wilbur 1980; Duellman and Trueb 1986; Semlitsch 2003). 

Generally, terrestrial adults of pond-breeding amphibian species breed and lay eggs in or 
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adjacent to a wetland (Petranka 1998). Embryos hatch into aquatic larvae, which develop 

and eventually undergo metamorphosis to become terrestrial juveniles (Wilbur and 

Collins 1973; Semlitsch and Wilbur 1988; Crump 1989). The survival rate of juveniles 

can have a dramatic effect on the population dynamics of pond-breeding amphibians 

(Biek et al. 2002; Vonesh and De la Cruz 2002; Taylor et al. 2006; Harper et al. 2008). 

Moreover, the juvenile stage represents the period during which fully terrestrial 

conditions are experienced for the first time. Movement from fully aquatic to terrestrial 

habitat presents a new series of physiological challenges, particularly with regards to the 

risk of desiccation (Rohr and Madison 2003; Rothermel and Luhring 2005). Desiccation 

is commonly recognized as one of the major physiological challenges faced by terrestrial 

amphibians (Shmid and Barden 1965; Spight 1968; Rittenhouse et al. 2008). However, 

studies evaluating the physiological capacity of juveniles to resist desiccation are rare 

(but see Gillis 1979; Peterman et al. 2013). The limited size of this literature reflects the 

difficulty of studying juveniles of most amphibian species, largely due to their small body 

size and often elusive life histories (Trenham et al. 2000; Petrovan and Schmidt 2019). 

As such, studies elucidating physiological traits that facilitate the maintenance of 

homeostasis in biphasic amphibian juveniles across geographically distinct, novel 

terrestrial environments can importantly contribute to our understanding of the habitat 

requirements and population responses of these diverse complex lifecycle species. 

Here, we measured two physiological traits that are important in the maintenance 

of homeostasis in amphibians, respiratory surface area water loss (RSAWL) and standard 

metabolic rates (SMR; Feder and Londos 1984; Withers 1993), among juveniles of five 

pond-breeding salamander species in the genus Ambystoma (A. annulatum, A. 
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maculatum, A. opacum, A. talpoideum, and A. texanum). Though the skin of amphibians, 

particularly urodeles, has been argued to provide little barrier to water loss (Spight 1968; 

Spotila 1972; Spotila and Berman 1976), other studies have shown physiological rates of 

water loss to be lower among amphibian species and populations exposed to xeric 

conditions compared with those from mesic habitats (e.g., Degani 1981; Winters and 

Gifford 2013; Dabés et al. 2012; Riddell and Sears 2015). Differing water loss 

phenotypes may play an important role in enabling populations to maintain water balance 

under greater desiccation risk. Among ambystomatids, investigations of cutaneous water 

loss have primarily been limited to the adults of a few species (e.g., Alvarado 1972; 

Marangio and Anderson 1977; Licht and Bogart 1990). Fewer studies have been 

conducted examining water loss among terrestrial juveniles, and these studies are also 

limited in the number of species and populations examined (Rothermel and Luhring 

2005; Cosentino et al. 2011). Most ambystomatid water loss studies have used rate of 

body mass loss as a proxy for dehydration under variable thermal conditions and have 

found little evidence for physiological mechanisms regulating cutaneous water loss (e.g., 

Alvarado 1972, Marangio and Anderson 1977). Instead, we took the approach of 

measuring RSAWL across species and populations of juvenile ambystomatids using a 

flow through system and water vapor analyzer (as in Riddell and Sears 2015). This 

method allowed us to attain greater precision in our RSAWL measurements (Riddell et al. 

2017), and elucidate previously unknown patterns in intra- and interspecific water loss in 

the lesser studied early terrestrial life stage. 

Standard metabolic rate represents the energy expenditure of an ectotherm at rest 

and in a post-absorptive state (McNab 2002). Metabolic rates respond to numerous 
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internal and external factors, and affect the ability of organisms to perform maintenance, 

grow, move, process resources, and reproduce (Pettersen et al. 2018). In addition, 

metabolic rate tends to be correlated with the physiological rate of water loss, as higher 

metabolic demands require increased respiration (e.g., Addo-Bediako et al. 2001). 

Despite this relationship, studies of water loss in ambystomatids have often neglected to 

include SMR as a covariate (e.g., Marangio and Anderson 1977; Licht and Bogart 1990; 

Rothermel and Luhring 2005). In this study, we both examined potential inter- and 

intraspecific trends in SMR and included SMR as a predictor of physiological water loss.  

Study populations were located across a thermal latitudinal cline in Missouri, 

USA (Figure 1), wherein low latitude populations experience warmer average 

temperatures than high latitude populations (NOAA 2019). A correlation between 

differences in latitude and physiological traits has been widely documented across 

organisms (e.g., Sunday et al. 2010; Gunderson and Stillman 2015), representing genetic 

differences in some instances (e.g., Addo-Bediako et al. 2002) and phenotypic plasticity 

in others (i.e., acclimatization to local conditions; e.g., Molina-Montenegro and Naya 

2012). By rearing larvae from each population under common conditions and examining 

juveniles to which the terrestrial environment was novel, we minimized the potential 

contributions of plasticity to phenotypic differences such that any differences observed 

among our selected traits were likely to have a genetic basis (summarized in de 

Villemereuil et al. 2016). The inclusion of sympatric and allopatric study populations 

allowed us to examine whether potential differences were indicative of intraspecific 

changes across the thermal cline or overarching interspecific differences. We 
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hypothesized that, given common rearing, juveniles from all species and populations 

would demonstrate the same rates of metabolism and water loss. 

METHODS 

Animal Collection and Rearing 

 We collected up to 40 eggs or larvae of each species from each study population 

between 10 March and 17 April 2017 (Figure 1). Using dip nets and minnow traps, we 

captured larval A. annulatum from wetlands in Warren and Pulaski Counties, Missouri, 

USA. Similarly, we collected A. opacum larvae from localities in Montgomery and 

Stoddard Counties, Missouri. We captured A. talpoideum as larvae at the edge of the 

species’ range solely in Stoddard County. We manually collected A. maculatum eggs 

from multiple masses in Warren, Pulaski, and Stoddard Counties, and eggs of A. texanum 

from multiple masses in Boone, Rudolph and Stoddard Counties, Missouri. We 

transported all study animals to the Botany Greenhouse at Research Park at the 

University of Missouri, Columbia, Missouri, USA. 

 To rear captured animals to metamorphosis, we established 36 1000 L cattle tanks 

as aquatic mesocosms in a fenced-in field at the University of Missouri. We filled each 

mesocosm with city water on 4 March 2017 and allowed the water to dechlorinate for 

two days. We then covered each mesocosm with a 40% shade cloth lid to provide shade 

and prevent invasion by aquatic predators. We collected dried leaf litter from a secondary 

deciduous forest adjacent to the Botany Greenhouse, which was dominated by oak 

(Quercus sp.) and American sycamore (Platanus occidentalis), and added 1 kg of leaf 

litter to each mesocosm. To provide a food source for developing larvae, we inoculated 

each mesocosm three times over a six-day period with 8.5 oz of 10× concentrated 
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zooplankton water. Zooplankton from each inoculation originated from one of three 

ponds in which ambystomatids breed. 

 We allowed all eggs to hatch in 6.15 L plastic containers filled with pond water. 

Soon after hatching, we randomly assigned larvae to population-specific mesocosms at 

densities of 12–14 salamanders per mesocosm. We then examined the mesocosms every 

other night after dark, and captured newly metamorphosed juveniles using headlamps and 

hand nets. To discourage paedomorphosis among A. talpoideum, we removed mesocosm 

water from tanks inhabited by this species at a rate of 1 cm in depth per week starting 25 

April 2017. Data were collected from individuals that metamorphosed between 20 April 

and 11 August 2017. We maintained each salamander in a 740 mL plastic container with 

moist sphagnum moss. We housed salamanders in a climate controlled room (19 ± 3°C; 

12:12 h light:dark cycle), and fed each juvenile red wiggler worms (Eisenia fetida) ad 

libitum. 

Physiological Measurements 

 Using a flow through Field Metabolic System (FMS; Sable Systems International, 

Inc.), we collected rates of water loss and CO2 production from each juvenile salamander 

between 24 July and 12 August 2017 (see Table 1 for population-specific sample sizes). 

A 120 VAC/60 Hz pump pushed ambient air through a drying column to an eight-line 

external manifold and flow control bar (FB-8; Sable Systems International, Inc.). The 

FB-8 then released the dry air at 60 mL/min to one of eight 5 cm × 16 cm (volume ~ 314 

mL) capped cylindrical glass animal chambers (RC-2; Sable Systems International, Inc.) 

housed within an incubator set to 27°C. Each air stream then flowed from one of the 

chambers, out of the incubator, and into an eight-channel multiplexer (RM-8; Sable 
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Systems International, Inc.). The multiplexer directed the airstream from each chamber in 

sequence to the FMS, which recorded water vapor pressure (WVP; kPa) and percent CO2 

content of the air. The air stream was scrubbed of water vapor before CO2 analysis. The 

multiplexer cycled through the chambers five times, with six-minute intervals of data 

collection per chamber. We recorded the temperature inside of the incubator each second 

using a stationary thermistor probe (SA2; Sable Systems International, Inc.). 

 We selected juvenile salamanders for respirometry trials haphazardly across 

species, mesocosms, and date of metamorphosis until all n = 357 individuals had been 

measured. Due to the moss substrate, we could not assure the absence of food for all 

salamanders prior to trials, but no salamanders were given additional worms within 48 

hours of respirometry measurements. We recorded snout-to-vent length (SVL), total 

length (TL), and the diameter of the midpoint between the forelimbs and hind limbs 

(DM) of each juvenile immediately prior to data collection using digital calipers (± 0.01 

mm). Before the assigned trial, we soaked each juvenile in spring water for at least 20 

minutes to ensure hydration across individuals. We then allowed each individual to walk 

across a paper towel to remove excess water and collected the mass of each salamander 

(± 0.0001 g). To limit movement within the animal chamber, we secured each salamander 

in a 3 cm × 11 cm 1/8” mesh plastic envelope closed with binder clips. We subsequently 

loaded a single juvenile into an animal chamber, with the first chamber remaining empty 

in all trials as a baseline, and up to seven juveniles being measured per trial. Following 

the trial period, we again collected the mass of each individual and allowed the 

salamanders to soak in spring water for at least 20 minutes to facilitate rehydration. Each 

juvenile was subsequently replaced into its individual container. No salamanders perished 
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as a result of these procedures. Data from animals that we observed to have defecated 

during the trial period (n = 4) were excluded from further analyses. 

Physiological Water Loss Calculations 

 We used batch file processing in ExpeData PRO software v. 1.9.10 (Sable 

Systems International, Inc.) to transform output WVP data to RSAWL for each juvenile 

using calculations described in Riddell and Sears (2015). We first corrected for drift of 

the baseline output of the FMS. For each of the five repeated WVP measures per 

individual, we then calculated the difference between the incurrent (i.e., baseline) and 

excurrent WVP (e; kPa; i.e., following exposure to the surface of the study animal) 

measures. We converted WVP to water vapor density (ρv; g ∙ m-3) as follows: 

𝜌𝑣 =
𝑒

(𝑇 ∙ 𝑅𝑣)
∙ 1,000,000 

where T is the temperature in Kelvin as measured by the thermocouple (~300.15 K), Rv is 

the gas constant for water vapor (461.5 J ∙ K−1 ∙ kg−1), and 1,000,000 is a conversion 

factor. We next calculated the total mass of each salamander lost via evaporative water 

loss (EWL; mg ∙ hr-1) by first converting the flow rate of the air stream (FR; ml ∙ min-1) to 

mg ∙ hr-1, and then using: 

𝐸𝑊𝐿 = 𝜌𝑣 ∙ 𝐹𝑅 ∙ 0.001 

where 0.001 is a conversion factor (Lighton 2008).  

 Lastly, we calculated RSAWL (mg ∙ hr−1 ∙ cm−2) from EWL, accounting for gas 

exchange in ambystomatids occurring through both cutaneous and pulmonary respiration. 

As such, we first estimated respiratory surface area (RSA; cm2) for each juvenile using a 

formula for lunged salamanders that was empirically derived by Whitford and Hutchison 

(1967): 
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𝑅𝑆𝐴 = 8.28 ∙ 𝑊0.794 

where W is the mass (g) of the salamander immediately prior to the trial period. The 

RSAWL was then calculated as: 

𝑅𝑆𝐴𝑊𝐿 =
𝐸𝑊𝐿

𝑅𝑆𝐴
 

We calculated mean RSAWL values for the last 60 seconds of cycled chamber readings 3–

5, as gas readings were often still stabilizing during cycles 1 and 2 (i.e., 96-minute flush). 

Metabolic Rate Calculations 

 To examine the contribution of SMR to physiological water loss, we again used 

batch file processing in ExpeData to calculate volumetric CO2 production (VCO2; mL∙

hr−1) as a proxy for individual SMR. We followed the equation described in Lighton 

(2008) to calculate VCO2 from data produced when water vapor is scrubbed from both 

incurrent and excurrent flows, but CO2 is not: 

𝑉𝐶𝑂2 = 𝐹𝑅𝑖 ∙ (𝐹𝑒𝐶𝑂2 − 𝐹𝑖𝐶𝑂2)/(1 − 𝐹𝑒𝐶𝑂2[1 − {1/𝑅𝑄}]) 

where FR is again converted to mg ∙ hr−1, and  𝐹𝑖𝐶𝑂2 and 𝐹𝑒𝐶𝑂2, are the incurrent and 

excurrent fractional concentrations of CO2, respectively. The respiratory quotient, RQ 

(VCO2/VO2), was assumed to have a value of 0.85, which reliably produces estimates 

with less than 5% error (Gessaman and Nagy 1988).  

 We identified the most level 30 seconds of VCO2 within the last minute of cycled 

chamber readings 3–5, and then calculated mean VCO2 for the lowest 10 seconds of each 

of the resultant three data windows. For each salamander, we determined the minimum 

mean VCO2 among these three samples for use in subsequent data analysis (Table 1). 
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Data Analysis 

 All further data processing and statistical analyses were conducted in R software 

v. 3.5.1 (R Development Core Team 2018). The study species examined differ in both 

body size and shape. To account for these differences in RSAWL, we performed a 

principal component analysis (PCA) using the morphological data collected for each 

salamander prior to gas analysis (SVL, TL, DM, log10(mass); Figure 2). We regressed 

RSAWL on the coordinates from principal component 1 (PC1), and calculated residuals of 

this relationship as a body size- and shape-corrected physiological water loss response 

variable (Figure 3).  

 To account for body mass in our measurements of SMR, we first regressed the 

logarithm (base 10) of minimum VCO2 against the logarithm of salamander mass prior to 

respirometry. We determined the allometric equation describing the relationship between 

body mass (W; g) and metabolic rate (M; mL CO2∙ hr−1): 

𝑀 = 𝐴 ∙ 𝑊𝑏 

where A is the mass scaling coefficient (i.e., back-transformed intercept of the 

logarithmic regression) and b is the mass scaling exponent (i.e., slope of the logarithmic 

regression; Feder 1976). In this study, A ≈ 0.12 and b ≈ 0.87 among all study animals. 

To calculate mass-specific SMR (mL CO2 ∙ g−1 ∙ hr−1), we divided minimum VCO2 by 

Wb (Table 1; Feder 1976).  

 Prior to analysis, we standardized all linear covariates by subtracting each value 

by the overall variable mean and dividing by the standard deviation. We then used a 

general linear model (GLM) to investigate interactive and additive effects of species as a 

factor and standardized latitude as a covariate on body mass using the ‘lm()’ function 
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from the ‘stats’ package in R (R Development Core Team 2018). Additionally, we 

performed basic linear regressions of body mass immediately prior to respirometry and 

mass specific SMR on latitude. To understand how much variability in residual RSAWL 

values could be attributed to SMR or latitude independently, we calculated mean residual 

RSAWL values for cycled chamber readings 3–5 of each individual and regressed these 

values against SMR and standardized latitude in separate linear models. We additionally 

created a general linear mixed model (GLMM) via the ‘lmer()’ function in the ‘lme4’ 

package (Bates and Maechler 2010) to test the effect of latitude on RSAWL when species 

was included as a random effect. 

We also used GLMMs to test the effects of species, standardized latitude, and 

their interaction on mass-specific SMR. Since times between metamorphosis and 

respirometry differed among individuals, and because common lab conditions may have 

elicited a plastic response in salamander physiology over time, we included the number 

of days since metamorphosis as a random effect. We repeated this mixed effects 

modeling approach to check for non-latitudinal differences in mass-specific SMR 

between populations, instead using, species, locality, and the interaction of the two 

additive variables as fixed effects. Similarly, we investigated the effects of species, 

standardized SMR, the interaction of these variables, and standardized latitude on the 

calculated mean residual RSAWL values, with the number of days since metamorphosis 

as a random effect. To further examine the interaction of species and SMR on RSAWL, 

we predicted species-specific RSAWL values based on this model at the overall minimum, 

median, and maximum observed SMR values by holding latitude to the intermediate 

value of 1.227 decimal degrees and days since metamorphosis to the mean value of 47. 
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For all linear models examining differences among species, we calculated post hoc 

pairwise comparisons between slopes of existing interactions using estimated marginal 

means (EMM) via the ‘emtrends()’ function in the ‘emmeans’ package (Lenth et al. 

2019). Using this package, we also examined simple post hoc pairwise contrasts between 

species using the ‘pairs()’ function. We additionally ran versions of the body mass and 

SMR models without standardized latitude or population effects and used EMM to 

examine simple post hoc pairwise species contrasts that allowed for the estimation of 

differences between A. talpoideum and all other species (as A. talpoideum was only 

collected at one locality).  

RESULTS 

Both species and latitude were predictive of salamander body mass, and there was 

a significant interaction between these two predictors (Table 2; Figure 4; GLM: R2 = 

0.69; Fspecies, latitude, interaction = 66.01, 404.69, 47.59; dfspecies, latitude, interaction, residual = 4, 1, 3, 

346; pall < 0.001). Body mass prior to respirometry had a moderate negative correlation 

with latitude (Figure 4; Linear regression; R2 = 0.33, p < 0.001), with juvenile 

salamanders from more southern latitudes having an average body mass that was 52.76% 

larger than that of salamanders from more northern populations (Table 2). Species-

specific relationships between latitude and body mass differed between all estimable 

species contrasts but that of A. annulatum and A. maculatum (A. talpoideum contrasts not 

estimable; Figure 4; EMM; p = 0.85). Similarly, with latitude accounted for, mean body 

mass differed among all species for which comparisons were estimable (Table 2; EMM; 

pall comparisons < 0.001). Removing latitude predictors from the model also indicated that 

with populations from all latitudes combined, some species maintained differences in 
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juvenile body mass (GLM; R2 = 0.19; F = 21.97; dfspecies, residuals = 4, 350; p < 0.001). 

Specifically, A. talpoideum had the largest overall mean body mass (1.97 ± 0.28 g SD) 

compared with all other species (EMM; pall comparisons < 0.001). Ambystoma annulatum 

(1.46 ± 0.29 g SD), A. maculatum (1.35 ± 0.43 g SD), and A. texanum (1.49 ± 0.61 g SD) 

did not significantly differ in mean body mass (EMM; pA. annulatum/A. maculatum, A. annulatum/A. 

texanum, A. maculatum/A. texanum = 0.30, 0.99, 0.21). Ambystoma opacum demonstrated the lowest 

mean body mass in comparison with all other species (1.20 ± 0.26 g SD; EMM; pall 

comparisons < 0.001). 

Mass-specific SMR differed among the study species (Table 3; Figure 5; GLMM: 

𝜒2 = 168.89, 0.68, 1.41; df = 4, 1, 3; pspecies, latitude, interaction = < 0.001, 0.409, 0.703), with 

A. annulatum (0.21 ± 0.05 mL CO2∙ g−𝑏 ∙ hr−1 SD) having the highest mean SMR, with 

significant post hoc contrasts with all other species for which contrasts were estimable (A. 

talpoideum contrasts not estimable; EMM; pall comparisons < 0.001). In comparison, A. 

maculatum (0.14 ± 0.06 mL CO2∙ g−1 ∙ hr−1 SD) and A. texanum (0.15 ± 0.06 mL CO2∙

g−1 ∙ hr−1 SD) had intermediate mean SMR values that did not differ between the two 

species (EMM; p = 0.57; pall other comparisons < 0.001). Ambystoma opacum (0.10 ± 0.05 mL 

CO2∙ g−1 ∙ hr−1 SD) demonstrated the lowest mean SMR value (EMM; pall comparisons < 

0.001). There was no interaction effect between species and latitude on mass-specific 

SMR, nor was there an additive effect of latitude (Table 3; Figure 5). This result was 

supported by the negligible positive correlation between latitude and mass-specific SMR 

across all species evident through linear regression (Figure 6; Linear regression; R2 = 

0.03, p < 0.001). The variance in the intercept across days since metamorphosis was 

<0.001 ± 0.007 SD, with a residual variance of 0.003 ± 0.054 SD. Removing latitude 
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effects from the model indicated that all species differed in mass-specific SMR except for 

A. maculatum and A. texanum (EMM; p = 0.72) and A. opacum and A. talpoideum (0.08 

± 0.03 mL CO2∙ g−1 ∙ hr−1 SD; Figure 5; EMM; p = 0.21) when populations were 

combined across localities (GLMM: 𝜒2 = 192.15; df = 4; p < 0.001). 

Populations of each species did not broadly differ in mass-specific SMR 

following a non-latitudinal pattern (Figure 6; GLMM; 𝜒species,locality,interaction
2  = 146.27, 

4.43, 11.23; dfspecies, locality, interaction = 4, 4, 2; pspecies, locality, interaction = < 0.001, 0.351, 0.004). 

Specifically, there was no additive effect of locality on mass-specific SMR. The 

interaction between species and locality was significant but revealed that only 

populations of A. maculatum from Pulaski and Stoddard Counties differed in mean SMR 

among all intraspecific contrasts (Figure 6; EMM; p = 0.002; pall other comparisons ≥ 0.20). 

The variance in the intercept across days since metamorphosis was <0.001 ± <0.001 SD, 

with a residual variance of 0.003 ± 0.054 SD. 

 Mass-specific SMR was moderately correlated with mean residual RSAWL, 

explaining ~34% of the variation in mean residual RSAWL values (Figure 7; Linear 

regression; R2 = 0.34, p < 0.001). As such, SMR was a significant predictor of mean 

residual RSAWL, along with species, latitude, and the SMR by species interaction (Table 

4; Figure 8; GLMM; 𝜒SMR,species,latitude,interaction
2  = 77.45, 43.24, 7.89, 12.02; df species, 

SMR, latitude, interaction = 1, 4, 1, 4; pspecies, SMR, latitude, interaction = <0.001, <0.001, 0.005, 0.017). 

Based on post hoc comparisons, A. annulatum (0.49 ± 0.47 SD) and A. texanum (0.38 ± 

0.45 SD) had the highest mean residual RSAWL values but did not differ from one 

another (Figure 9; EMM; p = 0.99). Ambystoma maculatum (-0.17 ± 0.50 SD) and A. 

opacum (-0.19 ± 0.62 SD) had higher mean residual RSAWL values than A. talpoideum (-
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0.75 ± 0.41 SD), but also did not differ from one another (EMM; p = 0.10). Similarly, 

post hoc contrasts of A. opacum and A. texanum showed no difference in the mean 

residual RSAWL values between these two species (EMM; p = 0.12). All other contrasts 

indicated a significant difference between species mean residual RSAWL values (EMM; p 

< 0.024). Latitude had a weak positive correlation with mean residual RSAWL values 

when modeled across all species (Figure 10; Linear regression; R2=0.13, p < 0.001), and 

a corresponding positive effect estimate in the mixed effects model (Table 4). Latitude 

remained a significant predictor of mean residual RSAWL when species was added as a 

random effect (GLMM; 𝜒2 = 6.69; df = 1; p = 0.010). The relationship between mass-

specific SMR and mean residual RSAWL demonstrated a greater slope estimate for A. 

opacum than for A. talpoideum (EMM; p = 0.032), with all other species-specific 

relationships being comparable (Figures 7 and 8; EMM; pall other contrasts ≥ 0.16). The 

variance in the intercept across days since metamorphosis was 0.04 (± 0.19 SD), with an 

overall residual variance of 0.15 (± 0.38 SD). 

DISCUSSION 

The combined contribution of acclimatization and genetics to physiological traits 

have long been recognized as a source of inter- and intraspecific variation in 

physiological phenotypes (Somero 2010; Huey et al. 2012; Botero et al. 2015). 

Nonetheless, our understanding of this interaction for distinct life stages of complex 

lifecycle species is relatively limited, particularly for life stages that are difficult to 

observe, such as juvenile biphasic pond-breeding amphibians. We experimentally reared 

larvae of five species of ambystomatid salamanders under semi-natural conditions and 

measured the RSAWL and SMR of juveniles during the transition from aquatic to 
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terrestrial habitat. Our findings revealed interspecific differences in RSAWL and SMR, 

and differences in RSAWL between populations. Differences in RSAWL were correlated 

with the latitudinal extent of the species sampled in this study (i.e., localities). Given the 

common rearing conditions, it is unlikely that the observed differences in physiology 

were due to plasticity, and instead strongly suggested a genetic basis for these 

differences. Genetically-based physiological difference can be adaptive for the micro-

habitat most commonly used by each species or population (e.g., Meyer and Di Giulio 

2003; Knight et al. 2006; Sanford and Kelly 2011). Future studies should test the fitness 

contributions of the observed physiological differences by examining whether RSAWL 

and SMR substantially affect juvenile ambystomatid survival and lifetime reproductive 

success. 

A general pattern of decreasing body mass with increasing absolute latitude has 

been described among many ectothermic species (Belk and Houston 2002; Cvetković 

2009; Entling et al. 2010). Correspondingly, we found that juvenile body mass of the 

ambystomatids examined in this study followed a negative linear relationship with 

latitude across our study populations and species (Figure 4; Table 2). A comparison of 

published values indicated that this negative relationship between body size and latitude 

is likely maintained across populations of adult A. maculatum (Semlitsch and Anderson 

2016). All else being equal, larger bodies consume and produce greater amounts of water 

and metabolic products than do smaller bodies (Table 1; Kleiber 1932; Spight 1968). As 

expected, body size had a strong relationship with RSAWL (Figure 3) and VCO2 (Table 

1). Further, body size varied by species, likely due to morphological and phenological 

taxonomic differences (Figures 3 and 4; Table 1; Petranka 1998). However, we note that 
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there was a high degree of interspecific overlap in the first principle component 

coordinates representing body size and shape metrics, suggesting that RSAWL did not 

vary by body plan alone (Figure 3). Furthermore, we calculated mean residual RSAWL 

and SMR after conducting body size corrections that are commonly used in physiological 

studies (Feder 1976; Riddell and Sears 2015; Markle and Kozak 2018). Therefore, our 

findings should reflect differences in relation to species- and population-level variation in 

physiology, not morphology. 

Metabolic rate is a complex trait which influences cellular and whole-organism 

rates of activity (Pettersen et al. 2018). The multiple traits contributing to SMR and 

numerous selection pressures that vary through space and time create tradeoffs between 

energy conservation and rapid energetic turnover, ultimately yielding inconsistent 

patterns of intraspecific selection on SMR between taxa (Burton et al. 2011). In this 

study, we found only a very weak positive correlation between latitude and SMR across 

all juveniles studied (Figure 6). Moreover, latitude was an insignificant predictor of SMR 

in our mixed effects model (Table 3). As we did not measure locality-specific 

temperature profiles associated with this study, it is possible that thermal conditions 

across localities did not correlate with broader latitudinal patterns. However, we found 

limited evidence for differing SMR values between populations of the same species 

regardless of latitude, with only two populations (Pulaski and Stoddard Counties) of a 

single species (A. maculatum) differing in mean SMR. Given common rearing, these 

results may be the product of stabilizing selection (Pettersen et al. 2018), low heritability 

of SMR (Piiroinen et al. 2011), or the mitigation of energetic imbalance in wild 

populations via behavioral or plastic responses (McKechnie et al. 2006; Gunderson and 
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Leal 2012). Additional field-based and genetic examinations of SMR are necessary to 

elucidate the underlying mechanisms resulting in a lack of variation in intraspecific SMR 

values, and to better understand how juveniles of complex lifecycle amphibians cope 

with variable thermal environments. 

Organisms with higher metabolic rates lose more water through increased 

respiration than conspecifics with lower metabolic rates (e.g., Addo-Bediako et al. 2001). 

In agreement with this expectation, we found SMR to describe 34% of the variation in 

RSAWL (Figure 7; Table 4). The majority of variation in RSAWL which remained after 

accounting for SMR indicated that other differences existed between species and 

populations that resulted in distinct juvenile physiological rates of water loss. Among 

amphibians, mechanisms that play a role in reducing rates of water loss include decreased 

cutaneous mucus secretion (Lillywhite and Licht 1975), changes in subcutaneous lipid 

deposition and orientation (Schmid and Barden 1965; Withers et al. 1984), decreased 

blood flow through subcutaneous capillaries (Brown 1972) or capillary regression 

(Riddell et al. 2019), shifts in aquaporin expression (Suzuki and Tanaka 2009), and 

changes to the cellular architecture of the skin (Withers et al. 1982). As much of the 

mechanistic research on amphibian water loss has been done in anurans and lungless 

salamanders (reviewed in Toledo and Jared 1993; Riddell et al. 2019; Wu et al. 2019), it 

is unclear which mechanisms contributed to the differing rates of water loss observed 

among ambystomatids in this study. Nevertheless, the fact that we observed differences 

in RSAWL, and that those differences were not explained by days since metamorphosis in 

our GLMMs (Figures 7 and 8; Table 4), suggest that patterns in physiological rates of 

water loss among juveniles ambystomatids are congruent with the prediction of 
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anticipatory response, allowing recently metamorphosed juveniles to experience reduced 

desiccation risk when moving from the fully aquatic to terrestrial environment (Whitman 

and Agrawal 2009; Esperk et al. 2013). 

Across taxa, populations living under increased risk of desiccation have been 

found to demonstrate phenotypes that improve water conservation relative to intraspecific 

populations that experience reduced water stress (e.g., Hopkins et al. 2008; Bozinovic et 

al. 2011; Ribeiro et al. 2019). Like the ambystomatids examined in this study, differences 

in physiological rates of water loss have been observed among lungless terrestrial 

salamanders in the family Plethodontidae, wherein populations from warmer, drier low 

elevations tended to demonstrate lower rates of water loss than salamanders from higher 

elevations (Winters and Gifford 2013). Some plethodontid species have similarly 

demonstrated variation in the ability to rapidly increase physiological resistance to water 

loss following exposure to warmer temperatures, with low elevation populations having a 

greater response than high elevation populations (Riddell and Sears 2015). Additionally, 

European fire salamanders (Salamandra salamandra) from xeric habitats have been 

found to retain water more effectively than conspecifics that originated from mesic 

regions (Degani 1981). In combination with the results of this study, these findings 

support the existence of physiological water regulation mechanisms in salamanders and 

provide evidence for these mechanisms to be locally adaptive within populations that 

experience greater risk of desiccation. Investigations into the magnitude to which 

physiological mitigation of water loss reduces desiccation risk among ambystomatid 

juveniles and other life stages are needed to enhance our understanding of how these 
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species may respond to higher average temperatures and less predictable precipitation in 

the future (IPCC 2014). 

Though the study species did not demonstrate consistent intraspecific trends 

among measured juvenile SMR and RSAWL, interspecific differences in juvenile SMR 

and RSAWL were well-supported by our mixed effects models (Tables 2 and 3; Figures 5, 

8, and 9). These differences may be correlated with species-specific geographic 

distributions or life histories (Addo-Bediako et al. 2001; Chen et al. 2001; Addo-Bediako 

et al. 2002). For example, A. annulatum have the smallest range of the study species, 

being found only in the Ozark and Ouachita Mountains (Petranka 1998). This limited 

distribution may be attributed to a narrower range of physiological tolerances compared 

with the other study species (Calosi et al. 2010), each of which have distributions that 

extend into warmer climates at lower elevations and latitudes (Petranka 1998). In 

contrast, A. opacum is the only study species which lays eggs terrestrially and 

demonstrates parental guarding of eggs (Nussbaum 1987). Given this costly reproductive 

strategy, it may be particularly advantageous to effectively conserve energy and water 

under higher temperatures in comparison with other ambystomatids (Calow 1979). 

Interspecific patterns in physiology may also relate to evolutionary history (White et al. 

2009), though such correlations are not immediately evident based on our limited 

understanding of ambystomatid phylogeny (Shaffer et al. 1991). Interestingly, 

interspecific juvenile physiology does not appear to correspond with species-specific 

breeding phenology or timing of metamorphosis. As such, the observed patterns may be 

attributed to physiological differences between species that may be maintained across life 

stages, similar to aforementioned latitudinal trends in body size. However, there are few 
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comparative multispecies studies examining SMR or water loss among ambystomatids 

(but see Licht and Bogart 1990). Further, we know of no studies comparing these 

physiological traits across life stages. It is alternatively possible that aspects of species-

specific juvenile ecology that have not yet been considered may explain diverging 

physiological phenotypes. Further inquiries into stage-specific amphibian biology are 

needed to elucidate the mechanisms driving interspecific differences in juvenile 

physiology and the relationships between juvenile physiology and the thermoregulatory 

responses of other life stages. 

In this study, we have empirically characterized two physiological traits in an 

understudied life stage across five congeneric complex lifecycle species. Moreover, we 

have identified intraspecific differences in juvenile physiological rates of water loss 

following a thermal latitudinal gradient. Given the important role of juveniles in 

amphibian population dynamics (Biek et al. 2002; Vonesh and De la Cruz 2002; Taylor 

et al. 2006; Harper et al. 2008), these findings can be useful for informing mechanistic 

species niche models, improving the accuracy of predictions for the current and future 

distributions of our study species (Kearney and Porter 2009). Such applications of these 

and similar stage-specific physiological data may importantly aid in identifying strategies 

for mitigating biodiversity loss under forecasted shifts in global and local climatic 

conditions (Kingsolver et al. 2011). Lastly, our findings provide strong support for our 

alternative hypothesis, suggesting that the observed phenotypic differences had a genetic 

basis, which may prove to be adaptive. Future studies should examine whether RSAWL 

and SMR substantially affect juvenile ambystomatid survival and lifetime reproductive 

success, such that the observed phenotypes are adaptive to local conditions. 
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TABLES AND FIGURES 

Table 1. Population-specific sample sizes (n), as well as means and standard deviations 

of juvenile ambystomatid body mass (g), minimum volumetric CO2 (VCO2;  mL∙ hr−1) , 

and standard metabolic rate (SMR; mL CO2∙ g−1 ∙ hr−1). 

Species Latitude n Body Mass Minimum VCO2 SMR 

A. annulatum 37.742 38 1.681 ±0.224 0.328 ±0.086 0.212 ±0.056  
38.786 40 1.255 ±0.168 0.248 ±0.072 0.203 ±0.053 

A. maculatum 36.962 30 1.784 ±0.309 0.269 ±0.100 0.164 ±0.054  
37.742 36 1.390 ±0.248 0.148 ±0.065 0.113 ±0.051  
38.786 34 0.923 ±0.230 0.132 ±0.067 0.142 ±0.068 

A. opacum 36.962 38 1.238 ±0.310 0.118 ±0.062 0.102 ±0.051  
37.742 39 1.296 ±0.184 0.130 ±0.071 0.106 ±0.059  
38.872 30 1.022 ±0.167 0.107 ±0.045 0.104 ±0.041 

A. talpoideum 36.962 23 1.969 ±0.281 0.138 ±0.058 0.077 ±0.031 

A. texanum 36.962 9 2.627 ±0.208 0.350 ±0.158 0.153 ±0.070  
38.922 36 1.206 ±0.214 0.174 ±0.061 0.150 ±0.053 

 

 

Table 2. Fixed effect estimates from the general linear model of juvenile ambystomatid 

salamander body mass given species, latitude, and their interaction. 

 
Estimate SE t-value p-value 

Intercept 1.59 0.03 49.99 0.000 

A. maculatum -0.29 0.04 -7.23 0.000 

A. opacum -0.41 0.04 -10.43 0.000 

A. talpoideum -0.03 0.09 -0.33 0.741 

A. texanum 0.31 0.05 5.73 0.000 

Latitude -0.32 0.04 -7.89 0.000 

Latitude : A. maculatum 0.05 0.05 -0.99 0.323 

Latitude : A. opacum 0.23 0.05 4.87 0.000 

Latitude : A. texanum -0.25 0.05 -4.61 0.000 
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Table 3. Fixed effect estimates from the general linear mixed effects model of juvenile 

ambystomatid salamander mass-specific standard metabolic rate (SMR) given species, 

latitude, and their interaction. 

 
Estimate SE DF t-value p-value 

Intercept 0.21 0.01 84.30 27.63 0.000 

A. maculatum -0.07 0.01 85.90 -7.62 0.000 

A. opacum -0.11 0.01 169.90 -11.32 0.000 

A. talpoideum -0.14 0.02 285.20 -6.81 0.000 

A. texanum -0.06 0.01 141.80 -4.56 0.000 

Latitude -0.01 0.01 329.60 0.67 0.503 

Latitude : A. maculatum 0.00 0.01 302.20 -0.09 0.932 

Latitude : A. opacum 0.01 0.01 273.60 0.73 0.466 

Latitude : A. texanum 0.01 0.01 336.90 0.41 0.684 

 

 

Table 4. Fixed effect estimates from the general linear mixed effects model of juvenile 

ambystomatid salamander mean residual respiratory surface area water loss (RSAWL) 

given mass-specific standard metabolic rate (SMR), species, latitude, and the interaction 

between SMR and species. 

 
Estimate SE DF t-value p-value 

Intercept 0.35 0.09 219.71 4.07 0.000 

SMR 0.17 0.06 309.37 3.01 0.003 

A. maculatum -0.49 0.10 181.10 -4.78 0.000 

A. opacum -0.29 0.10 337.39 -3.03 0.003 

A. talpoideum -1.16 0.22 314.17 -5.17 0.000 

A. texanum -0.05 0.11 210.17 -0.43 0.670 

Latitude 0.08 0.03 269.40 2.81 0.005 

SMR : A. maculatum 0.04 0.07 320.14 0.59 0.557 

SMR : A. opacum 0.18 0.08 315.25 2.27 0.024 

SMR : A. talpoideum -0.40 0.20 341.64 -2.01 0.045 

SMR : A. texanum 0.06 0.09 299.22 0.60 0.549 
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Figure 1. A map of the approximate localities from which we collected eggs or larvae of 

each study population in Missouri, USA. Points represent A. annulatum (purple circles), 

A. maculatum (blue triangles), A. opacum (red crosses), A. talpoideum (orange x’s), or A. 

texanum (green diamonds). Thin gray lines indicate county boundaries. 
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Figure 2. Principle components analysis (PCA) of body size and shape metrics of each 

juvenile ambystomatid salamander. The vectors associated with log10(body mass) (i.e. 

log10(mass)), diameter at midpoint (DM), snout-to-vent length (SVL), and total length 

(TL) along principle component (PC) 1 and PC2 are indicated in red. 
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Figure 3. The linear relationship between juvenile respiratory surface area water loss 

(RSAWL) and coordinates along principal component 1 (PC1) across ambystomatid study 

species, representing individual salamander body size and shape (Linear regression; R2 = 

0.77; y = –0.606x + 6.695).  
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Figure 4. The relationship between mean juvenile body mass immediately prior to 

respirometry and latitude for each ambystomatid study population. The overall trend 

across individuals is represented by the solid black line (Linear regression; R2 = 0.33; y = 

–0.310x + 13.158), whereas species-specific relationships are distinguished by differing 

line types, symbols, and colors. Error bars represent standard deviations. 
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Figure 5. Mean juvenile mass-specific standard metabolic rate (SMR) for each 

ambystomatid study species. Differing letters above the plot indicate significant contrasts 

between species based on estimated marginal means post hoc comparisons. Error bars 

represent standard deviations. 
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Figure 6. The relationship between the latitude covariate and juvenile mass-specific 

standard metabolic rate (SMR) across all ambystomatid study species (symbols represent 

population mean values; error bars represent standard deviations; Linear regression; R2= 

0.03; y = 0.017x – 0.490). 
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Figure 7. Individual juvenile mean residual respiratory surface area water loss (RSAWL) 

by mass-corrected standard metabolic rate (SMR) for each ambystomatid study species as 

indicated by line type, symbol and color, and across all individuals (solid black line; 

Linear regression; R2 = 0.34; y = 5.038x – 0.708).  
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Figure 8. Predicted mean residual respiratory surface area water loss (RSAWL) for 

juveniles of each ambystomatid study species under the overall observed minimum, 

median, and maximum SMR values, with latitude (1.227 decimal degrees) and days since 

metamorphosis (47 days) held constant within the general linear mixed model (mean 

residual RSAWL ~ species * SMR + latitude + [1|days]). Points represent A. annulatum 

(purple circles), A. maculatum (blue triangles), A. opacum (red crosses), A. talpoideum 

(orange x’s), or A. texanum (green diamonds). 
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Figure 9. Juvenile mean residual respiratory surface area water loss (RSAWL) for each 

ambystomatid study species. Differing letters above plot indicate significant contrasts 

between species based on estimated marginal means post hoc comparisons. Error bars 

represent standard deviations. 
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Figure 10. The relationship between the latitude covariate and juvenile mean residual 

respiratory surface area water loss (RSAWL) across all ambystomatid study species 

(symbols represent population mean values; error bars represent standard deviations; 

Linear regression; R2= 0.13; y = 0.276x – 10.461). 
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CHAPTER 4 

EVALUATING THE CONTRIBUTIONS OF MORPHOLOGY AND PHYSIOLOGY TO SURVIVAL: 

A REPLICATED EXPERIMENT AMONG JUVENILE SALAMANDERS (GENUS AMBYSTOMA) 

UNDER SEMI-NATURAL CONDITIONS 

Arianne F. Messerman, Micah Turrell, and Manuel Leal 

ABSTRACT 

  Individual survival is influenced by interactions between local environmental 

conditions and an organism’s behavioral, morphological, and physiological traits. The 

influence of these traits may become particularly acute under changing environmental 

conditions. However, studies examining the effects of individual phenotypes on survival 

under variable conditions are relatively rare among early transitional life stages, which 

are often difficult to observe. For example, juvenile biphasic amphibians are the first life 

stage to experience the terrestrial environment and are known to play a key role in 

amphibian population dynamics, but are less frequently studied because they are difficult 

to track in nature. We experimentally examined the effects of initial body mass, standard 

metabolic rate (SMR), and respiratory surface area water loss (RSAWL) on survival in 

juvenile spotted and marbled salamanders (Ambystoma maculatum and A. opacum, 

respectively) in a seven-month mark-recapture study under semi-natural conditions. We 

found juveniles with larger initial body mass, lower initial SMR, and/or a lower tendency 

to change locations to have a higher likelihood of known survival during the mark-

recapture study. In contrast, we found no effect of RSAWL on juvenile survival. A 

laboratory acclimation experiment using surviving salamanders revealed that the study 

species demonstrated plasticity in critical thermal maxima and SMR, but not RSAWL, 
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under warm temperatures. We simulated how measured plastic responses of SMR 

following high temperatures, like those experienced through the summer, during heat 

waves, or under climate or land use change, could later influence ambystomatid juvenile 

survival under conditions analogous to those experienced in the mark-recapture study. 

Though we found no differences between species in relationships between individual 

phenotypes and survival during the mark-recapture study, simulation results indicated 

that, following warming, metabolic compensation may allow juvenile A. maculatum to 

maintain likelihoods of survival, whereas metabolic depression could cause juvenile A. 

opacum to experience high mortality. Taken together, our results provide novel insights 

into the complex ways in which morphological and physiological traits influence survival 

during the early transitional life stage of two ambystomatid species under varying abiotic 

conditions. 

INTRODUCTION 

Theoretical models and empirical evidence have underscored the fact that there 

can be dramatic intraspecific differences between life stage-specific vital rates (e.g., 

survival, growth, and reproduction) and their contributions to population viability 

(Crouse et al. 1987; Gaillard et al. 1998; Arendt 2016; Dahlgren et al. 2016). In addition, 

environmental changes may not affect all life stages in a similar manner (Kingsolver et 

al. 2011). For example, larvae of butterflies in the genus Colias have lower thermal 

optima than adults (Watt 1968; Sherman and Watt 1973). Increases in local temperatures 

could thus cause thermal stress among larvae, while not affecting or even optimizing 

survival and reproduction among adults. Biological mechanisms by which life stages 

mitigate environmental stressors can also differ (Kingsolver et al. 2011). Continuing the 
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example, Colias larvae rely on physiological tolerances to mitigate temperature (Sherman 

& Watt 1973), whereas adults actively thermoregulate via behavioral and morphological 

traits (Watt 1968; Kingsolver 1983). Discerning the mechanisms by which each life stage 

responds to environmental conditions may be predictive of the resiliency of each stage to 

environmental change (Kearney and Porter 2009; Kingsolver et al. 2011; Magozzi and 

Calosi 2015).  

Stage-specific differences in vital rates, habitat requirements, and responses to 

environmental conditions are widespread. In particular, complex lifecycle species, 

characterized as having distinct life stages that rely on dissimilar habitats or resources 

(Wilbur 1980), are thought to compose ~80% of Earth’s biodiversity (e.g., most plants, 

parasites, insects, marine invertebrates, fish, and amphibians; Werner 1988). Despite 

growing evidence that stage-specific behavioral, morphological, and physiological 

responses to environmental conditions can importantly influence vital rates, and thus 

population dynamics, studies investigating relationships between these factors often focus 

on a limited number of easily observable intraspecific life stages (e.g., Rittenhouse et al. 

2009; Cox et al. 2010; Romero and Wikelski 2010). Research examining these 

relationships for lesser-studied life stages can thus importantly contribute to our 

understanding of population dynamics and species responses to land use and climate 

change among a broad diversity of species. 

Biphasic pond-breeding mole salamanders (genus Ambystoma) have a complex 

lifecycle that is tightly correlated with environmental conditions. Terrestrial adult 

ambystomatids participate in mass migrations from upland forested habitats to breed in 

natal wetlands in either the fall or spring, depending on species (Petranka 1998). 
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Reproductive females lay eggs in or adjacent to ponds, which hatch aquatic larvae that 

grow and develop over several months (Wilbur 1972; Shoop 1974; Semlitsch et al. 1988). 

These larvae then undergo metamorphosis and emerge as terrestrial juveniles in the 

spring and summer, migrating into upland habitat in search of fossorial refuges 

(Semlitsch 1985; Osbourn et al. 2014). Juveniles reach sexual maturity in 1–4 years 

(Trenham et al. 2000; Semlitsch et al. 2014; Semlitsch and Anderson 2016), and evidence 

indicates that this is the primary dispersing life stage (Gamble et al. 2007). Adult and 

juvenile migrations and surface activity levels are strongly correlated with warm, humid 

conditions (e.g., Semlitsch 1985; Timm et al. 2007; see Chapter 1). Given their fossorial 

life history, small body size, and long maturation period, we know relatively little about 

the biology of terrestrial juvenile ambystomatids compared with breeding adults and the 

aquatic life stages. This knowledge gap is problematic, as simulation models of 

population dynamics often predict juvenile survival rates to have a strong effect on the 

persistence and growth of amphibian populations (Biek et al. 2002; Vonesh and De la 

Cruz 2002; Taylor et al. 2006; Harper et al. 2008). 

Here, we examined the effects of initial body mass, standard metabolic rate 

(SMR), and respiratory surface area water loss (RSAWL) on survival in juvenile spotted 

and marbled salamanders (A. maculatum and A. opacum, respectively) by conducting a 

mark-recapture study in semi-natural outdoor enclosures over approximately seven 

months. To examine potential shifts in the relationships between each trait and juvenile 

survival under temporally variable outdoor conditions, we determined which salamanders 

had survived three time periods: (1) release into the novel environment and the first six 

weeks in warm late-summer conditions, (2) twelve weeks in the enclosures, prior to the 
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onset of winter conditions, and (3) the entire study period, including overwintering and 

spring warming. Body mass is predictive of survival among juveniles of many species 

(e.g., Garnett 1981; Smith 1987; Sogard 1997; Civantos et al. 1999; Craig and Ragen 

1999; Chelgren et al. 2006) and has been found to positively correlate with survival 

among juvenile ambystomatids (see Chapter 1). We thus hypothesized that juveniles with 

larger initial body masses in this study would have a higher likelihood of survival than 

smaller juveniles. As rates of energy consumption attributed to higher SMR, ambient 

temperatures, or activity levels can influence the likelihood of survival (Álvarez and 

Nicieza 2005; Le Galliard et al. 2013; Brischoux et al. 2016), we examined how both 

initial individual SMR and the number of observed individual movements correlated with 

survival across changing seasonal conditions. In addition, maintaining water balance has 

been shown to be challenging for amphibians (Rothermel and Luhring 2005; Rittenhouse 

et al. 2009), and is expected to be particularly difficult for small juveniles, as they have a 

high surface area to volume ratio compared with adults (Peterman et al. 2013). 

Correspondingly, we hypothesized that juvenile ambystomatids with lower physiological 

rates of water loss, or RSAWL (i.e. the body size corrected amount of water lost from the 

cutaneous, buccal, and lung surfaces in Ambystoma), would exhibit a higher survival 

probability, particularly during pre-settlement periods and under warm temperatures 

when the risk of desiccation is predicted to be high (Rothermel and Luhring 2005).  

Acclimatization, or the reversible plastic response of an organism to natural 

conditions, is a common mechanism by which organisms can achieve homeostasis in 

temporally and spatially variable environments (Roberts et al. 1997; Somero 2010, 

Gunderson et al. 2011; Noakes et al. 2017). Evidence for acclimatization has 
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accumulated rapidly across diverse taxa, including amphibians (e.g., Berner and Bessay 

2006; Gray et al. 2016; Markle and Kozak 2018; Riddell et al. 2018). Following the 

mark-recapture study, we opportunistically investigated the ability of surviving A. 

maculatum and A. opacum to physiologically adjust to three temperature treatments in the 

laboratory (i.e., acclimate). We measured the critical thermal maxima (CTmax), SMR, and 

RSAWL of each species following each temperature treatment to make inferences 

regarding the potential for these salamanders to acclimatize to challenging semi-natural 

and natural thermal conditions. We then asked how plastic responses following exposure 

to high temperatures, like those that might be experienced throughout the summer, at 

warmer localities within species ranges, during a heat wave, or following climate and 

land use changes, could affect the likelihood of juvenile ambystomatid survival. To 

address this question, we simulated the predicted shift in each juvenile’s SMR had they 

been challenged by warmer temperatures. We then predicted the likelihood of survival 

under conditions equivalent to those experienced in the pens given simulated SMR 

values. This simulation provided additional insights into the suite of species-specific 

juvenile ambystomatid traits that influence responses to variable environmental 

conditions and, ultimately, juvenile survival. 

METHODS 

Animal Collection and Captive Rearing 

Details of salamander collection and rearing methods are presented in Chapter 2. 

Briefly, we collected up to 40 eggs or larvae of each species per wetland. Ambystoma 

maculatum eggs originated from Warren, Pulaski and Stoddard Counties, Missouri, USA. 

We collected A. opacum larvae from Montgomery, Pulaski and Stoddard Counties, 



132 

 

Missouri, USA. We obtained eggs and larvae of both species from the same wetlands in 

Pulaski and Stoddard Counties. We then transported eggs and larvae from the field to the 

University of Missouri, Columbia, Missouri, USA, and reared larvae to metamorphosis in 

population-specific aquatic mesocosms. We recaptured metamorphosed juveniles from 

20 April-11 August 2017. We housed juveniles individually in 740 mL plastic containers 

with moist sphagnum moss within a climate control room (19 ± 3°C; 12:12 hr light:dark 

cycle), and fed each juvenile red wiggler worms (Eisenia fetida) ad libitum.  

Physiological Data Collection Prior to Release 

As described in Chapter 2, we collected SMR (mL CO2∙ g−𝑏 ∙ hr−1) and RSAWL 

(mg ∙ hr−1 ∙ cm−2) data from each juvenile salamander between 24 July and 12 August 

2017 using a flow through gas analyzer (Field Metabolic System; Sable Systems 

International, Inc.). Standard metabolic rate (mL∙ g−1 ∙ hr−1) was measured as mass-

corrected minimum volumetric CO2 (VCO2; mL∙ hr−1) production (please see Chapter 2 

for calculations). Similarly, RSAWL was corrected for body size and shape by 

conducting a principal component analysis (PCA) on log10(body mass [g]), snout-to-vent 

length (SVL; mm), total length (TL; mm) and diameter at midpoint (mm) measurements, 

which were taken immediately prior to respirometry data collection (detailed in Chapter 

2). As in Chapter 2, we used the mean residual values of the regression of RSAWL on 

first Principal Component (PC1) coordinates for all analyses. 

Mark-Recapture Enclosures and Protocols 

Following respirometry, we anesthetized n = 168 juveniles using 0.1% Tricaine 

methanesulfonate (MS-222) solution buffered with baking soda, and surgically implanted 

8 mm Passive Integrated Transponder (PIT) tags (Biomark® MiniHPT8) into the 
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abdomen of each salamander. There is evidence that these procedures do not reduce 

survival of congeneric juveniles (Ousterhout and Semlitsch 2014). Following a two-week 

recovery period, we assessed tag retention and juvenile body mass, and re-tagged any 

individuals that had dropped tags (15.4% of tagged salamanders). We allowed for an 

additional two-week recovery period and assured tag retention before releasing juveniles 

for mark-recapture. 

We measured juvenile survival by conducting a mark-recapture study of the 

tagged individuals using an array of 40 2 m x 2 m outdoor enclosures (hereafter ‘pens’) 

arranged in five blocks of eight pens (Figure 1; please see Chapter 1 for descriptions of 

the pen set-up). In Chapter 1, we found ambystomatid juveniles to survive at rates similar 

to those expected in stable natural populations within these pens. 

To mimic ambystomatid upland forest habitat, we covered each pen with 70% 

shade cloth (details in Chapter 1). Further, we collected dry leaf litter from a deciduous 

forest dominated by oak (Quercus sp.) and maple (Acer sp.) at the Baskett Wildlife 

Research and Education Center, Ashland, Missouri, USA, where A. maculatum occur 

(Hocking et al. 2008). We added 2 kg of leaf litter to each pen prior to salamander release 

to provide the salamanders with cover and a food source for invertebrate prey. Each pen 

was equipped with six artificial burrows (details in Chapter 1; Osbourn et al. 2014) to 

provide shelter for salamanders and allow for the increased visual detection of surviving 

subterranean salamanders. To mimic seasonal shifts in habitat conditions, we added an 

additional 1 kg of dried leaf litter to each pen on 5 November 2017 to imitate autumn leaf 

fall. We additionally rolled the shade cloth to the center of each pen on 3 December 2017 

to allow for the formation of an insulating snowpack, and repositioned the shade cloth on 
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2 March 2018. Each pen had pitfall traps in all four corners (details in Chapter 1), and 

these traps remained closed when not in use. The pens also featured a rain gauge at the 

center of the array (Figure 1). 

We distributed juvenile salamanders (n = 168) among 28 pens. Each pen 

contained six conspecific individuals from a single population. There were 4–5 pens per 

population, depending on the number of tagged individuals available (Figure 1). Except 

in cases where only four pens could be filled for a population, each block contained one 

pen assigned to each population. We randomly assigned the location of each pen within a 

block and each juvenile to a population-specific pen. We released the salamanders in the 

center of their assigned pen between rain events on 23 August 2017 at 00:30 (overcast 

skies and an air temperature of 25.6°C; Figure 2). 

We followed the mark-recapture protocols detailed in Chapter 1. Briefly, we 

attempted to recapture salamanders every ~14 days between 6 September 2017 and 29 

April 2018, with the exception of 19 November 2017–1 March 2018 when cold 

conditions likely made recapture probabilities exceedingly low (Figure 2; see Chapter 1). 

Single recapture occasions consisted of three-day periods, on each of which we first 

recorded air temperature and precipitation accumulated from the most recent recapture 

day (Figure 2). On the first day, we scanned the surface of each pen with a PIT portable 

BP antennae and reader (Biomark® FS2001-F ISO), manually searched for surface active 

salamanders, visually inspected burrow entrances, and opened all pitfall traps. On the 

second and third days, we repeated PIT tracking procedures and checked all pitfall traps. 

We recorded all tag detection locations and salamanders confirmed to be alive. All 

salamanders caught on a given day were taken into the on-site animal care room to avoid 
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repeated recapture, where we collected body mass, SVL, and TL data. These salamanders 

were individually housed under the same conditions as before release, but were not fed. 

We closed pitfall traps following examination on the third day and released all recaptured 

animals into their assigned pen at night. 

Following the final recapture occasion, we did not re-release any salamanders. In 

the following weeks, we conducted thorough searches of the pens for additional surviving 

salamanders during nighttime rain events, and by digging for detected PIT tags. 

Additional survivors were captured up to a year following the conclusion of the study 

during subsequent research projects. 

Mark-Recapture Data Management and Analysis 

In Chapter 1, we found that 64% of PIT tags detected in new locations between 

recapture occasions were subsequently observed to be living salamanders. We therefore 

assumed that when a PIT tag location changed, the associated salamander had been alive 

during the previous recapture occasion. We note that salamanders that had apparently 

dropped PIT tags were recaptured in 11 instances (6.6% of released salamanders), though 

some of these observations may have been repeated captures of the same individual. We 

excluded these recaptures from known survival data analysis, as these salamanders could 

not be individually identified. Further, we observed salamanders that had trespassed from 

their assigned pen with an average of 1.64 (± 2.16 SD) novel trespasses per recapture 

occasion. We never detected salamanders outside of their assigned block. 

Recapture histories of identifiable salamanders over the duration of the study 

period and individuals found to be alive up to a year after the study allowed us to 

determine which salamanders were known to be alive at the three primary time points of 
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interest. Specifically, we identified salamanders known to have been alive as of 8 

October 2017 (through initial release and the first six weeks), 18 November 2017 

(through the first 12 weeks, but before winter), and 29 April 2018 (through the entire 

study period). Robust bi-weekly sampling and the monitoring of pens for over a year 

after the end of the study gave us confidence that the majority of salamanders not 

confirmed to have been alive were deceased, rather than alive but not detected.  

To examine relationships between known survivorship and trait values measured 

prior to release, we used the Bayesian statistical analysis package ‘jagsUI’ (Kellner 2017) 

in R software version 3.5.1 (R Core Team 2018) to construct a binomial generalized 

linear mixed model (GLMM) for each of the three time points. The known survival 

response (C) for each individual (i) was Bernoulli distributed around a known survival 

probability (pi), to which we applied a logit link function to account for predictor effects. 

In each calculation of p we included a grand mean (µ), species effect (β1), natal locality 

effect (β2), standardized initial body mass covariate (β3), standardized initial mean SMR 

covariate (β4), standardized initial mean residual RSAWL covariate (β5), random block 

effect (α), random pen effect (𝛾), and random effect of individual residual variation (ɛ). 

We then examined the quadratic effect of each covariate, such that the structure of each 

model was: 

𝐶𝑖 = Bernoulli(𝑝𝑖) 

logit(𝑝𝑖) = 𝜇 + 𝛽1 ∙ species𝑖 + 𝛽2 ∙ locality𝑖 + 𝛽3 ∙ mass𝑖 + 𝛽3 ∙ mass𝑖
2 + 𝛽4 ∙ RSAWL

+ 𝛽4 ∙ RSAWL𝑖
2 + 𝛽5 ∙ SMR𝑖 + 𝛽5 ∙ SMR𝑖

2 + 𝛼 ∙ block𝑖 + 𝛾 ∙ pen𝑖 + 𝜀𝑖 
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We set the first group value for species (A. maculatum) and locality (Pulaski County) 

equal to zero to avoid model overparameterization. We used uninformative prior 

distributions for all other parameters, such that: 

𝜇~Normal(0, 0.001) 

𝛽1, 𝛽2, 𝛽3, 𝛽4, and 𝛽5~Normal(0, 0.01) I(−10, 10)  

𝛼(𝑖)
𝑏𝑙𝑜𝑐𝑘~Normal(0, σ𝑏𝑙𝑜𝑐𝑘) 

𝛾(𝑖)
𝑝𝑒𝑛

~Normal(0, σ𝑝𝑒𝑛) 

𝜀𝑖~Normal(0, 𝜎𝑖
𝑟𝑒𝑠) 

We ran the models for known survival to early October, mid-November and late April 

using three Markov chain Monte Carlo (MCMC) chains of 260,000, 160,000, and 

160,000 sample iterations with an 130,000, 80,000, and 80,000-sample burn-in, 

respectively. All models had a thinning rate of 10 samples. We examined the Gelman-

Rubin statistics for each model parameter estimated, where R-hat values <1.1 indicated 

convergence (Gelman and Hill 2007). Additionally, we plotted the MCMC chains and 

posterior distributions for each parameter to visually confirm convergence and 

identifiability. 

 To identify whether salamander surface activity was correlated with survival, we 

summed both the number of times a salamander was detected in a new location and the 

number of times that that individual was confirmed to be alive. We used only 

salamanders that were confirmed to have been alive at least once following initial release, 

as many PIT tags were detected in new locations at the first recapture occasion, but 

associated salamanders were never recaptured alive (having likely died), making 

inferences about their relative activity levels unreliable. We then accounted for the 
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potential for longer-surviving salamanders to be detected in new locations more 

frequently due to their persistence by finding the proportion of times each salamander 

was found in a new location given the total number of times that that salamander was 

confirmed to be alive. We performed binomial logistic regressions using the ‘glm()’ 

function in R to test whether known survival at each time period of interest was 

correlated with the proportion of new locations given occasions seen alive.  

 We tested whether released juveniles of each study species differed in mean body 

mass (minus PIT tag mass), SVL, or TL immediately prior to release using Analysis of 

Variance (ANOVA) via the ‘lm()’ and ‘anova()’ functions in base R, with each body size 

metric as a response variable, and species, locality, and the interaction of the two 

categorical variables as predictor variables. For those animals recaptured at the 

conclusion of the enclosure study, we similarly determined whether the change in mean 

body mass, SVL and TL differed between the study species and collection localities. For 

both model sets, we examined post hoc pairwise comparisons between species and 

collection localities using estimated marginal means (EMM) by way of the ‘emmeans()’ 

function followed by the ‘pairs()’ function in the ‘emmeans’ package (Lenth et al. 2019). 

Then, to examine whether tradeoffs may have been evident between SMR and growth, 

we performed a linear regression using the ‘lm()’ function to examine the relationship 

between initial SMR and change in body size among salamanders that were recaptured 

during the study. To account for differences in the timing of body size measurements, we 

divided the change in body size by the number of days since release that the final 

measurement was taken for that individual, and used the resultant term as the response 

variable. 
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Physiological Acclimation Data Collection and Analysis 

To identify the upper physiological thermal threshold (CTmax) and acclimation 

capacities of our study species, we opportunistically subjected salamanders that had 

survived the mark-recapture study to consecutive acclimation periods at three average 

temperatures. We used separate environmental chambers for each treatment and a 12:12 

hr light:dark photoperiod. First, we exposed the salamanders (n = 17 A. maculatum and n 

= 26 A. opacum) to a constant chamber setting of 19 ± 3°C for a minimum of four weeks. 

Second, we transferred a subset of the salamanders (n = 10 A. maculatum and n = 14 A. 

opacum) to a chamber in which the temperature alternated every 12 hrs between a high 

and low temperature corresponding to photoperiod, and weekly between temperatures, 

with an average temperature of 27°C for a minimum of six weeks. Specifically, this 

chamber featured a daytime temperature of 29°C ± 1.5°C and a nighttime temperature of 

25°C ± 1.5°C for one week, then alternated to a high of 28°C ± 1.5°C and a low of 26°C 

± 1.5°C for one week, before repeating the biweekly cycle. The purpose of nighttime 

cooling was to provide reprieve from heat stress for non-acclimated salamanders. Third, 

we moved surviving salamanders (n = 8 A. maculatum and n = 12 A. opacum) to a 

chamber with an average temperature of 30.5°C for a minimum of six weeks. As in the 

previous treatment, this chamber alternated every 12 hrs between a high of 31°C ± 1.5°C 

and a low of 29°C ± 1.5°C for one week, and then alternated to a high of 32°C ± 1.5°C 

and a low of 30.5°C ± 1.5°C for one week, before alternating again. We kept all animals 

in 740 mL plastic containers with moist sphagnum moss during the first acclimation 

period, and then transferred each salamander to a plastic terrarium (22.8 x 15.2 x 16.5 

cm) with moist sphagnum moss to complete the second and third acclimation periods. We 
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fed the salamanders red wiggler worms and calcium-dusted crickets ad libitum, except 

for five days prior to respirometry. 

At the conclusion of each acclimation period, we heated salamanders in a water 

bath at a controlled rate (as described by Hutchison [1961]) and used the temperature at 

which the righting response was lost as a proxy for CTmax (Leal and Gunderson 2012). 

We first warmed each salamander to 28°C in an incubator (Percival Scientific, model 

I30NL) for at least 1 hour before each trial to reduce the likelihood of thermal shock and 

an underestimation of CTmax. We placed one salamander in each of three covered staining 

dishes filled with ~260 mL of spring water. The staining dishes were nested inside of a 

water bath and preheated to 30.5°C (GCA Precision-Scientific, Model 182). We then 

heated the dish water at a rate of 1°C ± 0.1°C per 10 minutes, which we monitored using 

an Omega thermocouple thermometer (model HH603A) with a 20-guage thermocouple 

placed in the center of the dish. For a series of trials, we measured the water temperature 

at different areas of the dish and observed 0.2°C variation across the dish. The rate of 

heating was controlled by a Powerstat Autotransformer (Superior Electric, Type 116B) 

connected between the power source and the water bath. We evaluated the righting 

response of each salamander before the start of every trial and at every 1°C increase in 

water temperature up to 34°C, after which we tested the righting response at every 0.5°C 

increase. If a salamander failed to right itself within three seconds, we performed three 

toe pinches at three second intervals. We considered a salamander to have reached CTmax 

when it could not right itself within three seconds after the last toe pinch (Leal and 

Gunderson 2012). We then placed each salamander on a moist paper towel to recover 

until the righting response returned. We measured cloacal body temperatures using a 
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Hanna thermocouple thermometer (model HI 93551N, sensitivity ± 0.1°C, 40-guage 

thermocouple) at every other righting response check and at every CTmax determination. 

We took most body temperatures measurements within 15 seconds of having removed the 

salamander from the water, with exception of a few instances when the body temperature 

was measured after toe pinches. We recorded body mass measurements to the nearest 

0.0001g prior to returning each salamander to its container. All CTmax measurements 

were performed between 8 AM and 6 PM.  

When assessing CTmax in salamanders, Hutchison (1961) found that body 

temperatures were highly comparable to water bath temperatures. In agreement with this 

study, we found a strong correlation between dish water temperatures and body 

temperatures, but observed rapid cooling when we removed salamanders from the water 

for evaluation. We attributed substantial differences between water and body 

temperatures to measurement error introduced by handling time before thermocouple 

placement. The equation produced by a least squares regression of all measured water 

temperatures and body temperatures (y = 1.001x - 0.897; R2 = 0.90) allowed us to 

estimate each salamander’s body temperatures at CTmax (y) using the final water 

temperature measurement (x). We corrected for handling time error by comparing the 

observed and estimated CTmax value of each salamander, and used the higher of the two 

values in subsequent analyses. This correction was applied to 39.08% of the total number 

of observations (n = 34 observations). 

We followed the same methods as detailed in Chapter 2 to collect body size 

corrected SMR and residual RSAWL data following each acclimation period. However, 
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we note that the increase in salamander body size over the mark-recapture study period 

led us to use an air flow rate of 120 mL/min during respirometry. 

 We compared mean CTmax, residual RSAWL, and SMR values between 

acclimation treatment temperatures and species using linear mixed effects models (LMM) 

via the ‘lmer()’ function from the ‘lme4’ package in R software (Bates and Maechler 

2010). Individual physiological values were our response variables in each model, and we 

included species, temperature treatment, and the species-by-temperature interaction as 

fixed effects. We also included individual salamander identity as a random effect to 

account for repeated measures on individuals following successive acclimation periods. 

To account for unbalanced sample sizes across species and treatments, we report Type III 

Wald’s Chi Squared Test results calculated using the ‘Anova()’ function from the ‘car’ 

package (Fox et al. 2012). For all three physiological traits assessed, we again examined 

post hoc pairwise comparisons between species by treatment using the ‘emmeans’ 

package (Lenth et al. 2019). 

Simulated Physiological Response 

 We sought to examine how the likelihood of known survival may have changed 

across SMR values had salamanders been acclimated to 27°C or 30.5°C prior to release. 

To do so, we calculated the species-specific mean magnitude of change and associated 

standard deviations (SD) for SMR values between the 19°C acclimation treatment and 

each of the warmer treatments. We then created random normal distributions for SMR at 

each acclimation temperature, with the number of generated values being equal to the 

number of salamanders initially released (n = 168), means equal to the calculated mean 

magnitude of change for each species and treatment combination, and SDs equaling those 
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calculated around each mean value to add realistic individual variation to the simulated 

plastic response. We added the generated values to the 2017 SMR data collected prior to 

release into the pens. We then predicted likelihood of known survival across the range of 

physiological trait values given raw release data (representing known survival following 

19°C acclimation), the simulated trait data following 27°C acclimation, and the simulated 

trait data following 30.5°C acclimation using the Bayesian binomial logistic mixed model 

estimates calculated for known survival to early October. 

RESULTS 

Predictors of the Likelihood of Known Survival 

The likelihood that salamanders were known to have been alive across the three 

time periods of interest did not differ between A. maculatum and A. opacum, as indicated 

by ~50% of species-specific posterior distributions sharing the same sign as the mean 

estimate in all cases (Figure 3; Table 1; Bayesian binomial GLMM). Similarly, the 

likelihood that salamanders were known alive only differed between A. opacum from 

Montgomery County and salamanders from all other localities, with salamanders from 

Montgomery County having a lower probability of survival to mid-October (mean 

estimate -3.16 [95% CRI = -9.11, 3.73]) with 82% certainty (Tables 1). However, 

confidence in this locality effect on the likelihood of known survival decreased to ≤66% 

by the latter two time periods of interest. The models explained ~14% of the individual 

variation in known survival following each time period of interest (Tables 1). 

The likelihood of known survival to early October, six weeks after initial release, 

had a mean intercept estimate of 0.31 (95% CRI = 0.00, 1.00) across all groups (Bayesian 

binomial GLMM; Table 1). Body mass at release had a strong positive linear effect and a 
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weak positive quadratic effect (62% certainty of direction) on the likelihood of known 

survival to early October (Figure 3A; Table 1). In contrast, RSAWL had weak negative 

linear and quadratic relationships with likelihood of known survival, with the certainty of 

the direction of these relationships being 59% and 79%, respectively (Figure 3B; Table 

1). Standard metabolic rate had a strong negative linear relationship with likelihood of 

known survival to early October (95% certainty of direction), but a moderate positive 

quadratic effect (84% certainty of direction; Figure 3C; Table 1). In all Bayesian models, 

the posterior distributions of the spatial random effects of block and pen substantially 

overlapped zero. In the early October model, the random effects of block demonstrated 

mean estimates that ranged between a minimum of -1.60 (95% CRI = -7.92, 2.57) and a 

maximum of 1.30 (95% CRI = -2.81, 7.05), with an overall mean of the estimates of 

~0.00 ± 1.08 SD. The random effects of pen had a minimum mean estimate of -2.27 

(95% CRI = -10.45, 2.85) and a maximum mean estimate of 2.20 (95% CRI = -3.01, 

10.29), with a mean of these estimates of -0.01 ± 1.25 SD. 

After 12 weeks in the pens (to mid-November) the mean intercept estimate of the 

known survival likelihood declined to 0.23 (95% CRI = 0.00, 0.99; Bayesian binomial 

GLMM; Table 1). Body mass at release demonstrated a 19% decline in the positive linear 

effect estimate on known survival likelihood compared with the six-week model, while 

the quadratic effect became moderately negative with 88% certainty (Figure 3D; Table 

1). The effect of RSAWL on the likelihood of known survival was again estimated to be 

weak and negative (Figure 3E; Table 1). Similarly, the linear effect of SMR on the 

likelihood of known survival to mid-November remained moderately negative and the 

quadratic effect remained weakly positive (Figure 3F; Table 1).  However, the magnitude 



145 

 

and certainties of both SMR estimates declined in comparison with those calculated for 

early October (Table 1). Random block effects had a minimum mean estimate of -1.44 

(95% CRI = -7.90, 2.87) and a maximum mean estimate of 0.85 (95% CRI = -3.39, 6.44), 

with an average mean estimate of 0.01 ± 0.97 SD. Random pen effects had a minimum 

mean estimate of -2.59 (95% CRI = -12.54, 4.33) and a maximum mean estimate of 3.40 

(95% CRI = -2.98, 12.51), with an overall mean of these estimates of -0.01 ± 1.95 SD. 

By the end of April, when the mark-recapture study concluded, the mean intercept 

estimate for the likelihood of known survival had declined to 0.02 (95% CRI = 0.00, 

0.23; Bayesian binomial GLMM; Table 1). The linear mean effect of body mass on the 

likelihood of known survival had also become marginal, while the mean quadratic effect 

was once again estimated as being weakly positive with 66% certainty (Figure 3G; Table 

1). The estimated mean effects of RSAWL remained weakly negative (Figure 3H; Table 

1). The linear mean effect of SMR on the likelihood of known survival to the end of the 

study was comparable to the effect estimate for likelihood of known survival to mid-

November (Figure 3I; Table 1). In contrast, the magnitude of the quadratic mean effect of 

SMR on the likelihood of known survival to the end of April was 63% smaller than the 

estimate for mid-November (Table 1). The random effects of block had mean estimates 

ranging from a minimum of -0.52 (95% CRI = -5.35, 3.22) to a maximum of 0.62 (95% 

CRI = -2.98, 5.28), with an average mean estimate of -0.02 ± 0.43 SD. Random pen 

effects had a minimum mean estimate of -1.53 (95% CRI = -9.69, 3.17) and a maximum 

mean estimate of 1.75 (95% CRI = -2.82, 9.65), with an average mean estimate of 0.01 ± 

0.86 SD. 
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Salamanders that exhibited a higher proportion of new locations given occasions 

confirmed alive were less frequently known alive at each of the three time points of 

interest (Figure 4; Binomial linear regression; 𝜒2
period,proportion

= 40.71, 134.14; dfperiod, 

proportion = 2, 1; pall < 0.001). Salamanders observed to have moved more often were more 

likely to be known alive in October and November than in April (EMM; pOct.v.Nov., Oct. v. 

April, Nov. v. April = 0.127, <0.001, <0.001). 

Body Size Measurements 

Ambystoma maculatum juveniles were larger than A. opacum juveniles in terms of 

body mass, SVL, and TL immediately prior to initial release, and body size metrics 

differed between some localities and the locality by species interaction (Table 2; 

ANOVABody Mass; Fspecies, locality, interaction = 43.22, 63.68, 18.83; dfspecies, locality, interaction, residual 

= 1, 3, 1, 162; pall < 0.001; ANOVASVL; Fspecies, locality, interaction = 12.95, 25.99, 5.33; dfspecies, 

locality, interaction, residual = 1, 3, 1, 162; pspecies, locality, interaction = <0.001, <0.001, 0.022; 

ANOVATL; Fspecies, locality, interaction = 91.01, 49.08, 27.47; dfspecies, locality, interaction, residual = 1, 3, 

1, 162; pall < 0.001). Among A. maculatum, juveniles from all localities differed in mean 

initial body mass (Table 2; EMM; pall contrasts < 0.001). Ambystoma opacum juveniles from 

Montgomery County had the smallest mean body mass, whereas mean body mass 

between Pulaski and Stoddard County juveniles did not differ (Table 2; EMM; p = 0.001, 

0.017, 0.829). Ambystoma maculatum from Warren County had a mean SVL that was 

≥11.69% smaller than the other two A. maculatum populations, while mean SVL did not 

differ among A. maculatum from Pulaski and Stoddard Counties (Table 2; EMM; p = 

<0.001, <0.001, 0.088). Similarly, A. maculatum from Warren County had a mean TL 

that was 13.75% smaller than that of Pulaski County, whereas mean TL among Pulaski 
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county A. maculatum was 9.38% smaller than that of Stoddard County (Table 2; EMM; 

pall contrasts < 0.001). In contrast, mean SVL and TL values did not differ across 

populations of A. opacum (Table 2; EMMSVL; p = 0.338, 0.818, 0.829; EMMTL; p = 

0.114, 0.941, 0.285). 

The species, localities, and interaction between these two factors did not 

significantly differ in their change in body mass, SVL, or TL over the course of the mark-

recapture study period (Table 2; ANOVABody Mass; Fspecies, locality, interaction = 0.38, 0.36, 0.86; 

dfspecies, locality, interaction, residual = 1, 3, 1, 20; pspecies, locality, interaction = 0.547, 0.784, 0.364; 

ANOVASVL; Fspecies, locality, interaction = 1.71, 0.28, 0.02; dfspecies, locality, interaction, residual = 1, 3, 1, 

20; pspecies, locality, interaction = 0.206, 0.840, 0.898; ANOVATL; Fspecies, locality, interaction = 2.57, 

0.06, 0.53; dfspecies, locality, interaction, residual = 1, 3, 1, 20; pspecies, locality, interaction = 0.125, 0.982, 

0.475). We additionally found no correlation between daily change in body mass and 

SMR at release among salamanders that were recaptured during the mark-recapture study 

(Linear regression; R2 = -0.01; p = 0.637). 

Physiology of Survivors Following Temperature Acclimation 

 Following 19°C acclimation, surviving A. maculatum had a mean CTmax of 

34.77°C ± 0.93°C, whereas A. opacum had a mean CTmax of 33.54°C ± 1.17°C (Figure 

5). Correspondingly, A. maculatum had 2.88% and 4.63% higher mean CTmax values than 

did A. opacum following the 27°C and 30.5°C acclimation temperatures, respectively 

(Figure 5; LMM; 𝜒2
intercept,species,treatment,interaction

 = 21069.66, 17.23, 29.89, 1.33; df 

intercept, species, treatment, interaction = 1, 1, 2, 2; p intercept, species, treatment, interaction = < 0.001, <0.001, 

<0.001, 0.514). Both study species demonstrated an ~1.5°C increase in CTmax following 

acclimation to 27°C, but no significant change in mean CTmax between 27°C and 30.5°C 
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acclimation treatments (EMM; p19°C vs. 27°C, 19°C vs. 30°C, 27°C vs. 30°C = ≤0.003, <0.001, ≥0.18). 

Species-specific trends in CTmax acclimation did not differ. 

 Mean residual RSAWL values did not significantly between species, acclimation 

temperatures, or the interaction of the two (LMM; 𝜒2
intercept,species,treatment,interaction

= 

0.54, 0.35, 1.24, 2.11; df intercept, species, treatment, interaction= 1, 1, 2, 2; p intercept, species, treatment, 

interaction = 0.464, 0.555, 0.538, 0.348). Mean SMR values also did not differ between 

surviving A. maculatum and A. opacum, or across temperature treatments 

(LMM;  𝜒2
intercept,species,treatment,interaction

 = 138.02, 0.33, 1.17, 7.55; df intercept, species, 

treatment, interaction = 1, 1, 2, 2; p intercept, species, treatment, interaction = <0.001, 0.568, 0.556, 0.023). 

However, there was a significant treatment-by-species interaction effect on SMR. 

Specifically, A. opacum SMR values declined by 0.084 mL∙ g−1 ∙ hr−1 (± 0.027 mL∙

g−1 ∙ hr−1 SD) following the change in acclimation temperatures from 19°C to 27°C 

(Figure 6). This depression of SMR was maintained following acclimation to 30.5°C 

(Figure 6; EMM; p19°C vs. 27°C, 19°C vs. 30°C, 27°C vs. 30°C = 0.001, 0.001, 0.894). In contrast, A. 

maculatum maintained mean SMR across all three acclimation treatments (Figure 6; 

EMM; p19°C vs. 27°C, 19°C vs. 30°C, 27°C vs. 30°C = 0.658, 0.951, 0.573). 

Predicted Likelihood of Known Survival Following Temperature Acclimation 

 Logistic predictions made after applying mean and SD change values to generate 

simulated species-specific SMR data indicated that A. maculatum acclimated to 27°C or 

30.5°C were likely to demonstrate comparable likelihoods of known survival to October 

to those observed after 19°C acclimation (Figure 7). In contrast, A. opacum acclimated to 

27°C or 30.5°C were predicted to have low likelihoods of known survival to October 
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across the range of predicted SMR values compared with observed survival following 

19°C acclimation (Figure 7). 

DISCUSSION 

 We tested the effects of three traits on juvenile A. maculatum and A. opacum 

survival under novel semi-natural conditions for approximately seven months. In 

particular, our mark-recapture study approximated the period during which terrestrial 

juveniles explore and settle in novel upland habitat. Our findings indicated that each trait 

examined demonstrated a different magnitude and shape of relationship with juvenile 

survival (Figure 3; Table 1). Though physiological resistance to desiccation varied across 

individuals, RSAWL had a negligible effect on the probability of juvenile survival 

(Figure 3). In contrast, juveniles with a relatively low mass-corrected SMR prior to initial 

release were more likely to be known alive following the first six weeks after release than 

individuals with higher initial SMR values (Figure 3; Table 1). As we had hypothesized, 

juveniles with larger initial body masses were also more likely to survive the first six 

weeks of the study compared with smaller individuals (Figure 3; Table 1). We further 

found that the effect sizes of both initial SMR and body mass declined with time (Figure 

3; Table 1), possibly as a result of either acclimatization (e.g., Somero 2010; Markle and 

Kozak 2018) or an increase in mortality from a wider suite of unmeasured factors through 

time. Future studies that measure phenotypes in relation to seasonal abiotic conditions 

would help to resolve the uncertainty associated with these declining effect sizes.  

 Desiccation risk is widely discussed as a major contributor shaping the 

distributions and survival probabilities of amphibians, including salamanders (Rothermel 

and Luhring 2005; Rittenhouse et al. 2009; Riddell and Sears 2015). We expected the 
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warm, relatively dry late summer conditions at the time of initial release (Figure 2) to 

represent a period of increased desiccation risk for juvenile ambystomatids, particularly 

as they searched their new habitat for resources (Rothermel and Luhring 2005). 

Correspondingly, we predicted that salamanders with lower initial RSAWL values would 

demonstrate a higher likelihood of survival. Contrary to our expectations, we found no 

significant effect of RSAWL on survival at any of the three time points of interest (Figure 

3, Table 1). These findings indicated that water regulation may have been more 

dramatically influenced by body size, morphology, or behavioral mitigation than 

physiological mechanisms influencing the respiratory surface (Spight 1968; Spotila 1972; 

Spotila and Berman 1976). It is possible that the conditions experienced by the 

salamanders during the experiment did not lead to water imbalance that exceeded the 

regulatory abilities imparted by the range of RSAWL phenotypes demonstrated by our 

study salamanders. Alternatively, desiccating conditions may have exceeded the upper 

tolerance limits of all salamanders exposed to these conditions despite variation in 

RSAWL, leading to mortality across RSAWL values. This may have been the case in all 

salamanders that were unable to locate adequate microhabitat prior to the onset of 

desiccating conditions or were excluded from subterranean habitat by intraspecific 

competitors (Smyers et al. 2002; Rothermel and Luhring 2005).  

 The finding that individuals that were larger and/or had lower SMR were more 

likely to survive suggested that the efficient conservation of energy was important for 

juvenile survival upon introduction to the novel pen environment. Relatively low 

energetic demands due to a smaller surface area to volume ratio (Kleiber 1947), possibly 

greater energy reserves (Scott et al. 2007), and/or a low size-independent SMR may have 
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enabled these juveniles to search for preferable microhabitat and resources while 

minimizing energetic costs under warm surface conditions (Sinervo 1990; Schmitz 2005; 

Scott et al. 2007; Biro and Stamps 2010; Bonte et al. 2012). The importance of energy 

conservation was further supported by evidence that juveniles observed to have changed 

locations more often were less likely to be known alive at each time point of interest 

(Figure 4). Juveniles that consumed more energy when exposed to elevated surface 

temperatures (Markle and Kozak 2018) and due to greater activity levels (Schmitz 2005) 

may have been unable to adequately maintain energy balance, thus having a higher 

likelihood of mortality (Porter and Gates 1969; Huey 1991). We note that exposure to 

surface conditions were not likely to have exceeded maximum tolerable temperatures 

(CTmax) among our study species, as recorded air temperatures (Figure 2) were well 

below measured mean CTmax following acclimation to 19°C in the laboratory (Figure 5). 

In addition, the relative number of new detection locations may have been negatively 

correlated with survival due to increased risks of desiccation (Rothermel and Luhring 

2005) and predation (Rittenhouse et al. 2009), greater exposure to stochastic weather 

events (Walls et al. 2013), or as the result of lower competitive ability for securing shelter 

in burrows or other resources (Smyers et al. 2002). There is also a possibility that 

salamanders that moved more frequently had a lower detection probability, thus 

appearing dead when alive (Kéry et al. 2009). However, the frequent recapture interval, 

extended study period, and recapture of salamanders from the pens for up to a year 

following the study period strongly suggest that most of the salamanders not known alive 

were likely deceased, not undetected. 
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 Though A. maculatum and A. opacum demonstrated similar responses to each trait 

measured (Figure 3), it appears that different combinations of individual phenotypes may 

have been responsible for the observed similarity in the likelihood of known survival 

between species. Specifically, A. maculatum had a larger initial body size (mass and TL) 

than A. opacum, as well as a higher mean initial SMR than A. opacum (see Chapter 2). 

Initial mean RSAWL values did not differ between the study species (see Chapter 2). 

Taken together, likelihoods of known survival between the study species may have been 

comparable because A. maculatum were on average larger, while A. opacum were more 

efficient at metabolic energy conservation. These results support the notion that survival 

is a complex trait, influenced by multiple individual traits and their interactions with 

dynamic environmental conditions (Lande and Arnold 1983; Laughlin and Messier 

2015). 

 The complexity resulting from the differential contribution of traits to survival is 

further amplified by different acclimation responses (i.e., phenotypic plasticity under 

laboratory conditions) among traits (e.g., Roberts et al. 1997; Gunderson et al. 2011; 

Calosi et al. 2013; Noakes et al. 2017). In many cases acclimatization to natural 

conditions can be adaptive, with the resulting phenotype expressed under a set of 

environmental conditions having a higher fitness value relative to alternative phenotypes 

that may be expressed under different conditions (Somero 2010). For example, the mean 

thermal tolerance of tadpoles increases after exposure to high temperatures, a change that 

is predicted to reduce the likelihood of mortality due to overheating under warmer 

conditions (Brown 1969). We anticipated some degree of acclimatization to occur among 

our study traits through the duration of the mark-recapture study, but did not attempt to 
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measure phenotypic changes in the pens. However, we found evidence of phenotypic 

plasticity among surviving salamanders during the laboratory acclimation experiment. 

Specifically, both species demonstrated an increase in mean thermal tolerance (i.e. 

CTmax) values following acclimation to 27°C and 30.5°C (Figure 5). Further, A. opacum 

demonstrated a depression of SMR following acclimation to 27°C and 30.5°C, whereas 

A. maculatum maintained mean SMR values throughout the acclimation experiment 

(Figure 6). These differences may represent different acclimatization strategies, with 

metabolic depression allowing for greater energy conservation, while metabolic 

compensation allows for maintained growth and activity rates (Little and Seebacher 

2016). Metabolic depression may be advantageous for juveniles of fall-breeding 

ambystomatids, like A. opacum, which metamorphose in the spring or early summer 

(Petranka and Petranka 1980). Juveniles of fall-breeding species that are pre-settlement 

likely experience relatively cool seasonal conditions, on average, although occasionally 

challenged by heat waves (Semlitsch 1985; Anderson et al. 2015). Under such conditions, 

it may be advantageous to conserve energy for a brief period to endure heat waves, when 

encountered, before resuming activities. In contrast, spring-breeding ambystomatids, like 

A. maculatum, experience metamorphosis beginning later in the spring and throughout 

the summer (Shoop 1974). It may therefore be advantageous for pre-settlement juveniles 

of these species to maintain activity levels under typically high seasonal temperatures and 

more frequent heat waves to efficiently locate terrestrial resources and increase the 

likelihood of survival. These differing strategies may affect the dispersal abilities among 

juveniles of each species (Gamble et al. 2007), possibly contributing to the finding that 

phenological differences between A. opacum, A. maculatum, and sympatric pond-
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breeding salamanders correlate with genetic structure across a large spatial scale 

(Burkhart et al. 2017). Additional studies examining these different responses as they 

relate to demographic rates under variable environmental conditions are needed to 

illuminate the costs and benefits of each response. 

  We sought to predict how species-specific plasticity of a trait found to be 

important to survival (SMR; Figure 3) attributed to exposure to warm temperatures 

(Figure 6) may alter the likelihood of juvenile ambystomatid survival under conditions 

equivalent to those characterizing the first six weeks in the pens. High temperatures that 

challenge amphibian activity and survival may commonly be experienced during 

summers, heat waves, at lower elevation or latitude localities, and following climate and 

land use changes (e.g., Semlitsch 1985; Rothermel and Luhring 2005; Osbourn et al. 

2014; Anderson et al. 2015; Riddell and Sears 2015). We found that the metabolic 

compensation demonstrated by A. maculatum following exposure to increased 

temperatures was predicted to allow juveniles of this species to maintain observed 

likelihoods of known survival (Figure 7). In stark contrast, the metabolic depression 

demonstrated by A. opacum following exposure to 27°C and 30.5°C was predicted to 

result in low likelihoods of known survival across the range of simulated SMR values 

(Figure 7). Thus, the differing plastic responses among juveniles of these two biologically 

similar species resulted in dramatically different survival outcomes under ecologically 

realistic thermal scenarios. As juvenile survival has an important influence on population 

growth trajectories among amphibian species (Biek et al. 2002; Vonesh and De la Cruz 

2002; Taylor et al. 2006; Harper et al. 2008), our findings imply that differing 

interspecific responses to warming among juveniles may scale up to negatively influence 
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A. opacum population dynamics, while those of A. maculatum may be relatively 

unaffected. As these species often occur in sympatry where their distributions overlap 

(e.g., Hocking et al. 2008; Burkhart et al. 2017), such responses may also lead to 

differing aquatic and terrestrial competitive interactions between the study species 

(Stenhouse et al. 1983; Smyers et al. 2002), and potentially shifting community dynamics 

(e.g., Rowland et al. 2017; Anderson et al. 2019). Our findings regarding two species that 

are commonly considered to be robust emphasize the need for additional stage-specific 

studies linking individual traits to demographic rates under variable environmental 

conditions. By doing so, we can more accurately identify species likely to be vulnerable 

to climate and land use changes (Kingsolver et al. 2011; Magozzi and Calosi 2015). 

Moreover, stage-specific investigations can facilitate the selection of targeted mitigation 

strategies to more efficiently conserve threatened populations facing shifts in local 

conditions (Semlitsch et al. 2017). 

The findings of this study indicated that large initial body mass, low initial SMR, 

and/or reduced surface activity increased the likelihood of known survival among 

juvenile A. maculatum and A. opacum. Together, these results suggested that efficient 

energy conservation was important for juvenile ambystomatid survival when 

experiencing a novel terrestrial habitat. We found no evidence that individual RSAWL 

influenced juvenile survival within the pens, possibly because hydric conditions during 

the experiment were not sufficiently challenging to place a selective pressure on fine-

scale water conservation. Additionally, our simulation results suggested that species-

specific survival likelihoods may diverge due to differing thermal acclimatization 

strategies when juvenile A. maculatum and A. opacum are exposed to higher temperatures 
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associated with seasonal and spatial shifts, heat waves, and/or climate and land use 

changes. This finding provides further evidence of the contribution of physiological 

plasticity to the fitness of individuals (e.g., Ellers and Van Alphen 1997; Pijpe et al. 

2007; Seebacher et al. 2015). Also, because juveniles are likely the primary dispersing 

life stage among ambystomatids (Gamble et al. 2007) and play a critical role in 

amphibian population growth and stability (Biek et al. 2002; Vonesh and De la Cruz 

2002; Taylor et al. 2006; Harper et al. 2008), our findings lend insights into A. 

maculatum and A. opacum population and metapopulation dynamics under variable 

environmental conditions. Moreover, these findings reinforce the importance of 

investigating life stage-specific responses to environmental conditions, and resultant 

changes to life stage vital rates, to improve our understanding of population dynamics 

and species life histories. Future studies should work to further elucidate the traits that 

importantly influence vital rates of distinct life stages across populations and species 

under shifting environmental conditions. 
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TABLES AND FIGURES 

Table 1. Juvenile ambystomatid known survival probability (p) median grand mean, 

fixed effects, individual residual variation, and model deviance estimates from the 

Bayesian binomial generalized linear mixed models for early October, mid-November, 

and late April. Values in parentheses are 95% credible interval estimates. The f represents 

the proportion of the posterior distribution with the same sign as the mean estimate. 

Group estimates for A. maculatum and Pulaski County excluded, as these categories were 

set to zero. 

 October November April  
 Mean Estimate f Mean Estimate f Mean Estimate f 

logit (𝜇𝑝) 0.31 (0.00, 1.00) 1.00 0.23 (0.00, 0.99) 1.00 0.02 (0.00, 0.26) 1.00 

𝛽1
𝐴.  𝑜𝑝𝑎𝑐𝑢𝑚

  -0.03 (-5.38, 5.20) 0.50 0.63 (-5.07, 6.26) 0.59 0.16 (-5.35, 5.54) 0.52 

𝛽2
Stoddard  0.20 (-7.92, 8.23) 0.52 0.32 (-8.02, 8.43) 0.53 1.65 (-7.05, 9.08) 0.66 

𝛽2
Warren  0.27 (-6.01, 6.78) 0.53 -0.09 (-7.04, 6.93) 0.52 1.01 (-6.09, 7.88) 0.61 

𝛽2
Montgom.

  -3.16 (-9.11, 3.73) 0.82 -1.39 (-8.34, 5.91) 0.65 1.51 (-5.91, 8.45) 0.66 

𝛽3
mass  4.73 (1.50, 8.06) 1.00 3.85 (0.49, 7.24) 0.99 1.92 (-1.39, 5.30) 0.87 

𝛽3
mass2

  0.34 (-1.71, 2.51) 0.62 -1.10 (-3.02, 0.72) 0.88 0.37 (-1.50, 2.20) 0.66 

𝛽4
RSAWL  -0.29 (-2.83, 2.25) 0.59 -0.17 (-2.74, 2.43) 0.55 -0.71 (-3.74, 2.21) 0.68 

𝛽4
RSAWL2

  -0.67 (-2.45, 0.88) 0.79 -0.80 (-2.69, 0.84) 0.82 -1.49 (-3.93, 0.51) 0.92 

𝛽5
SMR  -2.11 (-4.66, 0.35) 0.95 -1.45 (-4.07, 1.10) 0.87 -1.72 (-4.43, 0.88) 0.90 

𝛽5
SMR2

  0.80 (-0.86, 2.40) 0.84 0.43 (-1.33, 2.10) 0.70 0.27 (-1.63, 2.05) 0.63 

σ2 85.90 (54.87, 99.56) 1.00 85.66 (53.94, 99.59) 1.00 85.93 (53.97, 99.60) 1.00 

deviance 39.90 (21.68, 63.62) 1.00 38.47 (20.71, 61.94) 1.00 32.18 (15.93, 53.42) 1.00 
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Table 2. Mean initial release and final change in body mass (g), SVL (mm), and TL 

(mm) measures for juveniles of the two ambystomatid study species and all collection 

localities over the mark-recapture study period. Sample sizes (n) used to calculate each 

mean are presented, along with standard deviations.  

  Initial Release Final Change 

Species Locality n mass SVL TL n mass SVL TL 

A. maculatum Warren 30 0.90 

±0.17 

26.93 

±2.35 

51.03 

±4.77 

2 2.88 

±2.27 

17.50 

±13.44 

28.50 

±21.92 

 Pulaski 30 1.41 

±0.23 

30.50 

±2.42 

59.17 

±3.35 

5 3.95 

±3.38 

15.00 

±9.62 

29.60 

±21.31 

 Stoddard 24 1.72 

±0.21 

31.88 

±1.45 

65.29 

±2.48 

5 6.01 

±6.42 

18.80 

±15.66 

25.76 

±13.20 

 Overall 84 1.32 

±0.39 

29.62 

±2.99 

58.01 

±6.86 

12 4.63 

±4.61 

17.00 

±11.94 

27.82 

±16.61 

A. opacum Montgomery 24 1.08 

±0.18 

28.96 

±1.68 

53.17 

±3.51 

3 1.94 

±1.91 

9.00 

±4.58 

14.33 

±15.04 

 Pulaski 30 1.31 

±0.16 

29.93 

±1.60 

55.67 

±3.18 

6 4.44 

±4.19 

10.25 

±4.45 

15.50 

±7.45 

 Stoddard 30 1.26 

±0.32 

29.47 

±2.70 

53.80 

±5.74 

5 3.25 

±1.35 

13.00 

±2.12 

20.60 

±7.20 

 Overall 84 1.27 

±0.33 

29.48 

±2.09 

54.29 

±4.43 

14 3.48 

±2.98 

10.96 

±3.87 

17.07 

±8.93 

 

 

 

Figure 1. A diagram of the outdoor pens indicating population-specific pen assignments.  
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Figure 2. Air temperature (red circles, solid lines) and interval-specific precipitation 

(blue triangles, dashed lines) measured throughout the mark-recapture study period. The 

first points in each series represent conditions at the time of initial release. Interval-

specific precipitation indicates total precipitation since previous measurement. Vertical 

lines represent standard deviations around the mean morning air temperatures of a single 

recapture occasion, when applicable. 
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Figure 3. Ambystoma maculatum (blue) and A. opacum (orange) survival probabilities 

given body mass, respiratory surface area water loss (RSAWL), and standard metabolic 

rate (SMR) at release predicted by the Bayesian logistic regressions for early October (A-

C), mid-November (D-F), and late April (G-I). Points indicate known survivorship of 

each individual given the trait measured, and are jittered for ease of viewing. Species-

specific mean predictions (thick lines) are cropped to the observed range of trait values 

for each species. Background lines indicate predicted survivorship from 200 randomly 

sampled iterations of the model. 
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Figure 4. The mean proportion of new locations given occasions confirmed to be alive 

for juvenile ambystomatids at each time period of interest for both known alive and not 

known alive groups. Error bars represent standard deviations. 
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Figure 5.  Mean critical thermal maximum (CTmax) of Ambystoma maculatum and A. 

opacum that survived the mark-recapture study following acclimation to 19°C, 27°C, and 

then 30.5°C. Error bars represent standard deviations and differing letters above the plot 

indicate significant contrasts between species and treatments based on estimated marginal 

means post hoc comparisons. 
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Figure 6.  Mean standard metabolic rates (SMR) of Ambystoma maculatum and A. 

opacum that survived the mark-recapture study following acclimation to 19°C, 27°C, and 

then 30.5°C. Error bars represent standard deviations and differing letters above the plot 

indicate significant contrasts between species and treatments based on estimated marginal 

means post hoc comparisons. 
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Figure 7. A comparison of the predicted probabilities of Ambystoma maculatum and A. 

opacum survival given standard metabolic rate (SMR) through the first six weeks of 

exposure to novel outdoor conditions following acclimation to 19°C (true acclimation 

temperature prior to mark-recapture study), 27°C, and 30.5°C. Points indicate known 

survivorship given the initial SMR of each individual from the original mark-recapture 

dataset, and are jittered for ease of viewing. Species- and temperature-specific mean 

predictions (thick lines) are cropped to the observed or simulated range of trait values. 

Background lines indicate predicted survivorship from 75 randomly sampled iterations of 

each simulation model. 
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CHAPTER 5 

KEEPING A COMMON SPECIES COMMON:  

A CONSERVATION ASSESSMENT AND MANAGEMENT PROPOSAL FOR THE ENDEMIC 

RINGED SALAMANDER (AMBYSTOMA ANNULATUM) 

Arianne F. Messerman and Raymond D. Semlitsch 

ABSTRACT 

Amphibians are experiencing global population declines, which could alter food 

webs and nutrient cycles, and eliminate the utility of these organisms as indicators of 

environmental health. By conserving species before they qualify for state or federal 

listing, we may be able to conserve more amphibian species using fewer resources. The 

ringed salamander (Ambystoma annulatum) is an endemic species to the Ozark Plateau 

and Ouachita Mountains of the central U.S. Here, we review the literature on A. 

annulatum life history, and identify threats to this species, which include habitat loss, 

landscape fragmentation, the introduction of non-native organisms, and climate change. 

Following a discussion of A. annulatum conservation initiatives and an assessment of 

recent occurrence records, we recommend that wildlife professionals focus on elucidating 

(1) the occurrence of extant A. annulatum populations, (2) abundance among these 

populations, (3) stage-specific vital rates for a subset of populations, (4) the dispersal 

characteristics of the species, and (5) behavioral and physiological responses of A. 

annulatum under variable environmental conditions. We propose that conservation 

practitioners use an adaptive management approach and collaborate through working 

groups at regional and range-wide scales. Further, we suggest approaches that researchers 

and managers working within the range of A. annulatum can use to initiate survey, 
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research, monitoring, community outreach, habitat restoration, and breeding pond 

creation efforts. By doing so, the conservation community may be able to conserve A. 

annulatum such that federal listing is never required. 

INTRODUCTION 

As early as the 1970s, researchers began reporting startling amphibian population 

declines and species extinctions based on both anecdotal and quantitative evidence 

(Beebee 1973; Wake and Morowitz 1991; Pechmann and Wilbur 1994; Houlahan et al. 

2000; Stuart et al. 2004). These declines are occurring at a greater scale and faster rate 

than would be expected from natural extinction and extirpation events, with an estimated 

43–50% of amphibian species experiencing losses (Stuart et al. 2004; González-del-

Pliego et al. 2019). Additionally, 20.7% of amphibian species are currently listed as data-

deficient for assessment by the International Union for Conservation of Nature (IUCN), 

the greatest proportion of any group of vertebrates (IUCN 2019). Recent research 

suggests that a higher percentage of data-deficient amphibian species (~47%) are likely 

threatened by extinction compared with assessed amphibians (González-del-Pliego et al. 

2019). Despite these disconcerting findings, amphibian preservation efforts tend to 

receive only a fraction of the U.S. Endangered Species Act (ESA) funds awarded to 

conserve other vertebrate groups within the U.S. (Gratwicke et al. 2012). Moreover, 82% 

of at-risk amphibian species in the U.S. (as identified by NatureServe) have not been 

listed under the ESA (Gratwicke et al. 2012). 

Amphibian losses may impact numerous coexisting species, entire ecosystems, 

and the welfare of human communities (Davic and Welsh 2004; Hocking and Babbitt 

2014). Amphibians are known to play important roles in both terrestrial and aquatic 



178 
 

ecosystems, with different species and life stages serving as dominant predators, energy-

rich prey items, and important herbivores (Dickman 1968; Porter 1972; Seale 1980; 

Morin et al. 1990; Watters et al. 2018). These species are often extraordinarily abundant 

in their native ecosystems (Burton and Likens 1975a, b; Gibbons et al. 2006; Semlitsch et 

al. 2014a), and their tendency to migrate between habitat types and consume large 

numbers of invertebrates may significantly influence nutrient dispersal and cycling across 

landscapes (Burton and Likens 1975b; Wyman 1998; Davic and Welsh 2004). The long-

lived nature of many amphibian species, in combination with their sensitivities to 

pollution, climate change, and habitat loss, enable these organisms to act as excellent 

indicators of habitat quality both on land and in water (Welsh and Ollivier 1998). Such 

‘indicator species’ can provide early warning signs for humans regarding environmental 

health and stability, enabling managers to make faster and more informed mitigation and 

restoration decisions (e.g., Pollet and Bendell-Young 2000; Welsh and Hodgson 2013). 

Management actions spurred by indicator species can then serve to protect sympatric 

species and ecosystem services. 

Though the ESA is key legislation for conserving declining amphibians and other 

imperiled species within the U.S. (NRC 1995), organisms listed under the ESA are often 

already in critical condition (Wilcove et al. 1993; Stokstad 2005). Sometimes 

conservation actions come too late, and the species cannot be saved (Stokstad 2005). In 

many cases, the U.S. government has also expended a large amount of resources to 

rescue listed species (Wilcove et al. 1998). Securing such resources becomes increasingly 

challenging given recent reductions in the budget of the U.S. Fish and Wildlife Service 

(USFWS; Rinfret and Pautz 2019), the office responsible for carrying out non-marine 
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ESA listings and conservation actions (Stokstad 2005). The economic and temporal costs 

of conservation may be drastically reduced if species declines are detected and 

appropriate management actions are taken quickly (Wilcove et al. 1993; Taylor et al. 

2005), possibly before listing is needed. Further, more ESA funding could be made 

available to species in need should fewer species be permitted to degrade to listing 

conditions. In fact, the primary goal of groups such as the Partners in Amphibian and 

Reptile Conservation (PARC) is to “keep common species common” (PARC 2011). 

Thus, acting to conserve species before listing under the ESA is justified may greatly 

improve our ability to protect national biodiversity, while simultaneously reducing the 

amount of effort, time, and money needed to do so.  

 Ambystomatidae, comprising the mole salamanders, is a diverse phylogenetic 

family that contains species of conservation concern at both state and federal levels. 

Among these species are the reticulated flatwoods salamander (Ambystoma bishopi) and 

frosted flatwoods salamander (A. cingulatum) of the Southeastern U.S., which have been 

listed under the ESA as Endangered and Threatened, respectively (USFWS 2009). By the 

time these listings had been processed, both species had experienced extensive population 

declines, with 86.8% of known populations thought to be extirpated due to habitat 

degradation and landscape fragmentation (USFWS 2009; Semlitsch et al. 2017). Today, 

these poorly understood salamanders teeter on the brink of extinction. The conservation 

actions that will be necessary to pull them back from the edge will be challenging and 

expensive (O’Donnell et al. 2017; Walls et al. 2019). Had management efforts been made 

when these species first began to dwindle, such costly measures may have been avoided 

and the flatwoods salamanders may be more likely to persist. Once declines were 



180 
 

detected, for example, managers could have identified threats and examined how such 

threats act differentially at the individual, population, and metapopulation levels to 

inform the selection of management actions and monitoring initiatives that target the 

most vulnerable and influential demographic, vital rates and/or populations (Semlitsch et 

al. 2017).  

Another member of the Ambystomatidae family, and sister species to the 

flatwoods salamanders, is the ringed salamander (Ambystoma annulatum; Shaffer et al. 

1991). Ambystoma annulatum is endemic to the Ozark and Ouachita Mountains of 

Missouri, Arkansas, and Oklahoma (Dowling 1956; Trapp 1956; Petranka 1998). 

Ambystoma annulatum is considered a Species of Special Concern in Arkansas and 

Missouri (NANFA 2004; MDC 2019) and Imperiled in Oklahoma (ONHI 2019) due to 

the species’ small range and poorly understood population dynamics (Semlitsch et al. 

2014b). Although currently perceived as common within its range, some experts suspect 

that A. annulatum populations have begun to decline and could eventually become 

endangered, much like the flatwoods salamanders (Petranka 1998; Semlitsch, pers. obs.). 

If this is the case, developing a management plan for A. annulatum now, while 

salamanders are abundant, may increase the likelihood of species persistence, avoid the 

need for federal listing, and reduce the resources ultimately required to conserve the 

species.  

Our goal is to clarify the conservation actions needed to protect A. annulatum 

from current and/or future declines. Specifically, we aim to: (1) compile and summarize 

the current body of knowledge on A. annulatum; (2) determine the ongoing monitoring, 

research, and conservation efforts that are occurring across the range of the species; and 
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(3) identify key gaps in our current understanding of A. annulatum biology and 

population ecology that are likely to hinder species management efforts. Based on the 

literature review and analyses presented here, we propose management goals for A. 

annulatum across its range. By considering our recommendations, we believe that 

wildlife managers and researchers can identify and effectively address any potential 

decline of A. annulatum. In doing so, we may be able to safeguard A. annulatum against a 

fate similar to that of species like the flatwoods salamanders, protect other native 

organisms that rely on A. annulatum habitat, and develop a robust plan that can serve as a 

guide for conserving similar pond-breeding amphibians. 

LIFE HISTORY OF AMBYSTOMA ANNULATUM 

Ambystoma annulatum is primarily found in scattered populations throughout the 

Ozark Plateau of Missouri and the Ouachita Mountains of Arkansas (Figure 1; Trapp 

1956; Petranka 1998). Additionally, a few small populations are known to exist in eastern 

Oklahoma (Trapp 1956; Petranka 1998). Within this range, A. annulatum tends to utilize 

fishless ponds and vernal pools during the breeding season, and throughout the aquatic 

egg and larval life stages (Trapp 1956; Petranka 1998; Hocking et al. 2008; Semlitsch et 

al. 2014b). Juveniles and adults are terrestrial; moving, burrowing, and feeding in or 

close to mature oak-hickory or mixed hardwood-pine forests that are adjacent to breeding 

ponds (Semlitsch et al. 2007, 2014b; Pittman et al. 2013). The specific physiological and 

life history traits that restrict A. annulatum to its relatively narrow geographic range 

among ambystomatids remain poorly resolved. 

Ambystoma annulatum is a fall-breeding amphibian, with adults generally 

beginning annual migrations to breeding ponds during sustained heavy rains in 
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September (Dowling 1956; Trapp 1956; Hocking et al. 2008). Breeding is often 

explosive, with adults participating in two to four periods of intense activity throughout 

the fall breeding season (Petranka 1998; Briggler et al. 2004). Semlitsch et al. (2014b) 

found the mean annual ratio of adult males to females at five Missouri breeding ponds to 

be 2.05, with males being smaller than females. Observations of other ambystomatids 

have revealed that males tend to breed annually, while approximately half of females may 

skip a breeding season (McGarigal et al. 2008). Courtship and egg laying typically 

conclude by the end of November (Trapp 1956; Semlitsch et al. 2014b), although winter 

breeding events have been reported (Trauth et al. 1989; Trauth 2000).  

Ponds used for breeding can be natural or manmade (Figure 2; Trapp 1956; 

Brussock and Brown 1982; Peterman et al. 2014). Breeding success and larval survival to 

metamorphosis are partially dependent on pond hydroperiod. Specifically, ponds must 

hold water from September through June to maximize survival to the juvenile life stage 

(Semlitsch et al. 2014b). Combined with a fish-free habitat, such ponds present a reduced 

risk of egg and larval mortality from predation, pond drying, and freezing.  

Once adults have entered breeding ponds, males begin courting females by 

nudging their cloaca and sides, depositing one or multiple spermatophores on submerged 

vegetation or the pond bottom, and repeating the nudging behavior (Spotila and Beumer 

1970). The females, if responsive, will then pick up a sperm cap with their cloaca. Within 

1–2 days following insemination, females will lay an average of 390 ± 64 (SD) ova as a 

single clutch (Hutcherson et al. 1989; Peterson et al. 1992). Each clutch is laid as a loose 

mass in small clusters of ~2–50 eggs that are covered in a thin layer of protective jelly 

and attached to vegetation, woody debris, or directly on the pond bottom (Figure 3a; 
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Noble and Marshall 1929; Trapp 1959; Spotila and Beumer 1970; Anderson et al. 2013). 

Though egg laying is thought to most often occur within the water, researchers have 

observed eggs laid singly under leaf litter within dried portions of pond basins (Strecker 

1908; T.L. Anderson and A.M. Messerman, pers. obs.), and hatchlings and metamorphs 

collected following one such observation were confirmed to be A. annulatum (T.L. 

Anderson and A.M. Messerman, pers. obs.). Embryonic development proceeds for 9–16 

days (Trapp 1956; Hutcherson et al. 1989). During this time, eggs are subject to predation 

by aquatic organisms such as fish, anuran larvae, invertebrate larvae, newts and other 

salamanders (Shulse et al. 2013; Drake et al. 2014; Stretz et al. 2019). 

After hatching, A. annulatum larvae overwinter in their natal pond. As 

temperatures start to rise in the spring, these larvae begin to grow rapidly (Figure 3b). 

Larvae feed primarily on zooplankton and other invertebrates (Hutcherson et al. 1989; 

Nyman et al. 1993; Watters et al. 2018). In instances when breeding ponds dry 

completely or freeze solid, all larvae present will experience mortality (Hutcherson et al. 

1989; Anderson et al. 2015). Additionally, larvae face predators similar to those that 

threaten A. annulatum eggs, as well as cannibalistic conspecific larvae (Nyman et al. 

1993). The larval phase commonly lasts 6–8.5 months (Hutcherson et al. 1989), with 

metamorphosis occurring between April and early July (Semlitsch et al. 2014b). The rate 

of development and size of individuals at metamorphosis are dependent upon the degree 

of competition between conspecifics (negative density dependence), habitat quality, and 

predation pressure in a given pond (Wilbur and Collins 1973; Semlitsch 1987; Semlitsch 

et al. 1988; Ousterhout et al. 2015). The survival rate from egg to metamorphosis is on 
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average 0.2%, although this value has been found to range between 0.01% and 0.78% 

(Peterson et al. 1991; Semlitsch et al. 2014b).  

Juvenile A. annulatum leave their natal ponds to begin a fossorial lifestyle in 

nearby woodlands (Figure 3c; Pittman and Semlitsch 2013). It is during this phase that 

salamanders move away from ponds in search of suitable microhabitat (Pittman and 

Semlitsch 2013). Surface activities during the juvenile stage are tightly positively 

correlated with surface temperatures and precipitation (see Chapter 1). Suspected 

predators of juvenile ambystomatids include predatory invertebrates, frogs, birds, snakes, 

large congenerics, rodents, and other mammals (Brodie and Gibson 1969; Dodd 1977; 

Greenwood 1982; Ducey 1989; Rubbo et al. 2003; Pittman et al. 2013). The terrestrial 

life stages of A. annulatum feed on woodland invertebrates, particularly earthworms 

(Hutcherson et al. 1989). We know few other details about the terrestrial diet.  

During juvenile dispersal, some young ambystomatids may move distances of up 

to 1300 meters, occasionally leading to the immigration of individuals into new 

populations (Gamble et al. 2007). Such rare dispersal events are thought to occur among 

~9% of juveniles, and are extremely important for maintaining healthy populations and 

metapopulations (Gamble et al. 2007; Semlitsch et al. 2008). The movement of juvenile 

amphibians across the landscape is thought to be influenced by the spatial structure of 

ponds, the quality of terrestrial habitat existing between ponds for terrestrial movement, 

the number of metamorphs leaving ponds, and fluctuations in local precipitation and 

temperature during dispersal events (Peterman et al. 2013c). As a result of these factors, 

peripheral populations, which tend to be poorly connected and are surrounded by less 

suitable habitat conditions compared to interior populations, may begin to diverge 
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genetically (Peterman et al. 2013b). Observed reductions in the genetic variation among 

more-isolated amphibian populations are thought to be a product of smaller population 

sizes and decreased gene flow (Peterman et al. 2013b). Limited dispersal to these isolated 

populations may reduce the likelihood of population reestablishment or rescue from 

source populations, increase the risk of inbreeding and genetic drift, and decrease 

population resiliency without the transfer of adaptive mutations (Gamble et al. 2007; 

Peterman et al. 2013b). Burkhart et al. (2019) examined genetic diversity across the range 

of A. annulatum and found two distinct genetic populations divided between the Missouri 

Ozark Mountains and the Arkansas and Oklahoma Ozark and Ouachita Mountains. This 

division was proposed to be a result of distinct refugia and dispersal limitation following 

the Pleistocene epoch (Burkhart et al. 2019). These authors found low rates of 

contemporary gene flow, possibly due to increased habitat fragmentation and degradation 

following European settlement (Burkhart et al. 2019). As such, A. annualtum may be 

vulnerable to the demographic and genetic risks of low population connectivity. 

Natal dispersal concludes when a juvenile locates and settles into a preferable 

microhabitat (Pittman et al. 2014). It is believed that these individuals often inhabit 

abandoned burrows (Semlitsch 1983; Osbourn 2012) but may use a variety of 

microrefugia (Osbourn et al. 2014). Juvenile A. annulatum may return to ponds to breed 

as early as five months after metamorphosis, but breeding in the second or third year is 

more common (Semlitsch et al. 2014b). Three times as many males will breed by their 

third year than will females (Semlitsch et al. 2014b). This discrepancy between sexes 

may be attributed to a slower maturation rate among females, as we found in Chapter 1 

that only 8 of 20 (40%) juvenile A. annulatum to have reached maturity one year after 
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metamorphosis (~2 years old), with only one of these individuals being female. Dispersal 

rates are not yet known for A. annulatum. Among juveniles of the closely-related marbled 

salamander (A. opacum) that survive to breed, 91.0% return to their natal ponds, and site 

fidelity in future breeding seasons is 96.4% (Gamble et al. 2007). The median 14-day 

juvenile survival rate of A. annulatum (0.93) was estimated to be statistically similar to 

those of spotted (A. maculatum; 0.96) and small-mouthed salamanders (A. texanum; 0.98) 

within seminatural enclosures in Missouri, with a median annual survival estimate across 

species of 0.50 (see Chapter 1). To our knowledge, the research presented in Chapter 1 

represents the only study that has empirically estimated juvenile survival for A. 

annulatum. Additional research is needed to elucidate how A. annulatum juvenile 

survival rates vary across geographically and temporally heterogeneous environmental 

conditions. 

As with juveniles, relatively little is known about the ecology of A. annulatum 

adults outside of breeding season (Figure 3d). Ambystoma annulatum may live to be 15 

years old in the wild, although one study suggested that a life span between six and nine 

years may be more common (Winter 1995). During non-breeding seasons, adults are 

thought to inhabit woodland burrows, and encounter the same types of prey and predators 

as juveniles (Petranka 1998). Adult A. annulatum are very rarely found on the forest floor 

outside of breeding season, suggesting that these animals are living underground and 

possibly demonstrating reduced activity levels during these periods (Petranka 1998). 

Sexually mature salamanders have been found to make more directed movements than 

juveniles, with the average distance of adult ambystomatids from pond edges being 125 

meters and the maximum observed migration distance being only 439 meters (Semlitsch 



187 
 

1998; Gamble et al. 2007; Pittman and Semlitsch 2014). Potentially as a result, adult 

ambystomatids tend to have high annual survival rates of 50-90%, with little variation 

across years (Whitford and Vinegar 1966; Taylor and Scott 1997; Taylor et al. 2006).  

THREATS TO AMBYSTOMA ANNULATUM PERSISTENCE 

In 1999, PARC established that there were six primary global threats to 

amphibians: (1) habitat destruction and alteration; (2) global climate change; (3) chemical 

contamination; (4) disease and pathogens; (5) invasive species; and (6) commercial 

exploitation (Gibbons and Stangel 1999). Within the range of A. annulatum, amphibian 

habitat may be affected by timber harvest, agricultural conversion to row crops and 

pastures, urban development, encroachment from roads, invasive species introductions, 

management practices that alter natural disturbance regimes, and climate change (Table 

1). Data on the effects of these threats on A. annulatum are limited. We therefore 

postulate probable threats faced by this species based on expert opinion and the available 

literature.  

Probable Threats 

Ambystoma annulatum rely on cool, moist terrestrial microhabitats, unpolluted 

pond ecosystems characterized by adjacent woodlands, and a continuous hydroperiod 

through breeding and larval development (Semlitsch et al. 2014b). Habitat can be 

degraded or eliminated by timber harvest, agricultural conversion, and urbanization, each 

of which occurs within the range of A. annulatum (Table 1). Though many studies 

suggest that these threats negatively affect the ability of amphibians to survive, move 

across the landscape, and successfully reproduce (for examples, see supporting literature 

in Table 1), research is needed to clarify how human activities impact each life stage of 
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A. annulatum at the individual, population and metapopulation levels (Semlitsch et al. 

2017).  

Many locations inhabited by A. annulatum are patches of public land (e.g., state 

parks and conservation areas) separated by private properties that may be inhospitable to 

salamander movement. Clear cuts, agricultural fields, urban areas, and roadways may 

isolate adjacent and nearby aquatic and terrestrial habitats that were once connected 

across the landscape and traversable by amphibians. Habitat fragmentation from roads 

results in direct mortality, with many migrating amphibians being killed by vehicles 

(Briggler et al. 2004; Fahrig and Rytwinski 2009; Crosby 2014). In some species, adults 

and juveniles will avoid roads altogether due to the noise and unfavorable abiotic 

conditions they produce (Fahrig and Rytwinski 2009). A result of fragmentation may be 

an increased incidence of genetic isolation between populations of A. annulatum, leading 

to reduced genetic diversity (Holderegger and Di Giulio 2010; Peterman et al. 2013b; 

Burkhart et al. 2019). Additional detriment results from the reduction or loss of 

connectivity among populations needed for recolonization, rescue effects, and long-term 

regional persistence (Semlitsch 2000, 2008).  

A. annulatum habitat quality is further reduced when predators and invasive 

species are introduced. Natural flood events and introductions by anglers have brought 

fish to numerous ponds where they did not previously exist. Drake et al. (2014) found 

Fathead Minnows (Pimephales promelas) and Mosquitofish (Gambusia affinis) to 

consume A. annulatum eggs and larvae, with Fathead Minnows acting as voracious 

predators. These invasive fish, which are often stocked for mosquito control or as bait, 
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could reduce aquatic life stage survival to such a degree that A. annulatum are effectively 

extirpated from ponds where introductions occur.  

Feral hogs have also become problematic across the range of A. annulatum 

(ODWC 2005). These animals travel in groups and wallow in historic breeding ponds, 

greatly reducing water quality in these habitats (Messerman pers. obs.). Additionally, the 

hogs root in the soil of adjacent forest, potentially altering litter and soil profiles, thereby 

reducing habitat quality for juvenile and adult A. annulatum (Messerman pers. obs). 

Similar damage has been reported in breeding wetlands of the Endangered reticulated 

flatwoods salamander (Jones et al. 2018). 

Many amphibian species are impacted by an increased occurrence of diseases that 

are transmitted inadvertently by traveling humans or naturally through host dispersal 

(Daszak et al. 1999). These diseases include Batrachochytrium dendrobatidis (Bd), 

Batrachochytrium salamandrivorans (Bsal), and ranaviral disease. The fungal pathogen, 

Bd, has decimated amphibian populations, particularly anurans, even in secluded corners 

of the Amazon (Daszak et al. 1999). More recently, Bsal has been documented to cause 

similarly high mortality in European Fire Salamanders (Salamandra salamandra; Martel 

et al. 2013). While A. annulatum do not presently appear to be succumbing to any of 

these diseases in great number, the wildlife conservation community should remain 

vigilant. 

In addition to human actions that disturb amphibian habitat, A. annulatum may be 

impacted by management practices that restrict natural disturbance regimes. The small- 

and intermediate-sized ponds that most pond-breeding amphibians prefer are temporary 

landscape features (Semlitsch et al. 2015). As such, these ponds undergo natural 
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succession that changes aquatic community composition and substrate structure over time 

(e.g., Gorman et al. 2013). Like newts, A. annulatum may find ponds in one stage of 

succession more favorable for reproduction than another (Gill 1978). Repeated natural 

disturbances like flood events that dredge new ponds, fires that clear out organic material, 

or the activities of ecosystem engineers (e.g., beavers) that create ponds can replace 

aquatic habitat that becomes overgrown with native or invasive vegetation, fills in, or 

dries out. Human suppression of such disturbance events may limit the available number 

of ponds in a favorable successional stage for A. annulatum breeding.  

Global climate change is a pervasive but poorly understood threat that may affect 

all amphibians due to their dependence on cool, moist habitat. Like most amphibians, A. 

annulatum persist in a narrow, species-specific range of climatic conditions. However, 

the Union of Concerned Scientists (2009) has forecast hotter summers and warmer 

winters across the species’ range, with snows falling later in autumn and melting earlier 

in spring. Additionally, these researchers predict more frequent flooding events brought 

about by increased rainfall in the autumn, winter, and spring, but a higher likelihood of 

drought in the summer. Changes in temperature and moisture levels could cause A. 

annulatum to adapt to local conditions, shift their range, or perish (Bellard et al. 2012). 

Ambystoma annulatum juveniles have higher mean standard metabolic rates (SMR) and 

physiological rates of respiratory surface area water loss (RSAWL) than most other 

ambystomatids that occur within Arkansas, Missouri and Oklahoma (A. maculatum, A. 

opacum, A. talpoideum and A. texanum; see Chapter 2). Though A. annulatum juveniles 

demonstrate some acclimation of mean critical thermal maxima when exposed to 

different temperature treatments (19°C and 27°C) under laboratory conditions, this 
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response is of a lower magnitude than those expressed by juveniles of three congeneric 

species (A. maculatum, A. opacum, and A. texanum; Turrell et al. unpublished data). 

Ambystoma annulatum may be particularly susceptible to changes in thermal and hydric 

conditions compared to sympatric congeneric species, given that SMR has been shown to 

negatively correlate with juvenile ambystomatid survival (A. maculatum and A. opacum; 

see Chapter 3), high rates of RSAWL may increase risk of desiccation, and limited 

plasticity of upper thermal tolerances may result in increased mortality under elevated 

temperatures. This susceptibility may result directly in reduced A. annulatum survival 

and reproductive output (i.e., fitness), reduced A. annulatum activity rates, and may alter 

interspecific competitive interactions across the distribution of the species (Bellard et al. 

2012). Though ambystomatids have been found to demonstrate intraspecific variability in 

RSAWL phenotypes in correlation with a latitudinal thermal gradient, the two A. 

annulatum populations studied did not demonstrate distinct physiological phenotypes, 

providing preliminary evidence that this species may not be able to physiologically adjust 

to local conditions (see Chapter 2). An investigation of a greater number of populations 

across a larger spatial extent will be needed to further resolve the potential for A. 

annulatum to physiologically adapt or acclimatize to local conditions. Alternatively, A. 

annulatum may rely on behavioral responses to maintain thermal and hydric equilibria 

(Bellard et al. 2012). However, should the climate shift too drastically, A. annulatum may 

be unable to adjust behavioral responses or physiological tolerances at an adequate rate or 

to the needed magnitude. Further, suitable conditions may disappear from even the 

highest points in the Ouachita and Ozark ranges, limiting the potential for range shifts 

along elevational gradients. In addition, little natural habitat, if any, is available to allow 
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range shifts to more northern latitudes because of the extensive loss of forests attributed 

to agricultural conversion in northern Missouri. 

The Union of Concerned Scientists (2009) also warned that more frequent heavy 

rain events will likely reduce water quality in the region by washing greater loads of 

sediment into water bodies, which can negatively affect growth and development in the 

aquatic stages of amphibians (Gillespie 2002). Warmer winter temperatures combined 

with summer droughts and heat waves may also dry ponds earlier, potentially killing 

embryonic or larval individuals before they can metamorphose (Anderson et al. 2015; 

Ryan et al. 2014). Similarly, a decrease in pond hydroperiod may differentially influence 

breeding and development phenologies of amphibians and other organisms in the pond 

community (Anderson et al. 2015; Ryan et al. 2014). Taken together, these findings 

indicate that A. annulatum are vulnerable to the predicted effects of climate change, 

particularly in comparison with wider-ranging congeneric species. 

Prioritizing Threats 

Among the threats that A. annulatum face across Arkansas, Missouri, and 

Oklahoma, we suggest that those likely affecting this species most immediately are 

habitat loss, degradation, and the fragmentation of existing populations, as well as the 

presence of introduced predatory fish. First steps in actively conserving the species 

should therefore focus on these issues. Risks brought on by disease and climate change, 

while not immediate, are ominous on the horizon. The environmental community has 

begun incorporating these threats into conservation plans, but we lack a considerable 

amount of the demographic, behavioral, and physiological data needed to accurately 

predict the responses of many species, like A. annulatum, to likely scenarios of future 
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change (Böhm et al. 2013, Gifford 2016, Riddell et al. 2017, Kindsvater et al. 2018). 

Collecting these data in the present will better prepare us to conserve species in the 

future. Further, careful planning and preventative management actions may avert possible 

declines in species like A. annulatum, increasing the long-term outlook for vulnerable but 

apparently stable species.  

CURRENT RESEARCH, MONITORING, AND CONSERVATION EFFORTS 

Across the range of A. annulatum, little is known about the status and trends of 

populations. The IUCN lists the species as being of Least Concern (IUCN 2019), and 

NatureServe assigns the species a global status of G4 - Apparently Secure (NatureServe 

2019). However, the knowledge regarding A. annulatum and actions being taken to 

monitor and protect A. annulatum varies by state and property holding. Disparities 

between locations arise from differences in the size and number of known populations, 

political atmosphere, management resource availability, cooperation of landowners, and 

threats present on the local landscape. The dialogue among all those involved in A. 

annulatum conservation efforts is minimal (e.g., managers and researchers from state and 

local government agencies, as well as private organizations). Low levels of 

communication and collaboration in combination with location-specific professional 

priorities, resources, and guidelines have led states and property holdings to develop 

inconsistent management approaches for the species.  

In the state of Arkansas, A. annulatum has been designated a Species of Special 

Concern due to its limited range and rarity compared to other Ambystoma species 

(NANFA 2004). Additionally, NatureServe has assigned the species a ranking of S3 – 

Vulnerable within Arkansas (NatureServe 2019). Despite these statuses, managers in 
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Arkansas have commonly observed adult A. annulatum during breeding season and 

larvae in wildlife ponds (Kelly Irwin, pers. comm.). Such observations have led managers 

to declare the species “apparently secure”. However, many potential breeding ponds 

remain unmapped and unexamined. Managers have not attempted any formal surveying 

and monitoring plans to capture the true extent of occupancy, abundance or population 

dynamics of A. annulatum across the state, nor are such efforts planned. It is unclear 

whether any such programs are in place on properties and easements held by non-

government conservation agencies. Recent academic research endeavors within the state 

pertaining to A. annulatum are limited (but see e.g., Burkhart et al. 2019).  

The state of Missouri has also designated A. annulatum a Species of Conservation 

Concern due to its restricted range and relative scarcity (MDC 2019), and NatureServe 

has deemed the species to be S3 - Vulnerable within the state (NatureServe 2019). As in 

Arkansas, environmental managers in Missouri perceive A. annulatum to be uncommon, 

but not in decline (Jeffrey Briggler, pers. comm.). Although the Missouri Department of 

Conservation (MDC) is not and has not performed any comprehensive statewide surveys 

to capture the status of A. annulatum, this agency is using resources to survey and 

monitor the species at select conservation areas, state parks and state construction sites, 

while also providing mitigation recommendations to private development projects 

(Jeffrey Briggler, pers. comm.). All known records for A. annulatum have been compiled 

by MDC, and numerous staff positions have partial responsibility for searching out new 

records. Training for this staff is provided by the State Herpetologist (Jefferey Briggler), 

who also conducts surveys of ponds and road crossings at areas targeted as MDC 

priorities or having a low number of records considering geographic location and habitat 
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availability (Jeffrey Briggler, pers. comm.). Other wildlife conservation efforts, such as 

the establishment of wildlife ponds and protection of riparian areas likely also benefit A. 

annulatum, though game species are often the targets of such efforts. As in Arkansas, we 

are unaware of any A. annulatum survey efforts being conducted by non-government 

environmental agencies on land holdings and easements in Missouri. However, 

researchers have been working to understand the ecology and conservation needs of A. 

annulatum from populations in the Daniel Boone Conservation Area, Warren County and 

at Fort Leonard Wood, Pulaski County (e.g., Peterman et al. 2014; Semlitsch et al. 2014b, 

Semlitch et al. 2015; Burkhart et al. 2019; see Chapters 1 and 2).  

Ambystoma annulatum conservation in Oklahoma is of higher priority for 

managers than in Missouri and Arkansas due to the species’ spotty distribution in a very 

limited area of the state. NatureServe has ranked the species as S2S3 - Imperiled to 

Vulnerable within the state (NatureServe 2019). Oklahoma has designated A. annulatum 

as one of the highest-priority amphibians in their Comprehensive Wildlife Conservation 

Strategy, although the statuses and trends of this state’s populations remain unknown 

(ODWC 2005). As a result, the Comprehensive Wildlife Conservation Strategy calls for 

in-depth surveys of naturally occurring populations, museum collections and historical 

records in the literature. The Strategy also recommends conservation actions to defend 

the species from threats like human development, livestock, and feral hogs. Specifically, 

the document advocates preserving riparian areas around and between breeding ponds by 

providing incentives to landowners and creating easements, fencing ponds to keep out 

livestock and hogs, and restoring ponds degraded by sedimentation. Little of the Strategy 

has been enacted, possibly due to Oklahoma’s relatively small state wildlife diversity 
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program and the lack of a State Herpetologist (Mark Howery, pers. comm.). However, 

researchers at the Tulsa Zoo began conducting surveys for the species on state forestlands 

and a property held by The Nature Conservancy (TNC) in 2014 to facilitate a long-term 

A. annulatum captive breeding program (Mark Howery, pers. comm.). The Association of 

Zoos and Aquariums provided funding for these efforts, with a small team of Zoo staff 

members dedicated to A. annulatum survey and husbandry work (Barry Downer, pers. 

comm.). TNC and the Oklahoma Department of Wildlife Conservation (ODWC) support 

the efforts of the Tulsa Zoo through permitting (Barry Downer, pers. comm.). As 

research and management projects develop in Oklahoma, the Tulsa Zoo hopes to engage 

educators and university students to address gaps in the knowledge of A. annulatum 

occurrence and natural history (Barry Downer, pers. comm.).  

In all three states composing the range of A. annulatum, the main sources of 

funding for state wildlife managers are State Wildlife Grants awarded by the federal 

government (Kelly Irwin, pers. comm.). These grants are designed to aid non-game 

species, with the goal of preventing the selected species from becoming listed as 

Threatened or Endangered. However, only one or two amphibian or reptile species are 

selected for grant support every two years in each state (Kelly Irwin, pers. comm.). As a 

result, academia has become an important source of funding and effort to study non-game 

species for the states. Research efforts conducted by faculty and students of local 

universities remove a great deal of the financial and temporal burden from the state-

employed environmental managers (Kelly Irwin, pers. comm.). Moreover, academia has 

been known to fund positions for environmental managers on local conservation areas 

and military bases (Kenton Lohraff, pers. comm.).  
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As no State Wildlife Grants are currently funding A. annulatum projects, the 

federal government’s role in conserving the species is largely indirect. The U.S. Forest 

Service (USFS) has protected lands by establishing the Ouachita National Forest (AR and 

OK), the Ozark-St. Francis National Forest (AR), and the Mark Twain National Forest 

(MO), which safeguard A. annulatum breeding ponds and woodlands from human 

development (with the exception of some extractive activities). In the past, the USFS also 

created wildlife ponds scattered throughout these public lands for use by game species. 

These manmade ponds have the unintentional benefit of serving as quality breeding 

ponds for A. annulatum (Trapp 1956; Semlitsch et al. 2014b). Although we are not aware 

of any active pond building, restoration, or maintenance government programs for 

amphibians within the three states, Terra Technologies, Inc., a private wetland mitigation 

bank, may be involved in wetland construction in A. annulatum habitat (Terra 

Technologies, Inc. 2013). 

A COMPARISON OF HISTORIC AND RECENT OCCURRENCE RECORDS 

To determine the status of any population or species, thorough and repeated 

survey and monitoring records are needed to track changes in population occurrence and 

abundance through time (Kéry et al. 2009). Without such complete efforts, the perception 

of species viability may be incongruous with the true status of the species. As a result, 

populations may decline unnoticed until more extreme and costly measures are needed to 

conserve the species. This section was designed to identify any trends in survey effort or 

species viability discernible by comparing historic and recent A. annulatum location 

records using two Missouri datasets.  
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Methods 

We examined 482 observations compiled by Edmond and Daniel (2014) from 

literature, private collection, and museum records for the Missouri Herpetological Atlas 

Project (MHAP). These records represented only occurrences for which the MHAP 

managers were able to obtain carcass or photo vouchers, and thus omit state and literature 

records in which species identity cannot be validated. Records in this dataset represent a 

single voucher. At the time of our analysis, this dataset spanned the years 1927 through 

2012. In addition, we incorporated recent records produced from studies performed at 

Fort Leonard Wood in Pulaski County, MO and the Daniel Boone Conservation Area in 

Warren County, MO when designing maps using this dataset (e.g., Peterman et al. 2014; 

Semlitsch et al. 2014).  

Next, we accessed the MDC Natural Heritage database, which included 333 

records collected by state officials during surveys and reported by permit holders. These 

records each indicated a local occurrence, sometimes accounting for numerous animals 

across multiple nearby ponds. The MDC dataset included records from 1927 through 

2014.   

Although both databases contain information describing A. annulatum 

occurrences by county location and date, they are not directly comparable due to the 

different criteria used to define a single record. Exploratory maps were created for each 

dataset in ArcMap version 10.1 (ESRI 2012), and data were examined in R software 

version 3.0.1 (R Development Core Team 2013). We obtained Missouri county boundary 

data from MoDNR, DGLS and the Missouri Office of Administration (2009), while 

background maps were provided by ESRI, DeLorme, and NAVTEQ (2014). 
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Results 

According to the MHAP dataset, 26 counties in Missouri produced vouchered 

records of A. annulatum from 1927 through 2012 (Figure 4). Eight of these counties had 

initial records dated prior to 1980, while 16 of these counties produced or reproduced 

records between 2000 and 2012. Camden and Christian were the only two counties in 

which A. annulatum were found prior to 1980, but were not subsequently reported as of 

2012. However, 76% of counties in which A. annulatum had been reported contained ≥ 5 

vouchered occurrences, with 24% of inhabited counties having only a single record in the 

MHAP database.  

Due to a unique record from 1977 in Ozark County, the MDC dataset contained 

A. annulatum records for 27 Missouri counties from 1927 through 2014 (Figure 5). While 

an occurrence record existed for Camden County from 2014, Christian County’s most 

recent record was from 1954. Including Ozark and Christian, only five counties lacked 

records reported since 2000. Though many records were recent, 59% of counties reported 

as historically supporting A. annulatum populations by MDC had five or fewer records, 

with 22% of inhabited counties having only a single record in the dataset.  

Observations of A. annulatum reported by MHAP were infrequent until the 1960s, 

with only a few years producing numerous records for which vouchers could be found 

(Figure 6). Vouchered records were collected or reported more consistently between 1960 

and 1990. Conversely, the past two decades produced only 9% of the MHAP A. 

annulatum dataset. The mean number of vouchered observations made per year from 

1990 through 2012 was only 1.9 ± 3.0 SD, compared to the mean number of vouchered 

observations from 1927 through 1989 of 6.8 ± 14.6 SD. 
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In contrast, the MDC dataset revealed a growth in annual occurrence records with 

time. No year prior to 1995 produced more than three A. annulatum records in this 

dataset, with 88% of records being reported between 1990 and 2014. In the MDC 

database, the mean number of annual occurrence records between 1927 and 1989 was 0.6 

± 1.0 SD, while the mean number of annual occurrence records from 1990 through 2014 

was 11.7 ± 18.4 SD. 

Discussion 

Most counties for which A. annulatum records had been reported in both the 

MHAP and MDC datasets were listed as having vouchers or occurrences reported within 

the last 15 years. These findings do not suggest a reduction in the range of A. annulatum 

in Missouri. However, the majority of these counties in both databases were represented 

by low total record numbers. This paucity of occurrence observations and vouchers 

suggests that a full picture describing the localities and likely viability of A. annulatum 

populations within the state is lacking, as irregular snapshots of relatively few 

populations likely poorly capture trends through time (Kéry et al. 2009). To gain greater 

insight into the actual status of the species, more comprehensive and regular surveying 

and monitoring efforts will be required. 

 The MHAP and MDC datasets revealed conflicting stories when the annual 

numbers of records from each of these sources was examined over time. The MHAP 

dataset showed few voucher records to exist for both early and recent years, while 

numerous records were available from 1960 through 1990. This trend may be attributed 

to difficulty locating older records of sufficient quality, changes in the popularity of 

voucher collection, fewer surveys of A. annulatum conducted during early and recent 
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years, and/or a lower abundance of salamanders during these time periods. In 

comparison, the recent growth in annual occurrence record numbers in the MDC dataset 

suggested an increase in survey effort, record keeping diligence, and/or A. annulatum 

abundance. Though this pattern among the MDC records is encouraging, disparities 

between the two databases again indicate a need for comprehensive and consistent 

surveying and monitoring to determine A. annulatum population trends within the state.  

PROPOSED GOALS TO ADDRESS ECOLOGICAL UNCERTAINTIES 

Based on the literature reviewed and analyses described in this document, we 

suggest goals for the effective long-term management of A. annulatum. Several key 

components of A. annulatum ecology need to be better understood to conserve the 

species. First, it is critical that managers and researchers establish where A. annulatum 

occur across the landscape, especially in relation to historic records. It will be much more 

difficult to conserve populations through the development of targeted studies and 

management actions if we are unsure of where these salamanders exist. Further, robust 

occurrence data can be used to develop correlative species distribution models to both 

identify suitable habitat for additional monitoring and predict potential A. annulatum 

range shifts under future conditions (Pearson and Dawson 2003). To accomplish this first 

aim, we recommend that data collectors initially focus on public lands, though it will 

eventually be necessary to include private holdings despite challenges that may arise in 

gaining support from landowners.  

Second, as inhabited sites are identified through occupancy surveys, managers 

and researchers should attempt to develop population abundance estimates through 

repeated robust sampling (Royle 2004, Kéry et al. 2009, Peterman et al. 2014a). These 
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estimates will be extraordinarily useful in indicating the health of specific populations, 

their potential contribution to source-sink dynamics, and will begin to suggest the overall 

viability of the species (Beissinger and Westphal 1998; Joseph et al. 2006). Taken 

together, the accumulation of abundance estimates may generate a clearer picture of the 

relative health of populations, as well as interannual and spatial variability of A. 

annulatum population sizes.  

During these survey and monitoring efforts, a third recommended management 

goal is to identify the life stage structures and vital rates of a subset of study populations. 

This is particularly important for the terrestrial life stages, which are difficult to observe 

but key demographics for amphibian population dynamics (Biek et al. 2002; Vonesh and 

De la Cruz 2002). Developing estimates of these variables across multiple sites will allow 

researchers and managers to generate more accurate models to determine the extinction 

risk of populations, as well as the sensitivity of each life stage to local environmental 

threats and potential management actions (Hamilton and Moller 1995; Keith et al. 2008; 

Saunders et al. 2018). Well-designed research efforts will also allow managers and 

scientists to make robust estimates of other species-specific attributes that are difficult to 

measure, like the proportion of adult A. annulatum females that skip annual breeding 

under heterogeneous environmental conditions. 

A fourth recommended goal is to produce a better understanding of 

metapopulation dynamics and the dispersal ability of A. annulatum. Determining how 

animals move across the landscape based on habitat and genetic data will allow managers 

to prioritize and protect dispersal pathways that are critical to species persistence 

(Peterman et al. 2014b, c). Similarly, probable source populations, identified as those 
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having growth rates that exceed replacement, can be better protected to ensure the rescue 

and re-establishment of nearby breeding ponds. Determining the dispersal tendencies and 

capabilities unique to A. annulatum will also allow managers to establish buffer zones 

around breeding ponds that will more effectively protect local populations (Semlitsch 

1998, 2008). 

The fifth and final suggested management goal is to elucidate physiological and 

behavioral responses of A. annulatum across diverse habitat conditions. To effectively 

conserve A. annulatum under shifting local conditions brought about by land use and 

climate changes, it is necessary to predict population vulnerability (Foden et al. 2019). 

However, making accurate predictions based on current habitat use alone is challenging 

when future conditions may have no present-day equivalent within the species range 

(Kearney and Porter 2009). Recognition of this issue has led to calls for the development 

of mechanistic population and species distribution models, which predict vulnerability by 

incorporating data on species-specific physiological tolerances and behavioral responses 

(Gifford 2016; Riddell et al. 2017). However, such information is lacking for most 

species, including A. annulatum. We thus recommend that further research describing 

physiological tolerances to temperature and humidity conditions, physiological and 

behavioral optima, behavioral responses under stress, and plastic responses among these 

traits be conducted while A. annulatum remains abundant and easily observable. By 

doing so, researchers and manager can better forecast the likely responses of A. 

annulatum to the changing landscape, prioritize populations for management, and 

identify conservation actions that are most likely to increase the likelihood of species 

persistence. 
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PROPOSED MANAGEMENT ACTIONS 

An Adaptive Management Approach 

To accomplish the goals listed in the previous section, we recommend that an 

adaptive management approach be used. Adaptive management is a structured decision-

making strategy that allows managers to frame the issue, clarify objectives, discuss all 

possible solutions and determine the actions needed to produce the desired outcome 

(Keeney 2004). Unlike many other structured decision-making approaches, adaptive 

management explicitly incorporates the (1) monitoring of actions to assess multiple 

competing hypotheses about the target species, (2) periodic evaluation of management 

action success, and (3) alteration of existing ecological models and management plans as 

conditions change or data indicate that previously selected actions are suboptimal 

(McLain and Lee 1996). This iterative learning process is important when working at 

large scales, and in ecosystems that are composed of complex and dynamic interactions 

(McLain and Lee 1996). By using an adaptive management approach, managers can 

develop a plan that is adjustable to the accumulation of new knowledge and future 

changes in landscape and climatic conditions. Such flexibility is valuable given the 

numerous threats faced by A. annulatum across the species range (Wear and Greis 2002; 

Union of Concerned Scientists 2009) and considerable uncertainty regarding the species’ 

ecology. 

Collaboration Among State, Local and Federal Managers 

Effective communication between managers, researchers, and other stakeholders 

is a necessary component of any successful management effort. Collaboration allows for 

the sharing of management concerns, recent ecological and genetic findings, novel ideas, 
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and the progress of conservation projects. Open communication between pertinent 

managers also facilitates the coordination of research, monitoring, and conservation 

efforts across large geographic areas, like the range of A. annulatum. As an example, key 

managers and scientists involved in flatwoods salamander conservation have created a 

working group so that all members can stay informed of the health of extant populations 

and contribute to solutions for species preservation. The creation of this working group 

also enabled key members to participate in structured decision-making workshops that 

have allowed the group to make decisions regarding the flatwoods salamander recovery 

plan and facilitated dialogue between federal agencies (USFWS and USGS), state 

agencies, academic experts, and other stakeholders (O’Donnell et al. 2017).  

We recommend that managers, researchers, and other stakeholders who will play 

a primary role in A. annulatum conservation efforts engage in a similar working group. 

More specifically, a range-wide working group should be formed among State 

Herpetologists (AR and MO) and Wildlife Diversity Biologists (OK), academic 

researchers, local zoo employees engaged in A. annulatum projects (e.g., Tulsa Zoo), 

pertinent TNC managers, and federal land managers from the USFS and Department of 

Defense. The working group should also consider including an outside advisor who has 

experience with similar species and structured decision-making (e.g., leader of the 

flatwoods salamanders working group, Susan Walls, or the Jefferson’s Salamander expert 

in Illinois, Christopher Phillips). If possible, range-wide working group members should 

seek training in adaptive management practices to effectively make, test and update A. 

annulatum management decisions. This working group should communicate their 

progress and findings annually at minimum, so that all members retain a current 



206 
 

understanding of the status of A. annulatum across the region. Data collected should be 

entered into a range-wide, accessible database for group reference. Additionally, we 

recommend the range-wide working group meet every 2–5 years to reassess the 

management plan and modify the document as necessary. Scheduling meetings to occur 

in conjunction with regional herpetology conferences may be ideal, as many working 

group members will likely already be in attendance.  

Independent of the range-wide working group, we recommend that each state 

develop subgroups of environmental management and research professionals to address 

local A. annulatum conservation issues. These working groups should be composed of 

wildlife managers working on local conservation areas, private easements, state parks, 

national and state forests and military bases, as well as amphibian experts from zoos and 

academic institutions. Working groups focused on finer geographic scales will be able to 

distribute knowledge across their membership and coordinate research and management 

efforts on lands that are in proximity to one another. Coordinated efforts will likely be 

more effective in conserving metapopulations that exist across manmade property 

boundaries. As with the range-wide working group, the members in each subgroup 

should communicate annually at minimum and share data in a regional database. As a 

product of yearly communications, these subgroups should provide brief summaries of 

their activities and findings to the range-wide working group. In addition, we recommend 

that working groups of all types meet every 2–5 years to present regional trends in A. 

annulatum populations, changes in the conditions of local landscapes, and the efficacy of 

different management strategies being employed. These symposia would encourage the 
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diffusion of information and new ideas among all those involved in A. annulatum 

conservation.  

Apart from the participation of federal wildlife managers in the proposed working 

groups and the continued protection of National Forest lands by the USFS, there is 

currently little cause for the involvement of the federal government in A. annulatum 

management. The USFWS is already stretched thin in dealing with listed species and will 

likely have few resources available to dedicate to an ‘apparently secure’ species (Stokstad 

2005). Should working group members discover disconcerting population trends 

suggesting a need for listing, however, the federal government should be notified. If 

extreme local declines are recorded, state biologists and/or herpetologists may need to 

consider listing A. annulatum as Threatened or Endangered within the state. If such 

declines threaten species persistence more broadly, the range-wide working group should 

petition the USFWS to list A. annulatum under the ESA. Submitting a petition for listing 

would also be necessary if genetic analyses indicate the existence of distinct population 

segments in parts of the species’ range, which would qualify for special protection under 

federal law.  

The working groups suggested here should also take care to incorporate other 

stakeholders in management planning and conservation efforts. Entities that may be 

impacted by A. annulatum conservation efforts include non-government environmental 

organizations, local landowners, developers, infrastructure engineers, and outdoor 

recreation participants. Interests of these stakeholders should be considered during 

planning, and the local community should be informed of ongoing research and 

management efforts. Outreach will be important both in gaining access to populations on 
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private lands through the building of trust and encouraging a sentiment of stewardship for 

this species among the public. Managers should consider holding open forums at which 

the concerns and opinions of stakeholders can be heard and addressed.  

Surveys, Monitoring, and Research 

Conversations with environmental managers in all three states in which A. 

annulatum occur indicated that recent data comprehensively detailing the occurrence 

locations of A. annulatum are scarce. Therefore, we recommend that conservation 

practitioners in each state begin to develop both a survey strategy to establish occupancy 

of local A. annulatum populations and a working group database. This will entail the 

collection of current presence and absence data for A. annulatum across their range. 

Eventually, a longer-term monitoring strategy should be implemented to detect any 

changes in habitat quality and animal abundance over time. Monitoring will also help 

managers to determine the types of ponds preferred by the species and the success of any 

conservation actions taken, such as aquatic or terrestrial habitat restoration.  

We recommend using egg surveys in the fall (September–November) and larval 

dip net and minnow trap surveys in the spring (March–May; see Peterman et al. 2013a; 

Peterman et al. 2014; Anderson et al. 2015) to determine A. annulatum occurrence. These 

aquatic life stages tend to be easier to detect than juveniles and adults due to their high 

abundance within the restricted area of ponds. In addition, abundance sampling using 

standard methods for the aquatic life stages along with data on habitat quality and pond 

size will allow for environmental managers and researchers to estimate the densities of 

eggs and larvae within populations. Although this approach will require a great deal of 
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effort from data collectors, abundance values can later be used in simulations of A. 

annulatum population dynamics.  

To understand the conservation needs of juvenile and adult A. annulatum, it will 

also be useful to establish drift fences around several ponds believed to be historic source 

populations, as the persistence of these ponds will likely be critical in ensuring the health 

of the metapopulation. Breeding adults and juveniles can be surveyed with relatively high 

detection using such drift fences (Semlitsch et al. 2014b). After fencing long-term mark-

recapture studies should be implemented to estimate adult and juvenile abundance and 

survival estimates through time (as in Trenham et al. 2000). The estimated means and 

variances of stage-specific vital rates can then be used to enhance models and simulations 

of population demographics across occupied ponds. Researchers can also conduct 

telemetry studies to clarify the maximum and average distances that juvenile and adult A. 

annulatum disperse (as in Burkhart 2018). These data can inform metapopulation 

demographic models and guide the determination of the most effective buffer zone size 

around ponds to protect terrestrial life stages.  

An alternative species detection tool still under development is the use of A. 

annulatum DNA that has been released into the environment from sloughed off skin cells 

and excrement (Olson et al. 2012; Thomsen et al. 2012). This environmental DNA, or 

eDNA, can be inexpensively and easily collected from water samples, and analyzed using 

qPCR to indicate species presence (Browne et al. 2011; Thomsen et al. 2012). Previous 

studies have shown that eDNA surveying methods are accurate in predicting the presence 

of aquatic amphibians (e.g., Goldberg et al. 2011; Olson et al. 2012; Thomsen et al. 

2012). However, results can vary based on time of year, population demography and 
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water conditions (Browne et al. 2011). Future advances in eDNA technology paired with 

experimental studies may reveal the age of the molecules and abundance of the species 

within the water body (Thomsen et al. 2012). Wildlife professionals charged with A. 

annulatum conservation should therefore stay abreast of eDNA research so that the 

technique may be employed when it has become better developed, economical, and more 

efficient than dip net or funnel trap sampling.  

Education and Outreach 

A critical component of A. annulatum conservation will be public education and 

outreach. Without an appreciation of the benefits that A. annulatum persistence will 

provide to humans, local community members may be less inclined to participate in 

conservation efforts and change behaviors that may harm the species. Wildlife 

professionals should impress upon community members of all backgrounds that A. 

annulatum is a regional endemic in which they can take pride, and that these salamanders 

serve as an indicator species, important prey for game (e.g., wild turkeys), nutrient 

dispersal agents, and invertebrate-controlling predators (Trapp 1956; Dickman 1968; 

Porter 1972; Burton and Likens 1975b; Seale 1980; Duellman and Trueb 1986; Morin et 

al. 1990; Petranka 1998; Welsh and Ollivier 1998; Wyman 1998; Davic and Welsh 2004; 

Watters et al. 2018).  

More effort will be required to educate members of local communities who lack 

trust in environmental advocates or are simply not able to participate in volunteer events. 

Examples of such people may include landowners who fear that managers will restrict 

profitable land use (e.g., timber harvest and agricultural conversion) on their property, the 

very young, the disabled, and urban residents who do not have easy access to A. 
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annulatum habitat. Trust in researchers and environmental managers can be built with 

community members by giving them a voice in decision-making, focusing on shared 

values during communications, and incentivizing environmentally friendly behaviors 

through, for example, cost-share programs for cattle fencing and wetland restoration 

(Davenport et al. 2007; ODWC 2005). It may also be helpful to communicate to 

landowners that preserving wildlife before they are listed may reduce the likelihood that 

these community members will need to deal with more stringent federal endangered 

species protection laws that could restrict land use in the future.  

To reach individuals who cannot participate in educational programs, 

environmental educators should hold events in both urban and more rural public schools 

to introduce students to woodland and pond ecosystems, as well as the wildlife that use 

these habitats. Educational programs could include field trips to A. annulatum habitat, 

allowing students time to dip net ponds to see eggs, larvae or migrating breeding adults 

(e.g., at Rockwood Reservation Nature Center in St. Louis, MO). If such trips are not 

possible, educators could instead bring educational animals to schools. These firsthand 

experiences may inspire children to take interest in wildlife protection and encourage 

their parents to do the same. Further, engaging young people may be particularly 

effective in fostering a strong environmental ethic among future community leaders.  

To reach non-student residents who are unable or uninterested in participating in 

outreach events, stakeholders should distribute educational materials and use locally 

available media sources. Pamphlets describing A. annulatum, their importance to the 

local ecosystem, the threats they face, and how such issues can be resolved could be 

made and distributed at community-wide gatherings, such as festivals, markets and 
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parades occurring within the species’ range. Brief stories about the species could also be 

submitted to local newspapers and television stations. Social media like Facebook and 

Twitter can be used at no cost to researchers or managers to inform communities about A. 

annulatum issues, current projects, and findings. Such efforts would make A. annulatum 

issues far more visible to the public than they are currently.  

Once local residents have been introduced to A. annulatum and their importance 

on the landscape, managers should discourage fish introductions and encourage driving 

with caution during salamander migrations. More specifically, community members 

should be notified that introducing fish to new ponds can devastate amphibian 

populations. Anglers should instead enjoy fishing on water bodies that already contain 

healthy fish populations. Additionally, citizens should be encouraged to avoid driving on 

roads near breeding ponds on warm, rainy evenings in the fall and late spring. If driving 

is necessary during these times, then motorists should be warned to slow down to avoid 

migrating juvenile and adult amphibians. Such precautions should help to reduce road 

mortality in A. annulatum and many other native herpetofauna during breeding and 

dispersal. Researchers and managers can communicate these recommendations during 

volunteer trainings, at educational events, in informational materials, through the media, 

and by posting signage by breeding ponds and where many amphibians have been 

observed crossing roads. The community can be further engaged by organizing a 

volunteer-based project to install and monitor culverts under roads that are crossed by 

migrating A. annulatum.  

Reaching out to the public may also substantially lessen the burden on researchers 

and managers to conduct surveying, monitoring, and research efforts. Citizen science is 
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one option, in which volunteers from the community are trained in basic data collection, 

recording and processing protocols (Silvertown 2009). These volunteers can then be led 

to participate in an ecological study. Egg counting and larval sampling are relatively 

easy-to-learn protocols, and are thus ideal tasks for citizen science volunteers. Managers 

should consider contacting local high schools, universities, and naturalist or 4-H clubs to 

spur interest in citizen science projects. Leaders of such an initiative could create “Pond 

Teams” much like the very successful Missouri Department of Conservation’s “Stream 

Teams” (MDC 2014). Citizen science efforts could also be modeled after the successful 

vernal pool education, identification, and protection program developed in Massachusetts 

by the Vernal Pool Association (VPA), which encourages community members to report 

the locations of vernal pools occupied by species of concern to receive state certification 

(VPA 2014).  

With the extensive use of smart phones, managers should also create a project in 

iNaturalist (www.inaturalist.org). Using this program, project administrators can describe 

the goals of the study, restrict the geographic area in which observations can be reported, 

and set the fields of data that must be recorded by participants. Using the free phone 

application from this site, any community member with access to a smart phone or 

computer could then contribute their observations to the project. This could allow for the 

accumulation of numerous occurrence records from across the range of A. annulatum. 

Importantly, iNaturalist also features the option to request the review of records by expert 

naturalists, who can examine entries and accompanying photos that are date, time, and 

location stamped by cell phones. This option allows for improved quality control of the 

data. However, these data will not likely have been collected using standardized sampling 
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protocols, as project participants will often lack the training and equipment that would be 

available to professional researchers and citizen science volunteers. As a result, an 

iNaturalist project would probably provide little more than general locality information. 

Nevertheless, such records are valuable for identifying where A. annulatum might occur, 

and the project will save managers a great deal of effort and resources by simply finding 

new or historic sites. We therefore recommend that an iNaturalist project be advertised 

among schools, universities, naturalist groups and outdoor recreationalists.  

Habitat Protection 

To meet goals for minimum population size and spatial structure, we recommend 

that managers enhance the protection of woodland and breeding pond habitat. To 

improve the likelihood of metapopulation persistence, we further suggest increasing 

protection of a matrix in between known habitat that may be used transitionally by 

dispersing individuals.  

Previous research has indicated that buffer zones of at least a 165 m radius of 

intact forest should be established around breeding ponds of concern, as many adult 

spotted salamanders were found to remain within this area (Harper et al. 2008). However, 

many experts have suggested that buffer zones of 200–500 m around ponds would more 

completely protect upland habitat and its resident ambystomatid adults (Semlitsch 1998; 

Rittenhouse and Semlitsch 2007; Peterman et al. 2013b; Scott et al. 2013). Accordingly, 

we propose that 200–500 m of forested buffer zone be protected around known A. 

annulatum breeding ponds. Future studies clarifying the distance from ponds that A. 

annulatum adults inhabit can refine the size of recommended buffer zones. In areas 

impacted by feral hogs and cattle, managers might also consider installing fencing around 
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ponds to reduce disturbance within 25 meters of the pond edge by these animals (ODWC 

2005).  

Although the majority of adult ambystomatids may be protected within 500 m of 

pond edges, juveniles have been found to travel up to ~1,350 m from their natal ponds 

(Gamble et al. 2007). As juvenile survival and dispersal are both key factors influencing 

species persistence (Biek et al. 2002; Vonesh and De la Cruz 2002), managers should 

also work to protect corridors over which juvenile A. annulatum tend to disperse. Such 

corridors can be identified through a combination of landscape genetics studies and 

geographic information system (GIS) data layers of habitat between adjacent ponds (e.g., 

Peterman et al. 2013b).  

In some places, movement pathways of both juvenile and adult A. annulatum 

intersect roads, leading to high incidences of roadkill. In these locations, curbs should 

feature sloping edges ≤1:4 (Calhoun et al. 2005), and culverts should be constructed 

under roads with drift fences leading migrating and dispersing individuals safely into the 

tunnel (Patrick et al. 2010). So-called “Cape Cod” curbing enables amphibians to more 

easily escape from roadways, while culverts allow these animals to avoid roads 

altogether. Research has shown that culverts are most effective when airflow maintains 

consistent temperatures, the tunnel substrate is natural, and light permeates the tunnel 

(Jackson 1996; Puky 2003; Jochimsen et al. 2004; Puky et al. 2007; Woltz et al. 2008). 

Slots across the tops of culverts can enhance moisture and temperature control within 

these tunnels (Crosby 2014). Drift fencing should be constructed parallel to roadways and 

lead to culvert entrances, with the base buried at least 10 cm deep and the top curved 

away from the roads (Puky 2003). These precautions help to prevent amphibians from 
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moving under or over drift fences and onto roads. Thesis work conducted by Crosby 

(2014) at the University of Waterloo revealed that one ambystomatid (Ambystoma 

mavortiuum melanostictum) had an 86.7% mortality rate when crossing busy roads 

without culverts. In areas where culverts were built, this study found that tunnels were 

effective in reducing road mortality among the amphibian community by 94%. Culverts 

were particularly successful in reducing mortality when fencing was located on both sides 

of the road and ran the length of the road segment (Crosby 2014). By installing such 

culverts where A. annulatum cross roads, juvenile and adult populations can be 

safeguarded against declines due to mortality on motorways.  

Disease Prevention 

The threat of disease persists even in pristine habitats. However, the tendency of 

humans to travel between distant localities increases the probability that pathogens will 

reach new populations (Daszak et al. 1999). For this reason, it is extremely important that 

equipment exposed to one population of amphibians be thoroughly cleaned before being 

exposed to other populations. Examples of such equipment include sampling and research 

tools (like dip nets and funnel traps), footwear, recreational gear and watercraft. The 

Missouri Department of Conservation has mandated a protocol for preventing the spread 

of pathogens and invasive species between water bodies (Bush 2010). We recommend 

that researchers and managers adhere to this procedure and enforce the protocol among 

the public to reduce the likelihood of disease transfer across the range of A. annulatum. 

The Missouri Department of Conservation sterilization protocol is as follows: (1) remove 

all large debris from used equipment; (2) soak and scrub all equipment in a 2% household 

bleach solution for 20 minutes; and (3) allow the equipment to dry completely in direct 
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sunlight. Following this procedure, care should be taken not to mix dirty equipment with 

clean equipment. Researchers and managers should remain vigilant of A. annulatum 

population health through continued monitoring efforts while these sterilization 

techniques are employed. If populations begin to decline rapidly, we advise that 

individual salamanders be tested for fungal and viral infections.  

Habitat Restoration and Construction 

Due to succession and sedimentation across a landscape where natural disturbance 

regimes have been altered through human intervention, it may be necessary for managers 

to restore historic A. annulatum breeding ponds to ensure the persistence of populations 

and the species. However, restoration should not be attempted until underlying issues 

causing habitat degradation are addressed. In areas where rates of sedimentation are high 

due to nearby logging, impervious surface placement, or agriculture, managers should 

work to incentivize less detrimental practices or prohibit harmful ones. Further, at sites 

where introduced invasive species like fish and feral hogs exist, conservation 

practitioners should work to extirpate these organisms. Only after such problems are 

solved will managers be able to successfully restore ponds as long-term habitat for A. 

annulatum.  

To make pond restoration successful, several factors should be considered. Pond 

dredging and shade tree removal within pond basins have been found to be effective 

approaches for enhancing aquatic amphibian occurrence and abundance (e.g., Stevens et 

al. 2002; Nyström et al. 2007). We therefore recommend that managers use these 

methods when restoring A. annulatum ponds, taking care to monitor changes in 

community composition following restoration. Additionally, a fish-free environment and 
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shallow pond edges (15:1 slope) for vegetative growth used in egg laying, refuge from 

predators, and foraging should be available to salamander populations (Semlitsch 2002; 

Shulse et al. 2012; Shulse et al. 2013). Using the piscicide rotenone can eliminate 

introduced fish (Shulse et al. 2013), though applications should be performed cautiously, 

as this chemical may negatively affect amphibians (Fontenot et al. 1994). Restored ponds 

should also feature a continuous pond hydroperiod from early September through late 

June, so that A. annulatum breeding is successful and metamorphs are able to exit 

breeding ponds (Semlitsch et al. 2014). By developing these characteristics during pond 

restoration, managers can help to ensure the persistence of A. annulatum through 

metamorphosis.  

Forested, closed canopy habitat should be present adjacent to ponds, as restoration 

will likely fail if there is no quality habitat for individuals in terrestrial life stages to 

safely live in and migrate through (Brown et al. 2012). If this upland habitat has been 

substantially degraded by human use, managers should take care to promote regrowth of 

the native forest and de-compact the underlying soils (Semlitsch 2002). Similarly, it will 

be necessary to protect and/or restore upland habitat that connects ponds lying within the 

1,350 m observed dispersal distance of juvenile ambystomatids (Semlitsch 2002; Gamble 

et al. 2007; Brown et al. 2012). Safeguarding corridors for dispersing individuals will 

allow restored ponds to become repopulated (Semlitsch 2002). Eventually, these 

corridors may also enable individuals from restored A. annulatum populations to disperse 

to surrounding ponds.  

If restoration of historic breeding ponds is not feasible, managers should also 

consider constructing new ponds. Ambystoma annulatum have been found to successfully 
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use such manmade wildlife ponds as breeding habitat (Peterman et al. 2014; Semlitsch et 

al. 2014b). As in the case of pond restoration, new ponds should only be built when site-

specific threats have been addressed. Moreover, manmade ponds should only be placed in 

locations that are within a likely dispersal range of existing occupied ponds that appear to 

have robust populations. Further, selected pond construction sites should have quality 

terrestrial habitat intact around and between the established and new sites. Researchers 

and managers should make a point to select future pond sites that will enhance 

connectivity within the metapopulation (Semlitsch 2002; Brown et al. 2012). Once 

established, managers should focus on habitat construction and restoration efforts at the 

landscape scale. By doing so, connectivity can be increased between metapopulations, 

possibly through the development of dispersal corridors that link management areas. All 

new ponds should feature the same physical attributes and optimal hydroperiod discussed 

earlier in this manuscript.  

Captive Breeding, Population Augmentation, and Reintroduction 

Collecting individual animals from the wild, rearing them, breeding them, and 

then using the captive population to augment or reestablish wild populations is no small 

task. Captive breeding programs require husbandry expertise, and the facilities and 

financial resources needed to maintain a long-term project (Snyder et al. 1996). Further, 

population augmentation and reintroduction are not generally successful over long 

periods of time unless the conditions causing the population decline are adequately 

remedied (Snyder et al. 1996). Consequently, this approach to conservation should be 

reserved for populations or species that are in drastic decline, represent unique genetic 

variation, and have a low likelihood of persisting despite the use of other management 
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approaches (Snyder et al. 1996). We therefore do not recommend that range-wide A. 

annulatum captive breeding efforts be endeavored by managers at this time. Should the 

species begin to decline at a rate at which habitat restoration, pond building, and habitat 

protection attempts will not be successful, then managers should carefully consider this 

approach within a structured decision-making framework. 

Due to rarity across Oklahoma, the Tulsa Zoo is beginning a captive rearing 

program for A. annulatum (Barry Downer, pers. comm.). Such an approach is sound, as 

funds are currently available, and populations of A. annulatum found in this extreme 

southwestern corner of the species’ range may represent unique genetic lineages that 

necessitate more extreme protection measures. Further, development of effective 

husbandry techniques at this time may expedite future conservation efforts should they 

become needed for A. annulatum or other Ambystoma species. The cultivation of 

reintroduction strategies for ambystomatids will also be necessary.  

After Actions have Been Initiated 

Once management actions have been initiated, it will be critical that monitoring 

programs be established to assess the short- and long-term success of each project. As 

researchers and managers learn more about the species and conservation methods needed 

to protect A. annulatum through studies, monitoring, and personal experience, 

management plans should be periodically revisited. During reassessments, plans should 

be updated to reflect the evolving needs of the species, changes in the landscape or 

climate, and the most effective methods available using an adaptive management 

approach. By adapting plans as conditions change and knowledge accrues, conservation 

efforts can remain as effective in preserving the species as possible.  



221 
 

CONCLUSIONS 

Amphibian species are experiencing declines across the globe (Stuart et al. 2004). 

Identifying the degree to which amphibian species are threatened and initiating 

appropriate conservation actions before state or federal listing is required may save a 

great deal of time, money, effort, and precious biodiversity (Wilcove et al. 1993; Taylor 

et al. 2005). In the case of A. annulatum, preemptive management may prevent the 

species from experiencing drastic declines and conservation challenges like those that 

threaten its sister taxa, the Endangered and Threatened flatwoods salamanders. Moreover, 

A. annulatum conservation will serve to protect woodland and pond ecosystems, as well 

as other species that depend on these habitats across the Ouachita and Ozark Highlands.  

Our research and analyses indicated that the true status and trends of A. 

annulatum populations are unknown across the species’ range. Further, there is much left 

for researchers to learn regarding the ecology of A. annulatum. Gathering this 

information through surveys and studies that utilize volunteers from the community will 

allow managers to identify the conservation needs of the species, as well as foster an 

awareness of A. annulatum among the public. Once the status of the species has been 

determined, managers should proceed with conservation projects that best address local 

threats to the species. Using the adaptive management approach recommended here, 

these projects can be continually reassessed, and management plans can be adapted as 

new information is gained and conditions change.  

This manuscript has assessed the current body of knowledge and concern among 

the research and management community pertaining to A. annulatum. Now is the time to 

act on this information and determine the status of A. annulatum populations to prevent 
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the need for more costly management measures. We therefore encourage the 

environmental managers and amphibian ecologists of Arkansas, Missouri, and Oklahoma 

to consider using the proposed management goals and actions as a guiding framework to 

begin A. annulatum conservation efforts. In doing so, these professionals may be able to 

safeguard this unique species for the benefit of current and future generations.  
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TABLES AND FIGURES 

Table 1. Threats likely affecting amphibians within the range of the ringed salamander 

(Ambystoma annulatum). 

Threat Consequences that Negatively Affect Amphibians Supporting Literature 

Timber 

Extraction 

• Habitat loss and degradation from timber cutting 

and coarse woody debris removal 

• Pond warming, drying, or water quality 

degradation from increased rates of soil erosion 

and exposure to solar radiation 

• Warming and drying of the forest floor due to 

increased exposure to solar radiation and wind 

• Soil loss and compaction caused by tree removal, 

road building and the use of heavy machinery 

• Habitat fragmentation due to timber extraction that 

may isolate breeding populations and inhibit 

movement and dispersal 

Osbourn et al. 2014; 

Kluber et al. 2009; 

Semlitsch et al. 2009; 

Gravelle and Link 

2007; Jackson et al. 

2001; Johnson and 

Jones 2000; Corn and 

Bury 1989 

Agriculture • Habitat loss and degradation from forest clearing 

and pond filling 

• Pond warming or drying from increased exposure 

to solar radiation 

• Warming and drying of the forest floor due to 

increased exposure to solar radiation and wind 

• Water quality degradation caused by increased 

rates of soil erosion, runoff of fertilizers and 

pesticides from fields, and disturbances caused by 

livestock entering ponds 

• Soil compaction and vegetation alteration caused 

by conversion to row crops and the activities of 

livestock herds  

• Habitat fragmentation due to conversion to 

agricultural lands may isolate breeding populations 

and inhibit movement and dispersal 

Burton et al. 2009; 

Smith and Schindler 

2009; Schmutzer et al. 

2008; Johnson et al. 

2007; Taylor et al. 

2005; Roy 2002; Rowe 

et al. 2001; Gleissman 

1998 

Urbanization • Habitat loss and degradation from the construction 

of permanent impervious surfaces, establishment of 

pollutant sources, and removal of native vegetation 

• Increased terrestrial temperature fluctuations due to 

a loss of vegetative cover 

• Increased runoff of polluted waters and sediments 

from developed areas into local water bodies due to 

the abundance of impervious built surfaces and 

compacted soils 

• Changes in local pond hydroperiod associated with 

alterations to regional hydrology from land 

conversion to impervious surfaces  

• Habitat fragmentation due to conversion to built 

lands may isolate breeding populations and inhibit 

movement and dispersal 

Simon et al. 2009; Price 

et al. 2006; Arnold and 

Gibbons 1996; Galli 

1990 



247 
 

Road 

Construction 

• Road construction activities and the impervious 

asphalt used to pave many roadways leads to 

increased run off of sediments into local water 

bodies 

• Automobiles can kill amphibians attempting to 

cross roads  

• Microclimates created by roads may increase 

desiccation rates in migrating amphibians 

• Habitat fragmentation due to the impassability of 

roads may isolate breeding populations and inhibit 

movement and dispersal 

Crosby 2014; Peterman 

et al. 2013b; 

Holderegger and Di 

Giulio 2010; Fahrig and 

Rytwinski 2009; 

Semlitsch 2000, 2008; 

Saunders and Hobbs 

1991 

Introduced 

Species 

• Minnows and mosquito fish introduced by flood 

events and anglers can act as voracious amphibian 

predators 

• Pests such as feral hogs can disturb amphibian 

habitat by wallowing in ponds and rooting in the 

soils of nearby forest 

• Pathogens, like ranaviral disease and 

chytridiomycosis, that are spread through increased 

human travel and exacerbated by climate change 

can extirpate amphibian populations 

Drake et al. 2005; 

ODWC 2005; Kats and 

Ferrer 2003; Daszak et 

al. 1999 

Repression of 

Natural 

Disturbance 

• Traditional management practices have restricted 

natural disturbance regimes (e.g. fire and floods), 

which reset ponds to more favorable successional 

stages for use as amphibian habitat 

Hocking et al. 2013; 

Semlitsch and 

Rothermel 2003; Gill 

1978 

Climate 

Change 
• Increased risk of pond drying due to more frequent 

summer droughts and warmer winter temperatures 

• Changes in pond hydroperiod and sediment load 

due to an increase in autumn, winter, and spring 

flooding events 

• Shifting temperature and moisture conditions may 

lead to shifts in species’ ranges and increased rates 

of extinction 

• Changes in seasonality may differentially impact 

species with varying phenologies within the same 

pond community 

Anderson et al. 2014; 

Ryan et al. 2014; Union 

of Concerned Scientists 

2009 
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Figure 1. The known range of the ringed salamander (Ambystoma annulatum) as reported 

by the IUCN (2019). 
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Figure 2. An intermediate-sized ringed salamander (Ambystoma annulatum) breeding 

pond in Pulaski County, Missouri, USA (photographed by Dana L. Drake). 
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Figure 3. A ringed salamander (Ambystoma 

annulatum) egg mass (A), larva (B), juvenile 

(C), and adult (D; photographed by Dana L. 

Drake). 
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Figure 4. Missouri Herpetological Atlas Project (MHAP) ringed salamander (Ambystoma 

annulatum) vouchered occurrence records from 1927 through 2012 classified by (A) the 

date of the last reported record and (B) the total number of records for each county 

(MHAP data provided by Edmond and Daniel (2014); county boundary and background 

map data provided by MoDNR, DGLS, the Missouri Office of Administration (2009) and 

ESRI, DeLorme, and NAVTEQ (2014); projected coordinate system UTM WGS 1984 

zone 15N). 
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Figure 5. Missouri Department of Conservation (MDC) Natural Heritage ringed 

salamander (Ambystoma annulatum) occurrence records from 1927 through 2014 

classified by (A) the date of the last reported record and (B) the total number of records 

for each county (County boundary data provided by MoDNR, DGLS and the Missouri 

Office of Administration (2009); background map data provided by ESRI, DeLorme, and 

NAVTEQ (2014); projected coordinate system UTM WGS 1984 zone 15N). 
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Figure 6. The number of Missouri Herpetological Atlas Project (MHAP) and Missouri 

Department of Conservation (MDC) ringed salamander (Ambystoma annulatum) records 

produced each year from 1927 through 2012 or 2014, respectively. 
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