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Abstract 

 

  Surface water contamination from the herbicide atrazine (2-chloro-4-

ethylamino-6-isopropylamino-1,3,5-triazine) has been a concern for many years. The 

use of vegetated buffer strips (VBS) is known to improve water quality but the use of 

specific vegetation has the potential to substantially improve VBS efficacy. This research 

revealed significant differences in microbial response, based on phospholipid fatty acid 

(PLFA) biomarkers, to atrazine application specific to treatments of eastern gamagrass, 

Kanlow switchgrass, Cimarron switchgrass, and bare ground Control in mesocosm 

studies. Interestingly, microbial community changes measured with PLFA were not 

reflected in rates of atrazine degradation which were similar for all treatments. Atrazine 

degradation rates were especially surprising with regard to the eastern gamagrass 

treatment, as these plants are known producers of the atrazine degrading 

benzoxazinone (Bx) compound DIBOA-Glc. Additional research revealed atrazine 

degradation from switchgrass root extracts of eight varieties under laboratory 

conditions. Identification of atrazine degrading phytochemicals in switchgrass root 

extract was not completed due to seasonal variation in phytochemical production and 

instability of root extracts. Sorption studies of DIBOA-Glc revealed partitioning 

coefficients of 31.65 for Ca saturated montmorillonite (Ca-montmorillonite) clay and 

87.22 for Mexico silt loam soil. Studies of the atrazine:DIBOA-Glc reaction in the 

presence of Ca-montmorillonite equilibrated with atrazine, as well as Ca-

montmorillonite equilibrated with DIBOA-Glc, revealed that atrazine hydrolysis was 

inhibited by clay sorption. These results indicated that phytochemically mediated 
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atrazine degradation from Bx compounds contributes minimally to atrazine degradation 

in soil. The driving force behind atrazine degradation within the soil environment 

appears to be microbially mediated. Lastly, throughout attempts to identify the atrazine 

metabolite formed from switchgrass root extract, it was discovered that the biocide 

sodium azide (NaN3) was capable of producing a previously undocumented aminated 

atrazine metabolite as well as significantly different atrazine degradation rates between 

switchgrass varieties. These results serve as a warning against the use of NaN3 as a 

biocide with atrazine degradation studies. Selection of vegetation for VBS based on the 

support of soil microbial communities has the potential to enhance VBS efficacy with 

regard to minimizing atrazine contamination of surface water.  
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Chapter 1: Overview 

Atrazine Function and Degradation 

 Atrazine (1-chloro-3-ethylamino-5-isopropylamino-2,4,6-triazine) is a popular 

chloro-triazine herbicide, primarily used with corn crops. It has been widely used since 

the 1950s. In 2018, more than 25 million kg were applied to US fields (USDA, 2018). It is 

a highly effective herbicide which targets broadleaf weeds. Atrazine inhibits the Hill 

reaction in photosynthesis (Wessels and van der Veen, 1956), binding to a protein 

located in the thylakoid membrane of plant cells known as D-1, or the psbA gene 

product (Radosevich et al., 1979; Duke, 1996). When atrazine binds to this protein, the 

flow of electrons between photosystems I and II is inhibited, halting carbon fixation and 

resulting in effective control of a variety of common weeds. While its mode of action 

and weed control spectrum are well understood, the details of atrazine fate in the soil 

environment are still being explored. 

 Atrazine has been used and studied for decades, (Tezak et al., 1992; Misra et al., 

1996; Graymore et al., 2001; Rohr and McCoy, 2010; Stayner et al., 2017; Lerch et al., 

2017) yet new health concerns are still being discovered related to atrazine 

contamination of drinking water (Wenger et al., 2005; Frigerio et al., 2006; Krutz et al., 

2010; Stayner et al., 2017). Further, recent studies have elucidated the importance of 

the soil rhizosphere and the direct and indirect effects of vegetation on atrazine 

degradation in soils (Lin et al., 2011a; Willett et al., 2016). Typically, atrazine can take 

one to two years to break down in aquatic systems (Ribaudo and Bouzaher, 1994) and 

months or sometimes weeks, in terrestrial systems (Wenger et al., 2005; Sánchez et al., 
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2019). Studies have overwhelmingly shown that biological degradation of atrazine 

predominates in the soil environment (Ostrofsky et al., 2002; Smith et al., 2005; De 

Schrijver and De Mot, 2008), but factors such as atrazine use frequency, vegetation/crop 

management, and soil quality of the rhizosphere greatly affect its persistence in soils 

(Krutz et al., 2010; Lin et al., 2011b; Lerch et al., 2017. In addition to biological 

degradation, atrazine is vulnerable to photodegradation (Marchetti et al., 2013), and 

hydrolysis through interactions with soil colloids (Armstrong and Chesters, 1968) and Bx 

phytochemicals  (Castelfranco et al., 1961; Raveton et al., 1997; Wenger et al., 2005; 

Willett et al., 2013; Willett et al., 2016). Adding to the complexity of atrazine 

degradation studies, is the fact that chemical and microbial atrazine degradation 

processes can result in the formation of identical atrazine metabolites. 

 Atrazine metabolite formation has been well documented (Figure 1.1), as well as 

the relative toxicities of those metabolites (de Souza et al., 1996; Seffernick et al., 2002; 

Strong et al., 2002; Smith et al., 2005; Ralston-Hooper et al., 2009; Krutz, et al., 2010). 

Generally, chlorinated metabolites tend to be more toxic than dechlorinated 

metabolites (Smith et al., 2005). The research presented in this dissertation, explores 

atrazine degradation in relation to terrestrial soil environments, focusing on the 

chemical and microbially mediated formation of the dechlorinated atrazine metabolite 

hydroxyatrazine (HA).   
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Fig. 1.1 Atrazine degradation and metabolite formation (Lin et al., 2008). Solid arrows indicate 
N-dealkylation reactions, dashed arrows, indicate hydrolysis reactions.  
 

Benzoxazinone Mediated Degradation of Atrazine 

 Benzoxazinones are highly reactive compounds frequently produced in above 

and below ground biomass of select members of the Poaceae family of grasses (Park et 

al., 2004; Rice et al., 2005; Willett et al., 2013). Benzoxazinones are secondary 

metabolites, produced for defensive purposes (Park  et al., 2004) which have 

demonstrated insecticidal, fungicidal, and anti-microbial qualities (Fomsgaard et al., 

2004; Wouters et al., 2016) as well as the ability to degrade chloro-triazines  (Rice et al. 

2012; Willett et al., 2013). Plant production of secondary metabolites, like Bx 

compounds, have been shown to vary with respect to environmental factors like 

temperature, photoperiod (Epstein et al., 1989), water and nitrogen stress (Richardson 
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and Bacon, 1993; Mwaja et al., 1995; Nie et al., 2005), UV radiation (Bergvinson et al., 

1995; Kato-Noguhi, 1999), plant growth stage (Rice et al, 2005), cultivar (Copaja et al., 

1991), and microbial consortia (Couillerot et al., 2012; Walker et al., 2012). 

  A great deal of work has been dedicated to studying atrazine hydrolysis via 

plant-produced benzoxazinones and the subsequent formation of HA (Castelfranco et 

al., 1961; Raveton et al., 1997; Wenger et al., 2005; Rice et al., 2012; Willett et al., 

2013). Atrazine reactive Bx compounds are produced by several members of the 

Poaceae family of plants including the warm season grasses rye (Secale cereale), eastern 

gamagrass (Tripsacum dactyloides), and corn (Zea mayz). The Bx compounds DIMBOA 

(2,4-dihydroxy-7-methoxy-(2H)-1,4-benzoxazin-3(4H)-one), DIBOA (2,4-dihydroxy-(2H)-

1,4-benzoxazin-3(4H)-one), DIMBOA-Glc (2,4-dihydroxy-7-methoxy-1,4-benzoxazin-3-

one) and DIBOA-Glc (2-β-D-glucopyranosyloxy-4-hydroxy-1,4-benzoxazin-3-one) (Figure 

1.2) react with chloro-triazines like atrazine through nucleophilic attack of the chlorine 

at the C-2 position of the triazine ring. This reaction results in formation of the 

dechlorinated metabolite HA (Castelfranco et al., 1961; Raveton et al., 1997; Wenger et 

al., 2005; Rice et al., 2012; Willett et al., 2013). The Bx-atrazine reaction has been well 

studied, (Castelfranco et al., 1961; Raveton et al., 1997; Wenger et al., 2005; Rice et al., 

2012; Willett et al., 2013, Willett et al., 2016); however, much of the research has 

focused on reactivity in solution (Castelfranco et al., 1961; Willett et al., 2013, Willett et 

al., 2016). Research focusing on Bx reactivity in soil found a substantial decrease in 

phytochemical reactivity with regard to Bx toxicity to root-knot nematode (Meloidogyne 

incognita) and select plants (Meyer et al., 2009; Rice et al., 2012; Teasdale et al., 2012).  
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Fig. 1.2 Benzoxazinoid structures (www.chemspider.com) 

Microbial Degradation of Atrazine 

 The formation of HA is not unique to phytochemical reactions. Microbial 

degradation of atrazine results in the formation of HA and additional atrazine 

metabolites (Smith et al., 2005). The horizontal transfer of atrazine degrading genes 

atzA, B, C, D, E, and F as well as trzN, D, and F, (Smith et al., 2005) occur in atrazine 

inoculated soils (Krutz et al., 2010) where atrazine degrading genes can be stored in 

plasmids and transferred between multiple soil microorganisms including bacterial and 

fungal species (Devers et al., 2005). As seen in Figure 1.1, abiotic atrazine degradation 

may be initiated through dealkylation or dechlorination. Rapid biodegradation however, 

is initialized through dechlorination of atrazine and subsequent dealkylation, forming N-

isopropylammelide and cyanuric acid, followed by ring cleavage, forming carboxybiuret 

and ultimately carbon dioxide and ammonium. Pseudomonas ADP and Nocardioides 

C190 are soil bacteria originally isolated from agricultural systems exposed to atrazine 

(Krutz et al., 2010). Numerous other bacterial and fungal species are also capable of 

atrazine mineralization due to the horizontal transfer of plasmid DNA (Krutz et al. 2010). 

DIBOA DIBOA-Glc DIMBOA-Glc DIMBOA 
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The evolutionary processes surrounding biodegradation of atrazine is a growing area of 

study, but research indicates the importance of soil consortia for efficient atrazine 

mineralization and degradation (Alvey and Crowley, 1996; Solomon et al., 2013; Billet et 

al. 2019).  

Chemical Soil:Solution Partitioning 

 The partitioning coefficient (Kd) for a compound is the ratio of the concentration 

of a compound which sorbs to a solid surface, such as soil, to the concentration of 

compound remaining in aqueous solution once equilibration has been reached (Oren 

and Chafetz, 2005). The partitioning coefficient is a good indicator of mobility of a given 

compound in a soil environment and may indicate the influence of sorption on select 

environmental chemical reactions (Upchurch and Mason, 1962; Harris and Sheets, 

1965). Higher Kd values indicate a greater affinity for the sorbent and minimal mobility in 

the soil environment. The Kd value for a given compound is specific to a particular soil or 

mineral type as it is highly influenced by clay and organic matter content as well as pH. 

Reported Kd values for atrazine in soil are typically below 10 L kg-1, indicating relatively 

high mobility (Sprague et al., 1999; Correia et al., 2006; Lerch et al., 2017). Partitioning 

coefficients for Bx compounds have not been documented, but extraction experiments 

suggested Bx compounds sorb strongly to soil with minimal movement through the soil 

profile, potentially inhibiting reactivity (Meyer et al., 2009; Rice et al., 2012). While Bx 

compounds react with chloro-triazines in solution, there are no reports of the impact of 

Bx sorption on reactivity with atrazine. 

 Vegetated Buffer Strips 
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 There are a variety of ways to reduce atrazine runoff and contamination from 

field application including incorporation, no-till combined with cover cropping, split 

application, reduced application, and the use of vegetated buffer strips (VBS) (Glenn and 

Angle, 1987; Gaynor et al. 1995; Ghidey et al. 2010; Lerch et al., 2017). There are 

advantages and disadvantages to each approach. One potential challenge is the added 

time in the field and equipment use for incorporation, split application, and even no-till 

management when cover crops are used in conjunction. We know national atrazine 

usage has not diminished (USDA, 2018) and atrazine continues to be detected in surface 

water and drinking water sources (Lerch and Blanchard 2001; Stayner et al. 2017).  

 In comparison to other runoff mitigation methods, vegetated buffer strips 

require little maintenance once implemented, no additional specialized equipment 

when used in cropping systems, and they are already commonly used (Young et al., 

1980; Misra et al., 1996; Patty et al., 1997; Lin et al., 2004; Lerch et al., 2017; Hille et al., 

2019). The use of vegetated buffer strips (VBS) to slow agricultural runoff, increase 

runoff infiltration, and enhance herbicide degradation, has been well-documented 

(Misra et al., 1996; Patty et al., 1997; Lin et al., 2004; Lerch et al., 2017). However, 

optimization of VBS remains an active area of research. Reported contaminant removal 

by VBS is variable, ranging from 20-100 % (Misra et al., 1996; Patty et al., 1997; Lerch et 

al., 2017). Efficacy of VBS is influenced by buffer size, rainfall rate, soil properties, and 

vegetation composition (Lin et al., 2003; Lerch et al., 2017; Muñoz-Carpena et al., 2019).  

 Vegetation composition stands out as an easily manipulated component (Lin et 

al., 2004; Lin et al., 2011b). Differences in root structure and soil organic matter (SOM) 
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contribution are related to plant type, and have been shown to influence VBS efficacy 

(Oram, et al., 2017). The incorporation of Bx producing plants in VBS may further 

enhance triazine degradation. Several studies have shown enhanced atrazine 

degradation in the rhizospheres of VBS containing Poaceae grasses (Lin et al., 2003; Lin 

et al., 2004; Lin et al., 2008; Lin et al, 2011a). However, diverse microbial populations 

are known to be supported by deep rooting plants such as those in the Poaceae family 

(Liang et al., 2016) which may enhance microbial decay of atrazine. Further, research 

has found increased microbe-driven atrazine degradation in treatments containing 

microbes and plants, compared to microbe only or plant only treatments (Zhang et al., 

2014). 

 Not all Poaceae grasses have been shown to produce Bx compounds and those 

that have, are not always easily established (Ahring and Frank, 1968; Rogis et al., 2004). 

Eastern gamagrass, is known to produce the atrazine degrading Bx compound, DIBOA-

Glc, but it is difficult to establish from seed. The Poaceae grass, switchgrass (Panicum 

virgatum), is typically easier to establish than eastern gamagrass, however there 

appears to be some variability in atrazine degradation between switchgrass experiments 

(Seybold et al., 2001; Lin et al., 2008; Lin et al., 2011a; Mersie et al., 2015). These 

differences may be the result of differences between cultivars. Additionally, there has 

been no documentation of atrazine degrading phytochemicals in switchgrass; therefore, 

it is unclear if variability in switchgrass induced atrazine degradation is due to 

morphological differences between switchgrass cultivars that support enhanced 

microbial atrazine degradation, or if unidentified atrazine degrading phytochemical(s) 
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are the cause. To most effectively support atrazine degradation in VBS and choose the 

most effective vegetation for this purpose, a better understanding of the relative 

importance of direct versus indirect atrazine degradation in VBS rhizospheres is needed.  

Azide Reactivity 

The study of atrazine degradation, especially with regards to lengthy kinetic studies, 

requires the use of biocides to inhibit microbial decay. Sodium azide (NaN3) and 

mercuric chloride (HgCl2) are the two most common biocides (Taylor and Viraraghavan, 

1999; Rugge et al., 1999; Chefetz et al., 2006) however mercuric chloride is frequently 

avoided due to human health and safety concerns. Other sterilization techniques may 

include chemical fumigants. Unfortunately, many of these compounds are also highly 

toxic to humans or hazardous to the environment (CDC, 2011; EPA, 2000). Sterilization 

through autoclaving and radioactivity are also commonly practiced, but these methods 

may affect unidentified environmental compounds in unpredictable ways (Wolf et al., 

1989). Azide (N3) is a strong nucleophile and with sufficiently high concentrations or low 

pH, NaN3 degrades atrazine to azido-triazine and 3-ethylamino, 5-isopropylamino-s-

triazinone (Goel et al., 2002; Chefetz et al., 2006; Ro et al., 2008). The atrazine:azide 

reaction can have significant effects on atrazine degradation research outcomes (Goel et 

al., 2002; Chefetz et al., 2006; Ro et al., 2008). Unfortunately, atrazine research which 

involving NaN3 as the chosen biocide continues to be published without 

acknowledgement of, or controls for, the atrazine:azide interaction (Byzova et al., 2014; 

Sagarkar et al., 2016; Deng et al., 2017). 

Research Objectives 
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 The unifying objective of this research was the investigation of Poaceae grasses 

capable of enhancing atrazine degradation to improve the efficacy of VBS for preventing 

atrazine contamination of surface water. Several studies were completed in pursuit of 

this goal: 

 Study 1 - The objectives of Study 1 were to: 1) screen root extracts from seven 

cultivars of switchgrass for the ability to degrade atrazine in solution; 2) determine 

partitioning coefficients (Kd) for the atrazine degrading phytochemical DIBOA-Glc found 

in eastern gamagrass (Tripsacum dactyloides) reacted with calcium saturated 

montmorillonite (Ca-montmorillonite) clay and soil; and 3) determine the effect of 

sorbed atrazine and DIBOA-Glc on atrazine hydrolysis. Standard phytochemical 

extraction methods were used to collect root extracts from switchgrass and simple 

assays were conducted to determine atrazine reactivity (Willett et al., 2013). Chapter 2 

contains the full details of these experiments.  

 Study 2 - The objectives of Study 2 were to: 1) assess the effects of vegetation on 

atrazine degradation in soil mesocosms over 112 d, and; 2) examine the response of 

microbial populations to atrazine application in soil mesocosms using phospholipid fatty 

acid (PLFA) concentrations. Standard methods of atrazine and PLFA soil extraction were 

used. Gas chromatography-mass spectrometer (GC-MS) with Ion trap was implemented 

to quantify atrazine in soil collected periodically over the 112 d trial. Periodically 

collected soil samples from the mesocosms were extracted for PLFA using the Buyer and 

Sasser (2012) method and analysis was performed with the Sherlock Software version 

6.0 (MIDI Corp, Newark, NJ). Full details of this study are provided in Chapter 3.  
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 Study 3 - The objective of Study 3 was to identify the atrazine metabolites 

formed through atrazine degradation in switchgrass root extracts using uniformly ring 

labeled 14C-atrazine. High performance liquid chromatography (HPLC) with flow 

scintillation detection was used to monitor the reactions of three switchgrass varieties 

and no extract control samples for up to 819 h (34 days). Iterative metabolite fraction 

collections of non-14C-atrazine were assembled to identify the metabolites formed using 

accurate mass calculation from quadrupole-time-of-flight mass spectrometry with a 

Waters ACQUITY ultra high performance liquid chromatography system  (LC/QTOF) and 

empirical formulas determined with Bruker’s Compass Data Analysis 4.1 software. 

Chapter 4 contains the details of these experiments 

Conclusion 

 Data presented in this cumulative work provides cohesive project conclusions 

leading to a clearer understanding of the degradation pathways that dominate atrazine 

degradation in soil environments and, therefore, an improved ability to choose effective 

vegetation types for enhanced atrazine degradation in VBS. The use of optimally 

effective VBS allows for improved water quality and potentially healthier human 

populations who rely on surface water sources for drinking water. The use of improved 

VBS in conjunction with sustainable farming methods tailored to geographic and 

topographic farm conditions have the potential to substantially improve soil and water 

quality. Additionally, these findings are applicable to a wide variety of research areas 
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and contribute to the broader understanding of contaminant fate and ecological 

functions.  
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Chapter 2: Atrazine Degradation by Poaceae Phytochemicals Inhibited by 

Sorption to Soil and Montmorillonite 

 
Abstract  

 Inclusion of warm season grasses like switchgrass (Panicum virgatum) and 

eastern gamagrass (Tripsacum dactyloides) in vegetated buffer strips (VBS) has been 

shown to mitigate herbicide contamination in runoff and increase their degradation in 

soil. The mode of action by which VBS rhizospheres enhance herbicide degradation 

remains unclear and may be attributed to microbial and phytochemical contributions. 

The objectives of this study were to: 1) screen root extracts from seven switchgrass 

cultivars for the ability to degrade atrazine (2-chloro-4-ethylamino-6-isopropylamino-

1,3,5-triazine) in solution; 2) determine sorption coefficients (Kd) of the known atrazine 

degrading benzoxazinone (Bx) phytochemical, and defensive secondary metabolite, 

DIBOA-Glc, to soil and Ca-montmorillonite; 3) determine if DIBOA-Glc is effective at 

hydrolyzing atrazine sorbed to soil and clay; and 4) evaluate if sorption of DIBOA-Glc 

impedes DIBOA-GLC hydrolysis of atrazine. Phytochemicals from root material of seven 

greenhouse-grown switchgrass cultivars were extracted using 90% methanol and 

concentrated under N2 gas. The concentrated extract contained 25% methanol. Assays 

containing root extract and 1.667 mg atrazine were reacted for 16 hours, the remaining 

atrazine was quantified using high performance liquid chromatography (HPLC) with 

diode array detector and compared to control samples without root extract. The 

switchgrass cultivars Kanlow, Cave-in-Rock, and Shawnee degraded 85.0, 82.7, and 
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79.7% of added atrazine, respectively, but extracts from the Sunburst cultivar degraded 

only 44% of the added atrazine. Thus, some switchgrass cultivars demonstrated the 

ability to rapidly degrade atrazine under laboratory conditions comparable to previous 

studies of atrazine degradation by the phytochemical DIBOA-Glc (Willett et al., 2013 and 

2014). Further, attempts to isolate atrazine-degrading phytochemicals in the promising 

switchgrass cultivars were unsuccessful (see Ch. 4), indicating that atrazine-degrading 

phytochemicals in the switchgrass cultivars tested were present at low levels and/or 

insufficiently stable to isolate. Sorption studies showed that DIBOA-Glc driven atrazine 

hydrolysis was entirely inhibited when either atrazine or DIBOA-Glc was sorbed to 

montmorillonite clay; while control samples without clay revealed approximately 35% 

atrazine degradation. Thus, observed atrazine degradation in root extracts of 

switchgrass cultivars reported here, and in other reports of benzoxazinoid-herbicide 

reactions occurring in solution, may be of limited importance in soils.  Previous work 

reporting enhanced atrazine degradation in grass rhizospheres likely resulted from 

microbial response and adaption to atrazine rather than direct phytochemical 

degradation. 

Introduction 

Despite efforts to minimize agrochemical field losses through improved land 

management practices, contamination of water with agrochemicals, and the herbicide 

atrazine (1-chloro-3-ethylamino-5-isopropylamino-2,4,6-triazine) in particular, is still of 

concern (Lerch and Blanchard, 2001; Lerch et al., 2017; Stayner et al., 2017). Atrazine 

has been used on corn crops since the 1950s and is still one of the most heavily used 
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herbicides in maize production on a mass basis. In 2016, 25.4 million kg of atrazine was 

applied to American corn fields, compared to 17.1 and 12.9 million kg of glyphosate 

potassium salt and glyphosate isopropylamine salt respectively (USDA, 2018).   

Vegetated buffer strips (VBS) have been shown to be an effective method of 

improving surface water quality by minimizing chemical transport from agricultural 

fields to surface water bodies. However, the efficacy of VBS ranges substantially (20-

100% reduction in agrochemical transport) (Lerch et al., 2017; Misra et al., 1996; Patty 

et al., 1997). Vegetation type remains an important factor influencing VBS effectiveness 

(Lin et al., 2004). Herbicide retention in VBS occurs by increasing infiltration of runoff 

water, and sorption to plant residues and soil within the buffer (Lerch et al., 2017; 

Muñoz-Carpena et al., 2019). Cool and warm season grasses have consistently been 

shown to enhance atrazine degradation in VBS rhizospheres (Lin et al., 2011b; Lin et al., 

2004). Thus, VBS efficiency for reducing herbicide loads is a function of the load retained 

and the extent of herbicide degradation in the VBS rhizosphere.  

Enhanced degradation of herbicides can potentially occur from microbial activity 

and direct phytochemical reactions (Lin et al., 2011b; Willett et al., 2016). Several 

species of soil microbes have been shown to produce enzymes capable of breaking 

down and utilizing atrazine as a source of C and N (Krutz et al., 2010; Kaufman and 

Blake, 1970). Further, microbial adaption to repeated atrazine usage has been reported 

to commonly occur in US crop fields (Zablotowicz et al., 2006; Krutz et al., 2010). 

Accelerated atrazine degradation occurs via plasmid chlorohydrolases, atzA and trzN, 

which catalyze hydrolysis of atrazine to form hydroxyatrazine (de Souza et al., 1996). 
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While chlorohydrolase enzymes from soil microbes have been shown to facilitate 

atrazine hydrolysis in soil, non-enzymatic atrazine hydrolysis by Bx compounds has also 

been reported (Castelfranco et al., 1961; Raveton et al., 1997; Willett et al., 2013 and 

2016). The Bx compound, DIBOA-Glc has been shown to react with atrazine by 

nucleophilic attack via the hydroxamic acid moiety to produce hydroxyatrazine (Willett 

et al., 2016).  

There are several species of plant that produce defensive secondary metabolites, 

like Bx compounds. These compounds provide plants with protection against insects, 

fungi, and bacteria (Fomsgaard et al., 2004; Rice et al. 2012; Wouters et al., 2016); as 

well as hydrolyze atrazine (Castelfranco et al., 1961; Raveton et al., 1997; Willett et al., 

2013 and 2016). Production of secondary metabolites, like DIBOA-Glc, may vary in 

response to environmental conditions (Epstein et al., 1989; Richardson and Bacon, 1993; 

Mwaja et al., 1995; Nie et al., 2005), soil microbial consortia (Couillerot et al., 2012; 

Walker et al., 2012),and plant age (Rice et al., 2005). In maize, production of Bx 

compounds peaks in seedlings and rapidly decreases with time (Raveton et al., 1997). In 

contrast, well established eastern gamagrass (EG) stands have demonstrated 

consistently high root concentrations of DIBOA-Glc and HBOA-Glc (Willett et al., 2013).  

Although EG has consistently high Bx production and is highly effective at enhancing 

atrazine degradation in soils, it is significantly more difficult to establish than many 

other native grasses (Rogis et al., 2004; Ahring and Frank 1968). Seeds have high 

dormancy and poor germination rates (Rogis et al., 2004) and establishment from live 

roots is tedious and time-consuming (Dewald and Sims, 1981). Switchgrass (Panicum 
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virgatum), however, is also native to most of the United States, and it has been shown 

to increase atrazine degradation in the rhizosphere (Lin et al., 2004, 2008, 2011a), 

reduce nutrient leaching (Lin et al., 2007), and decrease herbicide and nutrient transport 

in runoff (Lin et al. 2011b; Blanco-Canqui et al., 2004).  While stand establishment is 

considered moderately difficult because of initial weed competition, switchgrass 

flourishes once established, and several of the numerous switchgrass cultivars are 

drought tolerant, thrive in low nutrient soils, and tolerate periodic flooding 

(Lewandowski et al., 2003).   

In some instances, reports of atrazine degradation in the presence of switchgrass 

have been conflicting. Work by Seybold et al. (2001) reported that the presence of 

switchgrass did not enhance the degradation of atrazine, but Mersie et al. (2015) found 

atrazine and metolachlor degraded faster in switchgrass plots when compared to bare 

soil plots. Additionally, two studies by Lin et al. (2008, 2011a), examined atrazine 

degradation in the presence of live switchgrass roots. The amount of atrazine degraded 

in the greenhouse study conducted by Lin et al. (2011a) was not as substantial as those 

achieved in the field (Lin et al., 2008). Unfortunately, none of these reports noted the 

cultivar of switchgrass used in their studies. Additionally, Fang et al., (2001) reported no 

significant loss of atrazine in the switchgrass rhizosphere of soils that could not be 

attributed to microbial activity.  However, studies using Cave-in-Rock switchgrass 

cultivar reported atrazine degradation in above ground biomass and the presence of the 

dechlorinated metabolite, cyanuric acid, despite the absence of hydroxyatrazine 

(Albright et al.,2013; Albright and Coats, 2014).  
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There are several different cultivars of switchgrass available, but no reports 

identifying or quantifying Bx, or other atrazine degrading compounds among cultivars. 

However, Copaja et al. (1991) reported significant differences in DIMBOA 

concentrations between 52 wheat (Triticum aestivum L.) cultivars, and Guo et al (2019) 

and El-Beltagi et al., (2007) reported differences in secondary metabolite production 

between cultivars of flax (Linum usitatissimum L.) and oolong tea (Camellia sinensis) 

respectively, supporting the hypothesis that secondary metabolites could vary 

considerably in chemical composition and concentration among switchgrass cultivars.  

This is further supported by the major differences in growth characteristics and rooting 

structure among switchgrass cultivars. Select switchgrass cultivars produce optimum 

yields in specific hardiness zones (HZ) ranging from three to seven and under various soil 

moisture conditions (Casler et al. 2015). Growth characteristics also vary greatly among 

switchgrass cultivars in terms of above ground biomass production, canopy height, tiller 

growth, root biomass, and specific root length (e.g., cm root/g dry weight) (Sharma et 

al., 2003; de Graaff et al., 2013). Thus, the breadth of growth characteristics among 

switchgrass varieties may also affect herbicide-reactive phytochemical production as 

well. The hypothesis for this study is that production of phytochemicals inducing 

atrazine degradation exists in switchgrass and varies significantly among switchgrass 

cultivars.  

 The fate of Bx compounds in soils has been extensively studied. Rice et al. (2012) 

demonstrated that 70-97% of high concentrations (1.0 and 10.0 ppm) of the Bx 

compounds BOA and MBOA respectively, when applied to soil, remained in the top one 
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centimeter of the soil profile. At the 2 to 3 cm depth, 5-10% of the added BOA and 0% of 

the added MBOA were present. This study also noted the loss of extractable Bx 

compound over time, with no detection of extractable Bx compounds after 24 hours. 

Additionally, Meyer et al. (2009) demonstrated that after 120 hours virtually none of the 

DIBOA added to soil could be extracted and degradation products of DIBOA accounted 

for only 4% of the DIBOA added. Meyer et al. (2009) also illustrated that the lethal dose 

for 50% of a population (LD50) of DIBOA against root-knot nematode (Meloidogyne 

incognita) eggs in soil was twice that of DIBOA in water. Lastly, Cecchi et al. (2004) 

demonstrated the strong sorption of the phenolic acids p-coumaric acid (4-

hydroxycinnamic acid), ferulic acid (3-methoxy-4-hydroxycinnamic acid), vatic acid (3,4-

dimethoxybenzoic acid), vanillic acid (3-methoxy-4-hydroxybenzoic acid), and p- 

hydroxybenzoic acid (4-hydroxybenzoic acid) in soil, reporting an average of 84% of the 

applied phenolic acid sorbed to the soil. The structural similarity of these compounds 

compared to DIBOA-Glc, suggest potentially similar strong sorption to soil. The 

accumulated evidence of strong soil sorption of Bx compounds, indicates the potential 

for soil to inhibit reactivity between triazines and Bx compounds in soil. Such effects 

however, are unknown with regards to DIBOA-Glc as research examining the reaction 

between atrazine and DIBOA-Glc has focused on reactivity in solution. In the continued 

pursuit of identifying effective ways to improve VBS, the objectives of this research were 

to: 1) screen root extracts from seven switchgrass cultivars for the ability to degrade 

atrazine in solution; 2) determine sorption coefficients (Kd) of a known atrazine 

degrading phytochemical, DIBOA-Glc, to soil and Ca-montmorillonite; 3) determine if 



20 
 

DIBOA-Glc is effective at hydrolyzing atrazine sorbed to clay; and 4) evaluate if sorption 

of DIBOA-Glc impedes DIBOA-GLC hydrolysis of atrazine.  

Materials and Methods 

Chemicals 

Analytical standards of atrazine (2-chloro-4-ethylamino-6-isopropylamino-1,3,5-

triazine, CAS No: 1912-24-9), deethylatrazine (DEA)  (2-chloro-4-amino-6-

isopropylamino-1,3,5-triazine, CAS No: 6190-65-4), deisopropylatrazine (DIA)  2-chloro-

4-ethylamino-6-amino-1,3,5-triazine, CAS No:  1007-28-9), hydroxyatrazine (HA) (2-

hydroxy-4-ethylamino-6-isopropylamino-1,3,5-triazine, CAS No: 2163-68-0 ), 

deethylhydroxyatrazine (DEHA) (2-hydroxy-4-amino-6-isopropylamino-1,3,5-triazine, 

CAS No: 19988-24-0 ), didealkylatrazine (DDA) (2-chloro-1,3,5-triazine-2,4-diamine, CAS 

No: 1216850-33 7), and ammeline (AM) (2-hydroxy-4,6-diamino-1,3,5-triazine, CAS No: 

645-92-1  ) were >97% purity and obtained from Chem Service Inc. (West Chester, PA, 

USA). Uniformly ring labeled 14C-atrazine was purchased from America Radiolabeled 

Chemicals, Inc. (St. Louis, MO, USA), and purity checked using high performance liquid 

chromatography (HPLC) with a flow scintillation analyzer (see below). DIBOA-Glc (~100% 

purity, 4.58 mM in 80% aq. methanol) was isolated and purified from Pete cultivar 

eastern gamagrass (Tripsacum dactyloides), harvested from the University of Missouri 

Bradford Research and Extension Center using methods described by Willett et al. 

(2014). All solvents and reagents used for working standards, HPLC mobile phases, and 

root extractions, including methanol (CH3OH), acetonitrile (CH3CN), and concentrated 

phosphoric acid (H3PO4), were chromatography grade and obtained from Fischer 
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Scientific (Pittsburgh, PA, USA). Sodium azide (NaN3, 99.99+%) was purchased from 

Sigma-Aldrich (St. Louis, MO, USA). Ultra-pure (18 MΩ) water was used to prepare all 

aqueous reagents and experimental samples.  

Establishment of Switchgrass Cultivars and Root Harvesting 

Seven cultivars of switchgrass were planted in January 2016 and permitted to 

grow for 9 to 11 months. Seeds were obtained from the NRCS Plant Materials Center, in 

Elsberry, MO. All plants were started in 25-well trays in water-saturated Pro-Mix potting 

soil containing pearlite (https://www.promixgardening.com/en). There were 25 plants 

for each cultivar. Seedling plugs were transplanted to larger pots as required. Plants 

were grown in a greenhouse under ambient light until May when all plants were moved 

outside. Greenhouse temperatures ranged between 23 and 29oC.  Plants were 

harvested from October 5, 2016 to November 21, 2016.  Immediately following harvest, 

roots were cleaned with tap water, followed by ultra-pure water and frozen at -4oC. 

Methanol root extracts from these plants were then used to compare reactivity with 

atrazine across cultivars.   

Phytochemical Extraction Method 

Switchgrass root extracts were prepared using a modified version of methods 

described by Willett et al. (2013). Roots were separated from above ground biomass 

and rinsed with ultra-pure water to remove soil. In a porcelain mortar, root material was 

combined with liquid nitrogen and broken into pieces of homogeneous size with a 

porcelain pestle. New mortars and pestles were purchased for this procedure and 

assigned to each cultivar of switchgrass to prevent contamination. Twenty-five grams 
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(dry weight equivalent) of root material was weighed into 250 mL polypropylene bottles 

and combined with 100mL of 90% aq. CH3OH. Samples were agitated for 18 hours on an 

end-to-end shaker to facilitate phytochemical extraction. Each cultivar was extracted in 

triplicate. Samples were centrifuged, filtered, and concentrated to 0.5 mL in a water 

bath (40oC) under ultra-pure N2 gas (Caliper LifeScience TurboVap II). Samples were 

brought to a final volume of 5.0 mL in 25% aq. CH3OH to prevent microbial decay. Each 

5.0 mL sample was filtered through 0.7 and 0.45 µm nylon syringe filters in tandem and 

stored at -4oC. 

Atrazine Degradation Assay 

Similar to Willett et al. (2013), a standard assay was developed to test the 

reactivity of root extracts to atrazine.  In 5.0 mL, conical, glass centrifuge tubes, 1.0 mL 

of root extract was combined with 1.667 mg atrazine. Control samples, consisting of 1.0 

mL of 25% CH3OH and 1.667 mg atrazine, were incubated concurrently. PTFE-lined lids 

were secured with Parafilm and each sample was vortexed for 5 seconds and sonicated 

for 20 minutes in a 2008 Fisher Scientific FS60 Ultrasonic Cleaner (Pittsburgh, PA). 

Samples were wrapped in aluminum foil and allowed to react in the dark for 16 h at 

ambient temperature (22-25oC). After the incubation period, remaining atrazine was 

extracted from each sample by adding 1.0 mL of dichloromethane (CH2Cl2), vortexing for 

5 seconds, then removing the dichloromethane and placing it into a new centrifuge 

tube. This liquid-liquid extraction (LLE) procedure was performed three times. The 

organic fraction was evaporated to dryness under N2 gas, and the residue re-dissolved in 

1.0 mL of 25% CH3OH prior to analysis. Atrazine concentration was determined using 
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HPLC with a diode array detector (HPLC-DAD) (Shimadzu Nexera XR 20A). The following 

column and conditions were used for HPLC analysis: Agilent Zorbax Eclipse XDB C18 

column (3.5 µm, 2.1 x 250 mm); flow rate, 0.5 mL min.-1; mobile phase composition, 40% 

CH3CN: 60% 0.1% H3PO4; column oven temperature, 40oC; injection volume, 2.0 µL; 

detection at 220 nm. 

Soil:Solution Partitioning 

The solid substrate for these experiments consisted of: 1) soil from the 

University of Missouri Bradford Research and Extension Center (BREC), located 

approximately 5 miles east of Columbia, Missouri, 2) Ca-saturated montmorillonite (Ca-

montmorillonite clay from Gonzales County, Texas, USA) obtained from the Clay 

Minerals Society, West Lafayette, IN, 3) a 40:60 mix of sand and soil from BREC. Soils 

from BREC consist of Mexico silt loam and Leonard silt loam soil series (both are fine, 

smectitic, mesic Vertic Epiaqualfs) on a 1 to 5% slope. These are upland soils derived 

from loess parent material. Mexico silt loam soils are located on summits and Leonard 

silt loams are found on shoulder slopes.  The average soil pH was 6.65, cation exchange 

capacity was 12.45 cmol(+) kg-1, and percent sand, silt and clay were 9.08, 71.17, and 

19.75 respectively (Table 2.1). Additionally, soil was tested for residual atrazine prior to 

experimentation using extraction and quantification methods described in Chapter 3. 

No quantifiable amounts of atrazine were detected.  
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Table 2.1 Properties of soil used for atrazine sorption experiments. 

Soil 
Property Measurement Units 

Clay 19.75 % 

Sand 9.08 % 

Silt 71.17 % 

CEC 12.45 cmol/kg 

Na 0.35 cmol/kg 

Ca 4684.66 kg/ha 

Mg 366.35 kg/ha 

NO3-N 7.33 ppm 

NH4-N 4.44 ppm 

Bray-P 87.06 kg/ha 

K 245.09 kg/ha 

OM 31.1 g/kg 

pH 6.65   

 

Single-point partition coefficients were determined for atrazine and DIBOA-Glc 

for both solid substrates. Equilibration experiments were carried out prior to Kd 

determination for each substrate and chemical combination, using methods described 

by Chu et al. (2013). Soil was air-dried, sieved, and visible plant matter was removed. 

Ca-montmorillonite was used for all clay sorption experiments. Initially, finer clay 

particles were separated from larger particles through repeated washes with ultrapure 

Millipore, 18 MΩ, water, adjusted to pH 8 with NaOH. Twenty-five grams of Ca-

montmorillonite in 225.0 g water was allowed to shake for 45 minutes on an end-end 

shaker and was then centrifuged at 1000 rpm for five minutes at 25oC. The supernatant 

was saved for use as the clay sorption substrate. This process was repeated until the 

supernatant was clear.  Using the fine clay particles, Ca-montmorillonite was prepared 

by adding 225.0 g, 0.001 M HCl/1.0 M CaCl pH 3 solution, shaking for 20 minutes, and 

centrifuging at 7500 rpm. The resulting pellet was re-dispersed and re-washed with 
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0.001M HCl/1.0 M CaCl pH 3 until the supernatant reached a pH of 3. The pellet was 

then washed with 225g 0.01M CaCl2/0.0015 M NaN3 and centrifuged at 7500 rpm until 

the supernatant reached a pH of 5.5.  

Testing was conducted using solutions containing 1.0 mg L-1 atrazine in a solution 

of 0.01 M CaCl2 and 0.0015 M NaN3 or 30.0 mg L-1 DIBOA-Glc in 0.01 M CaCl2 solution 

with 0.0015 M NaN3.  Preliminary testing of soil:solution ratios revealed a 1:2 ratio of 

solid to solution was ideal for atrazine sorption, resulting in a concentration of atrazine 

remaining in solution sufficient for accurate quantification using a Shimadzu Nexera XR 

20A HPLC unit equipped with Diode Array Detector  (HPLC-DAD). A solid to solution ratio 

of 1:15 was necessary for DIBOA-Glc to maintain detectable levels of DIBOA-Glc in 

solution. A reaction time of 24 hours was sufficient to reach equilibrium for atrazine 

added to all substrates, as well as DIBOA-Glc added to Ca-montmorillonite. However, 

DIBOA-Glc combined with soil or the 40:60 sand and soil mix, required 216 hours (9.0 

days) to reach equilibrium.  

To determine Kd values for atrazine and DIBOA-Glc specific to soil and Ca-

saturated montmorillonite, and the 40:60 mix, 2.0 g solid were combined with either 4.0 

mL of 0.01 M CaCl2 containing 1 mg L-1 atrazine (0.004 mg atrazine total) and 0.0015 M 

NaN3, or 30.0 mL of 0.01 M CaCl2 containing 30 mg L-1 DIBOA-Glc  (0.9 mg DIBOA-Glc 

total) and 0.0015 M NaN3, in 50.0 mL fluorinated ethylene propylene (FEP) round 

bottom centrifuge tubes. Preliminary testing revealed negligible sorption of atrazine or 

DIBOA-Glc (<5%) to these containers. Samples were allowed to shake until equilibrium 

was reached. Samples were centrifuged at 7500 rpm for 12 minutes and 0.5 mL 
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supernatant was analyzed using HPLC-DAD to quantify concentrations of atrazine and 

DIBOA-Glc remaining in solution.  

Atrazine Degradation and Sorption 

Ca-montmorillonite samples containing sorbed atrazine (System A in Figure 2.1) 

and sorbed DIBOA-Glc (System B in Figure 2.1) were used to explore the reactivity of 

atrazine and DIBOA-Glc (Figure 2.2) in the presence of a sorptive substance. To achieve 

chemical sorption, System A received 4.0 mL 0.01 M CaCl2 containing 1.0 mg L-1 atrazine 

(0.004 mg atrazine total) and 0.0015 M NaN3;  and System B received 30.0 mL 0.01 M 

CaCl2 containing 30.0 mg L-1 DIBOA-Glc  (0.9 mg DIBOA-Glc total) and 0.0015M NaN3. 

Samples equilibrated on the side-side shaker in 50.0 mL FEP round bottom centrifuge 

tubes for 24 hours and were centrifuged at 7500 rpm for 12 minutes. The supernatant 

was analyzed for atrazine or DIBOA-Glc concentration with HPLC-DAD. Once 

equilibration was reached, the entrained solution in the clay pellet was rinsed by adding 

a 60% solution of the supernatant to the dispersed pellet and shaking the samples for 24 

hours and centrifuging them at 7500 rpm for 12 minutes (Shechter et al., 2006). The 

supernatant was again analyzed to accurately quantify the compound remaining on the 

clay. Ca-montmorillonite samples equilibrated with atrazine (System A) were then 

reacted with 0.9 mg DIBOA-Glc in 4.0 mL 0.1M CaCl2 and 0.0015M NaN3, and clay 

samples equilibrated with DIBOA-Glc  (System B) were reacted with 0.004 mg atrazine in 

a volume of 4.0 mL 0.1M CaCl2 and 0.0015M NaN3 . All samples were allowed to react 

for 24 hours. After 24 hours, all samples were centrifuged at 7500 rpm for 12 minutes 

and the supernatant was analyzed for atrazine, DIBOA-Glc, and HA (the reaction product 
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of atrazine and DIBOA-Glc) using HPLC-DAD (Figure 1.1). Post reaction, all samples 

received 4.0 mL 0.75M CaCl2/0.0015 M NaN3 and were set on a side-side shaker for 24 

hours. Samples were centrifuged for 12 minutes at 7500rpm and the supernatant was 

analyzed for HA which may have been previously sorbed to Ca-montmorillonite.  

 

 

 

 

Fig. 2.1 Illustration of Kd and atrazine degradation experiments. 

 

Fig. 2.2 Reaction mechanism of atrazine with DIBOA-Glc (Willett et al., 2016). 

System A 

System B 

Note: † As a final check, samples were washed with 0.75M CaCl
2
/0.0015 M 

NaN
3 

and analyzed for HA. 
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Two sets of control samples were assembled in triplicate. One set corresponded 

with the test samples containing atrazine equilibrated Ca-montmorillonite (System A) 

and the second corresponded with test samples containing DIBOA-Glc equilibrated Ca-

montmorillonite (System B). Control samples contained atrazine and DIBOA-Glc but no 

clay, in 50.0 mL fluorinated ethylene propylene (FEP) round bottom centrifuge tubes. 

Control samples for System A, contained 0.0012 mg atrazine in 0.01 M CaCl2 with 0.0015 

M NaN3, and 0.9 mg DIBOA-Glc in 0.01 M CaCl2 with 0.0015 M NaN3. Control samples for 

System B received 0.004 mg atrazine in 0.01 M CaCl2 with 0.0015 M NaN3 and 0.5744 mg 

DIBOA-Glc in 0.01 M CaCl2 with 0.0015 M NaN3. Each control treatment maintained the 

same volume as the corresponding test samples including, volumes of entrained 

solution. The entrained solution in System A exceeded the volume of entrained solution 

in System B by 0.83 mL.  

Statistical Analyses 

All data sets were checked for normality using the Shapiro-Wilk test (α = 0.05) to 

determine the appropriate statistical analyses. Atrazine degradation assay data for the 

seven switchgrass cultivars were normally distributed and differences among cultivars 

were determined by one-way analysis of variance (ANOVA) (α = 0.05) using the SAS GLM 

least squares procedure and Tukey’s multiple comparison test (α = 0.05).  

Results and Discussion 

Cultivar Differences With Regard to Atrazine Degradation 

The degradation of atrazine in root extracts from seven switchgrass cultivars 

showed significant differences in the extent of atrazine degradation after 16 h 
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compared to the control (Table 2.2). Root extracts from the switchgrass cultivars 

showed a wide variation in the ability to degrade atrazine, ranging from 44% degraded 

by Sunburst root extracts to 85% degraded by Kanlow root extracts. All cultivar extracts 

degraded significantly more atrazine than the control without switchgrass extract. 

Extracts from Kanlow switchgrass degraded significantly more atrazine compared to 

extracts from Trailblazer and Sunburst cultivars as well as the control without extract.  

Table 2.2. Atrazine degradation in root extracts of seven switchgrass cultivars. 

 

Note: ‘+’ indicates a significant difference and ‘-’ indicates no significant difference between 
switchgrass cultivars and/or Control. 
 

When examining several fundamental traits specific to switchgrass cultivars, it is 

notable that Kanlow, Cave-in-Rock, and Shawnee (cultivars that exhibit the greatest 

atrazine degrading potential) possess similar traits in regards to their USDA hardiness 

zone (HZ) suitability. Kanlow, Cave-in-Rock and Shawnee switchgrass are best suited for 

HZ between five and seven (Table 2.3). This research was conducted in Columbia, 

Missouri, which occupies HZ 6. Switchgrass cultivars that degraded the least atrazine in 

this experiment (Sunburst and Trailblazer) are suitable for HZ 4 or below. Additionally, 

preliminary testing of Alamo cultivar, which is suitable for HZ 6-9 showed that this 

cultivar did not significantly degrade atrazine. Therefore, it may be that switchgrass best 

------------------------------------- Indication of Significant Difference---------------------------------------

------------------------------------- Switchgrass Cultivar ------------------------------------------

Switchgrass 

Cultivar Control Kanlow

Cave-in-

Rock Shawnee Carthage Shelter Trailblazer Sunburst

Mean Atrazine 

Remaining (mg L-1) Std. Dev.

% Atz 

Degraded

Kanlow + - - - - - + + 0.228 0.098 85.00

Cave-in-Rock + - - - - - - + 0.263 0.089 82.70

Shawnee + - - - - - - + 0.309 0.138 79.67

Carthage + - - - - - - + 0.436 0.317 71.32

Shelter + - - - - - - - 0.507 0.359 66.64

Trailblazer + + - - - - - - 0.684 0.684 55.00

Sunburst + + + + + - - - 0.850 0.850 44.08

"+" indicates a significant difference

"-" indicates no significant difference

-1)
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suited for moderate HZ are capable of degrading atrazine, while those suitable for more 

extreme environments fail to enhance atrazine degradation, or switchgrass cultivars 

must be grown within their optimal HZ to produce atrazine degrading phytochemicals. 

Table 2.3 Switchgrass cultivar properties. 
 

Switchgrass 
Cultivar Ecotype Ploidy MS † 

 USDA 
HZ ‡ 

Kanlow Lowland 4x NM 6,7 

Cave-in-Rock Upland 8x NM 5,6,7 

Shawnee Upland 8x M 5,6,7 

Carthage Upland 8x NM 5,6,7 

Shelter Upland 8x NM 4,5,6 

Trailblazer Upland 8x M 4,5 

Sunburst Upland 8x M 3,4,5 

Pathfinder Upland 8x M 4,5 

Alamo Lowland 4x NM 6,7,8,9 

 
† “MS” stands for “Modification Status”. Cultivars marked “NM” were “Not Modified” but were 
selected from a specific location and are named after their original source locations. Cultivars 
marked “M” were modified through breeding and selection processes. Data for this table was 
accumulated from Casler et al. 2015. 
‡ USDA hardiness zone (HZ). 
 

Sorption of DIBOA-Glc and its Effect on Reactivity with Atrazine 

  The partitioning coefficients (Kd) for atrazine were 2.89 L kg-1 to field soil, 1.72 L 

kg-1 to the sand:soil mix, and 2.38  L kg-1 to Ca-Montmorillonite (Table 2.4). These Kd 

values were consistent with those previously reported for atrazine and demonstrate its 

relatively weak sorption to soil colloids (Correia et al., 2007; Schwab et al., 2005). 

DIBOA-Glc showed much greater affinity for solids, with Kd values of 87.2 L kg-1 to field 

soil, 35.5 L kg-1 to the sand:soil mixture, and 31.7 L kg-1  to Ca-montmorillonite. DIBOA-

Glc  Sorption to soil or the sand:soil mixture was also much more variable (Table 2.4) 

than atrazine, which is common for phenolic acids (Tharayil et al., 2006). The 
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equilibration time for DIBOA-Glc to soil and the soil:sand mixture was 9 days compared 

to only 24 h for sorption to Ca-montmorillonite. Furthermore, DIBOA-Glc sorption to Ca-

montmorillonite was substantially weaker than the field soil (Kd = 31.64 L kg-1). 

 The presence of soil organic matter (SOM) may have slowed sorption 

equilibration time and increased sorption variability of DIBOA-Glc. The slow 

equilibration, high sorption intensity, and highly polar nature of the DIBOA-Glc molecule 

suggest that multiple weak electrostatic bonding mechanisms were likely occurring 

between DIBOA-Glc and soil colloids. Compounds sharing structural similarities with Bx 

compounds, like benzoic acid, are expected to reversibly bond to soil colloids via van der 

Waal or hydrogen bonding (Dalton, 1999). However, organic matter appears to create 

opportunities for irreversible binding of these comparatively simplistic structures as 

noted by Inderjit and Bhowmik, (2004), in soils with lower CEC and lower organic matter 

content than those used in this study. The opportunity for several types of weak 

electrostatic bonds to form between DIBOA-Glc and SOM, as indicated by the structure 

of DIBOA-Glc, imply the potential for strong bonding of DIBOA-Glc molecules with SOM 

via the additive effect of numerous binding sites. The structurally diverse nature of SOM 

and resulting microenvironments within SOM create highly tortuous diffusion pathways 

for reactive compound like DIBOA-Glc. A substantial amount of time may be required 

for DIBOA-Glc to diffuse into the SOM (Weber et al., 1990). Multiple electrostatic bonds 

may form and break repeatedly until a state is reached such that a stabilizing number of 

these weak bonds form, immobilizing the compound. Lastly, the Kd for DIBOA-Glc and 

sand:soil mix was comparable to the Kd of DIBOA-Glc and clay, but the equilibration time 
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for DIBO-Glc and the sand:soil mix was 9 days rather than the 24 hours required for 

DIBO-Glc and clay. The amount of clay in the sand:soil mix was diluted by the addition of 

sand, and SOM would have been present but in reduced quantities compared to soil 

samples. These results indicate the sum of available binding sites for DIBOA-Glc to the 

sand:soil mix were comparable to those available in clay samples, but the indirect 

accessibility of SOM binding sites sufficient for DIBOA-Glc retention, required the same 

equilibration time as samples containing soil without sand.  

Table 2.4 Atrazine and DIBOA-Glc sorption to soil and Ca-montmorillonite.  

 

Substrate + Chemical Kd (L kg-1) 

Soil + ATZ 2.89 (+/- 4.78 %) 

40:60 Mix + ATZ      1.72 (+/-5.98 %) 

Clay + ATZ 2.38 (+/- 7.89 %) 

Soil + DIBOA-Glc 87.22 (+/- 15.67 %) 

40:60 Mix + DIBOA-Glc 35.48 (+/- 33.99 %) 

Clay + DIBOA-Glc    31.65 (+/- 0.62 %) 

 

Note: “ATZ” = atrazine. 

Experiments to test the effects of sorption on the reaction between DIBOA-Glc 

and atrazine showed that when either compound was equilibrated with Ca-

montmorillonite, no atrazine degradation occurred (Table 2.5). No detectable levels of 

HA were present in atrazine or DIBOA-Glc equilibrated samples. However, control 

samples without clay all had detectable formation of HA, with 34-35% of the atrazine 

converted to HA within 24 h. To ensure HA was not formed and then sorbed, all samples 
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containing clay were washed with a solution of 0.75M CaCl2 and 0.0015 M NaN3. The 

supernatant was analyzed for HA but none was detected after 24 hours of agitation.  

These results demonstrated that when atrazine was added in solution to a 

system containing sorbed DIBOA-Glc, DIBOA-Glc cannot react with atrazine, and when 

DIBOA-Glc is added to a system containing sorbed atrazine, atrazine cannot react with 

DIBOA-Glc. These results are best explained by the sorption mechanisms affiliated with 

each compound. Sorption of atrazine to smectitic clays has been shown to occur 

primarily between mineral layers (Aggarwal et al., 2005); while the relatively large size 

of DIBOA-Glc, with a molecular weight of 343 g mol-1 compared to atrazine, with a 

molecular weight of 215 g mol-1, indicates DIBOA-Glc sorption would likely occur on 

exterior surfaces or edges of clay minerals. Evidence of these molecular properties are 

observable in the increased volume of entrained solution in the test samples containing 

sorbed atrazine compared to those containing sorbed DIBOA-Glc. Interlayer sorption of 

atrazine would potentially shield sorbed atrazine from interactions with other 

compounds. Additionally, the structure of DIBOA-Glc is capable of conformational 

change, potentially interfering with the reactivity of the hydroxamic acid moiety once 

the compound sorbs to mineral surfaces.  Thus, sorption of either DIBOA-Glc or atrazine 

completely inhibited Bx induced atrazine hydrolysis.  
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Table 2.5  Fate of atrazine in the presence and absence of montmorillonite saturated with either 
atrazine or DIBOA-Glc. 
 

 

Note: Samples were equilibrated (Eq) with atrazine (Atz) or DIBOA-Glc  and then received the 
opposite chemical. This table shows the balance of atrazine sorbed to clay surfaces, remaining in 
solution, or degraded to the atrazine metabolite hydroxyatrazine (HA) on a molar basis.  
 

Conclusions 

Overall, this research has illustrated the substantial impact of sorption on 

phytochemical mediated atrazine degradation. Exploration of the well-established 

reaction between the phytochemical DIBOA-Glc and atrazine revealed hydrolysis of 

atrazine to HA was inhibited when either DIBOA-Glc or atrazine was sorbed to Ca-

montmorillonite. The strong sorption of DIBOA-Glc to soil and Ca-montmorillonite, as 

indicated by Kd values, and the known or expected sorption mechanisms involved with 

these compounds, explains this reaction inhibition. The expectation that Bx compounds 

may be used in soil systems as a way to mitigate atrazine contamination has been a 

pursuit of many scientists. However, this work indicates support of healthy soil microbial 

populations is probably the more effective endeavor.   

 This work used methods based on those implemented by Willett et al., (2013), 

who successfully demonstrated the nucleophilic reaction of DIBOA-Glc, from EG roots, 

with atrazine in solution (Willett et al., 2016). The research presented here illustrated 

substantial differences in atrazine degradation between root extracts of different 

Sample ID % Atz Sorbed % Atz in Solution % Atz Degraded to HA

Atz Eq Clay + DIBOA-Glc 44 (+/- 3.72) 56 (+/- 3.72) 0.00

Atz Eq + DIBOA-Glc Control 14.76 (+/- 2.00) 49.75 (+/- 1.08) 35.49 (+/- 1.04)

DIBOA-Glc Eq Clay + Atz 48.56 (+/- 0.18) 51.44 (+/- .018) 0.00

DIBOA-Glc Eq + Atz Control 4.66 (+/- 2.76) 61.74 (+/- 3.81) 33.6 (+/- 1.22)
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switchgrass cultivars. However, if the atrazine degrading compounds in switchgrass are 

also nucleophilic, atrazine:phytochemical reactivity may be significantly reduced in the 

soil rhizosphere of switchgrass, providing minimal contribution to atrazine degradation 

in soil.  
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Chapter 3: Atrazine degradation and microbial response in soil rhizospheres 

of Poaceae grasses 

Abstract 

 Human and aquatic ecosystem health concerns pertaining to atrazine (2-chloro-

4-ethylamino-6-isopropylamino-1,3,5-triazine) contamination of water resources 

remains a problem, especially in the US Corn Belt. Vegetated buffer strips (VBS) have 

been shown to effectively mitigate atrazine transport in surface runoff and enhance 

atrazine degradation in soil, but the efficacy of VBS to reduce atrazine transport can be 

strongly influenced by the specific vegetation selected for inclusion in VBS. In grass 

rhizospheres, the roles of microbial and phytochemical contributions to enhanced 

atrazine degradation within VBS is not well understood. In this study, a greenhouse 

experiment was conducted comparing atrazine degradation rates and microbial 

response to atrazine application in treatments of two cultivars of switchgrass (Panicum 

virgatum), Kanlow and Cimarron, one cultivar of eastern gamagrass (Tripsacum 

dactyloides; Pete), and a bare-ground Control. The objectives were to: 1) assess 

vegetation treatment differences on atrazine degradation in soil mesocosms over 112 d; 

and 2) examine microbial response in the mesocosms using changes in PLFA biomarker 

concentrations. Results revealed no significant differences in atrazine degradation rate 

between vegetation and the Control treatment (t0.5 = 8.2 - 11.2 d). However, significant 

differences in PLFA biomarkers were observed among treatments for total PLFA, 

eukaryotes, actinobacteria, Gram-negative bacteria, and fungi. Significant differences 

over time were also observed for total PFLA, eukaryotes, actinobacteria, Gram-positive 



37 
 

bacteria, fungi, and arbuscular mycorrhizae (AM) fungi. Increases in fungal PLFA of grass 

treatments, and actinobacteria and Gram-negative bacteria of the bare ground Control 

treatment, indicated equivalent atrazine degradation rates of different atrazine 

degrading consortia respective to treatment type.  Rapid degradation of atrazine in all 

treatments suggested the presence of efficient microbial consortia of adapted atrazine-

degraders in the mesocosms, and no effect of root phytochemicals in the grass 

treatments on atrazine degradation. These results support the conclusion that microbial 

responses to atrazine application is the dominant mechanism controlling its degradation 

in these soils, and root phytochemicals do not significantly affect atrazine degradation in 

the rhizosphere.  

Introduction  

 Atrazine is one of several commonly used herbicides in the United States and 

around the world. It is typically used in conjunction with maize and is one of the most 

heavily used herbicides in the United States today. More than 25 million kg were applied 

to US crops in 2018 (USDA, 2018). Since its initial use in the 1950s it has been the 

subject of numerous studies on human and animal health, and recent studies continue 

to reveal additional details of how atrazine negatively affects human, animal, and plant 

life (Tezak et al., 1992; Graymore et al., 2001; Rohr and McCoy, 2010; Stayner et al., 

2017). Indeed, human health concerns associated with atrazine in drinking water 

prompted the US Environmental Protection Agency (USEPA) to implement a maximum 

contaminant level (MCL) of 3.0 ppb for finished drinking water (Graymore et al., 2001). 

Because of its frequent detection in US Corn Belt streams, the USEPA also proposed a 
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running average maximum concentration of 3.4 ppb in stream water to protect aquatic 

ecosystem health (US EPA, 2016).  

 Due to the potential toxic effects of atrazine on human and ecosystem health, 

there have been many efforts to develop and test mitigation practices to reduce 

atrazine contamination of water resources. One common and effective method is the 

use of vegetated buffer strips (VBS) to remove atrazine in runoff from cropland (Misra et 

al., 1996; Patty et al., 1997; Lin et al., 2004; Lerch et al., 2017). Vegetated buffer strips 

mitigate surface water contamination through contaminant sorption to soil and plant 

residues, and enhanced infiltration of runoff water. Atrazine has consistently been 

shown to more rapidly degrade in grass rhizospheres compared to bare ground controls 

(Lin et al., 2003; Lin et al., 2004; Lin et al., 2008; Lin et al, 2011a).  

 The efficacy of VBS is highly variable and may range from 20% to 100% (Misra et 

al., 1996; Patty et al., 1997; Lerch et al., 2017). One of several factors influencing VBS 

efficacy is vegetation type (Lin et al., 2003; Lerch et al., 2017). Differences between root 

structure, rooting depth, and density, as well as soil organic matter content can all 

influence VBS contaminant mitigation efficacy (Tufekcioglu et al., 1999; Christen and 

Dalgaard, 2012). In addition, laboratory research has demonstrated the ability of plant-

produced, defensive, secondary metabolites known as benzoxazinone (Bx) compounds 

to degrade chloro-triazines through nucleophilic attack of the Cl at the C-2 positon of 

the triazine ring. These atrazine reactive Bx compounds include: DIMBOA (2,4-

dihydroxy-7-methoxy-(2H)-1,4-benzoxazin-3(4H)-one), DIBOA [2,4-dihydroxy-(2H)-1,4-

benzoxazin-3(4H)-one] and DIBOA-Glc [2-β-D-glucopyranosyloxy-4-hydroxy-1,4-
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benzoxazin-3-one] (Castelfranco et al., 1961; Raveton et al., 1997; Wenger et al., 2005; 

Rice et al., 2012; Willett et al., 2013). These Bx compounds are produced by several 

members of the Poaceae family including corn (Zea mays), rye (Secale cereale), and 

eastern gamagrass (EG) (Tripsacum dactyloides). Additional research has indicated these 

compounds are exuded from plant roots and are often present in rhizosphere soil 

(Wenger et al., 2005; Lin et al., 2011a).  

 Research has repeatedly documented enhanced atrazine degradation in the 

presence of certain plants including EG and switchgrass (Panicum virgatum) (Lin et al., 

2004, 2008, 2011a and 2011b). Research by Seybold et al. (2001) indicated no enhanced 

atrazine degradation in switchgrass plots while Mersie et al. (2015) found significantly 

more rapid degradation of atrazine under switchgrass. However, neither study 

mentioned the cultivar of switchgrass used. Further, Lin et al. (2008) reported very 

different rates of atrazine degradation in switchgrass rhizospheres compared to that 

reported by Lin et al. (2011a), and again, the cultivar of switchgrass was not 

documented. Switchgrass cultivars were developed for agronomic reasons, such as 

regional climate adaptation, biomass production, drought tolerance, etc., and not for 

their ability to degrade agrochemicals. However, evolution and selective cultivation has 

resulted in widely divergent growth characteristics and root morphology among 

cultivars, which has possibly impacted phytochemical production (de Graaff et al., 2013; 

Casler et al., 2015). Although there are no published studies comparable for switchgrass, 

Copaja et al. (1991) reported significant differences in production of the Bx compound 

DIMBOA, between 52 different cultivars of wheat (T. aestivum and T. durum). 
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Additionally, concentrations of other defensive secondary metabolites like caffeine (El-

Beltagi et al., 2007), and phenolics and flavonoids (Guo et al., 2019), have also been 

shown to vary with cultivar. There is also evidence suggesting different cultivars of 

switchgrass may produce atrazine degrading phytochemicals, differentially impacting 

atrazine degradation (Chapter 2). 

 A variety of atrazine degrading microorganisms within the bacterial and fungal 

phyla (Devers et al., 2005) have acquired one or more of the genes atzA,B,C,D,E, and F 

and/or trzN,D, and F which code for enzymes capable of dechlorination, dealkylation, 

and eventual cleavage of the triazine ring. Initiation of this process frequently requires 

either atzA or trzN which code for chlorohydrolase enzymes, which, similar to the 

nucleophilic Bx reaction, facilitate the hydrolysis of atrazine to produce the non-

phytotoxic metabolite, hydroxyatrazine (Smith et al., 2005; Willett et al., 2016).  Efficient 

and complete atrazine degradation frequently requires a consortia, rather than a single 

microorganism, though some actinobacteria (i.e. Nocardia sp.) harbor multiple atrazine 

degrading genes, making them singularly efficient atrazine degraders (Smith et al., 

2005). The efficiency of atrazine degrading consortia are often thought to pertain to 

cooperative degradation where the byproduct from one atrazine degrader becomes the 

substrate for the next; however research has also demonstrated differential atrazine 

degradation rates through indirect support or direct inhibition of atrazine degradation 

from microorganisms outside of the atrazine degrader consortia but within the 

microbial community (Liu et  al., 2019). Microbial atrazine degradation efficiency can 
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also be enhanced by plant-bacteria interactions, which have been shown to perform 

better than plant only or microbe only treatments (Zhang et al., 2014).  

Atrazine degrading genes are typically stored in plasmids and transferred 

horizontally through the soil microbial community through lysogeny with the aid of soil 

bacteriophages, and through bacteria to bacteria contact involving plasmid conjugation 

(Devers et al., 2005; Liang et al., 2012). These transferable atrazine degrading genes 

permit a variety of microbes to detoxify atrazine and gain access to a unique ecological 

niche. The nature of these genes allow for atrazine degradation even among differing 

microbial consortia (Smith et al., 2005) and multiple microbial degradation pathways 

within the same consortia (Liang et al., 2012).  

 It is widely accepted that atrazine degrading genes may remain in soil for several 

years, but decrease to a level where rapid atrazine degradation is lost if application is 

limited to every four years (Krutz et al., 2010). However, annual and biannual 

application of atrazine is common practice in the United States. Over the past few 

decades the reported half-life of atrazine in soils has declined and widespread 

adaptation of atrazine degraders in soil has been documented in areas with consistent 

atrazine usage (Krutz et al., 2010). Wenger et al., (2005) noted the half-life of atrazine 

ranged from 60 days to more than a year. More recent reports have noted a greater 

than 50% loss of atrazine in soil within 30 days, even in soil with no recorded atrazine 

application history (Sánchez et al., 2019). 

A critical question regarding observations of enhanced herbicide degradation in 

VBS rhizospheres is the degree to which buffer vegetation directly degrades herbicides 
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via phytochemical production and root exudation, versus indirectly degrading herbicides 

by improved microbial growth and activity in the rhizosphere. The objectives of this 

work were to: 1) assess vegetation treatment differences on atrazine degradation in soil 

mesocosms using two switchgrass cultivars (Kanlow and Cimarron), eastern gamagrass 

(Pete cultivar), and a bare ground control over 112 days; and 2) examine changes in 

PLFA biomarker concentrations in soil mesocosms among vegetation treatments and in 

relation to atrazine degradation kinetics. 

Materials and Methods  

Greenhouse Study Description 

A greenhouse study was conducted using three grass treatments and one control 

treatment in soil mesocosms (13.2 L plastic buckets). The treatments consisted of two 

switchgrass cultivars - Cimarron (CIM) and Kanlow (KAN), and Pete variety EG, and a 

bare-ground Control, with 4 replicates for each treatment. All grasses are C4 warm 

season grasses. Both switchgrass cultivars are lowland ecotypes. Eastern gamagrass has 

been shown to produce DIBOA-Glc, an atrazine degrading phytochemical (Willett et al., 

2013, 2014, 2016). The eastern gamagrass plants used in this study were obtained from 

the same sites used by Willett el al. (2013, 2014, and 2016). Kanlow switchgrass was 

shown to contain unidentified atrazine degrading compounds in root tissues (Chapter 

2), while Cimarron switchgrass has not shown significant atrazine degradation. Using 

methods described in Chapter 2, root extracts made from switchgrass roots from these 

sites, collected between January and March, yielded 65.5% and 18.83% atrazine 

degradation from Kanlow and Cimarron cultivars respectively. One way ANOVA (α = 
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0.05) indicated no significant differences in atrazine degradation between Cimarron 

extracts and the control (90% aq. CH3OH), whereas, Kanlow extracts degraded 

significantly more atrazine than the control and Cimarron extracts. All grass treatments 

were established using live plants removed from plots at least 5 years old at the 

Bradford Research and Extension Center (BREC), located approximately 8 km east of 

Columbia, MO. Each grass treatment contained two to three plants of 12 to 15 live 

stems in each mesocosm. To establish plants, all grass treatments received weekly 

applications of fertilizer for 4 weeks. Fertilizer was N, P, and K (20:20:20), prepared 

according to manufacturer’s instructions (103. 5 mL per 13.25 L water); each pot 

received 325.0 mL.   

Growth medium in all containers consisted of a 40% sand:soil by mass, to ensure 

sufficient water infiltration and root aeration. Soil was taken from BREC at a site that 

had not been exposed to atrazine application for at least 5 years. The soil:sand mixture 

was sieved to 2.0 mm and plant material was removed. Sand and soil was homogenized 

using a concrete mixer. Once homogenized, the sand:soil mixture was permitted to air 

dry for several days. All mesocosms were packed to a bulk density of 1.2 g mL-1 (15.9 kg 

oven-dry soil:sand mix per container). All grasses were planted in the greenhouse on 

May 24, 2018 and allowed to establish until Nov 5, 2018 (23 weeks) at which point 

laboratory grade atrazine in solution was applied at a rate of 0.2 mg kg-1 soil. Emergent 

weed seedlings were immediately and carefully removed to include as much below 

ground material as possible. All treatments received 14 hours of light per day using 

supplemental light as needed.  
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To prevent loss of atrazine from the system, the mesocosms were not equipped 

with drainage holes. Each treatment contained a combined soil moisture/temperature 

probe (CS625, Campbell Scientific, Logan, UT, USA) to monitor volumetric soil water 

content and soil temperature. Volumetric water content during the study ranged 

between 9.0 % and 35.0 % while soil temperature was typically between 25 and 26oC, 

except after watering when soil temperature occasionally dropped to 19oC. All soil 

moisture and temperature data were recorded every ten minutes and the data stored 

using a CR200X (Campbell Scientific, Logan, UT, USA) data logger. 

Soil Sampling 

Soil was a Mexico silt loam collected from Bradford Research and Extension 

Center (BREC), located approximately 8 km east of Columbia, MO. Prior to 

experimentation, the soil was tested for baseline soil nutrients and residual atrazine. No 

residual atrazine was detected. To determine baseline soil nutrients, twenty-five soil 

samples were collected at 0 to 5cm and 5 to 10 cm depths, using a 0.75 inch diameter 

soil probe. Samples were homogenized, air dried, and sieved with a 2-mm sieve, prior to 

testing. Nutrients tested included nitrate, ammonium, potassium, calcium, total carbon, 

Bray 1-P, cation exchange capacity (CEC), and soil pH (Table 3.2). Analysis was 

conducted by the University of Missouri Soil and Plant Testing Laboratory.  
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Table 3.2 Soil properties for mesocosm degradation experiment  

Soil 
Property Measurement Units 

Clay 19.75 % 

Sand 9.08 % 

Silt 71.17 % 

CEC 12.45 cmol/kg 

Na 0.35 cmol/kg 

Ca 4684.66 kg/ha 

Mg 366.35 kg/ha 

NO3-N 7.33 ppm 

NH4-N 4.44 ppm 

Bray-P 87.06 kg/ha 

K 245.09 kg/ha 

OM 31.1 g/kg 

pH 6.65   

 

After plant establishment and atrazine application, soil was tested for atrazine 

concentration and phospholipid fatty acid (PLFA) content. Mesocosm soil samples were 

collected from the entire profile using a 2.5-cm diameter soil probe. Samples were 

collected at 0, 3, 7, 14, 39, 56, and 112 day after application. Each sample was 

homogenized and atrazine was extracted and analyzed in triplicate using ion trap gas 

chromatography-mass spectrometry (GC-MS). The GC was an Agilent 7890, the MS was 

an Agilent 240 with ion trap.  Five grams soil (oven dry weight equivalent) were weighed 

into 50 mL polypropylene centrifuge tubes and combined with 5.0 mL 18 MΩ Ultrapure 

water and 5.0 mL water saturated toluene. Samples were shaken on an end-to-end 

shaker on high speed for 2 hours and centrifuged for 20 minutes at 4000 rpm. One 

milliliter of water saturated toluene was removed and placed into HPLC vials, 

evaporated to dryness, and re-dissolved in 1.0 mL ethyl acetate prior to GC-MS analysis.  

Microbial Community Analysis  



46 
 

 After soil samples were homogenized, sub-samples were vacuum sealed and 

frozen using a FoodSaver 3400 series vacuum sealing system and multi-layer, BPA-free, 

freeze-safe Food Saver brand bags, and stored in the freezer at -4oF prior to analysis. 

Samples collected at 0, 14, 39, 56, and 112 days after atrazine application were analyzed 

for PLFA. Phospholipid fatty acid analysis was conducted by the University of Missouri 

Soil Health Assessment Center in Columbia, MO. Extraction of PLFA were  completed 

using the Buyer and Sasser (2012) method and analysis was performed with Sherlock 

Software version 6.0 (MIDI Corp, Newark, NJ). Data from this analysis was used to 

estimate mol% of several groups of soil microorganisms including Gram-positive and 

Gram-negative bacteria, anaerobic bacteria, actinobacteria, eukaryotes, fungi, and 

arbuscular mycorrhizae (AM) fungi, and calculate PLFA ratios (nmol g-1 soil) for 

mono:poly saturated, saturated:unsaturated, and fungal:bacterial biomarkers (Appendix 

A, Table 3.A1). 

Statistical Analysis  

Analysis of variance (ANOVA) and Tukey’s multiple comparisons of means were 

performed using R 3.2.4 for datasets that were normally distributed or could be 

transformed to achieve normality.  Data sets were transformed according to the results 

of Box-Cox tests applied to each data set and specified in the Results section. If data 

could not be adequately transformed, the Kruskal-Wallis test (H-test) and Tukey’s 

multiple comparison of means were performed to determine differences between 

treatments using SAS, version 9.4 (SAS Institute Inc., Cary, NC, USA). The significance 

level for all tests were α = 0.05. Atrazine degradation data was found to best fit first-
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order models obtained by non-linear regression analyses with Sigma Plot 12.3 (Systat 

Software, Inc., San Jose, CA) using the two parameter exponential decay model ([A] = 

[A]oe-kt ). Atrazine half-life values were also computed from first-order models for 

individual replications of all treatments to obtain half-life estimates. Linear regression 

analysis was applied to comparisons of soil atrazine concentration and total PLFA, % 

eukaryotes, % fungi, % arbuscular mycorrhizal fungi, and % actinobacteria biomarkers, 

using Microsoft Excel 2010.  

Results and Discussion  

Atrazine Degradation   

Among all treatments, atrazine degradation was rapid, with a half-life of 8.8 days 

in Control, 8.2 days in CIM, 11.2 days for KAN, and 9.4 days in EG. However, there were 

no significant differences between the treatments with regard to half-life, and there 

were also no significant differences in atrazine concentration over time between 

treatments (Figure 3.1). These results were unexpected as the bare-ground control 

degraded atrazine as rapidly as the grass treatments. Previous work by Lin et al. (2003; 

2004; 2008; 2011a) consistently showed that atrazine degraded much faster in grass 

rhizospheres compared to the bare ground control. Furthermore, Bx compounds 

produced by EG are capable of degrading atrazine in solution (Willett et al., 2013; 2016), 

but sorption experiments indicate this reaction is inhibited in a soil system when either 

atrazine or the Bx compound were sorbed to soil colloids (Chapter 2). Additionally, 

laboratory experiments indicated differences between atrazine degradation in root 
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extracts from CIM and KAN switchgrass cultivars, but these results were not reflected in 

the mesocosm experiment.  

 

Fig. 3.1 Atrazine degradation in soil mesocosms by vegetation treatment.  
 

 Given the lack of a treatment effect, these results indicate that microbial activity, 

rather than Bx compounds from root exudates, was likely the driving force behind the 

rapid atrazine degradation in the mesocosms. The short atrazine half-life of the control 

treatment suggested that the genetic material required to utilize atrazine as a C and N 

source by microorganisms was still present in the soil years after the cessation of 

atrazine application. It has been shown that this genetic material can be transferred 

horizontally within the soil microbial community (Devers et al., 2005). However, it is 

typically expected that infrequent application of atrazine (not more than once every 4 

years) would inhibit the continued presence of this genetic material in soil (Krutz et al., 

2010). There are two potential explanations for the continued presence of atrazine 
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degrading genes in the microbial communities of this study. First, it may be that spray 

drift from neighboring fields was sufficient to sustain the presence of atrazine degrading 

genes. Second, atmospheric, transatlantic deposition of microorganisms has been 

documented (Krutz et al., 2010), indicating the potential for wind-blown deposition of 

atrazine degrading microorganism from neighboring atrazine exposed fields.  Historically 

different atrazine half-lives in soil have been documented with some regularity. Wenger 

et al., (2005) noted that the half-life of atrazine was reported to range from 60 days to 

more than a year. More recent reports have noted a greater than 50% loss of atrazine in 

soil within 30 days, even in soil with no recorded atrazine application history (Sánchez et 

al., 2019). It is expected that the rapid rate of atrazine loss observed in our study was 

due to a combination of atrazine degrading microbes and the favorable microbial 

conditions of soil temperature and moisture maintained throughout the experiment. 

Phospholipid Fatty Acids (PLFA)  

 To further investigate microbial contributions to atrazine degradation in the 

mesocosms, we examined changes in total PLFA, several PLFA biomarker groups, and 3 

ratios of select biomarker groups for all treatments (Table 3.4). Results of the major 

PLFA groups are presented here while the percent anaerobe biomarkers, which 

constituted <2% of total PLFA, are presented in Appendix B (Table 3.B1, Table 3.B2, and 

Figure 3.B1). 
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Table 3.4 Statistical analyses of total PLFA, PLFA biomarker groups and biomarker ratios, with 
associated p-values for ANOVA of treatment, time, and treatment X time interactions.  
 

Groupings of PLFA Treatment Time 
Treatment X 

Time 

Total PLFA (nmol/g soil) <0.0001 0.0014 0.086 

Actinobacteria (mol% /g soil) 0.013 <0.0001 0.012 

Gram-pos bacteria (mol%/g soil) 0.22 0.0001 0.017 

Gram-neg bacteria (mol% /g soil) 0.045 0.51 0.016 

Fungi (mol% /g soil) 0.032 0.007 0.048 

AM Fungi (mol% /g soil) 0.78 <0.0001 0.33 

Eukaryote (mol% /g soil)† 0.281 0.003 NA 

Mono:Poly  0.122 0.079 0.853 

Sat:Unsat 0.24 0.077 0.051 

Fungi:Bacteria 0.166 0.149 0.364 

“†” Data could not be transformed and was non-normal. Data analyzed using Kruskal-Wallis test. 
  

Total PLFA  

Total PLFA biomarkers indicated the control treatment contained consistently 

less total PLFA than all grass treatments after atrazine application, and were significantly 

less than CIM at 14, 56, and 112 days after application, and significantly less than EG at 

day 56 (Figure 3.2).  In contrast to grass treatments, control samples illustrated a steady 

decline in total PLFA over the duration of the study. This may indicate greater 

robustness of the soil microbial community under these warm season grasses, 

compared to the bare ground control. 

 Overall, there were no significant differences in total PLFA between grass 

treatments. However, CIM had the shortest atrazine half-life of 8.2 days and 

consistently high amounts of total PLFA, suggesting that total PLFA may have been 

related to the observed rapid atrazine degradation.  
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Fig. 3.2 Total PLFA response to atrazine application in soil mesocosms by treatment. Control = 
bare ground; CIM = Cimarron switchgrass; KAN = Kanlow switchgrass; and EG  = eastern 
gamagrass. Bars with the same letter are not significantly different. Data presented above are 
not transformed.  

Percent Eukaryote Biomarkers 

Changes in the percentage of eukaryotes were the most dynamic of any PLFA 

biomarker, showing significant differences between treatments and over time (Figure 

3.3). Grass treatments demonstrated an overall decrease in the percentage of 

eukaryotic PLFA through day 39, at which point the control was significantly greater 

than CIM. However, by day 56 the percentage of eukaryotic organisms in grass 

treatments started to rebound, and by day 112, returned to levels similar to that at day 

0. Contrary to grass treatments, the percent of eukaryote PLFA in the Control treatment 

increased 14 days after application, and were significantly greater than KAN, but then 

declined over the remainder of the experiment (Figure 3.3). The overall response 

pattern of eukaryote biomarkers to the addition of atrazine in the control was different 

compared to any of the grass treatments, but no significant treatment effect was 

observed (Table 3.4). 
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Fig. 3.3 Percent eukaryote PLFA response to atrazine application in soil mesocosms by 
treatment. Control = bare ground; CIM = Cimarron switchgrass; KAN = Kanlow switchgrass; and 
EG = eastern gamagrass. Bars with the same letter are not significantly different based on the 
Kruskal-Wallis (α = 0.05) and Tukey’s multiple comparison tests. 
 

Percent Actinobacteria Biomarkers 

The significance of the interaction between treatment and time indicates the 

significance of treatment is dependent on time (Table 3.4). The only significant 

differences in mean actinobacteria percentage occurred at 39 d when the Control was 

significantly greater than CIM (Figure 3.4). Mean actinobacteria biomarkers were nearly 

invariant for KAN and EG, while CIM declined slightly. Only the Control treatment 

changed significantly in actinobacteria PLFA over time, steadily increasing over the study 

(Figures 3.4 and 3.5).  Prior research has indicated several actinobacteria are capable of 

efficiently degrading triazine herbicides (De Schrijver and De Mot, 2008; Gupta and 

Baummer III, 1996) and are among the more stress resilient soil microorganisms 

(Alvarez et al., 2017). Actinobacteria are a diverse phyla; characterization of this 

grouping primarily depends on the ability to form branching hyphae at some point in the 

AB 

A 

B 

AB 
AB 

AB 
AB 

A 

AB 

AB AB 

B 
AB 

AB 
AB 

AB AB 

AB 

AB 
AB 

0

0.2

0.4

0.6

0.8

1

1.2

1.4

0 14 39 56 112

%
 E

u
ka

ry
o

te
 P

LF
A

 (
%

m
o

l/
g 

so
il)

 

Days After Atrazine Application 

Control

CIM

KAN

EG



53 
 

microbe life cycle. While they are frequently associated with soil and compost, they can 

also be found in aquatic environments and several can be pathogenic (Goodfellow and 

Williams, 1983). The actinobacteria Nocardia sp. is responsible for initiation of atrazine 

degradation in many atrazine consortia and the actinobacteria Arthrobacter, 

Rhodococcus, Sterptomyces, Frankia, and Kokuria also contribute to the degradation of 

s-triazines like atrazine (Alvarez et al., 2017).  

 

Fig. 3.4 Percent actinobacteria PLFA response to atrazine application in soil mesocosms by 
treatment. Control = bare ground; CIM = Cimarron switchgrass; KAN = Kanlow switchgrass; and 
EG  = eastern gamagrass. Bars with the same letter are not significantly different. Data were 
transformed exponentially (1/y4, y = original data). Data presented above are not transformed. 
 

AB 
AB 

B 

AB 
AB 

AB AB A 
AB 

AB 

AB 
AB AB 

AB AB 
AB 

AB 
AB 

AB 

AB 

18.5

19

19.5

20

20.5

21

21.5

22

22.5

23

0 14 39 56 112%
 A

ct
in

o
b

ac
te

ri
a 

P
LF

A
 (

m
o

l%
/g

 s
o

il)
 

Days After Atrazine Application 

Controll

Cim

KAN

EG



54 
 

 

Fig. 3.5 Percentage actinobacteria PLFA response to atrazine application in the Control 
treatment over time. Bars with the same letter are not significantly different. Data were 
transformed exponentially (y4, y = original data). Data presented above are not transformed. 
 

Percent Fungi Biomarkers 

 The significance of the interaction between treatment and time indicates the 

significance of treatment is dependent on time (Table 3.4). Upon examination of Tukey’s 

multiple comparisons of means, there were few significant comparisons for the 

percentage of fungi biomarkers. CIM treatments at 112 days post atrazine application 

were significantly greater in percent fungal biomarkers than at day 0. CIM treatments 

contained significantly greater amounts of fungal PLFA at 112 days after application 

than EG treatments 0 and 39 days after atrazine application (Figure3.6). The differences 

between CIM and EG did not persist throughout the experiment and did not occur 

together at the same time points, indicating these observations may not be informative 

of overall treatment function. The increase in fungal PLFA in CIM treatments over time 

may indicate increased fungal contributions to atrazine degradation in these treatments 

as has been observed in other studies (Kaufman and Blake, 1970; Ostrofsky et al., 2002).  
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Fig. 3.6 Percent fungi PLFA response to atrazine application in soil mesocosms by treatment. 
Control = bare ground; CIM = Cimarron switchgrass; KAN = Kanlow switchgrass; and EG = 
eastern gamagrass. Bars with the same letter are not significantly different. Data were inverse 
transformed (1/y, y = original data). Data presented above are not transformed.  

Percent Gram-positive Biomarkers 

Changes in Gram-positive biomarkers were not significantly different between 

treatments, however, within CIM treatment, the percentage of Gram-positive 

biomarkers showed a significant decrease over time, and were significantly greater at 

time 0 than 112 day after atrazine application (Figure3. 7). The cause of significant 

decrease in % Gram-positive PLFA in the CIM treatment was unclear. There was a slight, 

though not significant, increase in Gram-negative populations, which are known 

producers of antibiotics, within these treatments, potentially inhibiting growth of Gram-

positive populations (Masschelein et al., 2017).  While this switchgrass cultivar has not 

shown evidence of atrazine degrading phytochemicals, it is possible that other root 

exudates may have been produced in response to atrazine application, negatively 

impacting the Gram-positive microbial group. Regardless, the reduction in PLFA Gram-
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positive biomarkers, suggests possible atrazine induced inhibition of Gram-positive 

bacteria in CIM rhizospheres. 

 

Fig. 3.7 Percent Gram-positive PLFA response to atrazine application in soil mesocosms by 
treatment. Control = bare ground; CIM = Cimarron switchgrass; KAN = Kanlow switchgrass; and 
EG = eastern gamagrass. Bars with the same letter are not significantly different. Data were 
transformed exponentially (y2, y = original data).  Data presented above are not transformed. 

Percent Gram-negative Biomarkers 

 The significance of treatment and the interaction between treatment and time 

(Table 3.4) indicates the relationship between percent Gram-negative biomarkers and 

treatment is not independent of time.  By holding time constant, ANOVA followed by 

Tukey’s multiple comparison test indicated at 39 days after application, Control samples 

contained significantly greater percentages of Gram-negative biomarkers than KAN 

treatments at alpha = 0.05 (Figure 3.8). This was the only instance of significance but it 

occurred at a time of substantial atrazine degradation, which may indicate the 

contribution of Gram-negative bacteria to atrazine degradation (Rousseaux et al., 2001) 

in the Control treatment. Like actinobacteria, Gram-negative bacteria are highly 

resistant to environmental stress and have been shown to efficiently degrade atrazine 
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(Smith et al., 2005), with several members capable of atrazine dechlorination (Liang et 

al., 2012) and others, able to indirectly support other atrazine degrading microbes (Liu 

et al., 2019). 

 

Fig. 3.8 Percent Gram-negative PLFA response to atrazine application in soil mesocosms by 
treatment. Control = bare ground; CIM = Cimarron switchgrass; KAN = Kanlow switchgrass; and 
EG = eastern gamagrass. Bars with the same letter are not significantly different. Data were 
transformed by exponential inverse (1/y7, y = original data). Data presented above are not 
transformed. 

Arbuscular Mycorrhizal Fungal Biomarkers 

 The percentage of AM fungal biomarkers in CIM significantly increased when 

comparing 0 and 112 d (Figures 3.9 and 3.10). This may be an indication that many of 

the microorganisms in this system capable of enhancing atrazine were AM fungi, or 

were affiliated with the presence of AM fungi.  This appears to be especially true for the 

CIM treatment. It has been shown that warm season grasses (Göransson et al., 2008; 
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degradation in the presence of mycorrhizal fungi compared to plant roots alone, even 

on the same plant (Huang et al., 2009). 

 

Fig. 3.9 Percent arbuscular mycorrhizal (AM) fungi PLFA response to atrazine application in soil 
mesocosms by treatment. Control = bare ground; CIM = Cimarron switchgrass; KAN = Kanlow 
switchgrass; and EG = eastern gamagrass. Bars with the same letter are not significantly 
different. Data presented above are not transformed. 
 

 

Fig. 3.10 Percent arbuscular mycorrhizal fungi PLFA response to atrazine application in soil 
mesocosms in Cimarron treatments. Bars with the same letter are not significantly different. 
Data presented above are not transformed. 
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 Regression analysis of pooled data revealed the percentage of actinobacteria 

biomarkers showed significant correlation to atrazine concentrations while total PLFA 

and AM fungi showed weak, but significant, correlations to atrazine concentrations in 

mesocosm soils; fungal and eukaryotic PLFA biomarkers were not significantly 

correlated (Table 3.5). The percentage of actinobacteria biomarkers tended to increase 

as atrazine degraded in the soil when data from all treatments were pooled. 

Actinobacteria may have contributed to atrazine degradation in all treatments but likely 

played a more substantial role in the Control treatment. Total PLFA decreased as 

atrazine soil concentration decreased when the data were pooled for all treatments. 

Research by Vryzas et al. (2012), showed no correlation between atrazine degradation 

and total PLFA but Nordenholt et al. (2016) had similar results to ours, illustrating a 

decrease in total PLFA that persisted for months after atrazine application. Overall, the 

microbial population of the soil used in these experiments contained actinobacteria, AM 

fungi, and Gram-negative microorganisms which increased in prevalence relative to 

other microorganisms after atrazine application. Arbuscular mycorrhizal fungi and 

actinobacteria also correlated with atrazine degradation, suggesting they might play an 

important role in microbially mediated atrazine degradation in this study.   

Table 3.5 Correlation of PLFA markers and atrazine concentration in soil mesocosms.  

PLFA Group P-value         r† 

% Eukaryotes 0.9053 0.02 

Total PLFA 0.0027 0.37 

% Fungi 0.1083 0.2 

% AM Fungi 0.0301 -0.27 

% Actinobacteria 0.000075 -0.47 
†r = correlation coefficient. 
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Conclusions  

 Atrazine degradation rates were not significantly different in soil mesocosms 

among vegetation treatments or the bare-ground control, as all treatments rapidly 

degraded atrazine with half-lives of 8.2 to 11.2 days. This was unexpected as prior 

research has indicated enhanced atrazine degradation with grass vegetation in 

comparison to bare ground controls (Lin et al., 2004, 2011a and b; Patty et al., 1997). 

Changes in microbial populations, as measured by changes in mol percent of PLFA 

biomarkers, indicated the microbial response to atrazine application was dissimilar 

between treatments, though no significant difference in atrazine degradation rate was 

observed between treatments. Despite five years since direct application to the field 

site from which the soil used in this study was obtained, this finding indicated that 

microbial adaption to atrazine was common in all treatments and likely resulted from: 1) 

continuous exposure of the field soil to atrazine drift from neighboring fields; or, 2) 

deposition of wind-blown atrazine degrading microorganisms from adjacent atrazine 

exposed fields. The observed differences in PLFA biomarker response to atrazine 

application between treatments indicate the ability of different soil microbial consortia 

to respond to atrazine application and support atrazine degradation at similar rates. In 

this study, warm season grasses like CIM demonstrated a response of soil fungi and AM 

fungi populations to atrazine application. Known fungal atrazine degraders include 

Klebsiella variicola and Aspergillus alliaceus, which have demonstrated atrazine 

degradation, including dechlorination (Gajediran et al., 2017; Zhang et al., 2017). In 

systems devoid of plant populations, actinobacteria and Gram-negative microorganisms 
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responded to atrazine application. Actinobacteria like Nocardioides sp. strain C190 and 

Agrobacterium radiobacter, and Gram-negative  bacteria like Klebsiella pneumonia and 

Rhizobium, are collectively capable of dechlorination, side chain removal, and ring 

cleavage, and are highly efficient atrazine degraders (Smith et al., 2005; Liang et al., 

2012). The decrease in total PLFA observed in the bare ground Control, but not in grass 

treatments, while atrazine degradation rates remained equivalent between all 

treatments, indicates resilient and vital contributors to atrazine degradation, like 

actinobacteria and Gram-negative bacteria, were likely present and capable of 

responding to atrazine application in the Control treatment. Warm season grasses have 

been shown to greatly enhance atrazine degradation (Lin et al., 2011a and b, 2008, 

2004; Lerch et al., 2017) and atrazine degradation from microorganisms have been 

shown to increase when paired with some plants, compared to microbe only treatments 

(Zhang et al., 2014). Despite apparently differences in atrazine degrading microbial 

consortia, atrazine degradation rates remained high for all treatments. The lack of 

differences in atrazine degradation rates between treatments containing EG, known to 

produce an atrazine degrading Bx compound, and other treatments, combined with 

significant responses in PLFA biomarkers among treatments, indicated that atrazine 

degradation in the presence of these grasses was more closely linked to their support of 

soil microorganisms rather than a direct effect of phytochemical reactivity. The 

recurrent significant differences in PLFA biomarkers of CIM treatments, a switchgrass 

cultivar demonstrating no significant phytochemically driven atrazine degradation in 

laboratory testing of root extracts, but demonstrating the greatest amount of atrazine 
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degradation in this study, further supports the hypothesis that microbial activity, rather 

than direct phytochemical contribution, was the driving force of atrazine degradation in 

this study.  

Appendix A 

Table 3.A1 Phospholipid fatty acid (PLFA) biomarkers of the microbial groups used in this study. 

Microbial 
Group Biomarkers       

Actinobacteria 16:0 10-methyl 17:1 w7c 10-methyl 17:0 10-methyl 
18:1 w7c 10-
methyl 

  18:0 10-methyl 19:1 w7c 10-methyl 20:0 10-methyl 22:0 10-methyl 

Anaerobe 12:0 DMA 13:0 DMA 14:0 DMA 14:1 w7c DMA 

  15:0 DMA 15:0 iso DMA 16:0 DMA 16:1 w9c DMA 

  16:1 w7c DMA 16:1 w5c DMA 16:2 DMA 17:0 DMA 

  18:0 DMA 18:1 w9c DMA 18:1 w7c DMA 18:1 w5c DMA 

  18:2 DMA       

AM Fungi 16:1 w5c       

Bacteria  10:0 2OH 10:0 3OH 11:0 anteiso 11:0 iso 

  12:0 anteiso 12:0 iso 12:0 2OH 12:1 w8c 

  12:1 w5c 13:0 anteiso 13:0 iso 13:1 w5c 

  13:1 w4c 13:1 w3c 14:0 anteiso 14:0 iso 

  14:0 2OH 14:1 iso w7c 14:1 w9c 14:1 w8c 

  14:1 w7c 14:1 w5c 15:0 anteiso 15:0 iso 

  
15:1 anteiso 
w9c 15:1 iso w9c 15:1 iso w6c 15:1 w9c 

  15:1 w8c 15:1 w7c 15:1 w6c 15:1 w5c 

  16:0 anteiso 16:0 iso 16:0 2OH 16:1 w9c 

  16:1 w7c 16:1 w6c 16:1 w4c 16:1 w3c 

  17:0 anteiso 17:0 cyclo w7c 17:0 iso 17:1 iso w9c 

  17:1 w9c 17:1 w8c 17:1 w7c 17:1 w6c 

  17:1 w5c 17:1 w4c 17:1 w3c 18:0 iso 

  18:1 w8c 18:1 w7c 18:1 w6c 18:1 w3c 

  19:0 anteiso 
19:0 cyclo 9,10 
DMA 19:0 cyclo w9c 19:0 cyclo w7c 

  19:0 cyclo w6c 19:0 iso 19:1 w9c 19:1 w8c 

  19:1 w7c 19:1 w6c 20:0 iso 20:1 w9c 

  20:1 w8c 20:1 w6c 22:0 iso   

Eukaryote 15:3 w3c 15:4 w3c 16:3 w6c 16:4 w3c 

  18:3 w6c 19:4 w6c 18:4 w3c 19:3 w6c 
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  19:3 w3c 20:2 w6c 20:3 w6c 20:4 w6c 

  20:5 w3c 21:3 w6c 21:3 w3c 22:5 w6c 

  22:6 w3c 22:4 w6c 22:5 w3c 22:2 w6c 

  23:4 w6c 23:3 w6c 23:3 w3c 23:1 w5c 

  23:1 w4c 24:4 w6c 24:3 w6c 24:3 w3c 

  24:1 w3c       

Fungi 18:2 w6c       

Gram-negative 10:0 2OH 10:0 3OH 11:0 iso 3OH 12:0 2OH 

  12:1 w8c 12:1 w5c 13:1 w5c 13:1 w4c 

  13:1 w3c 14:0 iso 3OH 14:0 2OH 14:1 w9c 

  14:1 w8c 14:1 w7c 14:1 w5c 15:1 w9c 

  15:1 w8c 15:1 w7c 15:1 w6c 15:1 w5c 

  16:0 2OH 16:1 w9c 16:1 w7c 16:1 w6c 

  16:1 w4c 16:1 w3c 17:0 cyclo w7c 17:0 iso 3OH 

  17:1 w9c 17:1 w8c 17:1 w7c 17:1 w6c 

  17:1 w5c 17:1 w4c 17:1 w3c 18:0 cyclo w6c 

  18:1 w8c 18:1 w7c 18:1 w6c 18:1 w5c 

  18:1 w3c 19:0 cyclo w7c 19:0 cyclo w6c 19:1 w9c 

  19:1 w8c 19:1 w7c 19:1 w6c 20:0 cyclo w6c 

  20:1 w9c 20:1 w8c 20:1 w6c 20:1 w4c 

  21:1 w9c 21:1 w8c 21:1 w6c 21:1 w5c 

  21:1 w4c 21:1 w3c 22:0 cyclo w6c 22:1 w9c 

  22:1 w8c 22:1 w6c 22:1 w5c 22:1 w3c 

  24:1 w9c 24:1 w7c     

Gram-positive 11:0 anteiso 11:0 iso 12:0 anteiso 12:0 iso 

  13:0 anteiso 13:0 iso 14:0 anteiso 14:0 iso 

  14:1 iso w7c 15:0 anteiso 15:0 iso 15:1 anteiso w9c 

  15:1 iso w9c 15:1 iso w6c 16:0 anteiso 16:0 iso 

  17:0 anteiso 17:0 iso 
17:1 anteiso 
w9c 17:1 anteiso w7c 

  17:1 iso w10c 17:1 iso w9c 18:0 iso 19:0 anteiso 

  19:0 cyclo w9c 19:0 iso 20:0 iso 22:0 iso 

Mono 12:1 w8c 12:1 w5c 13:1 w5c 13:1 w4c 

  13:1 w3c 14:0 2OH 14:1 w9c 14:1 w8c 

  14:1 w7c 14:1 w5c 15:1 w9c 15:1 w8c 

  15:1 w7c 15:1 w6c 15:1 w5c 16:0 2OH 

  16:1 w9c 16:1 w8c 16:1 w7c 16:1 w6c 

  16:1 w5c 16:1 w4c 16:1 w3c 16:1 w9c DMA 

  16:1 w7c DMA 16:1 w5c DMA 17:1 w9c 17:1 w8c 

  17:1 w7c 17:1 w6c 17:1 w5c 17:1 w4c 

  17:1 w3c 18:1 w9c 18:1 w8c 18:1 w7c 

  18:1 w6c 18:1 w5c 18:1 w3c 19:1 w9c 

  19:1 w8c 19:1 w7c 19:1 w6c 20:1 w9c 
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  20:1 w8c 20:1 w6c 20:1 w4c 21:1 w9c 

  21:1 w8c 21:1 w6c 21:1 w5c 21:1 w4c 

  21:1 w3c 22:1 w9c 22:1 w8c 22:1 w6c 

  22:1 w5c 22:1 w3c 24:1 w9c 24:1 w7c 

Poly 15:3 w3c 15:4 w3c 16:3 w6c 16:4 w3c 

  18:2 w6c 18:3 w6c 18:4 w3c 19:3 w6c 

  19:3 w3c 19:4 w6c 20:2 w6c 20:3 w6c 

  20:4 w6c 20:5 w3c 21:3 w6c 21:3 w3c 

  22:2 w6c 22:4 w6c 22:5 w6c 22:5 w3c 

  22:6 w3c 23:1 w5c 23:1 w4c 23:3 w6c 

  23:3 w3c 23:4 w6c 24:4 w6c   

Saturated 10:00 11:00 11:0 anteiso 11:0 iso 

  12:00 12:0 anteiso 12:0 iso 13:00 

  13:0 anteiso 13:0 iso 14:00 14:0 anteiso 

  14:0 iso 14:1 iso w7c 15:00 15:0 anteiso 

  15:0 iso 16:00 16:0 anteiso 16:0 iso 

  17:00 17:0 anteiso 17:0 iso 18:00 

  18:0 iso 19:0 iso 21:00 22:00 

  23:00 24:00:00     

Unsaturated 12:1 w8c 12:1 w5c 13:1 w5c 13:1 w4c 

  13:1 w3c 14:0 2OH 14:1 w9c 14:1 w8c 

  14:1 w7c 14:1 w5c 15:1 w9c 15:1 w8c 

  15:1 w7c 15:1 w6c 15:1 w5c 15:4 w3c 

  15:3 w3c 16:0 2OH 16:1 w9c 16:1 w8c 

  16:1 w7c 16:1 w6c 16:1 w5c 16:1 w4c 

  16:1 w3c 16:1 w9c DMA 16:1 w7c DMA 16:1 w5c DMA 

  16:4 w3c 16:3 w6c 17:1 w9c 17:1 w8c 

  17:1 w7c 17:1 w6c 17:1 w5c 17:1 w4c 

  17:1 w3c 18:1 w9c 18:1 w8c 18:1 w7c 

  18:1 w6c 18:1 w5c 18:1 w3c 18:3 w6c 

  18:4 w3c 19:1 w9c 19:1 w8c 19:1 w7c 

  19:1 w6c 19:3 w6c 19:3 w3c 19:4 w6c 

  20:1 w9c 20:1 w8c 20:1 w6c 20:1 w4c 

  20:2 w6c 20:3 w6c 20:4 w6c 20:5 w3c 

  21:1 w9c 21:1 w8c 21:1 w6c 21:1 w5c 

  21:1 w4c 21:1 w3c 21:3 w6c 21:3 w3c 

  22:1 w9c 22:1 w8c 22:1 w6c 22:1 w5c 

  22:1 w3c 22:2 w6c 22:4 w6c 22:5 w6c 

  22:5 w3c 22:6 w3c 23:1 w4c 23:1 w5c 

  23:3 w3c 23:3 w6c 23:4 w6c 24:1 w9c 

  24:1 w7c 24:4 w6c     
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Appendix B 

Anaerobic PLFA Biomarkers 

 For all treatments, the percent anaerobic biomarkers was very small (<2%), 

indicating anaerobic bacteria were not a significant portion of the microbial biomass 

within the soil mesocosms. Results of ANOVA and Tukey’s multiple comparison test on 

the percentage of anaerobic biomarkers indicated the Control treatment was 

significantly different from all grass treatments at alpha = 0.05 (Tables 3.B1 and 3.B2). 

As seen in Figure 3.B1, the percentage of anaerobic biomarkers is frequently smaller in 

Control samples when compared to CIM and EG, but the trend is not as consistent when 

compared to KAN. Additionally, there were no instances where any particular treatment 

at a given time point was significantly different from any other treatment within that 

time point. Anaerobic microorganisms may have been more adversely affected by 

atrazine application in the bare-ground Control than in the presence of growing roots. 

Soil organic matter provided by plants may have provided some protection for these 

organisms. 

Table 3.B1 ANOVA for % Anaerobe PLFA 

Variables Pr (>F) 

Treatment 0.000832 
Time 0.096972 
TreatmentxTime 0.356065 
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Table 3.B2 Tukey’s multiple comparisons of means for treatment in % anaerobe PLFA. 
 

Treatments p adj 

CIM-CIM 0.9977 

Ctrl-CIM 0.0006 

EGG-CIM 0.8334 

Kan-CIM 0.8671 

Ctrl-CIM 0.5264 

EGG-CIM 0.9999 

Kan-CIM 0.9999 

EGG-Ctrl 0.0122 

Kan-Ctrl 0.0098 

Kan-EGG 0.9999 

 

 

Fig. 3.B1 Percent anaerobe PLFA response to atrazine application in soil mesocosms by 
treatment. Control = bare ground; CIM = Cimarron switchgrass; KAN = Kanlow switchgrass; and 
EG = eastern gamagrass. Data were transformed by inverse square root (1/y-2, y = original data). 
Data presented above are not transformed. 
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Chapter 4: Reaction of Sodium Azide with Atrazine: Kinetics and Product 

Confirmation 

Abstract 

 The use of biocides in atrazine (2-chloro-4-ethylamino-6-isopropylamino-1,3,5-

triazine) research is common due to the potential for atrazine and its reactants, such as 

phytochemicals, to degrade by microbial activity. To inhibit microbial growth for 

laboratory incubation studies, sodium azide (NaN3) remains a popular option as a 

biocide due to its toxicity, solubility, and lack of interference with chromatographic 

analyses. This work documents the unintended reaction of NaN3 with atrazine incubated 

in the presence and absence of switchgrass (Panicum virgatum) root extracts. Root 

extracts were prepared from three cultivars of switchgrass – Kanlow (KAN), Cave-in-

Rock (CIR), and Cimarron (CIM) – and incubated with uniformly ring labeled 14C-atrazine 

in the laboratory for up to 819 h (34 days) in the presence of 0.015M NaN3. Degradation 

of 14C-atrazine was monitored using high performance liquid chromatography (HPLC) 

with flow scintillation detection. During the incubation, 14C-atrazine reached 

undetectable concentrations in all root extract treatments and at least one14C-

metabolite formed. Using metabolite fractions collected from incubation of (non-

labeled) atrazine, two compounds were identified with pseudomolecular ions [M+H]+ of 

m/z 213.1462 (Peak 1) and m/z 223.1416 (Peak 2). Using accurate masses, the empirical 

formulas identified Peak 2 as azido-triazine [2-azido-4-(ethylamino)-6-(isopropylamino)-

s-triazine], and Peak 1 was identified as a previously undocumented hydroxylamino-

triazine product, with 3 possible structures. Atrazine degradation kinetics best fit first-
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order models, and resulting half-life estimates ranged from 4.4 to 9.1 d in grass root 

extracts compared to 87 d in the Control.  While more acidic conditions in switchgrass 

root extracts likely increased reaction rates, it was also apparent that one or more 

compounds in these extracts contributed to the observed differences in reaction rates 

of the three switchgrass cultivars tested. Results demonstrated that under the 

experimental conditions employed, NaN3 reaction with atrazine interfered with 

attempts to identify degrading phytochemicals or identify novel atrazine metabolites, 

and the use of NaN3 should be avoided as a biocide for such studies.  

Introduction 

Despite the long history of atrazine use in the United States and around the 

world, concerns surrounding its effects on the environment and human health continue 

to surface and extend to issues ranging from the health of aquatic plants and animals to 

human reproduction (Tezak et al., 1992; Kucka et al., 2012; Hussain et al., 2012; Wang et 

al., 2016; Stayner et al., 2017). Research in this field is important to understanding many 

community issues of health and safety. In the study of atrazine contamination, the study 

of atrazine metabolites is also of importance to gauge the impacts of atrazine 

decomposition. Typically, chlorinated metabolites like deisopropylatrazine (DIA), 

deethylatrazine (DEA), and didealkylatrazine  (DDA) are considered to be more 

phytotoxic and reactive in the environment, while dechlorinated metabolites such as 

hydroxyatrazine (HA), deethylhydroxyatrazine (DEHA), and ammeline (AM) are 

considered to be non-phytotoxic (Smith et al., 2005; Ralston-Hooper et al., 2009).  
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The degradation of atrazine to its metabolites may occur through chemical or 

biological processes and in many cases it is difficult to separate the two and thoroughly 

understand the processes at work. Degradation of atrazine via microbial processes 

frequently produces the HA metabolite (Smith et al., 2005); however, nucleophilic 

reactions involving benzoxazinone compounds (Castelfranco et al., 1961; Raveton et al., 

1997; Wenger et al., 2005; Rice et al., 2012; Willett et al., 2013) or sorption reactions 

between atrazine and soil surfaces (Armstrong and Chesters, 1968) may produce the 

same, dechlorinated, atrazine metabolite. 

To separate the effects of biological and microbial contributions to atrazine 

degradation, the use of biocides becomes important in laboratory testing. Due to the 

vulnerability of atrazine to microbial decay, the use of biocides in research on the 

effects of atrazine on cells and tissues, as well as studies on the efficacy of atrazine 

detection kits, is required. Typically, sodium azide (NaN3) and mercuric chloride (HgCl2) 

are used for these purposes (Chefetz et al., 2006; Taylor and Viraraghavan, 1999; Rugge 

et al., 1999). Additional sterilization methods like autoclaving and radiation are 

applicable for some studies, but may damage reactive compounds important to other 

atrazine degradation studies (Wolf et al., 1989). Mercuric chloride is an undesirable 

compound to store and use from an environmental and worker safety perspective. 

While NaN3 is toxic, it remains the more common choice. However, research has shown 

that atrazine reacts with NaN3 to form azido-triazine [2-azido-4-(ethylamino)-6-

(isopropylamino)-s-triazine] and 3-ethylamino, 5-isopropylamino-s-triazinone, which can 
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have a profound effect on research outcomes under various azide concentrations and 

conditions (Chefetz et al., 2006; Goel et al., 2002; Ro et al., 2008).  

    Deng et al. (2017) used a NaN3 concentration of 200 mgL-1 to store atrazine 

solutions and sorption experiments were carried out at pH 1, 3, 5, 7, and 9. However, 

research by Chefetz et al (2006) indicated that atrazine reacted with NaN3 most readily 

at lower pH values. These potential effects were not addressed in the Deng et al. (2017) 

work. Work by Sagarkar et al. (2016) used NaN3 to control for microbial interference in 

studies of the effects of atrazine on mitochondrial toxicity, but no mention of the NaN3 

concentration or pH was made. Byzova et al., (2014) tested atrazine detection methods 

with immune-chromatographic assays, and conjugate preparations were stored in 0.5% 

NaN3 but no mention was made of potential azide interference or steps taken to control 

for these effects. It is common for NaN3 concentrations to range from 100-500 mgL-1 

(Chefetz et al., 2006); however, use of higher concentrations has been reported (Ning et 

al., 1996). There have also been reports that concentrations as low as 11 mgL-1 NaN3, 

have been shown to interfere with detection of other compounds such as naphthalene 

(Goel et al., 2002). Chefetz et al. (2006) reported substantial increases in atrazine 

degradation in the presence of NaN3 at pH 5.5 vs. pH 7.5.  In general, greater 

concentrations of NaN3 resulted in substantially greater reaction rates at all pH values 

except pH 7.5, necessitating the recommendation that concentrations of NaN3 not 

exceed 100 mg L-1 (0.0015M). Chefetz et al. (2006) and Ro et al. (2008) identified 2-

azido-triazine as the product of the reaction between atrazine and NaN3, however Ro et 

al. (2008) also identified the formation of 3-ethylamino, 5-isopropylamino-s-triazinone. 
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Both compounds were presumed to be the final products of the atrazine-azide reaction 

by Ro et al. (2008).  

 Results from 16 h atrazine degradation assays with switchgrass root extracts 

showed significant loss of atrazine, with >80% degradation in some cultivars (Chapter 2). 

The objective of follow-up studies was to incubate atrazine with root extracts from 

some of the most atrazine degradative cultivars and monitor atrazine degradation and 

metabolite formation using uniformly ring labeled 14C-atrazine and HPLC-flow 

scintillation detection to monitor the reaction. Due to the potentially long incubation 

time, 0.015M NaN3 was used for these studies, which resulted in interference of any 

potential phytochemical reactions with atrazine. Thus, this chapter reports the results of 

the azide-atrazine reaction, including formation of azide products, and reaction kinetics.   

Materials and Methods 

Chemicals 

Analytical standards of atrazine (2-chloro-4-ethylamino-6-isopropylamino-1,3,5-

triazine, CAS No: 1912-24-9), deethylatrazine (DEA) (2-chloro-4-amino-6-

isopropylamino-1,3,5-triazine, CAS No: 6190-65-4), deisopropylatrazine (DIA)  2-chloro-

4-ethylamino-6-amino-1,3,5-triazine, CAS No: 1007-28-9), hydroxyatrazine (HA) (2-

hydroxy-4-ethylamino-6-isopropylamino-1,3,5-triazine, CAS No: 2163-68-0), 

deethylhydroxyatrazine (DEHA) (2-hydroxy-4-amino-6-isopropylamino-1,3,5-triazine, 

CAS No: 19988-24-0), didealkylatrazine (DDA) (6-chloro-1,3,5-triazine-2,4-diamine 

(DDA), CAS No: 1216850-337), and ammeline (AM) (2-hydroxy-4,6-diamino-1,3,5-

triazine, CAS No: 645-92-1) were > 97% purity and obtained from Chem Service Inc. 
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(West Chester, PA, USA). Uniformly ring labeled 14C-atrazine was purchased from 

America Radiolabeled Chemicals, Inc. (St. Louis, MO, USA), and purity checked using 

high performance liquid chromatography (HPLC) with a flow scintillation analyzer (see 

below). All solvents and reagents used for working standards, HPLC mobile phases, and 

root extractions, including methanol (CH3OH), acetonitrile (CH3CN), and concentrated 

phosphoric acid (H3PO4), were chromatography grade and obtained from Fischer 

Scientific (Pittsburgh, PA, USA). Sodium azide (NaN3, 99.99+%) was purchased from 

Sigma-Aldrich (St. Louis, MO, USA). Ultra-pure (18 MΩ) water was used to prepare all 

aqueous reagents and experimental samples.  

Phytochemical Extraction  

Root extracts from Kanlow (KAN), Cave-in-Rock (CIR), and Cimarron (CIM) 

switchgrass were collected between January and March, 2018, for kinetic studies. 

Kanlow and CIR were collected from plots in the Goodwater Creek Experimental 

Watershed near Centralia, MO, and CIM was harvested from Bradford Research and 

Extension Center (BREC), located approximately 8 km east of Columbia, MO. These plots 

were at least five years old. Extracts from KAN, CIR, and Shawnee (Shaw) switchgrass 

grown from seed under greenhouse conditions, as discussed in Chapter 2, were used in 

fraction testing, intended to identify atrazine degrading phytochemicals. All roots were 

extracted within six to eight weeks of initiation of atrazine degradation testing. All 

cultivars except Cimarron switchgrass demonstrated significantly more atrazine 

degradation in laboratory assay tests compared to the control without switchgrass 

extract, as described in Chapters 2 and 3. Root extracts were prepared using a modified 
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version of methods described by Willett et al. (2013). Roots were separated from above 

ground biomass and rinsed with ultra-pure water to remove soil. In a porcelain mortar, 

root material was combined with liquid nitrogen and broken into pieces of 

homogeneous size with a porcelain pestle. New mortars and pestles were purchased for 

this procedure and assigned to each cultivar of switchgrass to prevent contamination. 

Twenty-five grams dry weight equivalent root material was weighed into 250 mL 

polypropylene bottles and combined with 100.00 mL of 90% aq. CH3OH. Samples were 

extracted for 18 hours on an end-to-end shaker. Each cultivar was extracted in triplicate. 

Samples were centrifuged, filtered, and concentrated to 0.5 mL in a water bath (40oC) 

under N2 gas (Caliper LifeScience TurboVap II). Samples were brought to a final volume 

of 5.0 mL in 25% aq. CH3OH to prevent microbial decay. Each 5.0 mL sample was also 

filtered through 0.7 and 0.45 µm nylon syringe filters in tandem into 12 mL, brown glass 

vials and stored at -4oC.   

Fraction Collection 

Fractions of switchgrass extract were collected, concentrated, and incubated 

with atrazine to identify reactive fractions in anticipation of isolating and identifying the 

reactive phytochemical. A C8 Luna Phenomenex 250 x 4.6 mm, 5u, 100 Å column was 

used for the first round of fraction collection. The oven temperature was maintained at 

40oC. A gradient method was used; initial mobile phase composition was 20% aq. 

CH3OH, increased to 90% aq. CH3OH over 8 minutes, held at 90% aq. CH3OH until minute 

35, and then re-equilibrated at 20% CH3OH for 5 minutes. The flow rate was 4.0 mL min-

1. Fractions were collected every 2.0 minutes starting at minute 0.5 and ending at 
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minute 32.5. Total run time was 40.0 minutes.  Sixteen fractions were collected from 

800.0 µL injections.  Each fraction was collected for five injections, resulting in a total 

volume of 40.0 mL for each fraction. Each of the 16 fractions was tested for atrazine 

degradation using 2.0 mL for each of two replicates. The remaining 36 mL were 

concentrated to 1.0 mL in 25% aq. CH3OH and stored at -4oC for further analysis of those 

fractions demonstrating the greatest rates of atrazine degradation. Of the original 16 

fractions, those that showed the highest rates of atrazine degradation were split into 48 

fractions and assayed with atrazine for reactivity.   

To determine atrazine reactivity within the first 16 fractions collected, duplicate 

samples of 2.0 mL of each fraction were concentrated to 150.0 µL and reacted with 30.0 

µL of 10 mg L-1 atrazine (1.667 mg L-1 final atrazine) for 16 hours. The remaining atrazine 

was extracted from each sample by adding 0.5 mL of CH2Cl2, vortexing for 5 seconds, 

then removing the dichloromethane and placing it into a new centrifuge tube. This 

liquid-liquid extraction (LLE) was performed three times. The organic fraction was 

evaporated to dryness under N2 gas, and the residue re-dissolved in 180 µL 40% 

aqueous CH3CN for HPLC analysis and atrazine quantification using methods described 

in Chapter 2. 

 Of the 16 original fractions, the most atrazine reactive fractions were further 

split into 48 fractions and tested for atrazine reactivity. The 48 fractions were collected 

using the same oven temperature as described above. The column was a C18 2.1 x 

250mm column; flow rate was 1.0 mL min-1; mobile phase method was isocratic 20% aq. 

CH3OH for 99 minutes; and the injection volume was 400 µL.  Fractions were collected 
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every 2.0 minutes starting at minute 0.5. Two milliliters of each fraction were 

evaporated to dryness and re-dissolved in 150 µL of 25% aq. CH3OH and reacted with 

30.0 µL of 10 mg L-1 atrazine (1.667 mg L-1 final atrazine) for 16 hours. These changes to 

the fraction collection method were made because initial second round fraction 

collection assays yielded little to no atrazine degradation. Assays of secondary fractions 

using the C18 column set-up did show atrazine degradation, however results were 

inconsistent.  

Atrazine Degradation Kinetics by NaN3 

The original intent of the experiment was to assess atrazine degradation kinetics 

in the presence of phytochemicals from root extracts of three switchgrass cultivars: 

Cimarron (CIM); Cave-in-Rock (CIR); and Kanlow (KAN). Cave-in-Rock and KAN 

consistently demonstrated atrazine degradation in laboratory assays, while atrazine 

degradation from CIM extracts was not significantly different from the no extract 

control (Chapter 3). Three replicates of test samples and control samples were 

prepared, with all samples having a total volume of 0.375 mL. Test samples consisted of 

0.3 mL root extract in 25% CH3OH, prepared as described above, 0.015M NaN3, and 

0.076 µCi 14C-atrazine and 0.265 µg cold atrazine, for an initial atrazine concentration of 

1 µg   mL-1 total atrazine and 0.203 µCi mL-1 of 14C-atrazine. These concentrations were 

achieved by combining 0.3 mL root extract with 0.015 mL of 0.375 M NaN3, 0.038 mL 2.0 

µCi 14C-atrazine, and 0.022 mL 12.04 mg L-1 atrazine.  Control samples contained 0.3 mL 

25% CH3OH, 0.015M NaN3, and 0.076 µCi 14C-atrazine and 0.265 µg cold atrazine for a 

total of 1 µg mL-1 atrazine. Concentrations were achieved by combining 0.3 mL 25% aq. 
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CH3OH with 0.015 mL 0.375 M NaN3, 0.038 mL 2.0 µCi 14C-atrazine, and 0.022 mL 12.04 

mg L-1 atrazine.  A separate experiment was set-up using triplicate root extracts of CIR 

and 25% aq. CH3OH in place of NaN3. Atrazine analysis was conducted using HPLC with 

photodiode array and flow scintillation detectors (Shimadzu, Corp and IN/US Systems; 

Tampa, FL) to quantify 14C-atrazine. Instrument calibration was performed using 14C-

atrazine standards ranging from 0.025-0.5 µCi mL-1. HPLC conditions were as follows: 

Phenomenex, C8 column (5 µm, 4.6 x 250 mm); flow rate, 0.5 mL min-1; mobile phase 

composition, CH3CN and 0.1% H3PO4; column oven, 40oC; injection volume, 2.0 µL. A 

gradient mobile phase method was used, with initial concentration of 20% CH3CN, from 

2.0 to 9.0 min, CH3CN concentration was increased linearly to 70%, then the system was 

allowed to re-equilibrate at 20% for 2.2 min.  

Accurate Mass Determination of Atrazine Metabolites  

 To identify unknown atrazine metabolites, fractions containing the unknown 

peaks were collected from a non-radiolabeled incubation of atrazine and root extract 

from KAN, CIR, and CIM switchgrass cultivars, and concentrated 20-fold for accurate 

mass measurements. Accurate mass measurements of two unknown atrazine 

metabolites were determined using a Bruker maXis impact quadrupole-time-of-flight 

mass spectrometer with a Waters ACQUITY ultra high performance liquid 

chromatography system (LC/QTOF). Chromatographic conditions were as follows: 

Waters BEH C18 column (1.7 µm, 2.1 x 150 mm); flow rate, 0.56 mL min-1; column 

temperature, 60oC; mobile phase composition CH3CN and 0.1% formic acid; injection 

volume, 2.0 µL.  A gradient method was used as follows: initial conditions of 20% CH3CN, 
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increased linearly to 70% over 30 min; increased to 95% CH3CN in 3 min; held at 95% 

CH3CN for 3 minutes; then re-equilibrated at 5% CH3CN for 3 min.  

 The mass spectrometer operated in the positive electrospray ionization mode.  

Accurate mass spectral readings were collected from 100 and 1500 m/z and tandem 

mass spectrometry measurements were collected using Auto-MS/MS mode with 

collision energy of 25 eV. The gas pressure was set to 43.5 psi, dry gas 12 l min-1, dry 

temperature was 25oC and the capillary voltage was 4000V. Sodium formate was used 

to calibrate the system for MS and MS/MS and was measured after data collection. 

Empirical formulas were determined using Bruker’s Compass DataAnalysis 4.1 software.  

Statistical Analyses 

All datasets were checked for normality using Shapiro-Wilk test (α = 0.05) to 

determine the appropriate statistical analyses. Atrazine degradation kinetic models were 

developed using pooled data for each treatment (n = 27 to 52). Zero-order models were 

obtained by linear regression analyses with Excel 2013 (Microsoft Corp., Redmond, WA, 

USA), and first-order models obtained by non-linear regression with Sigma Plot 12.3 

(Systat Software, Inc., San Jose, CA) using the two parameter exponential decay model 

([A] = [A]oe-kt ). To determine treatment differences in atrazine half-life values, zero- and 

first-order models were developed for individual replications of all treatments to obtain 

triplicate half-life estimates for each treatment and model. These data were not 

normally distributed and differences in half-life among treatments were determined for 

each model by the Kruskal-Wallis test (α = 0.05). Pairwise comparisons for differences in 

mean ranks were performed by the Tukey’s HSD multiple comparison test (α = 0.05). 
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Results and Discussion 

Fraction Reactivity Assays 

Several attempts were made to isolate and identify the phytochemical(s) in 

switchgrass responsible for atrazine degradation by fraction collection and testing. 

Fractions of root extract from KAN, CIR, and Shawnee (Shaw) switchgrass cultivars were 

collected, concentrated, and incubated with atrazine to determine which fractions 

reacted with atrazine and might contain the reactive phytochemical. Results showed 

that fraction reactivity was variable between batches of roots from the same cultivar. 

This was especially true of root samples collected during months of peak growth. 

Additionally, the extracts themselves lost potency over time. Extracts stored for 7 

months in 25% methanol at -4oC lost up to 50% of atrazine reactivity. There were also 

some instances where fractions were highly reactive in regions of the chromatogram 

that contained only very small peaks. This is in direct contrast to work by Willett et al. 

(2013), who found DIBOA-GLC was a dominant peak in the chromatogram of eastern 

gamagrass root extract. These results indicated that the prospective degrading 

phytochemical(s) in the switchgrass cultivars were unstable, weakly absorbed UV light, 

and the concentrations in roots varied based on the growth cycle of the plants.  

Additionally, side-by-side comparisons of root extract from several switchgrass 

cultivars and eastern gamagrass, Pete cultivar, clearly indicate the absence of the Bx 

compound DIBOA-Glc (Figure 4.1) in switchgrass extracts. Root extract of KAN, CIR, and 

CIM were also screened for the presence of DIMBOA (2,4-dihydroxy-7-methoxy-1,4-

benzoxazin-3-one) (97% purity), but none was detected.  
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Fig. 4.1 Comparison of eastern gamagrass extract containing DIBOA-Glc ,to extracts of four 

switchgrass cultivars (Alamo, Carthage, Cave-in-Rock, and Kanlow). 

Metabolite Formation and Identification 

Switchgrass cultivars CIR, CIM and KAN all demonstrated rapid degradation of 

atrazine and formation of at least one unknown peak containing 14C based on detection 

using in-line scintillation counting (Figure 4.2). Comparison of retention times of known 

atrazine metabolites AM, DEHA, DDA, HA, DIA, and DEA were made and the unidentified 

metabolite consistently had a retention time just prior to atrazine but after DEA. This 

retention time and detection of 14C strongly indicated the formation of a metabolite in 

which the triazine ring and alkylamino groups remained intact. The formation of the 

unknown peak was observed in all three switchgrass cultivars. Further, as the 

incubations progressed, the peak shape of the metabolite broadened, but more than 
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one peak could not be detected. At the end of the incubations, the final concentration 

of the unknown metabolites was just under 0.2 µCi mL-1 (the initial concentration of 

radioactive atrazine added) and no detectable atrazine remained (Figure 4.3).  Results of 

CIR root extracts incubated without NaN3 showed no atrazine degradation after 312 h 

(13 days), indicating the absence of phytochemicals capable of atrazine degradation and 

that atrazine metabolites observed in the presence of NaN3 could be artifacts of the 

azide-triazine reaction. 

 

Fig. 4.2 Detection of radioactive atrazine and radioactive unknown compound in Kanlow root 
extract. Retention time (RT) of atrazine is 8.06 minutes. RT 6.62 min. is some atrazine metabolite 
other than ammeline (AM) (RT=1.003 min.), deethylhydroxyatrazine (DEHA) (RT=1.087 min.), 
didealkylatrazine  (DDA) (RT=1.359 min.), deisopropylatrazine (DIA) (RT=2.539 min.), 
hydroxyatrazine (HA) (RT=3.204 min.), and deethylatrazine (DEA) (RT=3.723 min.). 
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Fig. 4.3 Comparison of atrazine loss and unknown metabolite formation over duration of 
incubation in Kanlow switchgrass root extract.  

To identify the metabolite formed, fractions from non-radiolabeled atrazine 

incubated with root extracts were collected for accurate mass determination using 

LC/QTOF. The LC/QTOF method was able to separate and identify the presence of two 

atrazine metabolites, rather than the single metabolite identified from the radio-

chromatograms (Figure 4.4). Accurate mass identified pseudomolecular ions [M+H]+ of 

m/z 213.1462 (Peak 1) and m/z 223.1416 (Peak 2) (Figure 4.4). The most probable 

empirical formula for Peak 1 is C8H17N6O and the structure was interpreted as an 

aminated metabolite that was also hydroxylated, and given three possible structures 

(Figure 4.6A-C). Product ion spectra (MS/MS) of Peak 1 (Figure 4.5) indicated the 

presence of oxygen in the pseudomolecular ion and in m/z 171.0989 ion. The m/z 

195.1353 product ion formed via loss of the hydroxyl group and other identified product 

ions formed by progressive fragmentation of the isopropyl group (Figure 4.5). 

 It is highly likely that Figure 4.6A is the structure for Peak 1 as further 

fragmentation of the primary ion showed loss of oxygen coincided with loss of the ethyl 

group. An atrazine metabolite similar to structure C, but with chlorine intact, has been 

theorized as an intermediate product in the transformation of atrazine to DEA; however, 
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observation of this compound has not yet been documented (Marchetti et al., 2013). 

More recent research indicates an alternative pathway and theorizes the formation of 2-

hydroxyethylatrazine as the intermediate between atrazine and DEA and demonstrated 

the formation of 2-chloro-4-acetamido-6-isopropylamino-1,3,5-triazine and 2-hydroxy-

4-acetamido-6-isopropylamino-1,3,5-triazine (Fan et al., 2017). Both metabolites 

resemble Figure 4.6A in oxygen location. Additionally, research by Joo et al. (2010) and 

Zhang et al. (2017), identified the formation of 2-hydroxyethylatrazine, the chlorinated 

version of Figure 4.6A, from human metabolism of atrazine and within rice residues.   

 

Fig. 4.4 Pseudomolecular ions of peaks 1 and 2 in test samples compared to Control sample 
containing switchgrass extract without atrazine and atrazine only reference. 

Control_20200128_1-C,1_01_3487.d: BPC +All MS

Sample_20200128_1-C,2_01_3488.d: BPC +All MS

Atrizine_20200128_1-C,3_01_3489.d: BPC +All MS
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Fig. 4.5 Mass spectra (a) and product ion spectra (MS/MS) (b) of Peak 1. 

                     

 

Fig. 4.6 Three potential molecular structures for the compound in peak 1.  

The empirical formula of peak 2, identified as [M+H]+ = m/z 223.1416 ion (Figure 

4.4), is most likely, C8H15N8, indicating the compound was, 2-azido-triazine (3‐

ethylamino, 5‐isopropylamino‐s‐triazyl azide; azido-triazine) formed by nucleophilic 

attack of N3
- at the C-2 position of the triazine ring and displacement of Cl. Azido-triazine 

was first reported by Chefetz et al. (2006). Interestingly, the spectra of the presumed 

azido-triazine (Peak 2) showed ions at m/z 213.1463 and m/z 195.1355 ion, which likely 

corresponded to the same ions identified in the Peak 1 product ion spectra (Figure 4.5). 

This ion match may indicate that Peak 1 formed in the root extracts by hydrolysis and 
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oxidation of the 2-azido-triazine product. Further fragmentation of the isopropyl group 

explains subsequent ion formation for Peak 2 (Figure 4.7b). 

There was no indication that other products, such as 3-ethylamino, 5-

isopropylamino-s-triazinone (m/z of 197), formed in this study (Ro et al., 2008). If the 

chromatography was insufficient to separate 3-ethylamino, 5-isopropylamino-s-

triazinone from the unknown peak, and it formed prior to fraction collection and MS 

analysis, it is possible that 3-ethylamino, 5-isopropylamino-s-triazinone may have been 

transformed to the m/z 213.1462 (Peak 1), through hydrolysis of the oxygen in the C-2 

position followed by amination and hydroxylation. However, this would indicate that all 

transition states maintained the same retention time as the unknown peak or atrazine 

peak throughout the duration of the 34 day-long experiment. Regardless, the results of 

this research demonstrated that additional products can form from reaction of atrazine 

and NaN3 in the presence of our root extracts, which have not been previously reported 

in the literature. 

 

Fig. 4.7 Mass spectra (a) and product ion spectra (MS/MS) (b) of Peak 2. 

 

(a) 

(b) 
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Kinetics of Atrazine-NaN3 Reaction 

 Atrazine degradation by NaN3 was well fit by zero- and first-order models for all 

treatments, but the control treatment showed relatively poor fits compared to the root 

extract treatments (Figure 4.8). Analysis of variance comparisons of R2 –values indicated 

no significant differences between the models for any cultivars tested α = 0.05. 

However, by taking the natural log of all data and fitting it to a linear regression, the R2-

values for that fit improved substantially, indicating the kinetics of these reactions are 

dependent on the initial concentration,  and truly fit  first order degradation best (Table 

4.1).  This determination is meaningful because, substantial differences in half-life 

calculations arise between the two models (Table 4.2).  Comparison of estimated half-

life between the two models both showed that atrazine degradation was significantly 

faster in the KAN treatment followed by CIR, CIM, and then the Control (Table 4.2).  

Table 4.1 Comparison of R2 values from regression analysis of kinetic data in Kanlow (KAN),  
Cave-in-Rock (CIR), and Cimarron (CIM) switchgrass cultivars. 

 

 

 

 

 

 

 

 

 

Treatment 
Average 1st 

Order R2-Value 
Average Zero 

Order R2-Value 

Average 
Natural Log 
R2-Values 

KAN 0.869 0.888 0.905 

CIR 0.908 0.816 0.919 

CIM 0.913 0.855 0.933 
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Table 4.2 Zero- and first-order model half-life estimates for atrazine degradation by NaN3 in root 
extracts of three switchgrass cultivars. 
 

 

 

 

 

 

 

†Mean half-life and range (in parenthesis), n = 3 per treatment. 
‡For each model, means with a different letter had significantly different mean ranks based on 
Kruskal-Wallis (α = 0.05) and Tukey’s HSD(0.05) multiple comparison tests. 

 

Treatment 
 
 

Zero-Order First-Order 

t0.5
† (days) t0.5 (days) 

 ------------------------d------------------------- 

Control 72 (60-88)‡a 87 (71-107)a 

CIM 14 (13-16)b 9.1 (8.5-10)b 

CIR   10 (7.9-12)c 5.7 (5.4-6.1)c 

KAN 6.4 (6.3-6.6)d 4.4 (4.2-4.6)d 
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Fig. 4.8 Atrazine degradation kinetics by sodium azide (NaN3) in root extracts of three 
switchgrass cultivars with data fit to zero- and first-order kinetic models. R2 = coefficient of 
determination. P-values for all models <0.0001. 
 

Chefetz et al. (2006) estimated half-life of atrazine under their conditions would 

be between 10 and 14 days, which was comparable to the range observed in our root 

extract treatments. Degradation in root extracts was much more rapid than the Control, 

and further investigation indicated the pH of Control samples was ~7, while those of 
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root extract treatments were ~5. Small volumes of remaining extract required pH 

measurement with litmus paper, therefore measurements were not precise. Chefetz et 

al. (2006) reported substantial increases in azide reactivity with atrazine at lower pH, 

and little or no reactivity in solutions of 200 mg L-1 NaN3 or 1000 mg L-1 NaN3 combined 

with 10 mg L-1 atrazine at pH of 7.5. However at pH 5.5, 1000 mg L-1 NaN3 and 10 mg L-1 

atrazine resulted in 22% atrazine degradation after 3 days and 62% of the atrazine had 

degraded after 14 days. While increased reactivity at lower pH was partially responsible 

for the faster degradation kinetics in the root extracts, pH alone does not explain the 

vast difference in reaction rate between the root extracts and the no extract Control 

treatment. These results suggested that one or more compounds in the root extracts 

were responsible for the rapid azide degradation of atrazine observed in this study. 

Conclusions  

Controlling microbial activity in laboratory incubations requires the use of 

biocides with the potential for unintended artifact reactions. Unintended NaN3 reaction 

with atrazine rapidly produced azido-triazine and a previously unreported 

hydroxylamino-triazine product in the presence of switchgrass root extracts. Reaction 

kinetics were best described by first-order models, and significant differences were 

observed among all treatments in estimated atrazine half-life, which ranged from 4.4 to 

87 days among all treatments, and 4.4 to 9.1 days among samples containing extract. 

Accurate mass determination confirmed the presence of the two artifact products. 

Reaction rates of NaN3 and atrazine in switchgrass root extracts were more rapid than 

previously reported.  The lower pH of root extract treatments may partially explain the 
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results. However, the significantly slower atrazine degradation rate of CIM extract 

compared to KAN and CIR extracts, were reflective of atrazine degradation rates 

previously observed in Chapters 2 and 3 which did not contain NaN3. These observations 

suggest that one or more compounds in switchgrass root extracts, present in 

concentrations specific to switchgrass cultivars, significantly accelerated the reaction 

rate between atrazine and NaN3. These results should serve as caution against the use 

of NaN3 as a biocide for use in laboratory experiments with chloro-triazines or other 

organic compounds susceptible to nucleophilic attack by N3
-. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



90 
 

Chapter 5: Conclusions 

 As a result of this dissertation research, five of the six objectives presented in 

Chapter 1 were completed. The identification of atrazine metabolites formed from 

switchgrass extract could not be concluded due to interference from the biocide used. 

These results are documented in Study 3 (Chapter 4).   

Study 1 – Effect of Sorption of on Atrazine Hydrolysis  

 Root extracts from seven of the eight switchgrass cultivars tested showed 

significant atrazine degradation after 16 h in solution, and three cultivars degraded 

>80% of added atrazine. This clearly demonstrated the potential presence of atrazine 

degrading phytochemicals in switchgrass. However, attempts to identify the atrazine 

degrading phytochemicals were unsuccessful due to apparent variability in seasonal 

productivity and possibly limited compound stability. Sorption experiments of atrazine 

and the atrazine degrading phytochemical DIBOA-Glc (used as a model benzoxazinoid 

compound) demonstrated strong sorption and high Kd values for DIBOA-Glc to clay (32 L 

kg-1), a soil:sand mix (36 L kg-1), and soil (87 L kg-1), while atrazine sorption to these same 

sorbents was characteristically low (Kd 1.7 to 2.9 L kg-1). Regardless of sorbent 

treatment, DIBOA-Glc showed a strong affinity for soil colloids, reflecting its low mobility 

in the soil environment. This was the first time Kd values had been documented for 

DIBOA-Glc, but they support previous research by Rice et al. (2012) that showed no 

leaching of Bx compounds in soil. With respect to atrazine hydrolysis by DIBOA-Glc, 

addition of atrazine or DIBOA-Glc saturated montmorillonite resulted in complete 

inhibition of atrazine hydrolysis. The complete inhibition of this reaction due to sorption 
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indicated that Bx hydrolysis did not significantly contribute to atrazine degradation in 

soil rhizospheres. Rather, enhanced atrazine degradation observed in rhizospheres of 

Poaceae grasses is linked to the support of atrazine degrading microorganisms. These 

results indicate vegetation implemented in VBS should be chosen to support microbial 

communities regardless of phytochemical production.  

Study 2 – Atrazine Degradation in Soil Mesocosms 

 Results of the mesocosm study showed similar rates of atrazine degradation 

between treatments of bare-ground control, two cultivars of switchgrass (Cimarron and 

Kanlow) and eastern gamagrass (Pete cultivar), over a 112 d study. Despite the soil used 

in this study having no atrazine application for at least 5 years, all treatments showed 

rapid degradation (t1/2 ranged from 8.2-11.2 d), with no significant differences in 

degradation rate between treatments. However, the PLFA data revealed some 

significant treatment differences in the microbial response to atrazine application. 

Results showed that the warm season grasses had increases in fungal and arbuscular 

mycorrhizal fungal populations, while the control showed increased actinobacteria and 

Gram-negative populations. These results suggested that rapid atrazine degradation was 

a result of a differential response of microbial groups in the grass treatments compared 

to the bare ground control.  However atrazine degradation rates were still comparable. 

In addition, this finding revealed microbial activity to be primarily responsible for 

atrazine degradation even within mesocosms of eastern gamagrass, a known producer 

of the atrazine degrading phytochemical DIBOA-Glc. These results supported the 

conclusion that DIBOA-Glc did not have a significant effect on atrazine degradation in 
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soil and that microbial degradation was responsible for the observed rapid degradation. 

Additionally, unidentified phytochemicals produced by switchgrass, as demonstrated in 

Study 1, may have little contribution to atrazine degradation in soil if these compounds, 

like DIBOA-Glc, are also strongly bound to soil colloids.  

Study 3 – Sodium Azide Reaction with Atrazine 

 Reaction of the biocide NaN3 with atrazine was shown to interfere with efforts to 

identify potential atrazine-degrading phytochemicals in switchgrass root extracts. Work 

presented here illustrated the formation of a previously undescribed hydroxylamino-

triazine metabolite in conjunction with the previously reported azido-triazine 

metabolite, which forms by nucleophilic attack of N3
- at the C2 position of the triazine 

ring. While all treatments showed 1st-order degradation kinetics, atrazine degraded 10-

20 times faster in grass root extracts than the control. While more acidic conditions in 

switchgrass root extracts may have increased reaction rates, it was also apparent that 

the extracts contained phytochemical(s) that enhanced the reaction rate between 

atrazine and N3
-. The interference of NaN3 with the reactivity of atrazine and any 

potential phytochemicals in switchgrass root extract misleadingly indicated significant 

differences in atrazine degradation due to direct phytochemical degradation of atrazine. 

Such interferences cost time, energy, and resources as well as potentially erroneous 

conclusions should azide interference go unnoticed.  

 The accumulated work of this dissertation research provides a meaningful 

contribution to environmental contaminant research. However, it also highlights areas 

where further study is needed. This work was unable to determine the phytochemicals 
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present in switchgrass extract, but future efforts to identify these compounds would 

provide valuable information. While this work illustrates the prohibitive effects of 

sorption on Bx compound reactivity, the presence of reactive phytochemicals outside 

the Bx class of compounds may instigate atrazine degradation if they are less strongly 

sorbed to soil. Further, should potential switchgrass phytochemicals prove to be novel, 

numerous areas of new research may be available. This work also raises questions 

pertaining to seasonal effects on atrazine degradation. With enzyme activity as the 

driving force behind atrazine degradation in soil systems, the effects of season and 

temperature on atrazine degradation in soil are immediately called into question. 

Atrazine runoff can certainly occur in cooler seasons of late fall and early spring, 

therefore understanding atrazine degradation throughout the year in VBS optimized for 

soil microbial populations would provide the most thorough understanding of VBS 

efficacy and potentially reveal additional areas for improvement. The use of advanced 

molecular methods would also provide a more thorough understanding of the 

differences between the microbial consortia involved in atrazine degradation in grass 

and the bare-ground control treatment. Lastly, the atrazine source used in this study 

was a laboratory compound and not part of an agricultural formulation. Results of this 

research may be inconsistent with the use of formulated atrazine and the additives 

contained within, as indicated by Banks et al., (2014). Further study is needed to 

elucidate effects of formulated atrazine on microbial communities and atrazine 

degradation in rhizospheres of warm season grasses compared to bare ground 
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treatment. It is hoped this area of research continues in the future and continuous 

improvement to water quality is pursued.  
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