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Abstract 

Many Pythium spp. are causal agents of disease on creeping bentgrass putting greens. 

Phytopathogenic Pythium spp. are known to disseminate through irrigation systems in 

agricultural settings, and this study provides evidence that Pythium spp. also disseminate 

through golf course irrigation systems. Water samples were collected from irrigation 

heads and water sources at ten golf courses in Missouri and Kansas. Samples were 

collected from 2018 to 2019 in April, July, and October. Phosphorus, nitrogen, and 

chloride concentrations were quantified for irrigation head samples taken each sampling 

month to determine if these parameters influence Pythium frequency. Pythium spp. were 

detected in samples through baiting and membrane filtration. Cultures were isolated on 

PARP media and DNA was extracted from putative Pythium isolates. ITS regions were 

PCR amplified, sequenced, and compared with Genbank accessions. Phylogenetic trees 

were constructed using representative sample sequences, sequences from seven 

morphologically identified reference isolates, and similar Genbank accessions. Detected 

species include Lagenidium giganteum, Pythium biforme, P. insidiosum, P. marsipium, P. 

plurisporium, and Saprolegnia hypogyna. Twenty-one clades lacked species-level 

resolution, and 14 of these clades were associated with Pythium species. Clades A, C, D, 

E, I, and M contain pathogenic Pythium species that cause root and crown rot on creeping 

bentgrass. Detected Pythium communities were dependent on the detection method used 

and sampling source. Pythium frequency and diversity were highest in April 2019. 

Sample temperature, sampling site, chloride, and nutrient concentrations did not 

influence Pythium frequency in samples. All irrigation systems that utilized surface water 

sources contained at least three Pythium spp. over the course of two years.  
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Putting greens in the transition zone 

The transition zone of the United States is a region characterized by high 

humidity, hot summers, and cold winters. The northern boundary of this region spans 

from northern Missouri to Maryland and the southern boundary passes through 

Tennessee and North Carolina (Dunn & Diesburg 2004). The northern climate of this 

region is conducive for growing cool season grasses while the southern climate is 

conducive for growing warm season grasses. The space in between experiences both 

temperature extremes and few grasses used in the turf industry are well adapted to the 

transition zone climate (Dunn & Diesburg 2004).  

In 2010 there were approximately 352 golf facilities in Missouri with an estimated 

economy of 888.6 million dollars (SRI International 2011). The job security of 

superintendents who manage these facilities relies on their ability to sustain the health of 

many hectares of land in a cost-efficient manner. A substantial amount of resources are 

allocated to putting green maintenance due to the excessive attention required to nurture 

highly stressed plants and satisfy the high expectations of playability by golfers. Many 

superintendents have developed management practices specific to their putting greens 

due to variations in climate and topography within the transition zone, but construction of 

most putting greens remains consistent throughout.  

Most putting greens are built on specifications designed by the United States Golf 

Association with slight variations. The average putting green is 465 – 697 m2 (Beard 

1982). The USGA recommends that construction should begin by establishing a compact 

subgrade approximately 41 cm below the desired surface grade (USGA 2015). Drainage 

trenches should be cut into the subgrade in a gridiron or herringbone pattern with five 
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meter spacing (Beard 1982). The main drainage pipe should run along the line of 

maximal fall. Pipes made of perforated plastic are then installed in trenches at a 0.5 – 4%    

slope (Beard 1982). The water drainage site varies but many locations will drain excess 

water into sewers, natural bodies of water, or collection ponds. The ideal soil profile for 

putting greens will maximize drainage through use of large soil particles (USGA 2015). 

Pea gravel should be used near drainage pipes and sand particles (0.25 – 1 mm diameter) 

should be used in the root zone (USGA 2015). Turfgrass selection and establishment are 

often left to the expertise of the superintendent and developer.  

Creeping bentgrass (Agrostis stolonifera L.) is a cool season grass originating 

from central Europe and is the predominant species used on putting greens in the 

transition zone (Dernoeden 2012, Dunn & Diesburg 2004). The advantages of using 

creeping bentgrass for putting green construction include fine blade morphology, rapid 

stolon growth, shade tolerance, close mowing tolerance, cold tolerance, and moderate 

heat tolerance if enough water is provided (Brede 2000). Some disadvantages of creeping 

bentgrass include high organic matter accumulation, slow establishment, slow spring 

greenup, and susceptibility to disease (Brede 2000). Optimal temperatures for creeping 

bentgrass growth are 10 – 21°C. Roots will cease growth as soil temperature exceeds 

27°C and heat stress will begin when ambient temperature reaches 30°C (Dernoeden 

2012). Many varieties of this species have been produced with favorable adaptations for 

different environments. In 1956, the University of Pennsylvania released the variety 

“Penncross” which became the most common turfgrass variety used to establish putting 

greens due to its resilience and aggressiveness when compared to other cultivars 

(Dernoeden 2012, Dunn & Diesburg 2004). High quality putting greens are considered 
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uniform, firm, resilient, and mowed close to the crown (Beard 1982). Nearly all putting 

greens are mowed daily at or below 3.2 mm to maintain this standard (Dunn & Diesburg 

2004). However, creeping bentgrass is more susceptible to infection by various pathogens 

when exposed to hot summer temperatures and low mowing heights. 

The evapotranspiration requirement of a putting green varies based on available 

sunlight, temperature, and humidity. An average putting green requires 2.54 – 5.08 cm of 

water application a week from rainfall or irrigation (Dernoeden 2012). Golf courses 

either purchase municipal water for irrigation or utilize water bodies such as on-site 

retention ponds, lakes, or effluent sources. Historically, superintendents maintain soil at 

field capacity or wait for the first signs of wilt to irrigate (Fu & Dernoeden 2009). Soil 

maintained at field capacity will result in consistently greener turf but creates a conducive 

environment for fungal, algal, and oomycete pathogen development (Dernoeden 2012, Fu 

& Dernoeden 2009). Irrigation applied after the first signs of wilt will use less water and 

help adapt plants to drought, but waiting too long can result in high canopy temperatures 

and potentially damage turf (Dernoeden 2012, Fu & Dernoeden 2009). Tools such as soil 

moisture probes are now available to measure volumetric water content in real time to aid 

in adapting specific watering regiments (Gatlin 2011, Moeller 2012). Putting greens 

should be maintained at lower volumetric water content if waterborne pathogens become 

prevalent. Low soil moisture inhibits pathogen development and can potentially decrease 

the chance of pathogen dissemination.  

Pythium taxonomy and life cycle 

Oomycota is a phylum of water molds within the kingdom Chromista. For many 

years the organisms in the phylum were considered true fungi due to similar lifestyle 
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characteristics such as heterotrophic carbon assimilation, absorptive nutrition, vegetative 

propagation through mycelium, and production of spores. Evidence from molecular 

identification methods indicate that Oomycetes are phylogenetically closer to diatoms 

and brown algae than fungi (Schroeder et al. 2013). Oomycetes differ from true fungi in 

that their hyphae are coenocytic, nuclei are diploid, and cell walls are composed of 

cellulose and β-glucans. The order Peronosporales is within the phylum Oomycota and 

contains plant pathogenic families such as Albuginaceae, Peronosporaceae, and 

Pythiaceae. The Pythiaceae family contains causal agents of well-known diseases such as 

late blight of potato and damping off of seedlings. The former disease, caused by the 

genus Phytophthora, contributed to the Irish potato famine while the latter disease, most 

often caused by the genus Pythium, results in major crop losses worldwide (Hendrix & 

Campbell 1973). Pythium and Phytophthora share many of the same hosts but Pythium is 

isolated much more frequently from soil and greenhouse irrigation systems (Hendrix & 

Campbell 1970, Hong et al. 2002).  

The genus Pythium was first established in 1858 and currently has more than 100 

described species (Hendrix & Campbell 1973, Kageyama 2014, Schroeder et al. 2013). 

Pythium distribution is ubiquitous and species occupy a wide range of ecological niches 

in soil and fresh water (Gill 1970, Parkunan & Ji 2013, Pittis & Colhoun 1984, Schroeder 

et al. 2013, Shokes & McCarter 1979). Nearly all Pythium spp. have the potential to 

infect one or many hosts across a wide range of taxa including animals, fungi, and plants 

(Gerbore et al. 2014, Hendrix & Campbell 1973, Mendoza et al. 1993). However, these 

organisms can survive in soil without a host through a saprophytic lifestyle (Schroeder et 

al. 2013).  
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All species of Pythium propagate through mycelium and most species are 

homothallic (Middleton 1943). Most species produce mitotic xenospores as biflagellate 

zoospores and meiotic memnospores as oospores. Optimal conditions for growth and 

spore development vary among species (van der Plaats-Niterink 1981). However, one or 

both spore stages are rare or absent in some species (Sideris 1932). An aqueous 

environment stimulates mycelium to form sporangia, in which motile zoospores take 

approximately twenty minutes to form. When the sporangia matures it releases a vesicle, 

which deteriorates to discharge encapsulated zoospores into solution (Middleton 1943). 

Zoospores are kidney shaped and exhibit chemotaxis in an aqueous environment (Jones et 

al. 1991, Raftoyannis & Dick 2006). Zoospores that come in contact with host tissue will 

retract flagella, encyst, and form a germ tube to initiate infection (Gold 1983, Jones et al. 

1991). Oospore development is stimulated by environmental factors such as temperature 

and sterol availability (van der Plaats-Niterink 1981). Oospore formation is initiated by 

conjoining male (antheridia) and female (oogonia) gametangia (Middleton 1943). A 

mature oospore is spherical and encased by a thick cell wall that facilitates constitutive 

dormancy (Martin & Loper 1999). Zoospores and oospores near host tissue will 

germinate, produce mycelium, and attempt host infection. 

Pythium spp. are traditionally identified through morphological characterization. 

The Monograph of the genus Pythium (van der Plaats-Niterink 1981) is a commonly used 

reference to identify species based on morphology. The list of traits used for 

identification is extensive and there are often overlaps between phenotypes of different 

species (Kageyama 2014). Isolates can exhibit variations in morphology depending on 

which culture medium is used (Kageyama et al. 1997). Some isolates are impossible to 
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morphologically identify because sexual structures cannot be produced (Kageyama 

2014). Old cultures should not be used in morphological identification due to alterations 

in behavior and morphology such as loss of hyphal compatibility in heterothallic species 

and potential thinning of oospore cell walls (Kageyama 2014, Martin & Loper 1999). The 

difficulty associated with consistent morphological identification has generated a need to 

explore molecular methods for additional species confirmation.  

Techniques like isoelectric focusing of proteins have been used to identify six 

different Pythium species (Adaskaveg et al. 1988). This method establishes a banding 

pattern for proteins in an immobilized pH gradient gel based on their isoelectric point. 

Banding patterns for each species is consistent between isolates produced from different 

geographic regions and culture media. However, isoelectric focusing of proteins was not 

efficient enough to distinguish between different varieties of the same species 

(Adaskaveg et al. 1988). Other electrophoretic analyses rely on PCR amplification of 

DNA and visualization of products in a gel stained with ethidium bromide.  

A commonly used locus for PCR identification is the internal transcribed spacer 

(ITS) region. This region of genomic DNA is situated between small and large-subunit 

rRNA sequences and is highly conserved throughout taxa. An oomycete specific ITS 

primer, ITSOo, has been designed to produce a 1 kb amplicon when paired with the 

universal primer ITS5 (Nikolcheva & Bärlocher 2004). Species-specific ITS primers are 

available for nearly all Pythium species (Schroeder et al. 2013). Primers have also been 

designed to amplify partial ITS sequences of five causal agents of Pythium root rot and 

function in a multiplex PCR (Asano et al. 2010). ITS regions can be digested with 

restriction enzymes to produce restriction fragment length polymorphisms (RFLP) with 
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distinct banding patterns (Chen 1992, Kageyama et al. 2005). RFLP analysis has been 

used to identify Pythium spp. causing carrot cavity spot, decline of reed stands, and 

ginseng root disease (Schroeder et al. 2013). 

DNA sequences can be used to distinguish between PCR amplicons of equal 

length and detect different species within a mixed Pythium culture. Some Pythium spp. 

have identical ITS sequences but other loci such as cytochrome oxidase (cox) genes can 

be used for greater resolution and identification (Bala et al. 2010, Choi et al. 2015). 

Sanger sequencing methods are capable of producing clear sequences if only one species 

is present during DNA extraction. Unidirectional sequences are adequate for 

identification if they are long and clear (Schroeder et al. 2013). Next generation 

sequencing methods such as pyrosequencing assays have the potential to produce clear 

sequence results from multiculture DNA extracts of oomycetes (Vettraino et al. 2012). 

The ITS sequences of numerous Pythium spp. have been uploaded to Genbank for 

comparison using the Basic Local Alignment Search Tool (BLAST, Levesque & De 

Cock 2004). Phylogenetic trees have been constructed using ITS, cox, and large nuclear 

ribosomal subunit genes (Kageyama 2014, Kageyama et al. 2005, Levesque & De Cock 

2004, Martin 2000, Matsumoto et al. 1999). The clade system applied by Lévesque and 

De Cock (2004) is considered a standard reference for subsequent phylogenetic studies 

and suggests that shape of sporangia is the best morphological characteristic for 

distinguishing clades (Kageyama et al. 2005, Levesque & De Cock 2004). Evidence from 

large-subunit ribosomal DNA D1/D2 and cox sequencing has caused many traditional 

Pythium spp. to be reclassified into the genera Elongisporangium, Globisporangium, 

Ovatisporangium, and Pilasporangium (Uzuhashi et al. 2010). 
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Pathogenicity of Pythium spp. 

Pythium spp. are known causal agents of a variety of plant diseases such as 

damping off of seedlings, blight, and root rot. Root exudates initiate chemotaxis of 

nearby zoospores (Donaldson & Deacon 1992, Jones et al. 1991). Zoospores often infect 

near the zone of elongation but have also been observed infecting mature root cells and 

root hairs (Jones et al. 1991, Kraft et al. 1967). Zoospores will aggregate near the first site 

of infection and high zoospore counts are associated with increased disease severity 

(Kraft et al. 1967, Raftoyannis & Dick 2002). Species such as P. graminicola cannot 

generate enough pressure to penetrate creeping bentgrass roots directly, suggesting host-

degrading enzymes are necessary for infection (MacDonald et al. 2002). 

Disease symptoms will differ depending on the infecting Pythium species. Non-

pathogenic species like P. torulosum produce no disease after infecting creeping 

bentgrass (Feng & Dernoeden 1999, Kerns & Tredway 2008). Pathogenic species can 

infect creeping bentgrass and cause diseases such as Pythium root rot, Pythium blight, 

and Pythium root dysfunction (Kerns & Tredway 2010, Smiley et al. 2005). Putting 

greens that exhibit a Pythium disease do not provide an ideal putting experience for 

golfers. Management practices vary between Pythium spp. and proper identification and 

sometimes speciation of causal agents can be crucial to controlling Pythium diseases. 

Pythium diseases are diagnosed through symptomology, signs of the pathogen, 

and identification of the infecting Pythium species. Signs of Pythium infection include the 

presence of oospores in symptomatic tissue, production of zoospores from symptomatic 

tissue, and, in the case of Pythium blight, mycelia observed on the leaf surface. Pythium 

foliar blight shares causal agents with Pythium root rot but is primarily caused by P. 
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aphanidermatum and P. graminicola (Smiley et al. 2005). Pythium blight develops most 

in hot and humid weather. Symptoms include brown patches of turf and a greasy texture 

on the leaf surface (Smiley et al. 2005). 

Pythium root rot is caused by a variety of Pythium and Globisporangium spp. 

such as G. ultimum, P. aphanidermatum, P. graminicola, P. vanterpoolii, and many other 

species (Abad et al. 1994, Hsiang et al. 1995). This disease can develop quickly in 

saturated soils and symptoms may present at any point in the growing season (Smiley et 

al. 2005). Symptoms include root necrosis and irregularly shaped areas of chlorotic turf 

ranging 4 – 8 cm in diameter. At high temperatures the smaller chlorotic patches can 

coalesce to form large areas of symptomatic turf (Smiley et al. 2005). Pythium root 

dysfunction is caused by P. volutum, P. aristosporum, and P. arrhenomanes (Feng & 

Dernoeden 1999, Kerns & Tredway 2008). Pythium root dysfunction develops most in 

warm and dry conditions (Kerns & Tredway 2010). Symptoms include patches of orange 

or yellow turf ranging 10 – 50 cm, stunted roots that lack root hairs, and a tan 

discoloration of root tissue (Hodges & Coleman 1985, Kerns & Tredway 2008).  

Disease severity is influenced by many factors relating to the pathogen, 

environment, and host. Some Pythium spp. are considered more aggressive than others 

(Abad et al. 1994, Hsiang et al. 1995). However, isolates of the same species can vary in 

aggressiveness and in rare cases even P. torulosum can be pathogenic (Nelson & Craft 

1991). A single plant can host more than one species at a time. Disease severity may be 

influenced when multiple causal agents are present, but most combinations have not been 

tested. Temperature and soil moisture are considered important environmental factors 

that influence Pythium pathogenicity (Biesbrock & Hendrix 1970, Hodges & Campbell 
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1994, Hsiang et al. 1995, Raftoyannis & Dick 2002, Thomson et al. 1971). High 

transpiration rates caused by summer heat will exacerbate the chlorotic symptoms of 

Pythium root rot and Pythium root dysfunction due to inadequate water uptake by 

infected roots. Constant soil saturation will promote zoospore production and increase the 

chance of spreading disease. Lastly, creeping bentgrass is more susceptible to infection 

by pathogenic species such as P. volutum and P. arrhenomanes during the first 10 years 

of establishment (Kerns & Tredway 2010).  

Water currents are the primary vector for zoospore dissemination. Therefore, 

disease progression will often move down slopes and putting greens in low-lying areas 

are at higher risk for infection. However, species such as G. ultimum var. ultimum do not 

produce zoospores and must rely on mycelia for natural dissemination. Mycelia 

fragments and zoospores can also disseminate through irrigation systems in agriculture 

and greenhouse settings (Bush et al. 2003, Hong & Moorman 2005, Pittis & Colhoun 

1984, Pottorff & Panter 1997). However, Pythium dissemination through golf course 

irrigation systems has not been reported.  

Pythium disease management 

Fungicide programs to control Pythium disease on putting greens can cost 

approximately $6,100 per hectare each year (Tim Burch, personal communication, 

12/11/2019). Fungicide efficacy varies among Pythium diseases due to differences in 

fungicide tolerance between causal agents. Pythium blight is best controlled with 

applications of cyazofamid, azoxystrobin, fosetyl-Al, mefenoxam, and propamocarb 

(Vincelli et al. 2017). Pythium root rot and Pythium root dysfunction are best controlled 

with cyazofamid. However, Pythium root dysfunction is also controlled with Qol and Qil 
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fungicides such as pyraclostrobin, fluoxastobin, and azoxystrobin (Kerns & Tredway 

2010).  

Many cultural options are available to suppress Pythium disease on putting greens 

such as resistant cultivars, restricting excess soil moisture, and increasing beneficial 

microbe populations. Resistant cultivars such as Crenshaw and SYN-96 provide some 

resistance to Pythium root dysfunction (Kerns & Tredway 2008). Excessive irrigation has 

been shown to increase disease severity of Pythium root rot of highbush blueberry (Bryla 

& Linderman 2007). Therefore, deep and infrequent irrigation methods should be 

practiced to reduce excess soil moisture. Beneficial microbes such as heterotrophic 

bacteria and Trichoderma harzianum have been shown to suppress Pythium growth and 

infection (Martin & Loper 1999, Nelson & Craft 1992).  

Compost applied through topdressing may also suppress Pythium growth by 

introducing beneficial microbes (Craft & Nelson 1996). Biological control agents like 

Pythium oligandum are capable of suppressing pathogenic Pythium spp. through a variety 

of mechanisms such as competition for niche space, competition for nutrients, antibiosis, 

initiation of host plant defenses, and hyperparasitism (Gerbore et al. 2014, Martin & 

Hancock 1987, Martin & Loper 1999). However, P. oligandum has not been studied for 

biological control effects in a turf setting.  

Other cultural practices for Pythium management involve avoiding initial 

colonization and preventing dissemination. Putting greens should not be established in 

low-lying areas near water drainage sites because these areas are prone to accumulation 

of zoospores in soil solution. Irrigation systems should be established with fresh pipes 

because mycelium may adhere to old pipes (Al‐Sa’di et al. 2008). Pathogen free water 
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sources should be selected to prevent dissemination through irrigation systems. A 

Colorado greenhouse study showed well and city water did not contain Pythium (Pottorff 

& Panter 1997).  

If no pathogen free water sources are available then there are a variety of water 

treatment methods such as heat, UV sterilization, and chemical additives such as 

chlorine, ozone, and fungicides (Hong & Moorman 2005, Stewart-Wade 2011). Other 

methods of water treatment such as slow filtration, pressure, and sonication are available 

but these lack efficiency or supporting evidence (Stewart-Wade 2011). UV-C (~254nm) 

sterilization systems have the capacity to disrupt DNA and RNA, resulting in 

disinfestation of plant pathogens in irrigation water (Hong & Moorman 2005, 

Stanghellini et al. 1984). A dosage of 250 mJ/cm2 is required to kill nearly all pathogens 

but only 80 – 100 mJ/cm2 is required to eliminate Pythium from irrigation water 

(Newman 2004, Zhang & Tu 2000). The required dosage is greater if the water is turbid 

or nutrient rich (Hong & Moorman 2005, Sutton et al. 2000). Water heat-treatments of 

95°C for 30 seconds will kill nearly all plant pathogens in solution (Newman 2004). 

Heat-treatments of 51°C for 15 seconds is sufficient to kill P. aphanidermatum (Amsing 

& Runia 2000).  

Numerous chemical additives are available to treat irrigation water. These 

treatments should be selected with care because some lack efficacy data or pose 

phytotoxicity risk (Stewart-Wade 2011). Many additives increase oxidative reduction 

potential (ORP) of water to strip cell membranes of electrons, causing subsequent death 

of waterborne organisms (Lang et al. 2008). A variety of compounds can be added to 

increase ORP such as hypochlorite, calcium hypochlorite, chlorine, chlorine dioxide, or 
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ozone (Newman 2004, Raudales et al. 2014). Specific modes of action differ slightly 

between additives and the required dosage to kill Pythium is dependent on pH, structures 

of Pythium present, and type of additive (Lang et al. 2008, Newman 2004, Raudales et al. 

2014). Phytotoxicity is associated with a high chlorine dosage but this threshold is higher 

than the required dose to kill Pythium (Raudales et al. 2014). Fungicide additions to 

irrigation water are well studied but this treatment method is expensive and potentially 

contributes to fungicide tolerance in waterborne pathogens (Stewart-Wade 2011).  

Pythium detection 

Pythium detection methods in host tissue include baiting, culturing with selective 

media, and cultureless methods using molecular techniques such as PCR amplification or 

enzyme-linked immunosorbent assays (ELISA). Baiting techniques exploit zoospore 

chemotaxis by spatially separating healthy and infected tissue in shared water. Zoospores 

develop on infected tissue and colonize healthy bait tissue. The subsequently infested bait 

can then be used for isolation with culture media. Pythium spp. can be isolated from host 

and bait tissue with corn meal agar amended with 10 mg/L pimaricin, 250 mg/L 

ampicillin, 10 mg/L rifampicin, and 100 mg/L pentachloronitrobenzine (Bush et al. 2003, 

Jeffers & Martin 1986). Pythium spp. can be detected in host tissue without culturing 

through DNA extraction and PCR amplification using selective primers. ELISA kits have 

been designed to detect Pythium in symptomatic host tissue, but these kits may result in 

false positives when Phytophthora spp. are present (Pringsh 1990). Similar methods are 

available to detect Pythium in irrigation water.  

Methods used for detecting Pythium in irrigation water include baiting, membrane 

filtration, ELISA, and zoospore trapping immunoassays (ZTI). Viable zoospores can be 
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baited directly from irrigation water and subsequently colonized tissue can be used for 

isolation. Membrane filters can be used to separate motile zoospores, encysted zoospores 

and mycelial fragments from irrigation water. A comparison of different materials and 

pore sizes demonstrated that Durapore filters (five µm pores) are the most efficient for 

filtering Pythium from water samples (Hong et al. 2002). Pythium can be isolated directly 

from membrane filters by plating the filter on selective media or indirectly by washing 

membrane filters with a .09% agar solution and spreading the solution on selective media 

(Pettitt et al. 2002). Pythium DNA can also be directly extracted from filter membranes 

and bait tissue to bypass culture production. Polyclonal antibodies are used in detection 

methods such as ZTI and ELISA (Pettitt et al. 2002). ELISA tests are commercially 

available to screen irrigation water for Pythium but these tests lack specificity and are 

unable to differentiate between living and dead zoospores in water samples (Ali-Shtayeh 

et al. 1991, Wakeham et al. 1997). A ZTI binds zoospores to a membrane, initiates germ 

tube development, and polyclonal antibodies are bound to developing germ tubes to 

facilitate dye staining. Germinated zoospores can then be visualized and counted using a 

microscope (Pettitt et al. 2002).  

Each detection method is associated with specific advantages and disadvantages. 

Isolation techniques provide live cultures but select for the fastest growing species in a 

sample.  Cultureless methods are less time consuming and more likely to detect slower 

growing species. ELISA tests are user-friendly but not reliable for species-specific 

detection. A ZTI is a sensitive method for quantifying the number of viable zoospores in 

a sample but other methods such as direct plating of membrane filters are more consistent 

(Pettitt et al. 2002). Previous studies have compared detection methods based on positive 
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detection of Pythium in a sample (Pringsh 1990). The species diversity of Pythium spp. in 

a sample can be quantified through Simpson and Shannon diversity indices (Redekar et 

al. 2019, Weiland 2011). Detection methods can be compared using average species 

diversity but these values will be influenced by primer selection (Esmaeili Taheri et al. 

2017) and number of sequences used during analysis. 

Research objectives 

Pythium root rot is one of the most common biotic issues found on creeping 

bentgrass putting greens in Missouri. Pythium spp. are known to spread locally through 

zoospore movement. However, Pythium dissemination to putting greens is not fully 

understood when putting greens are newly established, highly elevated, or isolated from 

areas of Pythium incidence. Pythium has been introduced to agriculture and greenhouse 

settings through irrigation systems and this study focuses on Pythium dissemination 

through golf course irrigation. This research compares methods used to detect Pythium 

spp. in irrigation water, evaluates the influence of temperature, chloride, and 

macronutrients on Pythium frequency, and establishes golf course irrigation systems as a 

source of Pythium inoculum. Specific research objectives are:  

1. Detect Pythium spp. dissemination through golf course irrigation systems in 

Missouri and Kansas 

2. Determine if baiting and membrane filtration detect identical Pythium 

communities, determine if Pythium communities differ between sampling sources, 

and assess seasonal changes of Pythium communities. 
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3. Determine if Pythium frequency differs between sampling site and month, and 

determine if temperature, macronutrients, or chloride influence total Pythium 

frequency. 
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Chapter 2 

 

Influence of detection method, sampling location, and month on communities of 

Pythium spp. pathogenic to Agrostis stolonifera 
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Abstract:  

Many Pythium spp. are causal agents of disease on creeping bentgrass putting 

greens. Phytopathogenic Pythium spp. are known to disseminate through irrigation 

systems in agricultural and greenhouse settings, and this study expands those findings to 

golf course irrigation systems. Water samples were collected from irrigation heads and 

water sources at ten golf courses in Missouri and Kansas. Samples were collected from 

2018 to 2019 in April, July, and October. Each sample was probed for Pythium spp. 

through baiting and membrane filtration. Cultures were isolated on PARP media and 

DNA was extracted from mycelium, bait tissue, and membrane filters. ITS regions were 

PCR amplified, sequenced, and compared with Genbank accessions. Phylogenetic trees 

were constructed using representative sample sequences, seven morphologically 

identified isolate sequences, and Genbank accessions. Detected species include 

Lagenidium giganteum, Pythium biforme, P. insidiosum, P. marsipium, P. plurisporium, 

and Saprolegnia hypogyna. None of these species are known pathogens of creeping 

bentgrass. Clades A through U lacked species-level resolution. Clades A, C, D, E, I, and 

M contain pathogenic Pythium species that cause root and crown rot on creeping 

bentgrass. Membrane filtration captured a wider variety of Pythium spp. than baiting, and 

sampling from irrigation heads captured a wider variety of Pythium spp. than sampling 

from the water source. Both detection methods resulted in the highest species diversity in 

April of 2019. This research shows year-round dissemination of Pythium through golf 

course irrigation systems and highlights the importance of using multiple detection 

methods when probing for Pythium species.  

 



26 
 

Introduction: 

Phytopathogenic Pythium spp. are known to cause diseases on creeping bentgrass 

(Agrostis stolonifera L.) putting greens such as Pythium root rot, Pythium root 

dysfunction, and Pythium blight (Abad et al. 1994, Kerns & Tredway 2008, Smiley et al. 

2005). Symptoms from these diseases result in a reduction in playability and aesthetics, 

and if left unchecked considerable turfgrass loss. Causal agents of Pythium disease 

produce zoospores that disseminate through water and saturated soil (Schroeder et al. 

2013). Phytopathogenic Pythium spp. have been detected in agricultural and greenhouse 

irrigation systems (Bush et al. 2003, Hong & Moorman 2005). Retention ponds and other 

open water bodies used as an irrigation source on golf courses may provide a habitat for 

Pythium spp. and potentially serve as a point source of Pythium inoculum. A variety of 

methods are available to detect Oomycetes in irrigation water (Ali-Shtayeh et al. 1991, 

Hong et al. 2002, Pettitt et al. 2002, Sanchez et al. 2000). The objectives of this study 

were: i) to determine if baiting and membrane filtration detect identical Pythium 

communities in irrigation water samples ii) to determine if Pythium communities differ 

between samples taken from irrigation heads and water sources and iii) assess seasonal 

changes of Pythium communities in water samples. 

Pythium spp. are often detected using baiting methods (Hendrix & Campbell 

1973). Host tissue is used to bait zoospores in solution and the subsequently colonized 

bait is used for isolation. Infested bait tissue is plated on Pythium selective media to 

facilitate mycelial development and suppress growth of contaminants (Jeffers & Martin 

1986). Putative Pythium spp. are then isolated and identified through morphology and/or 

DNA sequencing (Robideau et al. 2011, van der Plaats-Niterink 1981). Another isolation-
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based method used to detect Pythium spp. in water samples is membrane filtration. Water 

samples are passed through a membrane filter by vacuum and filters are either plated 

directly on selective media or washed with agar prior to solidification (Pettitt et al. 2002). 

A variety of filters have been tested for the efficacy of capturing Pythium spp. (Hong et 

al. 2002).  

Isolation-based detection methods have specific advantages and disadvantages. 

These methods produce live cultures, which can be used for morphological identification 

and pathogenicity experiments demonstrating the detected propagules are viable. 

Membrane filtration methods are advantageous since mycelia fragments can be captured 

if zoospores are not easily produced by the present Pythium species. Bait selection and 

bait trap incubation temperature influence baiting efficacy due to differences in host 

preference and optimal temperature for development among Pythium species 

(Raftoyannis & Dick 2006, van der Plaats-Niterink 1981, Watanabe et al. 2008). Both 

isolation-based detection methods can impose selection bias through media selection and 

incubation temperature of cultures. The fastest growing species on a specific media or at 

a specific temperature will outcompete slower growing species. Therefore, species with 

slow mycelium development are more difficult to detect using these methods.  

There are a variety of cultureless methods available to detect Pythium species. 

DNA can be extracted directly from bait tissue and membrane filters prior to culturing. 

The extracted DNA can be PCR amplified and sequenced to provide evidence of present 

species. The efficacy of this method relies on the sequencing method used. Sanger 

sequencing may not produce a clear sequence if multiple species are present in a sample. 

Next generation sequencing methods such as pyrosequencing or paired-end sequencing 
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can provide clear sequences when multiple species are present (Redekar et al. 2019, 

Vettraino et al. 2012). Methods such as zoospore trapping immunoassays (ZTI) and 

enzyme-linked immunosorbent assays (ELISA) utilize antibodies to detect present 

species. ZTIs are a sensitive method for quantifying the number of living zoospores in a 

sample, but isolation-based methods with membrane filters are more consistent (Pettitt et 

al. 2002). ELISA tests are commercially available to detect Pythium but do not provide 

reliable species level resolution (Ali-Shtayeh et al. 1991).  

Sample source and time of sampling should be considered when probing for 

Pythium species. The predominating species in an irrigation system may differ between 

seasons due to temperature or other environmental differences, and detected species have 

also been shown to differ between water reservoirs in a recycled irrigation system 

(Redekar et al. 2019). Irrigation systems constructed with infested materials or exposed to 

soil (e.g. irrigation leaks) may contribute to microbial community differences between 

water sources and water near the irrigation head (Al‐Sa’di et al. 2008). Irrigation systems 

should be probed at multiple times and locations to detect all present species.  

Reliable detection of Pythium spp. is beneficial for assessing the risk of using 

different water sources for irrigation. Detection methods should capture a wide range of 

Pythium species if the target species is unknown. Zoospore baiting and membrane 

filtration were selected for evaluation in this study because they are more reliable then 

ZTIs, more accurate then ELISAs, and compatible with Sanger sequencing methods (Ali-

Shtayeh et al. 1991, Pettitt et al. 2002). Evidence of pathogenic Pythium spp. in irrigation 

systems may help improve disease management practices available for golf courses.  

 



29 
 

Materials and methods: 

Sample collection. Eight golf courses in Missouri and two in Kansas with a 

history of disease caused by Pythium root-infecting species were selected for this study 

(Table 2.1). Clear oblong glass baking dishes (2.8 liters, 22.9 x 33.0 cm, Corelle Brands 

LLC, Rosemont, IL) were placed on putting greens and used to collect three L of water 

from multiple irrigation heads. Baking dishes were triple-rinsed with deionized (DI) 

water and autoclaved prior to use. A Van Dorn water sampler (Flinn Scientific Inc., 

Batavia, IL) was used to collect two L of water from open water sources (Table 2.1). The 

Van Dorn sampler was positioned near irrigation intakes approximately 0.6 m from the 

bottom of each water source. The Van Dorn sampler was sterilized with 10% NaClO and 

triple rinsed with DI water prior to each use. Irrigation head samples (IHS) and water 

source samples (WSS) were consolidated in separate glass media bottles and sealed with 

polybutylene terephthalate caps (Corning Inc., Corning, NY). Media bottles were washed 

with powdered precision cleaner (Alconox Inc., White Plains, NY), triple-rinsed with DI 

water, and autoclaved prior to use. Water samples were transported and stored at 15°C for 

up to two weeks. Irrigation head and water source samples were processed separately.  

Zoospore baiting. Six-week-old creeping bentgrass (Agrostis stolonifera L. var. 

‘Penncross’) leaves were used for baiting zoospores in water samples. Plants were 

established in a greenhouse and sown in 10.2 cm diameter plastic pots containing an 

autoclaved sand medium. Pots were placed in greenhouse trays without drainage and 

plants were flood irrigated with DI water as needed. Plastic pots and greenhouse trays 

were sterilized with 10% NaClO and triple rinsed with DI water prior to use. Bentgrass 
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leaves were cut to six cm, suspended in 150 ml of DI water, and autoclaved prior to 

baiting.  

A 500 ml aliquot from each water sample was partitioned into two sterile 250 ml 

beakers. An autoclaved wire mesh tea infuser was used to suspend 10 creeping bentgrass 

leaves in each beaker. Autoclaved aluminum foil was used to cover each bait trap. Bait 

traps were incubated on a lab bench at ~23°C for 48 hr. After incubation, the bait tissue 

was dried on a sterile paper towel and cut in half. Half of the bait tissue was plated onto 

Petri dishes containing PARP media (Jeffers & Martin 1986). PARP medium contained 

20 g corn meal agar (Becton, Dickinson and Company, Franklin Lakes, New Jersey), 250 

mg ampicillin sodium salt (Fisher Scientific, Waltham, MA), 10 mg pimaricin (Fisher 

Scientific, Waltham, MA), 10 mg rifampicin (Fisher Scientific, Waltham, MA) dissolved 

in 1 ml dimethyl sulfoxide (Fisher Scientific, Waltham, MA), and 5 ml 5% 

pentachloronitrobenzene (Sigma-Aldrich, St. Louis, MO) per L of DI water. The other 

half of bait tissue was placed in two screwcap vials and stored at -20°C until direct DNA 

extraction. Autoclaved creeping bentgrass leaves that were not used in bait traps were 

plated onto PARP media to ensure complete sterilization. No cultures developed from 

these autoclaved leaves. Petri dishes were sealed with Parafilm (Bemis Company, 

Neenah, WI), stored on a lab bench at ~23°C, and checked daily for mycelia growth. 

Developing colonies were examined under a microscope and cultures with white 

coenocytic hyphae were isolated on fresh PARP media.  

Membrane filtration. Two 500 ml aliquots from each water sample were 

vacuum filtered through two Durapore filters with five µm pores (MilliporeSigma, 

Burlington, MA) to capture zoospores and mycelial fragments. Filters were held in place 
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by an autoclaved 47 mm magnetic filter funnel (Pall Corporation, Port Washington, New 

York). One filter was cut into 16 equal pieces and plated on PARP media. Petri dishes 

were sealed, stored on a lab bench at ~23°C, and checked daily for mycelia growth. 

Developing colonies were examined under a microscope and cultures with white 

coenocytic hyphae were isolated on fresh PARP media. The second filter was cut into 1 x 

1 mm squares, split into four screwcap vials, and stored at -20°C until DNA extraction.  

Propagating mycelium. Mycelium from putative Pythium spp. and 

morphologically characterized isolates of G. ultimum var ultimum, P. aphanidermatum, 

P. aquatile, P. dissotocum, P. graminicola, P. irregulare, and P. oligandrum from the 

collection of J. Mihail (University of Missouri, Columbia) were propagated by 

transferring hyphae to V8 media overlaid with cellophane (Gel Company, San Francisco, 

CA). V8 media contained 15 g granulated agar (Fisher Scientific, Waltham, MA), 100 ml 

original V8 juice (Campbell, Camden, NJ), and 0.75 g calcium carbonate (Fisher 

Scientific, Waltham, MA) per L of DI water. Mycelium was scraped off cellophane using 

a flame sterilized scalpel and stored in screwcap vials (Thermo Fisher Scientific, 

Waltham, MA) at -20°C.  

DNA extraction and PCR. DNA was extracted from mycelium, bait tissue, and 

membrane filters using the protocol and reagents in the Easy-DNA Kit (Invitrogen Corp., 

Carlsbad, CA). DNA concentrations were quantified with a NanoDrop OneC 

Microvolume UV-Vis spectrophotometer (Thermo Fisher Scientific, Waltham, MA), and 

extracts were diluted with nuclease free water (Qiagen, Hilden, Germany) to a 

concentration of 50 ng/µl. PCR mixtures contained 4 µl of DNA template (200 ng of 

DNA), 25 µl of DreamTaq Hot start PCR master mix (Thermo Fisher Scientific, 
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Waltham, MA), 1 µl (200nM) of the Oomycete specific primer ITS4Oo, 1 µl (200nM) of 

the universal primer ITS5, and 19 µl of nuclease free water (Nikolcheva & Barlocher 

2004, White et al. 1990). Thermocycler (Eppendorf, Hamburg, Germany) settings were 

10 min at 95°C, followed by 40 cycles of denaturation at 95°C for 30 sec, annealing at 

49°C for 30 sec, and extension at 72°C for 1 min, followed by final extension at 72°C for 

10 min. Successful amplifications were confirmed through electrophoresis, cleaned using 

ExoSAP-IT PCR product cleanup reagent (Applied Biosystems, Foster City, CA), and 

Sanger sequenced by the DNA Core Facility at the University of Missouri. 

Phylogenetic analysis. Contiguous sample sequences were assembled and 

representative sample sequences were selected using SeqMan Pro (14; DNASTAR Inc., 

Madison, WI). The Basic Local Alignment Search Tool (megaBLAST) was used to 

compare representative sample sequences with Genbank accessions. The top two or three 

similar sequences based on maximal percent identity match were used in phylogenetic 

analysis. The ITS sequences of Pythium spp. described in Abad et al. (1994) were 

downloaded from Genbank using accessions from Levesque et al. (2004) and Robideau et 

al. (2011) and included in the phylogenetic analysis. All sequences were aligned using 

ClustalW in MEGA (7, Pennsylvania State University, State College, PA) and truncated 

within 25 base pairs from the outermost nucleotides conserved between 70% of all 

sequences. Two phylogenetic trees were constructed with the neighbor-joining algorithm 

using the Kimura two-parameter model. One tree utilized Clarireedia homoeocarpa 

(GQ386985) as an outgroup and was constructed with sequences associated with 

Globisporangium and Pythium. Globisporangium spp. were included in the phylogenetic 

analysis of Pythium spp. because some causal agents of Pythium disease, such as Pythium 
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ultimum var. ultimum, have been reclassified into Globisporangium (Uzuhashi et al. 

2010). The tree containing Oomycetes other than Pythium spp. utilized P. 

aphanidermatum (AY598622) and P. arrhenomanes (AY598628) as an outgroup and 

was constructed using sequences associated with other Oomycetes. Bootstrap values on 

branch nodes are based on 1000 random samples of the data set.  

Statistical analysis. The following hypotheses were tested: Species diversity and 

average number of Pythium sequences obtained per sample is identical between i) 

detection methods, ii) sampling site, iii) and months sampled. In total, 72 attempts from 

each detection method, 72 attempts from each sampling source, and 36 attempts from 

July 2018, April 2019, July 2019, and October 2019 were used to compare diversity 

indexes and the average number of sequences obtained per sample (Table 2.2). The 

number of sequences obtained per clade was used as a proxy measurement of species 

richness in each sample. The diversity of species in each sample was evaluated using 

Shannon-Wiener and Simpson’s diversity index (Redekar et al. 2019, Shannon 1948, 

Simpson 1949, Spellerberg & Fedor 2003, Weiland 2011). Arithmetic mean of diversity 

indices was evaluated for detection method, sampling source, and month. Standard error 

of the mean was added/subtracted from each mean value. Means were considered 

different when mean values did not overlap based on standard error. Differences in the 

average number of Pythium and off-target Oomycete sequences obtained per sample were 

evaluated using PROC GENMOD in SAS 9.4 (SAS Institute). Pythium data followed a 

zero-inflated Poisson distribution while off-target Oomycete data followed a standard 

Poisson distribution. To create a balanced dataset, data from April 2018, October 2018, 

and those from sample site four were excluded from statistical analysis (Table 2.1). 
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Samples from April 2018 were excluded because WSS were not collected. Samples from 

October 2018 were omitted because samples were not collected from five sites. Sample 

site four was irrigated from municipal, chlorinated water collected from the Missouri 

River, and no Pythium spp. were detected in samples from this site.  

Results 

Detected Pythium clades. In total, 511 ITS sequences were obtained using the 

isolation-based methods described above, with 453 sequences identified as a Pythium or 

Globisporangium spp. Cultureless methods were mostly unsuccessful due to the inability 

of Sanger sequencing to resolve the multiple species present in many samples. Eleven 

Pythium and four off-target Oomycete sequences were obtained through direct DNA 

extraction of bait tissue and zero sequences were obtained from direct DNA extraction 

from membrane filters. Detected Pythium spp. include P. biforme, P. insidiosum, P. 

marsipium, and P. plurisporium (Figure 2.1). Clades A through N could not be resolved 

to the species level. Clades A, C, D, E, I, and M contain causal agents of root and crown 

rot on creeping bentgrass (Table 2.3; Abad et al. 1994). However, these clades also 

contain nonpathogenic species or species with unknown pathogenicity to creeping 

bentgrass. Clades G, H, J, and L contain phytopathogenic Pythium spp. but it is unknown 

if they infect creeping bentgrass (Allain-Boulé et al. 2004, Bouket et al. 2015, Li et al. 

2014, Mankin 1969, Sprague 1950, Weiland et al. 2013).  

Off-target Oomycetes. Detected off-target Oomycete species include 

Lagenidium giganteum and Saprolegnia hypogyna while clades O through U could not be 

resolved (Figure 2.2). None of the detected off-target Oomycetes are known 

phytopathogens (Table 2.4). Clades Q and S were only detected through baiting while 
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Saprolegyna hypogyna and clades P, R, and T were only detected though membrane 

filtration. Saprolegnia hypogyna and clade S were only detected in water sources. Clades 

P, Q, R, and T were only detected in irrigation heads. Clade P was only detected in April 

2019. Clade S was only detected in July 2018. Lagenidium giganteum and clade T were 

only detected in July 2019. Clade Q was only detected in October 2018. Saprolegnia 

hypogyna and clade R was detected in two different months. Clade V was detected in 

three different months. Clade O was detected in five different months. There was no 

significant difference observed in the number of off-target Oomycetes detected in each 

sample regardless of detection method, sampling source, and month sampled (Table 2.5).  

Differences between isolation methods. Pythium species detected only through 

baiting include P. biforme and P. insidiosum (Figure 2.3). Pythium species detected only 

through membrane filtration include P. marsipium, P. plurisporium, and clades A, D, I, J, 

K, M, and N. Clade H was detected most frequently and comprised 52% and 36.7% of 

total sequences obtained through baiting and membrane filtration, respectively. There 

was no statistical difference between methods when measuring the average number of 

Pythium sequences obtained per sample (Table 2.5). Most samples produced a range of 

one to seven sequences per sample (Figure 2.4). Baiting methods detected up to three 

species per sample while membrane filtration methods detected up to five (Figure 2.5). 

Membrane filtration resulted in higher diversity index values (Table 2.6). Excluding site 

four, 8.8% of all samples contained Pythium spp. only detected through baiting, 15.4% of 

samples contained Pythium spp. only detected through membrane filtration, 31.9% of 

samples contained Pythium spp. detected through both methods, and 43.9% of samples 
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did not contain detectable Pythium spp. or clear sequences could not be obtained through 

sanger sequencing.   

Difference between sampling source. Pythium biforme, P. plurisporium, and 

clades A, I, and N were only detected in WSS (Figure 2.6). Pythium marsipium, P. 

insidiosum, and clades D, J, K, L, and M were only detected in IHS. Clade H was the 

most abundant clade in both WSS and IHS, and produced 62.5% and 33.1% of total 

sequences, respectively. No statistical difference was observed between sampling sources 

when measuring the average number of Pythium sequences obtained per sample (Table 

2.5). Samples from water sources contained up to four species while IHS contained up to 

five species in a single sample (Figure 2.5). Pythium diversity was greater in IHS and 

more samples contained detectable Pythium spp. compared to WSS (Table 2.6). Every 

clade detected in April and October 2018 was detected in IHS (Figure 2.7).  

Difference between months. Clades C and H were detected every sampling date 

(Figure 2.7). Clade D was only detected in April 2018. Clades F, I, J, and K were only 

detected in April 2019. Pythium insidosum, P. plurisporium, and clades A and N were 

only detected in July 2019. Pythium marsipium, P. biforme, and clade M was only 

detected in October 2019. Clades B and E were detected in two different months. Clade L 

was detected in three different months. Clade G was detected in five different months. 

A statistical difference was observed between months when measuring the 

average number of Pythium sequences obtained per sample (Table 2.5). April 2019 had 

the highest number of samples with detectable Pythium spp. regardless of detection 

method (Table 2.6). April 2019 had the highest diversity while July months had the 

lowest. October 2019 had a diversity index similar to April 2019 and July months. Clade 
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H was the most abundant in July 2018, April 2019, and July 2019 (Figure 2.7). Clade C 

was the most abundant in April 2018 and October 2018. Clade G was the most abundant 

in October 2019. Samples with more than three Pythium species were only collected in 

April 2019 (Figure 2.5).  

Discussion 

Pythium and other Oomycetes disseminate through irrigation systems (Bush et al. 

2003, Redekar et al. 2019). This research demonstrates that dissemination also occurs in a 

golf course setting except if treated municipal water is used as an irrigation source, 

corresponding to previous research (Pottorff & Panter 1997). Overall, the number of 

clades detected in this study is comparable to previous experiments that probe irrigation 

systems for Oomycetes using isolation-based detection methods (Parke et al. 2014). 

Recently developed primers, such as ITS3oo, may increase the success rate of PCR from 

DNA extracts of putative Pythium isolates (Riit et al. 2016). Species identification solely 

through ITS sequencing has been shown to leave some clades unresolved due to 

similarities in ITS sequences between species (Levesque & DeCock 2004, Redekar et al. 

2019).  

The two species only detected through baiting and nine species only detected 

through membrane filtration supports the assumption that different detection methods 

will impose a selection bias (Bush et al. 2003, Redekar et al. 2019). The size of plated 

bait tissue and membrane filters may have influenced the detected diversity. If plated 

materials are cut into smaller pieces before placing onto media, then it could further 

minimize the chance of developing colonies outcompeting others before isolation, 

thereby increasing diversity estimates. Next generation sequencing methods could also be 
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used when multiple species are present in a culture, or to bypass culturing steps entirely 

(Redekar et al. 2019, Vettraino et al. 2012). 

A thorough sampling scheme is necessary to fully characterize Pythium 

populations in irrigation systems. The higher diversity indicies observed in irrigation 

heads may suggest that conditions within the irrigation system are a conducive 

enviornment for Pythium. The higher diverisity values of IHS may also be attributed to 

the relative increase of water sample size in relation to total volume of water in an 

irrigation system as opposed to a water source. The seasonal changes of Pythium 

frequency may be due to the influence of temperature on individual Pythium spp. or the 

influence of microbe community differences throughout the year. The prevalence of clade 

H throughout the study was likely due to the pathogenic nature of P. adhaerens to algal 

species that may be present in surface water sources, but the increase of clade G in 

October was likely due to the colder (5 – 18°C) optimal temperatures for P. 

monospermum zoospore development (van der Plaats-Niterink 1981). Baiting zoospores 

at higher temperatures may have increased the chances of detecting some highly 

aggressive causal agents of Pythium root rot, such as Pythium aphanidermatum and P. 

myriotylum (Watanabe et al. 2008). Mammal pathogens, Pythium insidiosum and 

Lagendium gigantium, were detected during the summer, which may have been due to 

higher optimal temperatures for zoospore development (Mendoza & Prendas 1988). The 

increase of detectable populations in April 2019 has also been observed previously when 

measuring the number of colony forming units from January through May (Pettitt & 

Skjøth 2016). Other studies have reported Pythium dissemination throughout the year and 
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variation associated with the frequency of Pythium spp. (Bush et al. 2003, Redekar et al. 

2019). 

Future experiments that utilize current findings and next generation sequencing 

methods will be key in elucidating the profile of microbes present in irrigation systems. A 

study of Pythium and Phytophthora detection in a greenhouse irrigation system through 

paired end sequencing illustrates the power of next generation sequencing methods in 

detecting a wide range of microbes (Redekar et al. 2019). Next generation sequencing 

data paired with culturing methods could further estimate how many species may go 

undetected in studies utilizing culture-based methods, while also demonstrating which 

species are viable at the time of sampling. Species level resolution of a microbial 

community facilitates risk assessment of various water sources. Testing the pathogenicity 

of viable propagules will allow researchers to expand the list of problematic species and 

possibly establish minimum economic thresholds (Abad et al. 1994, Kerns & Tredway 

2008). Water sterilization techniques, such as UV-C treatments, heat, or chemical 

additives can then be optimized for problematic species (Hong & Moorman 2005). 

This study lays groundwork for future investigations of microbial communities in 

irrigation systems for the golf industry and establishes irrigation water as a potential point 

source of Pythium inoculum on putting greens. None of the sequences resolved to the 

species level are known pathogens of creeping bentgrass. Clades containing known 

pathogens of creeping bentgrass vary between slightly (clades C, D, I, and M), 

moderately (clade D), and highly (clade A) aggressive causal agents of crown and root 

rot (Abad et al. 1994). The presence of these potentially pathogenic clades highlights a 

possible risk of utilizing surface water as a source for putting green irrigation.  
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Table 2.5. P-values associated with the average number of Pythium and off-target 

Oomycete sequences obtained per sample of irrigation water. Samples were collected 

from Missouri and Kansas golf courses in July of 2018, April of 2019, July of 2019, and 

October of 2019. Pythium data follows a zero-inflated Poisson distribution and off-target 

Oomycetes follow a standard Poisson distribution. P-values of Pythium are based on a 

Chi-Square statistic. P-values of off-target spp. are based on an F statistic. 

Goodness of Fit   
Pythium Off-target 

Pearson Chi-Square / DF  
0.949 1.38 

Predictor variable DF 
Pythium Off target 

Month 3 
<.0001 1.0000 

Sample source 1 
0.5529 0.9954 

Detection method 1 
0.0937 0.9950 
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Figure 2.1. Phylogeny of morphologically characterized isolates and representative 
sequences obtained from putative  Pythium spp. isolated from golf course irrigation 
systems based on ITS (1 & 2) and 5.8S genes of ribosomal DNA. Unresolved clades are 
denoted A through N. Bootstrap values are based on 1,000 resamplings of the data set 
and displayed near branch nodes. 
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 Figure 2.1. (cont.) Phylogeny of morphologically characterized isolates and 
representative sequences obtained from putative  Pythium spp. isolated from golf course 
irrigation systems based on ITS (1 & 2) and 5.8S genes of ribosomal DNA. Unresolved 
clades are denoted A through N. Bootstrap values are based on 1,000 resamplings of the 
data set and displayed near branch nodes. 
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Figure 2.2. Phylogeny of representative sequences obtained from off-target Oomycetes 
isolated from golf course irrigation systems based on ITS (1 & 2) and 5.8S genes of 
ribosomal DNA. Unresolved clades are denoted O through U. Bootstrap values are based 
on 1,000 resamplings of the data set and displayed near branch nodes. 
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Figure 2.3. Relative distribution of Pythium clades detected through baiting and 

membrane filtration in Missouri and Kansas golf course irrigation water samples. 

Samples were collected in April, July, and October of 2018 and 2019. Unresolved 

species are denoted A through N. Striped cells indicate clades that were detected 

through both methods.  
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Figure 2.4. Average number of Pythium sequences obtained from water samples collected from Missouri and Kansas golf course 

irrigation systems in July of 2018, April of 2019, July of 2019, and October of 2019. Error bars are based on standard error.  
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Figure 2.6. Relative distribution of Pythium clades detected in water samples 
from irrigation heads and water sources from Missouri and Kansas golf course 
irrigation systems. Samples were collected in April, July, and October of 2018 and 
2019. Unresolved species are denoted A through N. Striped cells indicate clades 
that were detected in both sampling sources. 
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Figure 2.7. Relative distribution of Pythium clades detected in Missouri and Kansas 

golf course irrigation water samples in April, July, and October of 2018 and 2019. 

Unresolved species are denoted A through N. Striped cells indicate clades that were 

detected every month. 
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Chapter 3 

 

 

Influence of sampling site, month, and nutrient concentrations on Pythium 

frequency in golf course irrigation samples. 
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Abstract: The genus Pythium contains causal agents of several diseases on creeping 

bentgrass putting greens. Pythium spp. are known to disseminate through irrigation 

system but the influence of macronutrients and chloride on Pythium in water is not well 

understood. Water samples were compared between eight golf courses in Missouri and 

Kansas. Samples were collected from 2018 to 2019 in April, July, and October. Each 

sample was probed for Pythium spp. through baiting and membrane filtration, and 

samples were assayed for temperature, total phosphorus, total dissolved phosphorus, total 

dissolved nitrogen, and chloride. Cultures were isolated on PARP media and DNA was 

extracted from mycelium. ITS regions were PCR amplified, sequenced, and compared 

with Genbank accessions. Phylogenetic trees were constructed using representative 

sample sequences, morphologically identified isolate sequences, and Genbank 

accessions. Detected species include Pythium biforme, P. insidiosum, P. marsipium, and 

P. plurisporium. None of these species are known pathogens of creeping bentgrass. 

Clades A through N lacked species-level resolution. Temperature, sampling site, total 

phosphorus, total dissolved phosphorus, total dissolved nitrogen, and chloride did not 

influence Pythium frequencies in samples. However, sampling month did significantly 

influence the frequency of Pythium detection. Overall, all irrigation systems that utilize 

surface water sources contained at least three Pythium spp. over the course of two years. 

This study establishes irrigation water as a consistent source of potentially pathogenic 

Pythium inoculum on putting greens, and expands the list of Pythium spp. that come in 

contact with putting greens in Missouri and Kansas. 
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Introduction:  

Creeping bentgrass (Agrostis stolonifera L.) is a common turfgrass used to 

establish golf course putting greens in the transition zone. These plants are placed under 

intense abiotic stress due to frequent mowing and temperature extremes. These conditions 

predispose putting greens to infection by Pythium species that cause diseases such as 

Pythium root rot and Pythium root dysfunction (Abad et al. 1994, Kerns & Tredway 

2008, Smiley et al. 2005). Pythium spp. are known to disseminate through irrigation 

systems in agricultural and greenhouse settings (Bush et al. 2003, Hong & Moorman 

2005). Most Pythium spp. produce zoospores at different temperatures, which influences 

species abundance in irrigation systems throughout the year (Redekar et al. 2019, van der 

Plaats-Niterink 1981). Oomycota, the phylum containing Pythium, is closely related to 

diatoms and brown algae (Schroeder et al. 2013). Given there is enough silica, diatom 

abundance in marine waters is influenced by macronutrient concentrations, but this has 

not been observed in Pythium (Bruland et al. 2001). The objectives of this study were to 

i) detect Pythium spp. disseminating through golf course irrigation systems in Missouri 

and Kansas ii) determine if total Pythium frequency differs between sample site and 

month and iii) investigate if temperature or water quality influences total Pythium 

frequency.  

Pythium root rot is caused by several Pythium spp. that vary in pathogenicity 

(Abad et al. 1994). Some of the most aggressive species include, but are not limited to, G. 

ultimum, P. aphanidermatum, P. graminicola, and P. vanterpoolii (Abad et al. 1994). 

Symptoms of Pythium root rot include root necrosis and patches of chlorotic turf that 

coalesce into large areas during the summer (Smiley et al. 2005). Pythium root 
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dysfunction is primarily caused by P. volutum and P. arrhenomanes (Kerns & Tredway 

2008). Symptoms of Pythium root dysfunction include tan discoloration of roots, absence 

of root hairs, and patches of chlorotic foliage. Both diseases are unsightly and adversely 

disrupt the playing surface. While cultural practices such as maintaining proper greens 

drainage and utilizing more tolerant turfgrass species or cultivars may help to mitigate 

damage from Pythium diseases, preventive fungicide treatment on greens with a history 

of the disease is often necessary (Kerns & Tredway 2010). Fungicide treatments can cost 

superintendents 2,300 to 6,100 dollars per hectare treated each year (Tim Burch, personal 

communication, 12/11/2019). Understanding and elucidating point sources of Pythium 

inoculum can potentially improve or expand these cultural practices and minimize 

fungicide use.  

The influence of nutrient concentrations on Pythium populations in water is not 

well studied. Water bodies that supply golf course irrigation systems are often surrounded 

by maintained turfgrass or agriculture and may collect fertilizer runoff. The subsequent 

influx of macronutrients could potentially influence Pythium populations in the water. 

The influence of macronutrients and basic water quality parameters on Pythium needs to 

be investigated to determine if nutrient rich water bodies are more likely to introduce 

Pythium spp. to irrigation systems. This information when coupled with geographic and 

temporal Pythium distributions will allow for more accurate risk assessment of water 

bodies used to irrigate putting greens. 

Materials and methods: 

Sample collection. Eight golf courses in Missouri and two in Kansas with a 

history of disease caused by Pythium root-infecting species were selected for this study. 
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Clear oblong glass baking dishes (2.8 liters, 22.9 x 33.0 cm, Corelle Brands LLC, 

Rosemont, IL) were placed on putting greens and used to collect three L of water from 

multiple irrigation heads. Baking dishes were triple-rinsed with deionized (DI) water and 

autoclaved prior to use. Water temperature at the irrigation head was determined by 

averaging three readings taken by an infrared (IR) temperature meter (Spectrum 

Technologies, Bridgend, United Kingdom). A Van Dorn water sampler (Flinn Scientific 

Inc., Batavia, IL) was used to collect two L of water from open water sources. The Van 

Dorn sampler was positioned near irrigation intakes approximately 0.6 m from the 

bottom of each water source. The Van Dorn sampler was sterilized with 10% NaClO and 

triple rinsed with DI water prior to use. Irrigation head samples (IHS) and water source 

samples (WSS) were consolidated in separate glass media bottles and sealed with 

polybutylene terephthalate caps (Corning Inc., Corning, NY). Media bottles were washed 

with powdered precision cleaner (Alconox Inc., White Plains, NY), triple-rinsed with DI 

water, and autoclaved prior to use. A direct soil electrical conductivity (EC) meter 

(Spectrum Technologies, Bridgend, United Kingdom) was used to measure temperature 

of WSS. High-density polyethylene containers (Thermo Fisher Scientific, Waltham, MA) 

were used to store 60 ml aliquots from IHS at -20°C prior to water quality analysis. The 

remaining sample was transported and stored at 15°C. Irrigation head and water source 

samples were probed for Pythium spp. separately.  

Zoospore baiting. Leaves from six-week-old creeping bentgrass (Agrostis 

stolonifera L. var. ‘Penncross’) plants grown in a sterile greenhouse setting were used for 

baiting zoospores in water samples. Bentgrass leaves were cut to six cm, suspended in 

150 ml of DI water, and autoclaved prior to baiting. A 500 ml aliquot from each water 
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sample was partitioned into two sterile 250 ml beakers. An autoclaved wire mesh tea 

infuser was used to suspend 10 creeping bentgrass leaves in each beaker, and covered 

with foil. These bait traps were incubated on a lab bench at ~23°C for 48 hr. After 

incubation, bait tissue was dried on a sterile paper towel and cut in half. Half of the bait 

tissue was plated onto PARP media (Jeffers & Martin 1986). PARP medium contained 20 

g corn meal agar (Becton, Dickinson and Company, Franklin Lakes, New Jersey), 250 

mg ampicillin sodium salt (Fisher Scientific, Waltham, MA), 10 mg pimaricin (Fisher 

Scientific, Waltham, MA), 10 mg rifampicin (Fisher Scientific, Waltham, MA) dissolved 

in 1 ml dimethyl sulfoxide (Fisher Scientific, Waltham, MA), and 5 ml 5% 

pentachloronitrobenzene (Sigma-Aldrich, St. Louis, MO) per L of DI water. The other 

half of bait tissue was placed in two screwcap vials and stored at -20°C until direct DNA 

extraction. Autoclaved creeping bentgrass leaves that were not used in bait traps were 

plated onto PARP media to ensure complete sterilization. Petri dishes were sealed with 

Parafilm (Bemis Company, Neenah, WI) stored on a lab bench at ~23°C, and checked 

daily for mycelia growth. Developing colonies were examined under a microscope and 

cultures with white coenocytic hyphae were isolated on fresh PARP media.  

Membrane filtration. Two 500 ml aliquots from each water sample were 

vacuum filtered through two Durapore filters with five µm pores (MilliporeSigma, 

Burlington, MA) to capture zoospores and mycelial fragments (Hong et al. 2002). Filters 

were held in place by an autoclaved 47 mm magnetic filter funnel (Pall Corporation, Port 

Washington, New York). One filter was cut into 16 equal pieces and plated on PARP 

media. Petri dishes were sealed, stored on a lab bench at ~23°C, and checked daily for 

mycelia growth. Developing colonies were examined under a microscope and cultures 
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with white coenocytic hyphae were isolated on fresh PARP media. The second filter was 

cut into 1 x 1 mm squares, split into four screwcap vials, and stored in -20°C to await 

DNA extraction.  

Propagating mycelium. Mycelium from putative Pythium spp. and 

morphologically characterized isolates of G. ultimum var ultimum, P. aphanidermatum, 

P. aquatile, P. dissotocum, P. graminicola, P. irregulare, and P. oligandrum from the 

collection of J. Mihail (University of Missouri, Columbia) were propagated by 

transferring hyphae to V8 media overlaid with cellophane (Gel Company, San Francisco, 

CA). V8 media contained 15 g granulated agar (Fisher Scientific, Waltham, MA), 100 ml 

original V8 juice (Campbell, Camden, NJ), and 0.75 g calcium carbonate (Fisher 

Scientific, Waltham, MA) per L of DI water. Mycelium was scraped off cellophane using 

a flame sterilized scalpel and stored in screwcap vials (Thermo Fisher Scientific, 

Waltham, MA) at -20°C.  

DNA extraction and PCR. DNA was extracted from mycelium, bait tissue, and 

membrane filters using the protocol and reagents in the Easy-DNA Kit (Invitrogen Corp., 

Carlsbad, CA). DNA concentrations were quantified with a NanoDrop OneC 

Microvolume UV-Vis spectrophotometer (Thermo Fisher Scientific, Waltham, MA), and 

extracts were diluted with nuclease free water (Qiagen, Hilden, Germany) to a 

concentration of 50 ng/µl. PCR mixtures contained 4 µl of DNA template (200 ng of 

DNA), 25 µl of DreamTaq Hot start PCR master mix (Thermo Fisher Scientific, 

Waltham, MA), 1 µl (200nM) of the Oomycete specific primer ITS4Oo, 1 µl (200nM) of 

the universal primer ITS5, and 19 µl of nuclease free water (Nikolcheva & Barlocher 

2004, White et al. 1990). Thermocycler (Eppendorf, Hamburg, Germany) settings were 
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10 min at 95°C, followed by 40 cycles of denaturation at 95°C for 30 sec, annealing at 

49°C for 30 sec, and extension at 72°C for 1 min, followed by final extension at 72°C for 

10 min. Successful amplifications were confirmed through electrophoresis, cleaned using 

ExoSAP-IT PCR product cleanup reagent (Applied Biosystems, Foster City, CA), and 

Sanger sequenced by the DNA Core Facility at the University of Missouri. 

Phylogenetic analysis. Contiguous sample sequences were assembled and 

representative sample sequences were selected using SeqMan Pro (14; DNASTAR Inc., 

Madison, WI). The Basic Local Alignment Search Tool (megaBLAST) was used to 

compare representative sample sequences with Genbank accessions. The top two or three 

similar sequences based on maximal percent identity match were used in phylogenetic 

analysis. The ITS sequences of Pythium spp. described in Abad et al. (1994) were 

downloaded from Genbank using accessions from Levesque et al. (2004) and Robideau et 

al. (2011) and included in the phylogenetic analysis. All sequences were aligned using 

ClustalW in MEGA (7, Pennsylvania State University, State College, PA) and truncated 

within 25 base pairs from the outermost nucleotides conserved between 70% of all 

sequences. Two phylogenetic trees were constructed with the neighbor-joining algorithm 

using the Kimura two-parameter model. One tree utilized Clarireedia homoeocarpa 

(GQ386985) as an outgroup and was constructed with sequences associated with 

Globisporangium and Pythium. Globisporangium spp. were included in the phylogenetic 

analysis of Pythium spp. because some causal agents of Pythium disease, such as Pythium 

ultimum var. ultimum, have been reclassified into Globisporangium (Uzuhashi et al. 

2010). The other tree utilized P. aphanidermatum (AY598622) and P. arrhenomanes 

(AY598628) as an outgroup and was constructed using sequences associated with other 
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Oomycetes. Bootstrap values on branch nodes are based on 1000 random samples of the 

data set.  

Water quality analysis. Ten ml aliquots were taken from the 60 ml of IHS stored 

in high-density polyethelene containers and used to evaluate the concentration of total 

phosphorus (TP), total dissolved phosphorus (TDP), total dissolved nitrogen (TDN), and 

chloride. Water samples were filtered through glass microfiber filters (0.7µm pores, 

Whatman plc, Maidstone, United Kingdom) prior to TDN and TDP analysis (Crumpton 

et al. 1992). Total dissolved nitrogen concentrations were analyzed using a 2nd derivative 

spectroscopy method following persulfate digestion (Crumpton et al. 1992). Total 

phosphorus and TDP were analyzed using an ascorbic acid colorimetric method 

following persulfate digestion (Eaton 1996). Nutrient concentrations were quantified with 

a Spectronic Genesys 2 spectrophotometer (Thermo Fisher Scientific, Waltham, MA). 

Chloride was analyzed using a mercuric thiocyanate method on a Lachat Flow Injection 

Analyzer (Hach company, Loveland, CO, Diamond 1994). Each analysis was processed 

in triplicate and the average of the three values was used for statistical analysis. Detection 

limits of nitrogen, phosphorus, and chloride are 2.50 μmol of nitrogen per L, 0.03 μmol 

of phosphorus per L, and 1.41 μmol of chloride per L. 

Statistical analysis. The following hypotheses were tested: the number of total 

Pythium sequences obtained per sample is identical between i) sites ii) months and iii) 

nutrient concentrations. Temperature measurements were compared between 91 water 

samples taken from irrigation heads and water sources. Total phosphorus, TDP, TDN, 

and chloride concentrations were compared between sites that utilize surface water as a 

source of irrigation. Water quality data were tested for normality using the Shapiro-Wilk 
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test (p < 0.05). When possible, non-normally distributed data was transformed (common 

log or square root) to achieve normality. Differences between water quality 

measurements of each sample were evaluated using PROC GLIMMIX in SAS 9.4 (SAS 

Institute).  

The number of Pythium sequences obtained per clade was used as a proxy 

measurement of species richness in each sample. Pythium counts were pooled between 

IHS and WSS prior to analysis. Differences in the number of Pythium sequences obtained 

per sample were evaluated using PROC GENMOD in SAS. Total Pythium frequency 

followed a negative binomial distribution and linear models were used to predict Pythium 

frequency. A negative binomial distribution was used due to the unbalanced dataset, and 

the subsequent increase in variance in April and October 2018. Data omitted from 

statistical analysis include observations from sites that only utilize municipal and well 

water. Municipal water was taken from the Missouri river and sterilized with chlorine. 

This site was excluded because no Pythium spp. were detected. A site that only utilized 

well water was excluded because nothing was detected in the water source, and to restrict 

comparisons to irrigation systems that utilize surface water (Table 3.1). 

Results 

Detected Pythium clades. In total, 511 ITS sequences were obtained using the 

isolation-based methods described above, with 453 sequences identified as a Pythium or 

Globisporangium spp. Cultureless methods were mostly unsuccessful due to the inability 

of Sanger sequencing to resolve the multiple species present in the sample. Eleven 

Pythium and four off-target Oomycete sequences were obtained through direct DNA 

extraction of bait tissue and zero sequences were obtained from direct DNA extraction 
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from membrane filters. Detected Pythium spp. include P. biforme, P. insidiosum, P. 

marsipium, and P. plurisporium (Figure 2.1). Clades A through N could not be resolved 

to the species level. Clades A, C, D, E, I, and M contain causal agents of root and crown 

rot on creeping bentgrass (Table 2.3, Abad et al. 1994). However, these clades also 

contain nonpathogenic species or species with unknown pathogenicity to creeping 

bentgrass. Clades G, H, J, and L contain phytopathogenic Pythium spp. but it is unknown 

if they infect creeping bentgrass (Allain-Boulé et al. 2004, Bouket et al. 2015, Li et al. 

2014, Mankin 1969, Sprague 1950, Weiland et al. 2013).  

Differences between sites. Total phosphorus, TDP, TDN, and chloride 

concentrations varied between sample sites and both temperature measurements varied 

between months (Table 3.2). The highest chloride concentration was observed in an 

irrigation system supplied by lake water (Figure 3.1.A.). The lake is surrounded by urban 

development and increased chloride concentrations may be attributed to large volumes of 

salt used to clear surrounding roadways in the winter. The highest TP, TDP, and TDN 

concentrations were observed in irrigation systems supplied by surface water surrounded 

by fertilized turfgrass or agriculture (Figure 3.1.B and 3.1.C). July water temperatures 

ranged from 23.6 – 27.7 while April and October temperatures ranged from 11.4 – 18.9 

(Figure 3.2). Location, IR temperature, WSS temperature, TP, TDP, TDN, and chloride 

concentrations did not significantly influence total Pythium frequency (Table 3.3). 

However, month was shown to significantly influence total Pythium frequency. The 

highest average Pythium frequency was observed in April of 2019 and July months 

(Figure 3.3.B).  
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Pythium biforme, P. insidiosum, P. marsipium, P. plurisporium and clades A, D, 

I, J, and N were only detected from one site during a single month (Table 3.4). Clade C, a 

potential causal agent of Pythium root rot on creeping bentgrass, and clade H, were 

obtained from all irrigation systems that utilize surface water. Clade C was detected most 

frequently in site 5 and during the first four sampling months. The lowest frequency of 

potentially pathogenic Pythium clades was obtained from the largest water body. Clade F 

was only detected in April 2019, but was present in seven sites. Two or three potentially 

pathogenic Pythium clades were detected in five sites and four months. Up to 10 species 

were detected in a single site and nine species detected in a single month.  

Discussion 

Prior to this study, it was established that Pythium and other Oomycetes 

disseminate through irrigation systems that utilize recycled or surface water sources 

(Bush et al. 2003, Hong & Moorman 2005, Redekar et al. 2019). This research 

demonstrates that Pythium dissemination through irrigation systems also occurs in a golf 

setting. Overall, the number of clades detected in this study is comparable to previous 

experiments that probe irrigation systems for Oomycetes using isolation-based detection 

methods (Parke et al. 2014). Total phosphorus concentrations of water samples were 

similar to previous research that sampled Missouri water bodies (Jones & Knowlton 

1993). Sites with higher TP, TDP, and TDN concentrations are likely due to fertilizer 

runoff from agriculture or surrounding well-maintained turfgrass. The temperature 

differences observed between months are characteristic of the seasonal changes 

throughout the transition zone (Dunn & Diesburg 2004). 
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Exponential and logarithmic models for predicting total Pythium frequency based 

on IR temperature, WSS temperature, TP, TDP, TDN, and chloride did not improve 

Akaike information criterion values when compared to linear models. The lack of 

interaction between these parameters and total Pythium frequency suggests that other 

factors may explain the variation of total observed Pythium populations such as 

fluctuations of individual Pythium species, presence of alternative hosts, or decomposing 

host tissue in water. This research supports previous studies that have shown that Pythium 

species in an irrigation system will change throughout the year since many Pythium spp. 

were only observed in a single month and/or location (Redekar et al. 2019). Clade F, a 

clade only detectable in April 2019, accounted for 25% of total Pythium frequency that 

month, and is likely a cause for the significant increase in Pythium frequency. The 

consistent Pythium frequency between locations is likely due to clades H and C. The high 

frequency of Clade H throughout the study is likely due to P. adhaerens. This Pythium 

spp. is pathogenic to green algae, which is present in many open water bodies and 

supports the assumption that Pythium frequency may be dependent on the presence of 

host tissue (van der Plaats-Niterink 1981). The high frequency of Clade C is likely due to 

P. torulosum and P. catenulatum. Pythium torulosum has slow to moderate mycelial 

growth rates on water agar and PARP media, but is commonly isolated from creeping 

bentgrass (Abad et al. 1994, Hsiang et al. 1995, Kerns & Tredway 2008, Nelson & Craft 

1991). P. catenulatum is a moderate to rapidly growing Pythium species and likely 

outcompeted other developing isolates on petri dishes (Feng & Dernoeden 1999). 

Consistent frequency of sequences within clade C may suggest that isolation-based 
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detection methods used in this study may have imposed a selection bias, making it 

difficult to attribute frequency differences to other parameters. 

Future experiments should utilize next generation sequencing methods paired 

with culturing methods to expand the breadth of detected species. Evidence of additional 

species may elucidate which species are competing for available resources, and provide a 

more accurate representation of the proportion of pathogenic Pythium spp. in water 

samples. Other experiments should focus on resolving the pathogenicity of Pythium spp. 

detected in this study. Eight Pythium clades detected in this study have unknown 

pathogenicity to creeping bentgrass, and the six clades that contain causal agents of root 

rot on creeping bentgrass also contain other species with unknown pathogenicity. Even 

less is known regarding how disease severity is influenced by infection of multiple 

Pythium species. Understanding how each of these Pythium species, or a combination of 

species, influences creeping bentgrass health is essential for assessing their risk.  

The exact profile of Pythium spp. appears to be a case-by-case basis, so it is 

difficult to assess the risk associated with all surface water sources. Based on this 

research, superintendents that utilize surface water for irrigation should expect the 

presence of at least one Pythium species in the irrigation system. The small size of water 

samples taken in this study in relation to total water use on a putting green suggests that 

Pythium inoculum in irrigation water is much more common than previously assumed. 

Golf courses that utilize high-risk water sources and want to decrease the inoculum load 

distributed by an irrigation system may need to consider higher cost management 

practices such as utilizing municipal water or investing in water sterilization practices.  
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Table 3.2. Effect of sampling site and month on water quality 

parameters of samples taken from eight golf courses in Missouri 

and Kansas. Samples were collected in April, July, and October 

of 2018 and 2019. Goodness of fit values are derived from Chi-

Square values divided by degrees of freedom. P-values are 

based on an F statistic.  

Response variable Goodness of 

fit 

P-value 

Site Month 

Temperature – IR
a
 8.41 0.7649 <0.0001 

Temperature- WSS
b
 30.94 0.5974 0.0011 

Total phosphorus
c
 0.06 <0.0001 0.1306 

Dissolved phosphorus
c
 0.10 <0.0001 0.1121 

Dissolved nitrate
d
 0.04 <0.0001 0.0618 

Chloride
c
 0.04 <0.0001 0.5254 

a 
IR – Infrared  

b 
WSS – Water source sample 

c 
Common log transformed 

d
 Square root transformed  
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Table 3.3.  Effect of sampling site, month, temperature, nutrient 

concentrations, and chloride on total Pythium frequency response in samples 

taken from eight golf courses in Missouri and Kansas. Samples were collected 

in April, July, and October of 2018 and 2019. Total Pythium frequency 

follows a negative binomial distribution. Goodness of fit values are derived 

from Chi-Square values divided by degrees of freedom. P-values are based on 

a Chi-Square statistic.  

Predictor variable DF 
Goodness of 

fit P-value 

Location 7 0.7674 0.8854 

Month 5 0.9774 0.0197 

Temperature -IR
a
 1 0.6361 0.9256 

Temperature- WSS
b
 1 0.6435 0.5020 

Total phosphorus 1 0.6501 0.7262 

Dissolved phosphorus 1 0.6336 0.9213 

Dissolved nitrate 1 0.6880 0.4898 

Chloride 1 0.6148 0.7347 
a 

IR – Infrared  
b 

WSS – Water source sample 
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Figure 3.1. Difference between A) chloride B) total dissolved nitrogen and C) 
phosphorus concentrations of water samples collected from eight golf course 
irrigation systems in Missouri and Kansas. All transformed data was back 
transformed to original values. Error bars represent standard error.  
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Figure 3.2. Differences between A) infrared and B) WSS temperatures. Water 
samples were collected from eight golf course irrigation systems in Missouri and 
Kansas. Error bars represent standard error.  
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Figure 3.3. Average Pythium frequency response in relation to A) sampling site and 

B) month. Water samples were collected from eight golf course irrigation systems in 

Missouri and Kansas. Error bars represent standard error. 
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Addendum 

 

 

Detection of cyanotoxins in irrigation water and potential impact on putting green 

health 
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Abstract  

Creeping bentgrass putting greens require increased irrigation during summer 

months to meet evapotranspiration requirements. Golf courses that utilize local water 

bodies for irrigation may potentially spread phytopathogenic waterborne microbes to 

putting greens. Cyanobacteria associated with yellow spot and black layer have been 

detected in water bodies and are known to produce cyanotoxins that may hinder plant 

growth at high concentrations. Water samples were collected from irrigation heads, 

irrigation intakes, and the top 0.5 m of surface water sources. Anatoxin, 

cylindrospermopsin, microcystin, and saxitoxin concentrations were analyzed using 

ELISA kits. Microcystin and saxitoxin were detected in irrigation systems that utilize 

surface water sources. Anatoxin was detectable in every irrigation system, regardless of 

water source. Cylindrospermopsin was only detected in one system that utilizes the 

largest water body in the experiment. Each site with detectable levels of microcystins, 

cylindropermopsin, and anatoxin-a meet the minimum threshold set by Missouri for 

recreational water use. However, the effect of cyanotoxin concentrations detected in this 

study on creeping bentgrass health is not well understood and should be examined in 

future experiments.  
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Introduction  

Creeping bentgrass (Agrostis stolonifera) is a cool season turfgrass used on 

putting greens throughout the transition zone. During hot summer months, frequent 

irrigation is required to meet evapotranspiration requirements and maintain turfgrass 

quality. Many golf courses utilize local water bodies for irrigation sources, potentially 

creating a dissemination pathway for waterborne pathogens of creeping bentgrass. In 

Missouri, cyanobacteria, also known as blue-green algae (e.g., Oscillatoria and Nostoc 

spp.), have been detected in water bodies and are known invaders of bentgrass putting 

greens (Baldwin & Whitton 1992, Drouet 1932, Hodges 1987). Approximately 120 

different cyanobacteria species produce potentially toxigenic chemicals in water bodies, 

and nearly half of them, including several Phormidium, Oscillatoria and Nostoc spp. 

produce microcystin, a cyanotoxin that is hazardous to humans and can inhibit plant 

development (McElhiney et al. 2001). Other potentially harmful cyanotoxins produced by 

cyanobacteria include anatoxin, cylindrospermopsin, and saxitoxin (Machado et al. 

2017). 

Cyanobacteria and associated toxin development can cause turf thinning on 

bentgrass greens and have been associated with both yellow spot and black layer 

formation (Hodges 1987, Tredway et al. 2006). The impact of microcystin on plant 

growth has been documented on a wide variety of crops, but not on turfgrasses (Machado 

et al. 2017). In most cases, exposure to high microcystin levels (>100 µg/L) in plant 

experiments decreased seed germination, growth and photosynthesis, and promoted 

oxidative stress. Irrigation water has not been investigated as a potential source of 

cyanobacterial toxins, and their impact on bentgrass growth is unknown. The objective of 
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this study was to obtain data on the levels of cyanotoxins in irrigation water, laying the 

groundwork for future investigation into assessment of cyanobacteria and cyanotoxins in 

irrigation sources and their impact on putting green health. 

Materials and methods 

Water samples were collected in July of 2019 from ten golf courses in Missouri 

and Kansas, US. July samples were collected assuming that warmer temperatures may 

cause cyanobacteria blooms and resultant higher cyanotoxin levels (Paerl & Huisman 

2008). The sampled locations utilize various water sources for irrigation including 

retention ponds, wells, a lake, and municipal water. Samples were collected directly from 

irrigation heads, near irrigation intakes, and from the surface of water sources (n=27). 

Water was collected and consolidated from multiple irrigation heads using Pyrex baking 

dishes (2.8 liters, 22.9 x 33.0 cm, Corelle Brands LLC, Rosemont, IL). A Van Dorn 

sampler (Flinn Scientific Inc., Batavia, IL) was used to collect water samples near the 

irrigation intake. The water surface was sampled with a 0.5 m deep sampling tube. Water 

samples (10 ml) were stored in amber borosilicate sample vials (Berlin Packaging, 

Chicago, IL) and sealed with polytetrafluoroethylene-lined caps (Berlin Packaging, 

Chicago, IL). Vials underwent three freeze/thaw cycles to lyse cells and release stored 

cyanotoxins. Anatoxin, cylindrospermopsin, microcystin, and saxitoxin concentrations 

were analyzed using Abraxis ELISA kits (Eurofins, Luxembourg) and quantified using a 

plate-reading spectrophotometer (Peachtree Corners, GA). The stated detection limits for 

these tests is >0.02 μg/L, 0.05 μg/L, 0.15 μg/L, and 0.15 μg/L for saxitoxin, 

cylindrospermopsin, anatoxin, and microcystin, respectively. 
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Results 

Cyanotoxins were detected in every sample (Table 4.1). Anatoxins were detected 

in 96% of samples, including a site that utilizes municipal water. Microcystin and 

saxitoxin were detected at sites that utilize surface water sources. The site with the largest 

water source (62.7 ha – LQ; Table 4.1) was the only site with detectable levels of each 

toxin, and the only site with detectable levels of cylindrospermopsin. The highest 

observed microcystin concentrations were between 8.53-8.65 μg/L, found in the surface 

water and irrigation intake from a large agricultural pond (9.6 ha) that also serves as a 

golf course irrigation source. The water sample taken from irrigation heads at this golf 

course (WC; Table 4.1) had a much lower microcystin concentration (0.34 μg/L) than this 

source pond. Microcystin levels from all other samples averaged 0.38 μg/L. All anatoxin, 

cylindrospermopsin, and saxitoxin concentrations were ≤ 0.30 μg/L.  

Discussion 

Missouri has established qualitative thresholds for cyanotoxins in recreational 

water based on the presence or absence of microcystins, cylindrospermopsin, and 

anatoxins. Each site with detectable levels of microcystins, cylindrospermopsin, and 

anatoxins meet the minimum thresholds. At the low, and perhaps ecologically relevant, 

microcystin concentrations found in our samples, most studies in plant-soil systems 

indicate no deleterious effects on plant health, and in some cases low concentrations (<10 

μg/L) may even accelerate plant growth (Machado et al. 2017). The effect of multiple 

cyanotoxins and a potential additive deleterious effect on plant growth have not been well 

studied, however, nor has the potential impact of even small doses as aerosolized 

irrigation spray on plant surfaces. Future research in this area, and the potential for 
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irrigation to serve as a deliver mechanism of terrestrially capable cyanobacteria inoculum 

on golf putting greens, is warranted.  
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Table 4.1. Cyanotoxin concentration of water samples taken in July of 2019 from golf course irrigation systems in Missouri and Kansas.  

Site  

(Size and source) 
Location 

Microcystin  

concentration (µg/L) 

Anatoxin  

concentration (µg/L) 

Saxitoxin  

concentration (µg/L) 

Cylindrospermopsin  

concentration (µg/L) 

CCMO (Pond) 

Irrigation head BDLx 0.25 0.04 BDL 

Irrigation intake 0.2 0.26 0.05 BDL 

Surface water BDL 0.27 0.04 BDL 

DAL (Pond) 

Irrigation head 0.23 0.29 BDL BDL 

Irrigation intake 0.84 0.17 BDL BDL 

Surface water 0.92 0.27 BDL BDL 

LED (Pond) 

Irrigation head BDL 0.19 BDL BDL 

Irrigation intake 0.42 0.16 BDL BDL 

Surface water 0.32 BDL BDL BDL 

SA (Pond) 

Irrigation head 0.16 0.22 BDL BDL 

Irrigation intake 0.26 0.21 BDL BDL 

Surface water 0.28 0.20 BDL BDL 

SF (Pond) 

Irrigation head 0.38 0.25 0.09 BDL 

Irrigation intake 0.54 0.27 0.12 BDL 

Surface water 0.44 0.28 0.10 BDL 

WC (Pond) 

Irrigation head 0.34 0.30 0.03 BDL 

Irrigation intake 8.65 0.24 BDL BDL 

Surface water 8.53 0.29 0.03 BDL 

HS  (½ pond  

& ½ well) 

Irrigation head BDL 0.15 BDL BDL 

Irrigation intake BDL 0.19 BDL BDL 

Surface water 0.22 0.18 BDL BDL 

AG (well) 
Irrigation head BDL 0.22 BDL BDL 

Irrigation intake BDL 0.26 BDL BDL 

LQ (lake) 

Irrigation head 0.19 0.24 0.04 0.08 

Irrigation intake 0.28 0.29 0.10 0.09 

Surface water BDL 0.25 0.11 0.09 

STLCC  

(municipal water) 
Irrigation head BDL 0.18 BDL BDL 

xBDL – Below the detection limit of the Abraxis ELISA tests used. These limits are <0.15 μg/L – microcystin, < 0.15 μg/L – anatoxin, < 0.02 μg/L – 

saxotoxin, and < 0.05  μg/L cylindrospermopsin.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 


