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ABSTRACT 

Duchenne muscular dystrophy (DMD) is an X-linked severe muscle 

disease caused by dystrophin gene mutations affecting 1 in 3,500 newborn 

males worldwide every year. DMD is characterized by progressive skeletal 

muscle degeneration and weakness. In advanced disease, respiratory 

insufficiency and dilated cardiomyopathy limit life expectancy. The purpose of 

this study was to investigate the time course of myocardial fibrosis and 

respiratory decline in a mouse model of DMD. The extent of fibrosis was 

determined in histological sections using planimetry. We found that 16-month-old 

DMD hearts were in early stages of myocardial fibrosis, with 9.6 +/- 0.04% in the 

RV (n=3) and 2.1 +/- 0.01% in the LV (n=3). In contrast, the dystrophic changes 

in the diaphragm at 16 months of age were severe (52.1% fibrosis). Using whole-

body plethysmography and pulse oximetry, we assessed respiratory function and 

blood oxygen saturation (SaO2). At 12 months of age, Dmdmdx4cv mice exhibited 

significantly lower respiratory frequency and oxygen consumption. However, 

ventilation (Ve) and ventilatory equivalent (Ve/VCO2) were not different compared 

to wild-type littermates, in part due to slightly increased tidal volume. Likewise, 

there was no effect of genotype on SaO2. These data suggest that while the 

dystrophic changes in the diaphragm were severe, overall respiratory status is 

not severely compromised in 12–16-month-old DMD mice. Altogether, these data 

provide a framework for determining the time course of cardiorespiratory decline 

in DMD mice. In the future, this could lead to new therapeutic approaches to 

minimize DMD-induced heart and respiratory failure at early-stage disease. 
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INTRODUCTION 

 

Dystrophin  

The dystrophin gene is the largest known human gene. It contains 2.6 

million DNA base pairs and 79 exons, making up roughly 0.1% of the entire 

genome (4) (6). This gene is located in the short arm of the X chromosome and 

is responsible for supplying instructions for production of the dystrophin 

protein.  Dystrophin is a large, rod-shaped cytoplasmic protein consisting of four 

domains: actin-binding amino-terminal domain, a central rod domain, a cysteine-

rich domain, and a carboxyl-terminus (4). The size of this protein is 427kDa. Due 

to its large size, dystrophin is prone to high rates of spontaneous mutation (11). 

Dystrophin is a vital part of the muscle cell membrane as it acts as an anchor 

linking the actin cytoskeleton to the muscle cell membrane via the dystroglycan 

complex. The dystroglycan complex is composed of an alpha subunit (α-

dystroglycan) and a beta subunit (β-dystroglycan) as shown in green in Figure 1 

(α-DG and β-DG).  
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Figure 1. Schematic outline of the dystrophin protein anchored to the actin 
cytoskeleton and the dystroglycan complex. Dystrophin consists of the actin-
binding amino-terminal domain (N-terminus), a central rod domain (consisting of 
24 spectrin-like repeats), a cysteine-rich domain (CR) and a carboxyl-terminus 
(CT) (10). 
 

Dystrophin is necessary to maintain the integrity of the sarcolemma (5). If 

the skeletal muscle contracts in the absence of dystrophin or presence of a 

truncated dystrophin protein, the muscle cell membrane will weaken overtime 

and eventually tear. This provides a pathway, allowing ions such as calcium to 

leak into the cell. Elevated levels of intracellular calcium will activate proteases 

leading to damage of fully functional proteins and myocyte death. Due to plasma 

membrane leakiness, creatine kinase (CK) levels in the blood will increase. High 

blood levels of CK are a known marker for Duchenne muscular dystrophy 

(DMD). This eventually leads to fibrosis as the lost myocytes will be replaced with 

fat and scar tissue.  
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Duchenne Muscular Dystrophy  

Muscular dystrophies (MDs) are a group of inherited diseases 

characterized by progressive muscle weakness and skeletal muscle wasting. 

Every year, 1 in 3,500 newborn males worldwide are affected by this devastating 

disease (4). There are multiple forms of MDs including congenital MD, distal MD, 

myotonic MD, Becker muscular dystrophy and Duchenne muscular dystrophy 

with DMD being the most common (7).  

DMD is characterized by progressive muscle weakness due to mutations 

in the dystrophin gene. Point mutations are the most common form of mutations 

in DMD (4). This occurs when a single base pair in a gene is altered. This can 

either be categorized as a missense or nonsense mutation. A missense mutation 

is one in which a nucleotide substitution leads to a change in the encoded amino 

acid. A nonsense mutation occurs when the nucleotide substitution leads to 

generation of a stop codon, ultimately leading to a truncated protein. 

DMD is inherited as an X-linked recessive trait, therefore, primarily 

affecting males since males only possess one X chromosome. Females may also 

inherit a mutated gene which would cause them to be carriers of this disease. 

About 8% of female carriers display a DMD phenotype (39). The mutations in the 

dystrophin gene lead to loss of dystrophin protein in both skeletal and cardiac 

muscle, resulting in progressive weakness, skeletal muscle wasting, and reduced 

ability of the heart to pump blood.  
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The first historical account of DMD occurred in the first half of the 19th 

century (8)(9). Dr. Charles Bell, an English physician described the symptoms of 

an 18-year-old boy who was experiencing partial muscle paralysis: 

 

“” All the muscles of the lower extremities, the hips, and the abdomen, are 

debilitated and wasted…. He has no defect of sensibility in the lower extremities. 

The upper part of the body, the shoulders, and arms, are strong. There is no 

defect perceptible in the evacuation of the bladder or of the bowels…. The 

paralytic debility of the muscles came on gradually; he was first sensible of it at a 

public school, about eight years ago. It began with a weakness in the thighs, 

which disabled him from rising; and it is now curious how he will twist and jerk his 

body to throw himself upright from his seat. (4)”” 

Subsequently, Italian physicians documented similar cases of two brothers 

with their main symptoms being progressive muscle weakness and 

pseudohypertrophy in the upper and lower extremities. Prevalence of these 

cases began to increase in the 1850s. French neurologist Guillaume Duchenne 

closely examined 13 cases of males with muscle weakness, bulging muscles and 

difficulty walking. He concluded that these patients were experiencing more than 

just mere progressive muscle weakness and “spinal” muscle atrophy as was 

originally thought (8). 
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Progressive Symptoms  

Clinical symptoms of DMD occur as early as 3 years of age and include 

difficulties in walking and changing body position. Patients will also exhibit a 

phenomenon known as Gowers’ sign which was observed by neurologist Sir 

William Richard Gowers in 1879 (12). This occurs when DMD patients place their 

hands on their knees to support themselves in rising from a supine position due 

to weakness of hip and knee extensors (12). The Gower’s sign is commonly used 

as a screening test for DMD. 

 

 

Figure 2. Male DMD patient exhibits Gower’s sign. “He helps himself up in a 
very peculiar way—by putting his hands upon his knees, and grasping his thighs 
higher and higher, and so by…climbing up his thighs he pushes his trunk 
up.”(13). (a) Patient resting in a kneeling position, most likely occurring after 
being in supine position. (b) Patient gets into prone position. (c) Patient forms a 
triangle shape while pushing against the floor to support himself. (d) Patient 
continues to attempt rising to a standing position. (e) Patient now begins to 
support himself by placing his hands against his knees. (f-g) patient 
progressively moves his hands upward from his knees to his thighs. (h) Patient 
with arched back while standing upright. 
 



 6 

Due to progressive muscle weakness, patients will ultimately become 

wheelchair-dependent. Because the diaphragm is a muscle, it is unfortunately 

affected by DMD and patients will eventually require respiratory assistance. In 

end-stage disease, the symptoms include severe heart failure as the life-limiting 

effect. It is important to note that neurological defects are not the cause of 

muscle weakness and instability as may be seen in spinal cord injuries or 

progressive muscle atrophy (8). 

 

According to the National Institute of Health (NIH), and the Genetic and 

Rare Diseases Information Center (GARD), 80-99% of DMD patients experience 

these symptoms: calf muscle hypertrophy, cardiomyopathy, cognitive 

impairment, delayed speech and language development, elevated serum CK, 

scoliosis, skeletal muscle atrophy, progressive muscle weakness and respiratory 

insufficiency (14) (23). 

 

Cardiovascular Effects of DMD  

Severe heart failure is the most common cause of death in DMD patients, 

more specifically, progressive dilated cardiomyopathy (2).  In end-stage disease, 

chronic hypoxia often occurs leading to pulmonary hypertension (26), which 

substantially increases workload of the right ventricle. Previous studies have 

indicated that the initial stages of heart failure may begin in the right ventricle 

(RV) (25).  
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The function of the heart is to pump oxygenated blood throughout the 

body. Deoxygenated blood flows from the superior vena cava to the right atrium 

of the heart, through the tricuspid valve to the right ventricle. From the right 

ventricle, blood is pumped to the lungs through the pulmonary valve. In the lungs, 

deoxygenated blood becomes oxygenated as gas is being exchanged between 

the alveoli and the capillaries - oxygen diffuses from the lungs into the 

bloodstream while carbon dioxide diffuses from the bloodstream into the lungs. 

When the oxygenated blood leaves the lungs, it flows from the left atrium to the 

left ventricle via the mitral valve. It is then pumped from the left ventricle to the 

aorta via the aortic valve. The aorta then distributes blood to the body’s tissues. 

 

Patients with DMD typically present with cardiac fibrosis and early diastolic 

dysfunction between the age of 10 and 15 (18) (19). Because the heart muscle 

becomes progressively weaker over time, the heart is not able to efficiently pump 

oxygenated blood to the tissues. This eventually progresses to cardiomyopathy 

as the life-limiting effect.  

 

Due to little understanding concerning pathophysiology of DMD induced 

heart failure, there are limited therapeutic options. This includes ACE inhibitors 

and corticosteroids (2). These drugs are effective in slowing down disease 

progression, although unfortunately cannot abolish the detrimental effects. As a 

result, the average age of mortality in DMD patients can begin as early as mid to 

late 20s (20). 
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Respiratory Function in DMD  

In DMD patients, respiratory insufficiency usually occurs during the non-

ambulatory stage. This is because DMD patients who have become wheelchair 

dependent often suffer from scoliosis which may affect the chest cavity structure 

and compliance due to the abnormal spine curvature (24). Symptoms of 

breathing difficulties in DMD include shallow breathing, hypoventilation, 

wheezing, weakened cough, difficulty sleeping, shortness of breath, and severe 

oxygen desaturation. (15) (24).  

 

The diaphragm is a voluntary and involuntary muscle located under the 

lungs and is affected by DMD. Its function is to assist with breathing, more 

specifically, inhalation. When the diaphragm contracts, it moves downward, thus 

increasing the volume in the thoracic cavity, which causes the pressure round the 

lungs to decrease, pulling the lung open. Subsequently, the increased volume in 

the lungs lead to a decrease in pressure which causes oxygen to move from the 

atmosphere into the lungs upon inhalation. There are additional muscles that 

assist with increasing the space in the thoracic cavity, these are known as 

accessory muscles. The accessory muscles include but are not limited to the 

scalenes, sternocleidomastoid, and the latissimus dorsi. These muscles function 

to elevate the upper and lower ribs, and to elevate the sternum respectively (28). 

Since all patients with DMD experience respiratory muscle weakness (15), the 

diaphragm and accessory muscles eventually weaken, leading to decreased 

space in the thoracic cavity. As a result, the lungs are not able to expand 
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sufficiently, thus gas exchange is slowed, resulting in hypoventilation, eventually 

leading to hypercapnia and decreased oxygen intake. It is important to note that 

the lungs of DMD patients are not directly affected by this disease. Rather, it is 

the diaphragm that is directly affected as it is a skeletal muscle. This in turn 

affects the lungs leading to respiratory insufficiency in early-stage disease. 

 

Mouse Models of DMD 

To more closely study and understand the pathophysiology of DMD, it is 

important to have an animal model that is closely analogous to the human 

disease of DMD and develops a vast majority of the effects that are seen in DMD 

patients. Without a viable animal model, it will be difficult to understand DMD as 

seen in humans, and to lay the groundwork for suitable therapeutic approaches. 

The mdx mouse model was used more frequently in the past and contains a 

nonsense mutation at exon 23 that ultimately leads to loss of the dystrophin 

protein; however, it does not develop the DMD dilated cardiomyopathy and does 

not have a shortened lifespan (1). The skeletal muscle displays mild/moderate 

changes in histopathology and function, and age of onset for the mdx mouse 

model is about 3-4 weeks. While the histopathology of the cardiac muscle is mild, 

mdx mice display little to no dysfunction (1). The age of onset for the cardiac 

muscle is about 10 months (1). 

 

There are various other DMD mouse models such as mdx2cv, mdx3cv, 

mdx4cv, and mdx5cv which were created from the C57BL/6 mouse strain (1). 
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These mouse models were created by treating mice with a chemical mutagen, N-

ethyl-N-nitrosourea, and each of these models contain different types of 

mutations. The mdx2cv and mdx3cv mouse models contain a point mutation at the 

splice acceptor of intron 42 and intron 65 respectively, while the mdx4cv and 

mdx5cv contain a point mutation at exon 53 and exon 10 respectively (1). This 

results in a premature stop codon in the mdx4cv mouse model as the point 

mutation is a nonsense mutation. The Dmdmdx4cv mouse model is a strain of the 

mdx mouse and is often used as it exhibits disease effects as seen in humans. A 

potential reason for this may be that this model has 10-fold fewer revertants 

compared to other models. Since the Dmdmdx4cv mouse is not able to replace 

lost skeletal muscle fibers, due to its fewer revertants, this is an advantage to 

study the effects of DMD in the skeletal muscle during early-stage disease. Our 

rationale for using the Dmdmdx4cv mouse model was to detect subtle pathological 

changes that occur in DMD mice and to note the time course of progression for 

cardiac and skeletal muscle fibrosis. 

 

OBJECTIVES 

The purpose of this study was to note the time course of cardiopulmonary 

insufficiencies in DMD mice. To do this, we assessed cardiac fibrosis and 

respiratory function in Dmdmdx4cv mice that varied in age. Using this mouse 

model of DMD, we investigated the subtle pathological dystrophic changes that 

occur in the cardiac muscle of younger, compared to older Dmdmdx4cv mice. We 

also assessed fibrosis in the diaphragm of older Dmdmdx4cv mice and evaluated 



 11 

their respiratory function. Respiratory function was also determined in very young 

mice in order to note the time course of respiratory insufficiency in the 

Dmdmdx4cv mouse model and for comparison to studies in the literature. 

 

HYPOTHESIS 

 Significant dystrophic changes in the cardiac and diaphragm muscle will be 

detected in the older mice and will be more severe in the older Dmdmdx4cv mice 

than in the younger Dmdmdx4cv mice. Moreover, the respiratory function of older, 

but not younger Dmdmdx4cv mice will be severely compromised. 
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MATERIALS AND METHODS 

Experimental Animals 

The animals used for this study were male Dmdmdx4cv mice. There were two age 

ranges used for this study: young (2–6-month-old mice) and older (12-16- month-

old mice). The young mice were in the early stages of DMD while the older mice 

were in advanced stage disease. Animals were housed in animal care facilities of 

the University of Missouri. All experiments involving mice were approved by the 

University of Missouri Animal Care & Use Committee and conducted in 

accordance with the American Physiological Society Guiding Principles in the 

Care and Use of Vertebrate Animals in Research and Training. C57BL/6J and 

B6Ros.Cg- Dmdmdx4cv /J (mdx4cv) mice were purchased from The Jackson 

Laboratory (stock numbers 000664 and 002378). Heterozygous mice were 

generated in house by crossing C57BL6/J with mdx4cv. For all experiments, the 

controls used were wild type littermates of the Dmdmdx4cv mice. 



 13 

PCR Genotyping Based on Primer Competition. There were three primers 

used for mdx genotyping: a common reverse primer (DL1579), a wild type allele-

specific forward primer (DL1532) and a mutant allele-specific forward primer 

(DL1575). Tail DNA was extracted using phenol / chloroform followed by alcohol 

precipitation. The PCR condition was set as (1) an initial denaturation at 95°C for 

2 min; (2) five cycles of the first stage amplification including 95°C denaturation 

for 20 sec, 62°C annealing for 20 sec, and 72°C extension for 20 sec; (3) 23 

cycles of the second stage amplification, and (4) a final extension at 72°C for 1 

min. The PCR was performed in a Bio-Rad thermal cycler. The PCR products 

were resolved in a 3% agarose gel (27). 

 

Protein Analyses. For total protein extracts, flash-frozen mouse ventricles were 

homogenized in lysis buffer [150 mM NaCl, 10 mM Tris (pH 7.4), 1% Triton X-

100, and 1x HALT Protease & Phosphatase Inhibitor Cocktail (Sigma-Aldrich)]. 

The homogenates were centrifuged (8,000 g for 10 minutes at 4°C). Protein 

concentrations in the supernatant were determined colorimetrically using a dye-

binding assay (Bio-Rad). After boiling, proteins were separated by SDS-PAGE 

(10% acrylamide gels) and transferred to polyvinylidene difluoride membranes 

(Bio-Rad). Membranes were blocked with TBS-T and nonfat milk (5%). The 

following primary antibodies were used for Western blotting: Monoclonal 

(MANDYS1(3B7)) and Glyceraldehyde 3-Phosphate Dehydrogenase (GAPDH) 

(D16H11) XP® (1:1000) from Cell Signaling Technologies. Primary antibody 

binding was visualized by horseradish peroxidase-conjugated secondary 
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antibodies and enhanced chemiluminescence (Amersham; GE Healthcare) using 

a Bio-Rad ChemDoc imaging system. 

 

Histological Analysis. For cardioplegic arrest in end-diastole, mice underwent 

deep inhalation anesthesia using 2–3% isoflurane with 0.6 liters flow of O₂. 

Hearts were perfused through the apex with 4% paraformaldehyde in phosphate-

buffered saline containing 25 mM KCl and 5% dextrose. Hearts were then further 

fixed with 4% paraformaldehyde in phosphate-buffered saline overnight, infused 

with 30% sucrose, embedded in Tissue-Tek OCT compound, frozen, and cut into 

7-micrometer cryosections. Longitudinal sections through the middle of the heart 

where leaflets of both mitral and tricuspid valves were seen in the same plane 

were stained with Hematoxylin and Eosin (Sigma-Aldrich) and Gomori’s One-

Step Trichrome (Poly Scientific) according to manufacturers’ specifications. 

 

Image Analysis/Planimetry. Images were obtained using an Olympus BX60 

Microscope and Cellsens software. NIH Image J was used to perform image 

analysis. 

 

Plethysmography. Data were recorded from unrestrained animals kept within a 

water-perfused glass plethysmographic chamber (volume: 100ml) maintained at 

an ambient temperature of 27°C. Air (21% O2, balance N2) from a gas cylinder 

passed through a flowmeter prior to entering the chamber via a 20G needle 

pushed through one of the rubber stoppers that seal the chamber. Chamber 

pressure was kept near atmospheric by pulling the gas from the opposite end of 
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the chamber with the pump from a O2/CO2 analyzer (model GA-200, iWorx 

Systems, Inc., Dover, NH), also through a 20G needle. Air flow through the 

chamber was held constant at 250 ml/min. The analog signal from the respiratory 

pressure transducer was fed into a Powerlab data acquisition system 

(ADInstruments) and analyzed in LabChart V8 (ADInstruments). 

 

Pulse oximetry. The MouseOx Plus was used for this experiment and contains 

multiple sensors available to monitor or record measurements on both conscious 

and anesthetized mice, rats, and other small animals. Blood oxygen saturation 

and heart rate were measured using a collar sensor that obtains a signal from the 

carotid arteries. This sensor measures changes of light absorption in oxygenated 

and deoxygenated blood.  

 

Statistical Analysis. All data are expressed as mean +/- S.D. (S.E.M.). For all 

data sets, comparisons between Dmdmdx4cv mice and control littermates were 

evaluated using Student’s unpaired t-test, and p < 0.05 was considered 

statistically significant. 
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RESULTS 

 

Mdx4cv genotyping 

To more closely study and understand the pathophysiology of DMD, we 

used the Dmdmdx4cv mouse model. Mutant allele specific primer and Wild-Type 

allele specific primer were used in mdx4cv genotyping. These primers were in 

competition to bind with the mouse dystrophin gene; the expected sizes were 

141 base pairs for the wild-type product and 123 base pairs for the mdx4cv 

product. The PCR products are shown in Fig. 3.  

 

 Figure 3. Quantitative PCR results for mdx4cv genotyping. Bands in lanes 4-
7 are representative of control mice. Bands in lanes 1 and 3 are representative of 
Dmdmdx4cv mice. 
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Protein Analyses 

To evaluate the dystrophin expression in the mice, Western blot analysis 

was used to quantify dystrophin expression in ventricular tissue from wild-type 

(WT) and Dmdmdx4cv mice. Western blot analysis of samples from WT and 

Dmdmdx4cv mice is shown in Fig. 4. In Dmdmdx4cv samples (lanes 3, 5-7, and 

11), no dystrophin can be detected. In contrast, samples from WT mice (lanes 1-

2, 4, and 8-10) show normal levels of dystrophin. This confirms that the 

nonsense mutation in Dmdmdx4cv mice results in loss of dystrophin protein. 

 

Figure 4. Protein analysis for WT and Dmdmdx4cv mice. Western blot analysis 
indicates lack of dystrophin expression in Dmdmdx4cv mice (upper panel). Lanes 
3, 5-7 and 11 are representative of the Dmdmdx4cv mice. Lanes 1-2 and 4 are 
representative of the WT mice. GAPDH was used as loading control (lower 
panel). 
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Dystrophic Changes in Cardiac Muscle (six-month-old mice) 

To determine the extent of cardiac fibrosis in a young, six-month-old 

Dmdmdx4cv mice, histological analyses using Gomori Trichrome staining were 

performed. The amount of fibrosis was determined via planimetry in both six-

month-old WT mice and six-month-old Dmdmdx4cv mice. In the following figure, 

data are shown as percentage of fibrotic area for the right ventricular free wall 

(Fig. 5), the left ventricle (left ventricular free wall and septum, Fig. 6), and as 

total percentage for both ventricles combined (Fig. 7). There was not a significant 

difference in right ventricular fibrosis between the WT mice and DMD mice (Fig. 

5B-C). We also determined the extent of fibrosis in the LV (Fig. 6A) and again 

saw no significant differences between WT and Dmdmdx4cv mice. 

In summary, we discovered that there was a negligible amount of myocardial 

fibrosis in both the RV and the LV, and there was no significant difference in the 

total myocardial fibrosis between the two groups (Fig. 7). Overall, these data 

suggests that the Dmdmdx4cv mice hearts are not severely fibrotic at six months 

of age, exhibiting less than 2% total fibrosis. 

  



 19 

 

 

Figure 5. Myocardial collagen expression and fibrosis in right ventricle of 
wild-type (WT) and Dmdmdx4cv mice. (A) Percentage of fibrotic areas in the 
right ventricle (RV) of six-month-old wild type mice (n=3) and six-month-old 
Dmdmdx4cv mice (n=6). The percent of fibrosis is indicated by the black bars for 
WT mice and the gray bars for Dmdmdx4cv mice. (B) Representative section of 
RV in wild type mice stained with Gomori Trichrome. (C) Section of RV in DMD 
mice stained with Gomori Trichrome. Fibrotic areas are shown by the black 
arrows. P value < 0.05 was considered statistically significant. 
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Figure 6. Fibrosis in left ventricle of wild-type (WT) and Dmdmdx4cv mice. 
(A) Percentage of fibrotic areas in the left ventricle of six-month-old wild type 
mice (n=3) and six-month-old DMD mice (n=6). The percent of fibrosis is 
represented by the black bars for WT and the gray bars for mdx4cv. (B) Section of 
LV in six-month-old wild type mice stained with Gomori Trichrome. (C) Section of 
LV in six-month-old DMD mice stained with Gomori Trichrome. P value < 0.05 
was considered statistically significant. 
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Figure 7. Total myocardial collagen expression and fibrosis in WT mice and 
Dmdmdx4cv mice. Expression of total myocardial fibrosis in six-month-old WT 
mice (n=3) and Dmdmdx4cv mice (n=6). The percent of fibrosis is shown by the 
black bars for WT and the gray bars for mdx. P value < 0.05 was considered 
statistically significant. 
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Dystrophic Changes in Cardiac Muscle (16-month-old mice) 

Next, we assessed the extent of cardiac fibrosis in older DMD mice at 16 

months of age. Using Gomori Trichrome staining, we found that there was a 

trend towards increased right ventricular fibrosis in the same-aged Dmdmdx4cv 

mice compared to the WT mice, but this trend did not reach statistical 

significance (Fig. 8). Similarly, there were no significant differences in LV (Fig. 9) 

or total fibrosis (Fig. 10), although trends to higher levels of fibrosis were 

observed (Fig. 10). 

 

Figure 8. Fibrosis in right ventricle of wild-type (WT) and Dmdmdx4cv mice. 
(A) Percentage of fibrotic areas in the right ventricle of sixteen-month-old wild 
type mice and sixteen-month-old DMD mice respectively. The percent of fibrosis 
is represented by the black bars for WT (n=3) and the gray bars for mdx4cv (n=3).  
(B) Section of RV in sixteen-month-old wild type mice stained with Gomori 
Trichrome. (C) Section of RV in sixteen-month-old DMD mice stained with 
Gomori Trichrome. Fibrotic areas are indicated by the black arrows. P value < 
0.05 was considered statistically significant. 
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Figure 9. Myocardial collagen expression and fibrosis in left ventricle of 
wild-type (WT) and Dmdmdx4cv mice. (A) Percentage of fibrotic areas in the left 
ventricle of sixteen-month-old WT mice (n=3) and sixteen-month-old DMD mice 
(n=3). (B) Section of LV in sixteen-month-old WT mice stained with Gomori 
Trichrome. (C) Section of LV in sixteen-month-old DMD mice stained with 
Gomori Trichrome. P value < 0.05 was considered statistically significant. Fibrotic 
areas are indicated by the black arrows. 
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Figure 10. Total myocardial collagen expression and fibrosis in WT mice 
and Dmdmdx4cv mice. Total myocardial fibrosis in sixteen-month-old WT mice 
(n=3) and Dmdmdx4cv mice (n=3). P value of 0.05 was considered statistically 
significant. 
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Dystrophic Changes in Diaphragm Muscle (16-month-old mice) 

As we found surprisingly low levels of cardiac fibrosis in 16-month-old 

Dmdmdx4cv mice, we decided to also assess the extent of diaphragm fibrosis in 

16-month-old Dmdmdx4cv mice compared to WT mice. This was determined in 

Gomori Trichrome-stained histological sections using planimetry. The diaphragm 

of the 16-month-old WT mice showed a negligible amount of fibrosis under the 

microscope (Fig. 11A), while the Dmdmdx4cv mouse diaphragm was severely 

fibrotic (Fig. 11B). There was a significant difference in dystrophic changes seen 

in the WT mice diaphragm compared to the Dmdmdx4cv mice (Fig. 11C). 

Surprisingly, the diaphragm of the Dmdmdx4cv mice exhibited an alarming 

amount of fibrosis compared to the cardiac muscle of the 16-month-old 

Dmdmdx4cv mice (Fig. 11D). These data indicate that: 1) The diaphragm muscle 

is severely affected in the DMD mice at 16 months of age. 2) The diaphragm 

muscle is more severely affected than the cardiac muscle in 16-month-old 

Dmdmdx4cv mice. 
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Figure 11. Gomori staining of the diaphragm in 16-month-old mice. (A) 
Section of diaphragm in 16-month-old WT mice. Gomori Trichrome staining was 
used to detect fibrosis (B) Section of diaphragm in 16-month-old Dmdmdx4cv 
mice. (C) Total fibrotic area in diaphragm of WT mice (n=3) as represented by 
the black bar scale and Dmdmdx4cv mice (n=3) as represented by the gray bar 
scale. (D) Total percent of fibrosis in 16-month-old DMD mice cardiac muscle 
and diaphragm muscle respectively. P value < 0.05 is considered statistically 
significant. 
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Evaluation of Respiratory Function in Advanced Stage Dmdmdx4cv mice (12 

months old) 

The diaphragm muscle of the 16-month-old Dmdmdx4cv mice showed 

increased amount of fibrosis compared to the cardiac muscle (Fig. 11D). Based 

on these findings, we tested whether respiratory function of advanced stage 

Dmdmdx4cv mice would be impaired. Whole body plethysmography and pulse 

oximetry were used on 12-month-old Dmdmdx4cv mice to evaluate respiratory 

function. We measured variables such as respiratory frequency (f), tidal volume 

(VT), ventilation (VE), oxygen consumption (VO2), metabolic CO2 production 

(VCO2) and the ventilatory equivalent (VE/VCO2; an index of blood gas status) of 

both wild-type and Dmdmdx4cv mice. Pulse oximetry was used to measure blood 

oxygen saturation (SaO2) in mice during and just after anesthesia.  As mentioned 

previously, we hypothesized that overall respiratory function would be 

compromised in 12-month-old Dmdmdx4cv mice. 

 

Respiratory Frequency and Tidal Volume in Advanced Stage Dmdmdx4cv 

mice 

Whole body plethysmography, which measures changes in volume of air 

in the lungs, was used to determine respiratory frequency in WT and Dmdmdx4cv 

mice. Respiratory frequency is defined as breaths per minute (bpm). We also 

determined tidal volume which is expressed in ml/min and is defined as the 

volume of air delivered to the lungs with each breath. Respiratory frequency was 

significantly lower in Dmdmdx4cv mice compared to WT mice (Fig. 12A). 
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Interestingly, there was a trend for higher tidal volume in the mdx mice compared 

to the WT mice (Fig. 12B). A reason for this may be that the mice were 

compensating for lower respiratory frequency by increasing their tidal volume. 

 

 

Figure 12. Respiratory frequency and tidal volume in 12-month-old wild type 
mice and Dmdmdx4cv mice. Bar graphs were used to show variations between 
respiratory parameters. (A) Respiratory frequency (f) of 12-month-old WT mice 
and 12-month-old DMD mice. (B) Tidal volume (VT). The f and VT of WT mice (n 
=8) is indicated by the black bar. The gray bar indicates the f and VT of the mdx4cv 
mice (n=9). 
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Respiratory Function Variables in Advanced Stage Dmdmdx4cv mice 

Ventilation is defined as frequency x tidal volume – the air flowing into the 

lungs during inspiration (inhalation) and out of the lungs during expiration 

(exhalation). There was no significant difference in ventilation when wild type 

mice were compared to Dmdmdx4cv mice (Fig. 13A). This suggests similar 

breathing patterns between the two genotypes. Ventilatory equivalent (Ve /VCO2) 

was also measured in WT and Dmdmdx4cv mice. Ve /VCO2 is described as the 

volume of gas expired per minute to the volume of CO2 consumed per minute 

and is an indicator of blood gases. There was no significant difference in Ve 

/VCO2 when wild type mice were compared to Dmdmdx4cv mice (Fig. 13B). This 

suggests that there is not significant difference in blood gases between WT and 

Dmdmdx4cv mice. Metabolic responses such as oxygen consumption (VO2) and 

metabolic CO2 production were also measured in WT and Dmdmdx4cv mice for 

comparison. VO2 is defined as the volume of oxygen taken in by the body per 

minute. Metabolic CO2 production was also measured (VCO2). VCO2 is defined in 

ml/min, this is the volume of carbon dioxide produced per minute and is an index 

of basal metabolic rate. Oxygen consumption and carbon dioxide output were 

significantly lower in Dmdmdx4cv mice compared to WT mice (Fig. 13 C-D).  
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Figure 13. Ve, Ve /VCO2, VO2 and VCO2 in WT and Dmdmdx4cv mice. (A) 
Ventilation, (B) Ventilatory Equivalent, (C) VO2, (D) VCO2. The respiratory 
variables of WT mice (n =8) are indicated by the black bar. The gray bar indicates 
the f and VT of the mdx4cv mice (n=9) 
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Oxygen Saturation in WT and Dmdmdx4cv mice 

 Oxygen saturation is the percent of hemoglobin bound to oxygen. This is 

indicative of the blood gas status. There was no significant difference in O2 

saturation between WT and Dmdmdx4cv mice whether anesthetized or conscious. 

This suggests that gas exchange is unchanged between the two genotypes. 

 
Figure 14. Oxygen saturation in 12-month-old WT and Dmdmdx4cv mice 
during and just after anesthesia. The oxygen saturation of WT mice (n =8) is 
indicated by the black bar. The gray bar indicates the f and VT of the mdx4cv mice 
(n=9). 
 

In conclusion, Dmdmdx4cv mice had a significantly lower respiratory 

frequency than wild type mice. Tidal volume in wild type and Dmdmdx4cv mice 

were not significantly different, but there was a trend for higher VT in Dmdmdx4cv 

mice. Dmdmdx4cv mice may be compensating for low respiratory frequency by 
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increasing their tidal volume. There was no significant difference in ventilation 

between wild type mice and Dmdmdx4cv mice, nor was there a significant 

difference in ventilatory equivalent between wild type mice and Dmdmdx4cv mice. 

Since Dmdmdx4cv mice may be compensating for their lower frequency, we did 

not expect to see a change in ventilation between the two groups. Moreover, 

oxygen consumption and carbon dioxide output were significantly lower in 

Dmdmdx4cv mice compared to wild type mice, but oxygen saturation between wild 

type mice and Dmdmdx4cv mice was not significantly different. The lower 

metabolic rate of the Dmdmdx4cv mice is a notable finding and may in part be 

attributed to less physical activity in the Dmdmdx4cv mice. The similarities in 

oxygen saturation between the two groups suggests that blood gases are the 

same, and that gas exchange is not compromised in the diseased mice. 

Altogether, these data suggest that while metabolic rate is lower in Dmdmdx4cv 

mice, respiratory status in 12-month-old Dmdmdx4cv mice is not severely 

compromised. Also, the Dmdmdx4cv mice may use breathing compensatory 

mechanisms in response to lower respiratory frequency. 

 

Evaluation of Respiratory Function in Young Dmdmdx4cv mice (8 weeks old) 

Respiratory function was also determined in very young mice for 

comparison to studies in the literature, whole body plethysmography was used 

on 8-week-old Dmdmdx4cv mice. We measured variables such as respiratory 

frequency (f), tidal volume (VT), ventilation (VE), oxygen consumption (VO2), 

metabolic CO2 production (VCO2) and the ventilatory equivalent (VE/VCO2; an 
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index of blood gas status) of both wild-type and Dmdmdx4cv mice. We 

hypothesized that overall respiratory function would not be compromised in 8-

week-old Dmdmdx4cv mice, and that there would not be a significant difference in 

respiratory sufficiency in the 8-week-old Dmdmdx4cv mice compared to their 

littermates. 

 

Respiratory Frequency and Tidal Volume in Young Dmdmdx4cv mice 

The same procedures used to measure respiratory frequency in 12-

month-old mice was also used in the 8-week-old mice. We found that respiratory 

frequency or tidal volume was not significantly different in Dmdmdx4cv mice 

compared to WT mice (Fig. 15A-B).  
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Figure 15. Respiratory frequency and tidal volume in 8-week-old wild type 
mice and Dmdmdx4cv mice. Bar graphs were used to show respiratory 
parameters. (A) Respiratory frequency (f) of 8-week-old WT mice and 8-week-old 
Dmdmdx4cv mice. (B) Tidal volume (VT). The f and VT of WT mice is indicated by 
the black bar. The f and VT of Dmdmdx4cv mice is indicated by the gray bar. 

 

 

Respiratory Function Variables in Younger Dmdmdx4cv mice 

The same respiratory variables were measured in the 8-week-old DMD 

mice, ventilation (VE), oxygen consumption (VO2), metabolic CO2 production 

(VCO2), and the ventilatory equivalent (VE/VCO2; an index of blood gas status). 

We also measured oxygen saturation (SaO2). There was no significant difference 

in ventilation when wild type mice were compared to Dmdmdx4cv mice (Fig. 16A). 

This suggests similar breathing patterns between the two genotypes. Ventilatory 

equivalent (Ve /VCO2) was also measured in WT and DMD mice and is an 

indicator of blood gases. There was no significant difference in Ve /VCO2 when 
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WT mice were compared to Dmdmdx4cv mice (Fig. 16B). This suggests that there 

is not significant difference in blood gases between the two groups. Metabolic 

responses such as oxygen consumption (VO2) and metabolic VCO2 production 

were also measured in WT and DMD mice for comparison. We found that there 

was no significant difference in metabolic responses in Dmdmdx4cv mice 

compared to WT mice (Fig. 16 C-D).  

 

 

 

Figure 16. Ve, Ve /VCO2, VO2 and VCO2 in WT and Dmdmdx4cv mice. Bar 
graphs were used to show respiratory parameters. (A) Ventilation (Ve) of 8-week-
old WT mice and 8-week-old Dmdmdx4cv mice, (B) Ventilatory Equivalent (Ve 
/VCO2), (C) Oxygen consumption (VO2), (D) Metabolic CO2 Production (VCO2). 
 

In conclusion, respiratory frequency, and tidal volume between the 8-

week-old Dmdmdx4cv mice and the 8-week-old wild type mice were not 
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significantly different. Also, oxygen consumption and carbon dioxide output were 

not different between the two groups. There was no significant difference in 

ventilation between 8-week-old WT mice and 8-week-old Dmdmdx4cv mice, nor 

was there a significant difference in ventilatory equivalent and oxygen saturation 

between wild type mice and Dmdmdx4cv mice. This suggests that blood gases 

were the same. Overall, these data suggest that respiratory status in 8-week-old 

DMD mice is not severely compromised, and that there is no significant 

difference in respiratory function between the 8-week-old Dmdmdx4cv mice and 

the 8-week-old WT mice. 

. 
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DISCUSSION 

  

Duchenne Muscular Dystrophy (DMD) is the most common form of 

muscular dystrophy; affecting 1 in 3,500 males per year and 1 in 5,000 males 

worldwide (31). While there is not a cure for this disease, there are several 

therapeutic options to mitigate the effects of DMD. The effectiveness of the 

current therapies is attributable to advancing research in the area of muscular 

dystrophy. In order to further understand the pathophysiology of DMD, we used a 

Dmdmdx4cv mouse model to more intimately study this disease and to detect 

subtle pathological changes. The purpose of this study was to assess cardiac 

fibrosis and respiratory function in Dmdmdx4cv mice with aging. Histological 

analysis of WT and Dmdmdx4cv mouse hearts was performed. To determine lung 

function, whole body plethysmography was used to measure respiratory 

variables, while pulse oximetry was used to measure oxygen saturation. We 

hypothesized that significant dystrophic changes in the cardiac and diaphragm 

muscle will be detected in the older mice, and will be more severe in the older 

Dmdmdx4cv mice than in the younger Dmdmdx4cv mice. Moreover, the respiratory 

function of older, but not younger Dmdmdx4cv mice will be severely compromised.  

The main findings of this study were: (1) Six-month-old Dmdmdx4cv mice 

showed little cardiac fibrosis (1.2% total) compared to the 16-month-old 

Dmdmdx4cv mice that showed 3.12% total myocardial fibrosis. (2) The diaphragm 

of the older DMD mice (16 months old) was severely compromised with 52.1% 

total fibrosis. (3) Interestingly, there was a significant difference in percent of 
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fibrosis that was seen in the diaphragm of the 16-month-old Dmdmdx4cv mice 

compared to the cardiac muscle of same-aged mice. (4) The respiratory function 

of the older Dmdmdx4cv mice (12 months old) was not severely compromised, 

and the mice showed probable compensatory mechanisms for breathing. (5) 

There was no significant difference in respiratory function of the young WT mice 

and the young Dmdmdx4cv mice (8 weeks old).  

In the six-month-old mouse model of DMD, we assessed RV fibrosis, LV 

fibrosis, and total myocardial fibrosis. Using the Gomori Trichrome staining 

method, the blue dye stained for collagen, which was indicative of fibrosis. At six 

months of age, there was not a significant difference in the histopathology of the 

cardiac myocytes in the WT mice and Dmdmdx4cv mice. The age of onset in the 

cardiac phenotype of the mdx mouse is at 10 months (1). Because there is little 

difference in the clinical presentation of mdx mice compared to mdx4cv mice (10), 

we expected the age of onset in the mdx4cv mice to be fairly similar. In addition, 

we also assessed cardiac fibrosis in the 16-month-old mice and found that the 

Dmdmdx4cv mice displayed a increased dystrophic phenotype compared to the 

WT mice that were the same age. Furthermore, the total myocardial fibrosis in 

the 16-month-old DMD mice was significantly increased compared to the 6-

month-old DMD mice; this trend was seen in both the RV and LV. Previous 

studies found similar results in myocardial fibrosis of 17-month-old DMD mouse 

hearts. They reported about 9% fibrosis in the RV wall, and roughly 7% fibrosis in 

the anterior wall (regions of the LV) (32). 
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Because the loss of dystrophin protein affects the skeletal muscle, this 

alters the phenotype of the diaphragm, leading to difficulties in breathing. 

Previous studies have reported changes in the passive properties of the 

diaphragm muscle due to loss of dystrophin. Stephens and Faulkner et al., 2000 

report that an increase in strain of the diaphragm muscle in mdx mice leads to 

greater stress compared to the control mice. Strain is referring to the % of Lw. Lw 

is the length at which maximum work is achieved under standard conditions (35). 

They state that a ~10% increase in strain in the mdx mice was associated with a 

40% decrease in power and a 50% increase in stress, while the control mice had 

a 16% decrease in power and no stress was generated. In addition, Burns et al., 

2017 reported a significantly reduced twitch force in mdx diaphragm muscle 

preparations compared to the WT mice. Moreover, at 8 weeks of age, the force 

frequency relationship in mdx diaphragm preparations was significantly reduced 

compared to the WT mice. We assessed the total fibrosis in the diaphragm of 

Dmdmdx4cv mice at 16 months of age and found that the diaphragm displayed a 

severely fibrotic phenotype, and interestingly, was drastically more fibrotic than 

the cardiac muscle of the same-aged Dmdmdx4cv mice. Given that the 16-month-

old Dmdmdx4cv mice presented with a little over 50% fibrosis in the diaphragm, 

we expected to see a substantial change in their respiratory function. This led us 

to test for several respiratory parameters such as respiratory frequency (f), tidal 

volume (VT), ventilation (VE), oxygen consumption (VO2), metabolic CO2 

production (VCO2) and the ventilatory equivalent (VE/VCO2) of both wild-type and 

Dmdmdx4cv mice in order to compare and contrast between the two genotypes. 
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Because of limited available resources, we used 12-month-old Dmdmdx4cv mice 

for this study and expected that the respiratory status would be comparable in 

12–16-month-old Dmdmdx4cv mice. Conscious whole-body plethysmography 

(WBP) was used to determine respiratory parameters as it detects pressure 

changes associated with breathing.  

We found that the 12-month-old Dmdmdx4cv mice had significantly lower 

breaths per minute (bpm) compared to the WT mice, however, there was a trend 

for higher tidal volume in the Dmdmdx4cv mice. Furthermore, there was no 

significant difference in ventilation between WT mice and Dmdmdx4cv mice. 

Ventilatory equivalent and oxygen saturation between WT mice and Dmdmdx4cv 

mice were also unchanged, suggesting that blood gases are the same between 

the two groups at 12 months of age. 

These results suggest compensatory breathing mechanisms in the 

Dmdmdx4cv mice. A decrease in respiratory frequency (bpm) indicates that 

Dmdmdx4cv mice are not breathing as often as the WT mice, thus, an increase in 

the volume of air brought into the airways and lungs with each breath would 

compensate for decrease in bpm, thereby maintaining ventilation. Ishizaki et al. 

2008 (34) reported that at 7 months of age, mdx mice had a significantly higher 

respiratory rate and a significantly lower tidal volume when compared to WT 

mice. This also suggests a compensatory mechanism of breathing at 7 months of 

age, albeit a different “strategy” (higher frequency to compensate for lower tidal 

volume). 
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Studies have shown that 8-week-old mdx mice already begin to show 

respiratory decline in tidal volume, thus leading to decreased ventilation as 

respiratory frequency stays the same (29, 30). In order to note the time course of 

respiratory insufficiency in the Dmdmdx4cv mouse model and to compare to 

studies in the literature, we used WBP to measure the same respiratory 

parameters on young Dmdmdx4cv mice that were 8 weeks of age. We found no 

significant differences in f, VT, VE, and the ventilatory equivalent VE/VCO2 

between wild-type and Dmdmdx4cv mice. Furthermore, VO2 and VCO2 remained 

unchanged between the two genotypes. 

Burns et al., 2017 reported a significantly lower tidal volume and 

ventilatory equivalent in mdx mice compared to WT mice at 8 weeks of age. 

There are a couple factors to note when considering the difference in the 

mentioned findings and the findings in our study: 1) The sample size used for our 

study was n = 8, while the sample size used for the previously mentioned study 

(Burns et al., 2017) was n = 12. This may slightly contribute to apparent 

differences in tidal volume. 2) The mouse model used in the previously 

mentioned study is the mdx mouse model. As mentioned earlier, this mouse 

model seemingly has an increased number of revertants compared to the 

Dmdmdx4cv mouse model. Although we were not able to measure diaphragm 

fibrosis in 8-week-old mice, another study (Hoffman et al. 2015) found that at 8 

weeks of age, there is 11.04%±2.3 collagen content seen in the diaphragm, 

which is indicative of fibrosis. Moreover, the same study reports 41.48%±6.6 

centrally nucleated myofibers, which are indicative of myofiber regeneration. It is 
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important to note that the mdx mice do not exhibit a similar pathogenic 

progression as seen in human DMD patients. The large increase of centrally 

nucleated myofibers is used as a marker for DMD progression in the mdx mice, 

and the regeneration of these myofibers has a rapid occurrence in the first six 

weeks after birth.  This regeneration may largely contribute to differences seen in 

the respiratory function of mdx mice compared to Dmdmdx4cv mice.  

In addition, in a subsequent study, Burns et al., 2019 reported no 

significant changes in respiratory frequency (P = 0.2114) and tidal volume (P= 

0.4171) between WT and mdx mice at 8 weeks of age (37). Both Mosqueira et al. 

2013 and Ishizakin et al. 2008 show reduced breathing frequency in mdx mice. 

These findings, together with findings in our study suggests a defect in the 

respiratory rhythm generating regions in the brain in Dmdmdx4cv mice. Dystrophin 

is expressed in neurons (36), and as mentioned previously, there is other 

evidence of CNS abnormalities associated with DMD (14)(23). The possibility of 

defects in the central control of breathing is unclear and should be investigated in 

the future. 

 

Future Directions 

The purpose of this study was to note the time course of cardiopulmonary 

abnormalities in Dmdmdx4cv mice. Future directions of this study could include 

performing echocardiography on the young and advanced stage Dmdmdx4cv 

mice. Also, testing for diaphragm fibrosis in 8-week-old mice would prove useful 

for determining the extent of respiratory insufficiencies and its contribution to 

respiratory function. As the central control of breathing in DMD remains unclear, 
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studies investigating the role of dystrophin in the neurons and its implications in 

altered respiratory function would be beneficial in understanding more clearly the 

pathophysiology of respiratory dysfunction in DMD. 
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