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LIST OF FIGURES
Figure 2.1: Birds-eye view of mesocosm tank set-up. We added glacial rock flour (GRF)
to 14 of the 17 mesocosm tanks used in this experiment. Phytoplankton communities
were dominated by either chlorophytes or cyanophytes (n= 8) at the beginning of the
experiment. Of the 9 chlorophyte dominated tanks, a subset (n= 3) did not receive any
nutrient nor GRF amendments and were treated as a control (Con). The remaining
chlorophyte dominated tanks (n= 6) received daily GRF additions. Tanks were kept in a
~1300 m2 shallow pond that was ~1 m deep to insulate for changes in air temperatures.
The pond was surrounded by low vegetation. Mesocosm tanks were ~3 m across, 1.25 m
high, and volume of 11,000 L. Crossbeams were placed across each mesocosm. Sediment
traps were suspended from each crossbeam.
Figure 2.2: Comparison of the light environment between tanks that received glacial
rock flour (GRF) and tanks that did not receive GRF. PAR ratio (0.5 m water/air reading;
A) and vertical light attenuation coefficient (Kd; B) were measured in all tanks after GRF
was added to all (n=14) but the control tanks (n=3). Both the PAR ratio and Kd were
measured one hour after GRF addition every day of the experiment, 4 hours after addition
on days 0, 5, 6, and 7, and 6 hours after addition on day 4. The light ratio was determined
by dividing photosynthetically active radiation (PAR) measurements made at 0.5 m depth
by PAR measurements from above the water’s surface in the air. Among GRF tanks, the
light ratio was significantly lower one hour after GRF addition than 4 (Kruskal-Wallis p<
0.0001, df= 2, χ2= 26.46) or 6 hours (Kruskal-Wallis p= 0.0002, df= 2, χ2= 26.46), but
not significantly different between 4 and 6 hours (Kruskal-Wallis p= 0.1709, df= 2, χ2=
26.46; Figure 2). Kd was significantly higher one hour after GRF addition (KruskalWallis p<0.0001, df= 2, χ2= 37.10), but not 4 nor 6 hours after addition (Kruskal-Wallis
p= 0.2347, df= 2, χ2= 37.10). For each time, the light ratio was significantly lower
(Kruskal-Wallis p< 0.0001, df= 1, χ2= 75.99) in tanks that received GRF compared to
control tanks that did not. For each time, Kd was significantly higher (Kruskal-Wallis
p<0.0001, df= 1, χ2= 87.88) in tanks that received GRF compared to control tanks that
did not.
Figure 2.3: Phytoplankton biovolume categorized by functional group. Biovolume for
day 0 (A) and day 9 (B) for control tanks, tanks dominated by chlorophytes at the
beginning of the experiment, and tanks dominated by cyanophytes at the beginning of the
experiment. The chrysophyta* group includes chrysophyta, bacillariophyta, haptophyta,
and ochrophyta.
Figure 2.4: Zooplankton abundance in mesocosm tanks. Abundance was measured on
day 0 (A) and day 9 (B) for control tanks, tanks dominated by chlorophytes at the
beginning of the experiment, and tanks dominated by cyanophytes at the beginning of the
experiment.
Figure 2.5: Adaptation of the nutrient load hypothesis from Brauer et al., (2012). This
hypothesis predicts which phytoplankton dominate based on competition for nitrogen
(N), phosphorus (P), and light. The nutrient load hypothesis is based on the assumption
that cyanobacteria are superior competitors for light and are able to dominate when N and
P concentrations are high (Brauer et al., 2012). We add an additional box to highlight the
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nuance that functional traits can add to competition for these resources, specifically light.
Our added box, above, connects to Brauer et al. original figure in the area where there is
competition for light. While cyanobacteria often dominate when light is the limiting
resource, our findings suggest that cryptophytes can outcompete cyanobacteria under
specific light levels due to functional traits. Our box shows this by introducing
cryptophytes to this figure, showing that as light availability declines, cryptophytes
outcompete cyanophytes.
Figure 3.1: Correlation-based principal component analysis (PCA) used to investigate
the relationship between harvest date and 21 water parameters. The first principal
component (PC 1) explains 39.9 % of the variation in this dataset, while the second
component (PC 2) explains 24.9 %. Water parameters include: ammonium (NH4),
chlorophyll-a (Chl), dissolved organic carbon (DOC), dissolved oxygen (DO), light
attenuation coefficient (Kd), mean daily mixed layer irradiance (E24), microcystin from
the upper 0.5 m of the water, natural log of the ratio of total nitrogen to total phosphorus
(TN:TP), nitrate (NO3), particulate inorganic matter (PIM), particulate organic matter
(POM), percent composition of phycocyanin to chlorophyll as measured with a YSI EXO
3 (PC:Chl), pheophytin, pH, Secchi disk depth, temperature (temp), total dissolved
nitrogen (TDN), total dissolved phosphorus (TDP), total nitrogen (TN), total phosphorus
(TP), and total suspended solids (TSS). Vector length reflects the magnitude of variation
explained by that water parameter. Vectors close together are positively correlated while
vectors opposite from each other are negatively correlated. Vectors that are orthogonal
from each other are unrelated. Harvest date is represented by points.
Figure 3.2: Microcystin in water and fish muscles. Microcystin was measured in the
upper 0.5 m of water (dashed lines, open circles, right y-axis) and in bluegill (light grey
boxes) and largemouth bass (dark grey boxes) muscles (left y-axis). Standard error for
water microcystin was never more than 0.4 per Abraxis Microcystin ELISA guidelines.
The central box in the 25 - 75 % quartile with median bar, while the upper (lower) lines
show the highest (lowest) values that are not considered outliers.
Figure 3.3: Boxplots showing wet weight microcystin concentrations, on each harvest
date, by species. A two-way ANOVA was used to evaluate differences in microcystin
between dates and species (α= 0.05). The central box in the 25 - 75 % quartile with
median bar, while the upper (lower) lines show the highest (lowest) values that are not
considered outliers. Letters within each plot show significant differences in microcystin
concentrations between species per sampling date as indicated by a Tukey’s post hoc test.
For muscles (A) and kidneys (C), there was a significant difference between microcystin
in bluegill and largemouth bass. The interaction effect between harvest date and species
is not significant, so letters in these plots show where significant differences exist in
harvest date. For livers (B), the interaction effect between harvest date and species is
significant, indicating this relationship depends on harvest date. Letters are placed above
each individual box to show significant differences between boxes (Table 3.5).
Figure 4.1: Boxplots showing parameters of water clarity for Blue Springs Reservoir.
The box shows the 25–75% quartile with median bar, while the upper (lower) lines show
the highest (lowest) values that are not considered outliers, which are indicated by black
circles. Secchi disk depth (Secchi), total suspended solids (TSS), particulate inorganic
xii

matter (PIM), and chlorophyll-a uncorrected for pheophytin (chl-a) are shown. Vertical,
dashed lines indicate where a regime shift was identified. Gray shading show the
probable invasion period for zebra mussels, with the right edge of the box indicating the
year when zebra mussels were first observed.
Figure 4.2: Boxplots showing parameters of water clarity at 2 sites in Bull Shoals
Reservoir. The box shows the 25–75% quartile with median bar, while the upper (lower)
lines show the highest (lowest) values that are not considered outliers which are indicated
by black circles. Monitoring at site 1 (A), which is closer to the dam than site 2 (B),
ended in 2012. Secchi disk depth (Secchi), and chlorophyll-a uncorrected for pheophytin
(chl-a) are shown. Vertical, dashed lines indicate where a regime shift was identified.
Gray boxes show the probable invasion period for zebra mussels, with the right edge of
the box indicating the year when zebra mussels were first observed.
Figure 4.3: Boxplots showing parameters of water clarity in Jacomo Reservoir. The box
shows the 25–75% quartile with median bar, while the upper (lower) lines show the
highest (lowest) values that are not considered outliers. Secchi disk depth (Secchi), total
suspended solids (TSS), particulate inorganic matter (PIM), and chlorophyll-a
uncorrected for pheophytin (chl-a) are shown. Vertical, dashed lines indicate where a
regime shift was identified. Gray boxes show the probable invasion period for zebra
mussels, with the right edge of the box indicating the year when zebra mussels were first
observed.
Figure 4.4: Boxplots showing parameters of water clarity in Lake of the Ozarks. The box
shows the 25–75% quartile with median bar, while the upper (lower) lines show the
highest (lowest) values that are not considered outliers, which are indicated by black
circles. Secchi disk depth (Secchi), total suspended solids (TSS), particulate inorganic
matter (PIM), and chlorophyll-a uncorrected for pheophytin (chl-a) are shown. Vertical,
dashed lines indicate where a regime shift was identified. Gray boxes show the probable
invasion period for zebra mussels, with the right edge of the box indicating the year when
zebra mussels were first observed.
Figure 4.5: Boxplots showing parameters of water clarity in Lotawana Reservoir. The
box shows the 25–75% quartile with median bar, while the upper (lower) lines show the
highest (lowest) values that are not considered outliers, which are indicated by black
circles. Secchi disk depth (Secchi), total suspended solids (TSS), particulate inorganic
matter (PIM), and chlorophyll-a uncorrected for pheophytin (chl-a) are shown. Vertical,
dashed lines indicate where a regime shift was identified. Gray boxes show the probable
invasion period for zebra mussels, with the right edge of the box indicating the year when
zebra mussels were first observed.
Figure 4.6: Boxplots showing parameters of water clarity in Smithville Reservoir. The
box shows the 25–75% quartile with median bar, while the upper (lower) lines show the
highest (lowest) values that are not considered outliers, which are indicated by black
circles. Secchi disk depth (Secchi), total suspended solids (TSS), particulate inorganic
matter (PIM), and chlorophyll-a uncorrected for pheophytin (chl-a) are shown. Vertical,
dashed lines indicate where a regime shift was identified. Gray boxes show the probable
invasion period for zebra mussels, with the right edge of the box indicating the year when
zebra mussels were first observed.
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Figure 4.7: Boxplots showing parameters of water clarity in Truman Reservoir. The box
shows the 25–75% quartile with median bar, while the upper (lower) lines show the
highest (lowest) values that are not considered outliers, which are indicated by black
circles. Secchi disk depth (Secchi), total suspended solids (TSS), particulate inorganic
matter (PIM), and chlorophyll-a uncorrected for pheophytin (chl-a) are shown. Vertical,
dashed lines indicate where a regime shift was identified. Gray boxes show the probable
invasion period for zebra mussels, with the right edge of the box indicating the year when
zebra mussels were first observed.
Figure 4.8: Correlation-based principal component analysis (PCA) biplot. The first
principal component explains 50.1 % of the variation in this dataset, while the second
component explains 33.7 %. Vectors represent environmental parameters that could
influence zebra mussel survival and density. Vector length reflects the amount of
variance in the dataset explained by each environmental parameter. Dissolved oxygen
and temperature were measured in the epilimnion, while particulate inorganic matter
measurements were made in surface water. Anoxia depth is the depth where dissolved
oxygen measurements drop below 1 mg L-1. Each point represents mean long-term
conditions in each study reservoir. Bull Shoals site 2 is not depicted because it lacks
dissolved oxygen, temperature, mixing depth, and anoxia depth data. Reservoirs that have
been invaded by zebra mussels are indicated by black circles while reservoirs with no
known zebra mussels are shown with grey circles.
Figure A1.1: Experimental mesocosm tank set up. The trees in the distance are over 100
m away.
Figure A1.2: Comparison of the light environment in tanks that received varying
amounts of glacial rock flour (GRF). PAR ratio (0.5 m water/air reading) measured in
mesocosm tanks that received 0, 5, 10, and 20 kg of GRF. The light ratio was determined
by dividing photosynthetically active radiation (PAR) measurements made at 0.5 m depth
by PAR measurements from above the water’s surface in the air. Bars with the same
letter indicate that no significant difference exists between experimental groups while
bars with different letters indicate that there is a significant difference in PAR between
groups. We found no significant difference in PAR among tanks that received 5, 10, and
20 kg of GRF (Kruskal-Wallis p>0.05). In this dosing experiment, each experimental
group consisted of 2 tanks that were not used in the larger, 9-day experiment.
Figure A1.3: Slope plots for parameters in experimental mesocosm tanks. Temperature,
total suspended solids (TSS), particulate inorganic matter (PIM), particulate organic
matter (POM), mean mixed layer irradiance (Ē24), and microcystin are presented.
Vertical, dashed lines represent measurements taken on day 0 and day 9. Sloped lines
represent the change in each parameter for chlorophyte dominated (Chlo, black, dashed
line, n= 6), cyanophyte-dominated (Cyan, light gray solid, line, n= 8), and control (Cont,
dark gray, dotted line, n= 3) mesocosm tanks. Values to the right of each label are the
mean of all tanks within that group.
Figure A1.4: Slope plots for chemical parameters in experimental mesocosm tanks. Total
phosphorus (TP), total nitrogen (TN), total dissolved phosphorus (TDP), total dissolved
nitrogen (TDN), the natural log ratio of TN to TP (TN:TP), ammonium (NH4+), dissolved
organic carbon (DOC), and nitrate (NO3-) are presented. Vertical, dashed lines represent
xiv

measurements taken on day 0 and day 9. Sloped lines represent the change in each
parameter for chlorophyte dominated (Chlo, black, dashed line, n= 6), cyanophytedominated (Cyan, light gray, solid line, n= 8), and control (Cont, dark gray, dotted line,
n= 3) mesocosm tanks. Values to the right of each label are the mean of all tanks within
that group.
Figure A1.5: Slope plots for phytoplankton and chlorophyll-a concentrations (Chl-a) in
experimental mesocosm tanks. Vertical, dashed lines represent measurements taken on
day 0 and day 9. Sloped lines represent the change in each parameter for chlorophyte
dominated (Chlo, black, dashed line, n= 6), cyanophyte-dominated (Cyan, light gray,
solid line, n= 8), and control (Cont, dark gray, dotted line, n= 3) mesocosm tanks. Values
to the right of each label are the mean of all tanks within that group.
Figure A1.6: Slope plots for phytoplankton physiology parameters in experimental
mesocosm tanks. Maximum quantum yield of photosystem II (φ PSII), gross primary
productivity normalized to chlorophyll-a (GPPB), light saturation threshold normalized to
chlorophyll-a (EkB), alpha normalized to chlorophyll-a (αB), light deficiency parameter
(Ē24/Ek), and maximum relative electron transport rate (rETRMAX) are presented. Vertical,
dashed lines represent measurements taken on day 0 and day 9. Sloped lines represent the
change in each parameter for chlorophyte dominated (Chlo, black, dashed line, n= 6),
cyanophyte-dominated (Cyan, light gray, solid line, n= 8), and control (Cont, dark gray,
dotted line, n= 3) mesocosm tanks. Values to the right of each label are the mean of all
tanks within that group.
Figure A1.7: Slope plots for zooplankton in experimental mesocosm tanks. Vertical,
dashed lines represent measurements taken on day 0 and day 9. Sloped lines represent the
change in each parameter for chlorophyte dominated (Chlo, black, dashed line, n= 6),
cyanophyte-dominated (Cyan, light gray, solid line, n= 8), and control (Cont, dark gray,
dotted line, n= 3) mesocosm tanks. Values to the right of each label are the mean of all
tanks within that group.
Figure A2.1: Bathymetric map of Dairy Farm Lake #1 was created in 2017. Our
sampling site for water parameters is indicated by the grey triangle.
Figure A2.2: Chlorophyll-a, microcystin, and cyanobacterial biovolume measured in
Dairy Farm Lake #1 between June 17, 2017 and October 3, 2018. Chlorophyll-a
concentrations (A) are from the epilimnion (when the reservoir was stratified) or from the
surface to 1 m above the sediment (when the reservoir was isothermal). Cyanobacteria
(B) are from the epilimnion (when the reservoir was stratified) or from the surface to 1 m
above the sediment (when the reservoir was isothermal). Total cyanobacterial biovolume
is reported as the percent of total phytoplankton biovolume that are cyanobacteria, while
potentially microcystin producing cyanobacteria (PTOX) is reported as the percent of
total cyanobacterial biovolume. Potential microcystin producers were classified following
Chapman and Foss (2019). Vertical, dotted lines show fish harvest dates that overlap with
phytoplankton enumeration.
Figure A2.3: Scatterplot of muscle and kidney microcystin displayed as wet weight
concentrations. Significant and substantial positive correlations exist between these
tissues for both and largemouth bass (Table A2.3).
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Figure A2.4: Scatterplots of water microcystin and microcystin in fish tissues. R2 values
on each plot represent the R2adj for our final, combined multiple linear regression models
that excluded harvest date (Table A2.4). Trendlines indicate that water microcystin
concentrations were a significant predictor (p<0.05) for microcystin concentrations in
fish muscles (A), livers (B), and kidneys (C). We created models for bluegill (BLG, light
grey) and largemouth bass (LMB, dark grey).
Figure A2.5: Scatterplot of microcystin and total fish length. Microcystin is reported in
wet weight (ww). Tendlines are included only for largemouth bass, as length and
microcystin was significantly correlated for largemouth bass and microcystin in muscles
(A) and kidneys (B; Table S3).
Figure A3.1: Example of site selection in each transect. The first site was always 2 m
deeper than the lowest water level recorded over the previous 6 years in the reservoir.
Each subsequent site was located at 2 m intervals. The last site in each transect occurred
when we did not find any zebra mussels at the previous 2 sites and a depth of 10 m
deeper than the 6 year low was reached
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Table 2.1: Experimental design to promote phytoplankton growth through nutrient
amendments. Nitrogen (N) and/or phosphorus (P) were added to 11,000 L mesocosm
tanks to create bloom conditions and induce nutrient deficiency. A total of 3.08 moles of
N was added as ammonium chloride (NH4Cl) or sodium nitrate (NaNO3), and 2.20 moles
of P was added as dipotassium phosphate (K2HPO4). Control tanks did not receive
nutrient amendments and were dominated by chlorophytes at the beginning of the
experiment. The ln(TN:TP) molar ratio is from day 0 of the experiment. Sample size (n)
refers to the number of mesocosm tanks that received each nutrient form.
Table 2.2: Top 3 dominant phytoplankton genera on day 0 and day 9. Percent
composition (% Comp.) was calculated for each genera as the percent of total
phytoplankton biovolume in each tank. The mean percent composition of all tanks within
each group is reported for control (n= 3), chlorophyte- (n= 6), and cyanophyte-dominated
(n= 8) mesocosm tanks. Lowest taxonomic identification was down to genus (Table
A2.2).
Table 2.3: Water quality and phytoplankton physiology parameters. Control (Con),
chlorophyte- (Chloro), and cyanophyte- (Cyano) dominated mesocosm tanks prior to
glacial rock flour addition (day 0) and at the end of the experiment (day 9). Mean and
standard deviation (std dev) are reported. “BDL” indicates that all tanks in a group were
below the detection limit as stated in the Methods. Sediment traps were collected only on
day 9, so it is not applicable (n/a) to report day 0 sedimentation rates. Significant
differences between groups for the change in each parameter from day 0 to day 9 are
reported in Table 2.4.
Table 2.4: Statistical analyses for each parameter. Analyses were evaluated on the
difference between day 9 and day 0 (i.e., day 9 - day 0). We used a one-way analysis of
variance (ANOVA) when the parameter followed a normal distribution, or when a
normal distribution resulted from a transformation. A Kruskal-Wallis test (KW) was used
when the data did not follow a normal distribution. Statistically significant differences
between groups (p<0.05) are denoted by different letters, while same letters indicate that
no significant difference exists. Post Hoc tests were used to identify when the change in
each parameter was different between control (Con), chlorophyte- (Chloro), and
cyanophyte- (Cyano) dominated mesocosm tanks. A Tukey post hoc test was used to
identify significant differences for parameters that followed a parametric distribution
while Dunn’s test was used on non-parametric parameters.
Table 3.1: Characteristics of fish collected from Dairy Farm Lake #1. The sample size
(n) for bluegill (BLG) and largemouth bass (LMB) are listed underneath each harvest
date. For continuous variables, the top value in each cell is the mean of all fish collected
on each harvest date, while the bottom value in parentheses is the standard deviation. For
sex, which is a categorical variable, the total number of male (m) and female (f) fish are
shown for each date. When sex was unable to be determined, fish are reported as
undetermined (UD).
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Table 3.2: Classification of component loadings for water parameters using a correlation
based principal component analysis. The percent total variation is listed next to each
component loading (CL). Bold values indicate strongly correlated parameters within each
CL. One correlated parameter from each CL was retained. For CL 1, we retained chl-a
because of its high loading value and relevance to our research questions. We retained
water microcystin from CL 2 because of its high loading value and relationship with
microcystin in fish. We retained TDN from CL 3 because it had the highest loading
value. We also retained DOC and TDP because they had an absolute value < 0.6 for all
component loadings, indicating that they did not exhibit multicollinearity with each other
or any of the other water parameters. Retained parameters were included in our final,
combined model set and are italicized.
Table 3.3: Water parameters measured in Dairy Farm Lake #1. Water parameters,
including the profiles, are the mean of the sampling date immediately before and
immediately after the fish harvest date listed in the top row. “BDL” indicates that
parameter was below the detection limit. When fish harvest date fell in between a water
sampling date that showed the reservoir to be isothermal and the other to be stratified, we
were unable to determine mixing depth nor hypolimnetic dissolved oxygen. This is
indicated by “n/a”. We report the maximum depth for mixing depth when the reservoir
was isothermal. Parameters measured with a YSI EXO 3 sonde, indicated by “*”, are
averages of the epilimnion when the reservoir was stratified or of the entire water column
when the reservoir was isothermal. Hypolimnetic dissolved oxygen is a sonde vertical
profile average of the hypolimnion when the reservoir is stratified. Surface water
cyanotoxins were collected as an integrated sample between 0 and 0.5 m while bottom
water cyanotoxins were collected from 1 m above the sediment.
Table 3.4: Correlations between microcystin in muscles, livers, and kidneys for both
bluegill and largemouth bass. Spearman’s rank correlation test was used to measure
correlations between tissue type. The degrees of freedom (df) and p-value for each
correlation are reported, along with the correlation coefficient (rho) when significant
correlations exist. Significance, based on an α value of 0.05, is indicated by *.
Table 3.5: Two-way analysis of variance results showing differences in microcystin
concentrations between harvest date and species (Figure 3). Degrees of freedom for
harvest date and the interaction between harvest date and species are 7. Degrees of
freedom for species is 1. Significance, based on an α value of 0.05, is indicated by *.
Table 3.6: Known microcystin concentrations in the tissues of largemouth bass, bluegill,
and pumpkinseed sunfish. Microcystin is reported as wet weight concentrations.
Table 4.1: Characterization for all invaded and reference reservoirs. Latitude and
longitude refer to the coordinates near the dam. For all reservoirs except Bull Shoals, this
is where water samples are collected. Maximum depth is based on the dam height of each
reservoir and volume is the volume of each reservoir at full pool. Trophic status was
determined from previous work in Missouri reservoirs (Jones et al. 2008). Flushing rate
for Bull Shoals is unknown.
Table 4.2: Regime shifts in Secchi disk depth for invaded and reference reservoirs. The
year that a regime shift occurs is identified. When no regime shift occurs in a reservoir,
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“none” is listed, and when more than one regime shift occurs in a reservoir, multiple
years are listed. The number of years is the mean of all years within each period, and the
Mann-Kendall p-value indicates whether a significant monotonic trend occurred within a
period before and/or after a regime shift, or when no regime shift occurred, the entire data
series. When sample size is less than 3, as indicated by “†”, no mean Secchi disk depth
nor Mann-Kendall p-value are shown. As an example, Lake of the Ozarks displayed
regime shifts in 1986 and 2007. The number of years (10), mean Secchi disk depth of
1.38, and Mann-Kendall p-value of 0.59 correspond with the period before 1986. The
sample size of 21, mean Secchi disk depth of 1.65, and Mann-Kendall p-value of 0.65
correspond with the period from 1986 to 2006, and the sample size of 13, mean Secchi
disk depth of 1.25, and the Mann-Kendal p-value of 0.08 correspond with the period from
2007 to 2019. When a significant monotonic trend is identified (Mann-Kendall <0.05,
“*”), the Sen’s slope value identifies the direction and magnitude of the trend.
Table 4.3: Regime shifts in total suspended solids (TSS) for invaded and reference
reservoirs. The year that a regime shift occurs is identified. When no regime shift occurs
in a reservoir, “none” is listed, and when more than one regime shift occurs in a reservoir,
multiple years are listed. The number of years is the mean of all years within each period,
and the Mann-Kendall p-value indicates whether a significant monotonic trend occurred
within a period before and/or after a regime shift, or when no regime shift occurred, the
entire data series. When sample size is less than 3, as indicated by “†”, no mean TSS nor
Mann-Kendall p-value are. As an example, Lake of the Ozarks displayed regime shifts in
2007 and 2018. The number of years (28), mean TSS of 5.89, and Mann-Kendall p-value
of 0.02 correspond with the period before 2007. The sample size of 11, mean TSS of
7.74, and Mann-Kendall p-value of 1 correspond with the period from 2007 to 2017. No
mean TSS and Mann-Kendall p-value are reported for the period after 2017 because the
sample size for this period is less than 3. When a significant monotonic trend is identified
(Mann-Kendall <0.05, “*”), the Sen’s slope value identifies the direction and magnitude
of the trend. In the previous Lake of the Ozarks example, a Sen’s slope calculation was
performed on the period before 2007, and a -0.09 mg L-1 yr-1 slope was identified.
Table 4.4: Regime shifts in particulate inorganic matter (PIM) for invaded and reference
reservoirs. The year that a regime shift occurs is identified. When no regime shift occurs
in a reservoir, “none” is listed, and when more than one regime shift occurs in a reservoir,
multiple years are listed. The number of years is the mean of all years within each period,
and the Mann-Kendall p-value indicates whether a significant monotonic trend occurred
within a period before and/or after a regime shift, or when no regime shift occurred, the
entire data series. When sample size is less than 3, as indicated by “†”, no mean POM nor
Mann-Kendall p-value are shown. As an example, Lake of the Ozarks does not display a
regime shift in PIM. The number of years (41), mean PIM of 3.63, and Mann-Kendall pvalue of 0.16 correspond with the entire period. When a significant monotonic trend is
identified (Mann-Kendall <0.05, “*”), the Sen’s slope value identifies the direction and
magnitude of the trend.
Table 4.5: Regime shifts in chlorophyll-a uncorrected for pheophytin (chl-a) for invaded
and reference reservoirs. The year that a regime shift occurs is identified. When no
regime shift occurs in a reservoir, “none” is listed, and when more than 1 regime shift
occurs in a reservoir, multiple years are listed. The number of years is the mean of all
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years within each period, and the Mann-Kendall p-value indicates whether a significant
monotonic trend occurred within a period before and/or after a regime shift, or when no
regime shift occurred, the entire data series. When sample size is less than 3, as indicated
by “†”, no mean chl-a nor Mann-Kendall p-value are shown. As an example, Lake of the
Ozarks displayed regime shifts in 2007 and 2018. The number of years (31), mean chl-a
of 15.58, and Mann-Kendall p-value of 0.03 correspond with the period before 2007. The
sample size of 11, mean chl-a of 23.34, and Mann-Kendall p-value of 0.88 correspond
with the period from 2007 to 2017. No mean chl-a and Mann-Kendall p-value are
reported for the period after 2017 because the sample size for this period is less than 3.
When a significant monotonic trend is identified (Mann-Kendall <0.05, “*”), the Sen’s
slope value identifies the direction and magnitude of the trend. In the previous Lake of
the Ozarks example, a Sen’s slope calculation was performed on the period before 2007,
and a 0.16 µg L-1 yr-1 slope was identified.
Table 4.6: Zebra mussel density and biomass from 4 invaded Missouri reservoirs.
Density (individuals m-2) and biomass (live weight, g m-2) are means of all sampling sites
within each reservoir. Standard error is also reported. Mussels were collected in the
summer of 2019.
Table 4.7: Parameters considered for habitat suitability using a principal component
analysis (PCA). The top number is the mean for each reservoir, while the bottom number
in parentheses is the range (min-max). Temperature and dissolved oxygen (DO) are
means of the epilimnion, while total suspended solids (TSS) and particulate inorganic
matter (PIM) were measured from surface water samples. We report ratio of PIM to POM
as a natural log, ln(PIM):ln(POM), to reduce bias associate with calculating the mean
from ratios. Anoxia depth is the depth at which DO concentrations are below 1 mg L-1.
For Bull Shoals, only site 1 was included in the habitat suitability analysis because no
temperature nor dissolved oxygen data exists for Bull Shoals site 2.
Table A1.1: Glacial rock flour (GRF) elemental composition, separated by major and
minor elements.
Table A1.2: Taxonomic composition of phytoplankton within each mesocosm tank.
Finest taxonomic identification was down to genus (Guiry and Guiry, 2020). Rare taxa,
which are defined as those which total less than 5% of total phytoplankton density in
each tank, are excluded. Biovolume (BV) and percent composition is given for all genera
that comprise more than 5% of the total phytoplankton biovolume in each tank.
Phytoplankton were sampled on day 0 and day 9 in chlorophyte-dominated (n= 6),
cyanophyte-dominated (n= 8) and control (n= 3) mesocosm tanks.
Table A1.3: Phytoplankton categorization based on functional group. Phytoplankton
were identified to genus and placed into one of six functional groups: potentially
toxigenic cyanophyta (Chapman and Foss 2019), non-toxin producing cyanophyta,
chlorophyta, euglenophyta, cryptophyta and dinoflagellates, and chrysophyta, including
bacillariophytes, chrysophytes, ochrophytes, and haptophytes.
Table A1.4: Taxonomic composition of zooplankton within each tank. Zooplankton were
sampled on days 0 and 9 in chlorophyte-dominated (n= 6), cyanophyte-dominated (n= 9),

xx

and control (n= 3) tanks. Copepods were classified as adults or nauplii. Cladocerans were
identified to genus, except those in the family Chydoridae (Thorpe and Covich, 2001).
Table A2.1: Assessment of the extraction of microcystin from fish tissue methodology.
Both detection limit and extraction efficiency were determined from hatchery raised
bluegill, which served as the negative control fish for our study. Negative controls were
spiked with a known concentration of microcystin. The extraction efficiency was the
percent of this spike that was recovered. We determined the detection limit to be the
concentration where negative controls, which are known to lack microcystin came back
above the limit of detection, indicating the level where matrix effects are being measured
by the analysis. Inter assay variation was determined by including a sample from each
species on each plate.
Table A2.2: Spearman’s rank correlations between fish length and microcystin (MC) in
muscles, livers, and kidneys for bluegill and largemouth bass. The degrees of freedom
(df) and p-value for each correlation are reported, along with the correlation coefficient
(rho) when significant correlations exist.
Table A2.3. Microcystin concentrations measured in bluegill and largemouth bass over
the course of a year. Microcystin concentrations are reported as ng g -1 ww. The top value
in each cell is the mean of microcystin in all tissues from each harvest date. The middle
value, in parentheses, is the standard deviation and the bottom value is the samples size
(n).
Table A2.4: Multiple linear regression models explaining microcystin accumulation in
fish fillets, livers, and kidneys. Models were created for all three tissue types for both
bluegill (BLG) and largemouth bass (LMB). In the “Fish Characteristic” models, only
fish characteristics such as length, age, mass, body condition index, sex, liver
organosomatic index (OSI), and gonad OSI (Table 1) were included. The “Combined”
models included significant parameters identified in the fish characteristic models, as
well as water microcystin (MC), total dissolved phosphorus (TDP), total dissolved
nitrogen (TDN), chlorophyll-a concentrations (chl-a), and dissolved organic carbon,
which were identified as un-correlated water quality parameters (Table 2). Both model
sets were run twice, the first time including harvest date as a categorical variable with 8
levels. We do not report the individual statistics for harvest date because multiple linear
regression determines these based on a reference level for categorical variables. We see
no ecological nor experimental benefit to setting any individual date as a reference level,
indicated by “-,”, and instead look for differences in microcystin between dates using a
two-way Analysis of Variance (ANOVA, Table 3.5). In the second model set, harvest
date was excluded. For each individual model, the p-value and R2-adj are listed in the
“Species and Tissue” column, while the coefficient, t-value, standard error, and p-value
for each significant model parameter are listed in subsequent columns. In each row, “ns”
is used to denote when a significant model was not able to be created from the given
parameters.
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PHYTOPLANKTON RESPONSE TO WATER QUALITY THREATS IN MIDWEST
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ABSTRACT
Harmful cyanobacterial blooms and invasive species threaten water quality. These
threats are expected to worsen in the future, emphasizing the need for creative
management solutions and a thorough understanding of their impacts. The objective of
this dissertation is to investigate the influence of light on biomass and community
composition of phytoplankton with the hypothesis that light will have an impact,
regardless of nutrients and grazing. We investigate a novel geoengineering approach
designed to control cyanobacteria by reducing light. We demonstrate that daily
application of glacial rock flour, a fine particulate that floats on the water’s surface,
reduces light by half and results in up to a 78 % decrease in cyanobacterial biovolume.
We also look at the accumulation of microcystin in the tissues of bluegill and largemouth
bass. Microcystin is higher in bluegill, likely because they feed from lower trophic levels.
It is also higher in spring and decreases throughout the year, suggesting that time of the
year might be an important consideration for microcystin fish consumption advisories.
We also find that invasive zebra mussels are not causing an increase in water clarity in
MO reservoirs like they are in natural, northern latitude lakes. This could be because
reservoir conditions are suboptimal for zebra mussels, thus preventing them from
reaching high densities. Understanding how aquatic resources have responded to stressors
in the past enables us to predict how they will respond to changes in the future.
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CHAPTER 1
LITERATURE REVIEW
PROBLEM STATEMENT
In recent decades, freshwater resources are becoming increasingly imperiled.
Anthropogenic activities like pollution, changes in land use, regulated flow regimes, the
introduction of invasive species, and climate change threaten to degrade water quality
and reduce biodiversity (Dudgeon et al., 2019). Declines in freshwater biodiversity have
outpaced marine and terrestrial biodiversity losses, mainly because of anthropogenic
activities (Collen et al., 2009). Emerging stressors, like microplastics and engineered
nanomaterials pose additional threats to water quality (Reid et al., 2019). Growing human
populations and diminished availability of high quality water resources suggest that there
is no sign of an abatement of these anthropogenically induced threats (Vӧrӧsmarty et al.,
2013), which will likely dominate freshwater systems for decades to come (Settele et al.,
2014). Addressing these threats poses an immense management challenge that will
require a strong foundation of scientific knowledge of each threat, novel management
strategies and techniques, and efficient use of limited management resources. In this
dissertation, I investigate three aquatic threats to freshwater, lacustrine ecosystems
including harmful cyanobacterial blooms, the cyanotoxins sometimes produced by these
blooms, and the impacts of invasive zebra mussels (Dreissena polymorpha).
Harmful cyanobacterial blooms
Harmful cyanobacterial blooms are increasing in frequency and magnitude in
lakes and reservoirs across the globe (Huisman et al., 2018) and are one of the most
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significant threats to aquatic resources (Brooks et al., 2016). These “blooms” occur when
environmental conditions enable the rapid growth of certain cyanobacteria taxa. Elevated
temperatures (25 ⁰C for many taxa, Chorus and Welker 2021), and increased phosphorus
(P) and nitrogen (N) loading (Downing et al., 2001; Dolman et al., 2012) can lead to
larger cyanobacteria blooms. When cells in cyanobacterial blooms die and sink to the
hypolimnion, they are decomposed through microbial processes that consume oxygen
and leave the bottom of stratified lakes anoxic. This process of excess nutrient loading as
a result of anthropogenic activities, called “cultural eutrophication,” costs $2.2 billion
annually in the United States (Dodds et al., 2009) and often leads to cyanobacterial
blooms and anoxic hypolimnions. Some cyanobacteria are able to regulate their own
buoyancy and partially control their position in the water column, allowing them to move
to the top of the water column to access light (Chorus and Welker 2021). Clay particles
may prevent colony-forming cyanobacteria from resuspending from the sediment to the
water column during spring inoculation (Verspagen et al., 2004). Cyanobacteria require
little maintenance energy and are thus able to maintain a higher growth rate than other
cyanobacterial groups when light intensities are low (Van Liere et al., 1979). Because of
these low light requirements, many cyanobacteria are able to persist in the water column
until conditions become favorable. Calm water resulting from low wind enables
buoyancy-regulating taxa to rise to the surface and shade other competing phytoplankton
(Chorus and Welker 2021). The ability of these taxa to regulate buoyancy is most
pronounced when nutrients are readily available as N limitation hinders the ability of
some cyanobacteria to expand their gas vesicles (Brookes and Ganf 2001). These
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attributes (ability to regulate buoyancy, tolerant of low light intensities) give
cyanobacteria a competitive advantage for light over other algae in the water column.
Cyanotoxins
Some cyanobacteria taxa can produce toxins classified as potentially carcinogenic
to humans, livestock, and wildlife (Grosse et al., 2006) which can accumulate in
organisms across the food web (Ferrão-Filho and Kozlowsky-Suzuki 2011). Toxins from
these blooms have been detected in ponds and reservoirs across Missouri (Graham and
Jones 2009) and pose a risk to those who use contaminated waters for irrigation, livestock
watering, fishing, and recreation. Microcystin is one of the most commonly occurring
cyanotoxins and also the most widely studied. It is a hepatotoxin that can cause liver
disease in mammals in the form of hepatocellular vacuolation, apoptosis, necrosis,
hemorrhage, increased rates of infection by the Hepatitis B virus, and can lead to death
(Jochimsen et al., 1998; Miller et al., 2010; Li et al., 2011). These human health risks
have prompted several organizations to set advisories for consumption and recreation.
The United States Environmental Protection Agency (US EPA) has drafted recreational
microcystin concentration advisories to be set at 4 µg L-1 while the Missouri Department
of Health and Senior Services (DHSS) advises against recreating in waters where
microcystin concentrations exceed 10 µg L-1. Microcystin concentrations exhibit a high
degree of temporal variability, both throughout the course of a bloom and across years
(Park et al., 1998). Microcystin exposure through recreation could come from inhalation
of microcystin aerosols (Cheng et al., 2007), swallowing small amounts of pond water
while swimming (Lévesque et al., 2014), and consumption of contaminated fish tissues
(Schmidt et al., 2013). Microcystins biodilute, or accumulate in lower concentrations
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with each increasing trophic level (Ferrão-Filho and Kozlowsky-Suzuki 2011), and have
occasionally been observed at concentrations that exceed human consumption guidelines
in fish (Poste et al., 2011). Toxin accumulation rates vary by fish taxa and it is unclear
how long toxins remain in tissues before degradation or metabolization (Schmidt et al.,
2013). Another route of human exposure is through produce irrigated with water where
cyanotoxins are present (Corbel et al., 2016). While this is not a major concern for Dairy
Farm Pond #1, one of the study sites in this dissertation, which is infrequently used for
irrigation during droughts, it may be a concern in other agriculturally dominated ponds
where cyanobacteria blooms occur. In addition to the human health concern from
exposure to these cyanotoxins, toxic cyanobacterial blooms have economic impacts from
livestock deaths (Van Halderen et al., 1995), lake closures (Carmichael and Boyer 2016),
pet deaths (Backer et al., 2013), and eutrophication and fish kills associated with high
biomass (Dodds et al., 2009).
Invasive Zebra Mussels
The zebra mussel is a notorious aquatic invasive species. Originally from the
Caspian Sea region, it was first observed in North America during 1986 in Lake Erie
(Carlton 2008). Since then, it has spread as far west as California (Benson et al., 2021),
and as far south as Texas (Churchill et al., 2017). While not yet observed in South
America, there is concern that if introduced, zebra mussels could spread throughout the
southern part of the continent (Petsch et al., 2020). Zebra mussels were first observed in
Missouri in 1992 when they were found in the Mississippi River. They have since been
transported overland and have been identified in nine Missouri reservoirs, with the most
recent invasion occurring in 2017. Due to their high fecundity and filtration rates, zebra
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mussels have the ability to dramatically alter systems where they have become
established. They remove phytoplankton from the water column, shifting energy and
nutrients to the benthos and enabling the proliferation of filamentous algal forms
(Feniova et al., 2020). In addition to dramatically altering ecosystem function, they incur
economic costs from the fouling of intake pipes, docks, canals, and seawalls, as well as
from declines in sport fisheries (MacIsaac 1996; Strayer 2009).
FACTORS INFLUENCING PHYTOPLANKTON GROWTH
Due to Missouri’s latitude, reservoirs throughout the state vary on an annual basis
between warm monomictic and dimictic, depending on whether or not ice forms during
the winter. If there is ice cover, the reservoir will inversely stratify and nutrient
replenishment in the epilimnion will not occur until spring turnover. If ice cover does not
form, the reservoir will mix throughout the winter. Traditionally, winter was viewed as an
unchanging time when phytoplankton communities were stable and productivity was at
an annual low. Recent work shows that there may be more to this traditional view as
winter phytoplankton densities are higher than previously thought (Hampton et al., 2016).
Throughout the winter, phytoplankton growth and biomass continues to be influenced by
temperature (Öterler 2017), light (Gervais 1998), and nutrients (Wen et al., 2020),
showing that the traditional view of winter being a dormant state is not always accurate.
Currently, our understanding of phytoplankton dynamics until the spring bloom is
incomplete. Additional research is required to fully understand phytoplankton succession.
While seasonal succession of the phytoplankton has been demonstrated many
times, it is important to note that many taxa compose the phytoplankton community,
often at low abundances (Padisák 1992). Environmental conditions change rapidly over
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time, depth, and space as water movements and mixing move phytoplankton. Conditions
change so frequently that many taxa are able to exist concurrently, even if one may be the
superior competitor (Wetzel 2001).
Nutrients
N and P are the nutrients most commonly limiting to phytoplankton growth in
many freshwater systems. Thus, their concentrations have a strong influence on lake or
reservoir productivity. N and P concentrations are commonly used to evaluate lake
trophic status, along with Secchi disk depth and chlorophyll-a concentrations (Wetzel
2001; Jones et al., 2008). High algal biomass, especially of cyanobacteria, is often
associated with degraded water quality (Dodds et al., 2009). This makes N and P two of
the most common pollutants due to their widespread use in fertilizers and as a waste
product of wastewater treatment plant effluent (Davis et al., 2009; Paerl and Paul 2012).
This cultural eutrophication often results in increased frequency and magnitude of
cyanobacterial blooms (Schindler 1974; Paerl and Huisman 2009; Henao et al., 2019).
Thus, the reduction of external nutrient loading is frequently the primary goal for water
managers (Downing et al., 2001).
Cyanobacteria blooms most commonly occur in eutrophic and hypereutrophic
water bodies (Reynolds 1987), but they have been observed in oligotrophic and
mesotrophic systems as well (Carrillo et al., 1995; O’Neil et al., 2012). Cyanobacteria
growth rates tend to be slower than other phytoplankton at temperatures below 25 °C
(Robarts and Zohary 1987). If P is present in high, biologically available concentrations
when temperatures warm to this 25 °C threshold, cyanobacteria will typically dominate
the phytoplankton (Robarts and Zohary 1987). One reason for this is that some
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cyanobacteria are diazotrophs able to fix atmospheric N not available to other
phytoplankton, which enables continued growth even in N limited systems (Chorus and
Welker 2021). The ability to fix atmospheric N does not always alleviate N limitation,
but it does enable cyanobacteria to continue to grow and outcompete other phytoplankton
(Anderson et al., 2020). This adaptation is unique in the phytoplankton and even nondiazotrophic cyanobacteria are flexible in the N sources they can utilize (O’Neil et al.,
2012). In addition to the absolute concentrations of N and P, there is also evidence
suggesting that the ratio of these nutrients (N:P ratio) exerts an influence on
cyanobacteria growth and cyanotoxin production. In lakes and reservoirs where the N:P
ratio is below 30, cyanobacteria are favored (Smith 1983). There remains some debate as
to the importance of N:P ratios versus absolute concentrations of N and P in determining
cyanobacteria abundances and both metrics should be considered (Downing et al., 2001).
For example, there is some evidence to suggest that cyanobacteria biomass tends to
increase between 20 and 25 g L-1 of total phosphorus (TP; Chorus and Schauser 2011;
Vuorio et al., 2020).
Nutrient concentrations also impact cyanotoxin concentrations. N, in particular, is
positively correlated with cyanotoxin production (Watanabe and Oishi 1985; Orr and
Jones 1998; Horst et al., 2014). For N-rich microcystin, enrichment of nitrate,
ammonium, and urea all have been shown to lead to an increase in this cyanotoxin
(Chaffin et al., 2018). P, too, influences cyanotoxin production, although this relationship
is less clear. While P limitation is associated with a decreased rate of cyanotoxin
production (Sivonen 1990), it is linked to a shift to the production of more toxic
cyanotoxin congeners (Oh et al., 2000). The N:P ratio, reported as a natural log to reduce
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bias associated with taking the mean of a ratio (Isles 2020), also influences cyanotoxin
production. Under ln(N:P) 3.4, microcystin concentrations were more likely to be higher
(Harris et al., 2014).
Light
By definition, phytoplankton are photosynthetic organisms and require light to
grow. The pigment chlorophyll-a enables photosynthesis by collecting red and blue light.
Light is crucial in determining the success and survival of phytoplankton, even in systems
where mixotrophic taxa, which are able to acquire energy through heterotrophy, dominate
(Jansson et al., 1996). Phytoplankton can be co-limited by light and nutrients, but growth
can still occur in the absence of light for a limited time (Dubourg et al., 2015). Thus, light
is the ultimate limiting factor for phytoplankton and its availability is critical in
determining phytoplankton biomass. Light availability decreases with depth in the water
column as low-energy red light does not penetrate as deeply as high-energy blue light.
The euphotic zone is the area where enough light is available for photosynthesis to
exceed respiration. While cells are able to survive outside this zone using stored sugars
and starches (Lee 2008), prolonged time spent out of the euphotic zone will result in cell
death or cause the cell to enter a resting phase (Bellinger and Sigee 2010). The amount of
time phytoplankton spend in the euphotic zone is also determined by several
characteristics of the lake. The amount of suspended particles influences light attenuation
and in turn, the depth of the euphotic zone (Jewson 1977; Robarts and Zohary 1984; Cole
et al., 1992). Lake stratification patterns also play a role. If the thermocline depth is
above the bottom of the euphotic zone, then sinking is the only way phytoplankton will
leave this zone. However, during lake mixing, phytoplankton will likely spend some time
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below the euphotic zone (Cole et al., 1992). Phytoplankton have developed a variety of
adaptations to maintain their position in the euphotic zone including buoyancyregulation, flagella, forms that reduce sinking (spikes, spines, horns), mucilage secretion,
and high surface area to density ratios (Lee 2008). These adaptations all enable
phytoplankton to acquire enough light for growth, but there can be tradeoffs from
reduced sinking rates. For example, larger cells with higher sinking rates are typically
favored in environments with high levels of turbulence. Spending more time deeper in the
water, closer to the nutrient-rich hypolimnion can provide an advantage when there is a
low likelihood of sinking out of the euphotic zone due to high turbulence (Naselli-Flores
et al., 2021). The constantly changing physical environment of lentic systems plays an
important role in how much light is available to a phytoplanktor at any given time.
Another adaptation is to tolerate a wide range of light intensities. Many
cyanobacteria are superior competitors at both high and low light intensities (Yang and
Jin 2008). Cyanobacteria are tolerant of low light conditions because of low maintenance
energy requirements and their ability to maintain higher growth rates than other
phytoplankton under low light levels (Van Liere et al., 1979). This allows them to persist
in the water column underneath other phytoplankton groups until conditions become
favorable (Chorus and Welker 2021). Several factors can lead to light reduction
throughout the water column. High concentrations of dissolved organic carbon can
reduce growth by reducing light availability (Bergstrӧm and Karlsson 2019). In Lake
Kasumigaura (Japan), the cyanobacteria Microcystis was still present under light limiting
conditions induced from dredging operations, but at lower densities than occurred prior to
dredging (Tomioka et al., 2011). Thus a decrease in light, resulting from an increase in
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turbidity, was the main factor in determining cyanobacteria abundance (Tomioka et al.,
2011). A similar phenomenon occurred in Lake Chagan, China, where elevated total
suspended solids concentrations enabled Microcystis and Oscillatoria to outcompete
diatoms and chlorophytes (Liu et al., 2021). Light also influences the ability of buoyancy
regulating cyanobacteria to position themselves in a favorable position in the water
column. Low light levels induce gas vacuole production, giving a cell positive buoyancy
(Deacon and Walsby 1990). In high light intensities, photosynthetic rates increase and
cyanobacteria store excess carbohydrates as dense “ballasts,” which accumulate and
cause the cell to have a negative buoyancy (Wallace and Hamilton 1999, 2000).
Additionally, high light intensities dilute cyanobacteria gas vesicles, also contributing to
a decrease in cell buoyancy (Utkilen et al., 1985).
In cyanobacteria, light also influences cyanotoxin production. One theory holds
that cyanotoxin production is an adaptation for cyanobacteria to prevent chlorosis during
the high light intensities commonly experienced at the water’s surface (Phelan and
Downing 2011). Conditions inside a “surface scum” can be harsh during a bloom,
especially because cells are exposed to high light intensities for prolonged time periods.
While still under debate, evidence exists in the lab to support this claim (Chaffin et al.,
2018). A positive correlation between light intensity and microcystin production exists
until a threshold intensity of 40 µmol m-2 s-1, after which the correlation becomes
negative (Utkilen and GjØlme 1992). Similarly, the number of intercellular cyanotoxin
synthetase genes increases with light intensity (Kaebernick et al., 2000). It may be that
this threshold is maintained until the light intensity that corresponds with maximum
growth rate is exceeded (Wiedner et al., 2003).
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Water temperature
Phytoplankton growth is influenced by temperature. The various phytoplankton
groups have different temperature requirements and optimum temperatures where they
experience their fastest growth rates. Typically, bacillariophyta grow at lower
temperatures than other algal groups. While temperature requirements vary from species
to species, some bacillariophyta can grow in temperatures as cold as -1.8 °C and as warm
as 30 °C, but optimum temperature growth occurs between 10 and 25 °C (Rhee and
Gotham 1981; Suzuki and Takahashi 1995), and usually below 15 °C (Zhang and Prepas
1996). Many cyanobacteria have slower rates of growth relative to other taxa (Chorus and
Welker 2021). One of the reasons cyanobacteria are able to form dense blooms later in
the summer is because many species experience their highest growth rates at warm
temperatures associated with a decline in the growth rates of other phytoplankton groups.
This is probably why water temperature is often the best predictor of cyanobacterial
blooms in observational field studies (Shin et al., 2021). Once surface water temperatures
reach 25 °C, cyanobacteria blooms are more likely to dominate the phytoplankton
(Robarts and Zohary 1987; Paerl and Huisman 2008). Many cyanobacteria native to
temperate waters experience their optimum growth rates between 25.0 and 27.5 °C
(Mehnert et al., 2010), and can grow and reproduce in temperatures in excess of 35 °C
(Butterwick et al., 2005). Comparatively, 35 °C is lethal to many other phytoplankton,
which cease growing over 30 °C (Butterwick et al., 2005). Water temperature influences
phytoplankton size as well as growth rate. Warmer temperatures select for smaller taxa
on the community level, and smaller cells and colonies on the species level (Zohary et al.,
2021). Warming causes a stronger temperature gradient to form at the thermocline,
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making it less likely for nutrients in hypolimnion to enter the epilimnion (Sommer et al.,
2017). This favors smaller phytoplankton because nutrient uptake across the cell
membrane is most efficient in smaller cells (Litchman et al., 2007).
Grazers
Grazing pressure and phytoplankton biomass are closely linked. Grazing is
widespread in aquatic organisms and is found in zooplankton, mixotrophic
phytoplankton, bivalves, larval fish, and planktivorous fish. Whether or not
phytoplankton biomass is more closely linked with resource availability or predation
pressure has been widely contested. Bottom-up control is when resource limitation results
in low phytoplankton biomass, reducing the number of grazers and eventually higher
trophic levels in a system (McQueen et al., 1989; George 2021). Top-down control refers
to the idea that predation pressure is the driving force behind phytoplankton biomass.
With top-down control, grazing pressure is highest when there are few fish to feed on
grazing zooplankton (Carpenter et al., 1985; Jeppesen et al., 2020). The debate between
whether freshwater ecosystems are controlled more from the bottom-up or top-down has
been going on for several decades, but general consensus today is that both forces are
important in shaping aquatic communities and ultimately, grazing and phytoplankton
biomass closely affect each other (Mao et al., 2020; Rogers et al., 2020). Grazing plays a
role in phytoplankton succession, contributing to the clearwater phase many systems
experience after the spring diatom bloom (Lampert et al., 1986). While grazing does
reduce phytoplankton biomass, it also increases in-lake diversity and may be a greater
driver of taxa richness than N:P ratios (Leibold et al., 2017). In addition to directly
affecting phytoplankton biomass, grazing can have indirect impacts by altering nutrient
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cycling. For example, high densities of filter-feeding mussels can reduce TP
concentrations but increase concentrations of biologically available orthophosphate
(Hwang et al., 2004). In some instances, grazing from zooplankton can lead to an
increase in nutrient sedimentation through the production of fecal pellets (Bloesch and
Bürgi 1989) or by selecting for larger taxa with higher sinking rates (Larocque et al.,
1996; Vanni 2002). Grazing can also reduce total nutrient concentrations through a
reduction in the amount of algal cells present in the water column (Sarnelle 1999). There
is also evidence to suggest that whether grazing leads to an increase or decrease in
nutrient sedimentation depends on lake productivity (Houser et al., 2000). It is clear that
the effects of grazers on nutrient cycling are complex and do not occur ubiquitously
throughout freshwater systems. What is clear is that these effects, in addition to direct
grazing pressure, can have substantial impacts on phytoplankton.
Phytoplankton have evolved strategies to avoid grazing pressure. Some of these
include forming colonies or filaments, growing in morphologically diverse forms such as
with spikes/spines, having thicker cell walls, increasing mucilage production, and
growing to larger individual cell sizes (Van Donk et al., 2011). These have costs, such as
being energetically expensive or resulting in inefficient nutrient assimilation, and many
strategies to alleviate grazing pressure represent an evolutionary tradeoff between
reducing grazing pressure, acquiring nutrients, and remaining suspended in the euphotic
zone (Pančić and KiØrboe 2018; Lürling 2021). For example, grazers favor small,
unicellular taxa and in the presence of high grazing pressure, many colonial taxa
dominate (Lehman and Sandgren 1985). However, small phytoplankton grow faster than
large phytoplankton and will dominate phytoplankton assemblages in the absence of
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grazing (Sommer and Sommer 2006). Nutritional content also influences grazing
pressure. Cryptomonas are desirable due to their high polyunsaturated fatty acid content
(Ahlgren et al., 1990). While there are exceptions (Tõnno et al., 2016), grazers generally
avoid cyanobacteria, which have low levels of polyunsaturated fatty acids, while other
food options are available (Ger et al., 2014). In the case of the filter feeding zebra mussel,
cyanobacteria are selectively expelled once brought into the mantle (Vanderploeg et al.,
2001). Larger phytoplankton, too, are not as nutritious as smaller phytoplankton (Branco
et al., 2020). Ultimately, the strategies that phytoplankton have developed to reduce
predation pressure make them more difficult to consume or less nutritious to grazers.
MANAGING CYANOBACTERIAL BIOMASS WITH GEOENGINEERING
Geoengineering approaches, as applied to cyanobacteria, are designed to
manipulate the factors required for growth in a way that prevents or curtails blooms. This
group of management strategies have gained popularity in recent decades, in part because
they often work on much shorter timescales than other management approaches, allowing
managers to meet the benchmarks and deadlines set forth in many environmental policies
(Mackay et al., 2014). Many geoengineering approaches focus on reducing nutrient
loading, although this is not the only approach they take. The selected method should
consider lake characteristics like water and nutrient fluxes, biology, and hydrology, as
well as logistical considerations like cost, safety, ease of implementation, and efficacy
(Lürling and Mucci 2020). While the mechanism behind each strategy differs, the
ultimate goal of these management approaches is often to shift freshwater lakes and
reservoirs from eutrophic systems where cyanobacteria blooms occur frequently to a
lower trophic status where blooms are rare. This alternative stable states hypothesis refers
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to the idea that ecosystems maintain resilience and do not experience state change until a
dramatic disturbance shifts the ecosystem to a different state with its own resilience
(Scheffer et al., 2001; Carpenter and Brock 2006). Lake managers sometimes try to create
a disturbance with enough magnitude to shift a eutrophic lake or reservoir to a stable,
clearwater state. Traditionally, geoengineering approaches designed to reduce internal
nutrient loading have been used for this purpose, although inducing light limitation with
glacial rock flour application may also achieve the same results.
Phosphorus inactivation agents
Internal nutrient loading, which refers to the process of sediment-derived nutrient
introductions into the water column is a primary obstacle to lake recovery, and often will
continue to increase lake P concentrations well after external loads have been reduced
(Nürnberg 1988). Many cyanobacteria are poor competitors for P (Baldia et al., 2007)
and use excesses of this nutrient to form dense blooms. Several geoengineering
approaches have been designed to reduce internal nutrient loading, the most common of
which are Phoslock® and alum. These “P-inactivation” techniques are designed to
replace iron and manganese as binding agents for P (these are temporary bonds that can
be released during anoxic conditions) to permanent binding agents. Often, this approach
is paired with a material, usually clays modified with Fe3+, polyacrylamide, or chitosan
that induced flocculation in cyanobacteria (Pan et al., 2006; Zou et al., 2006). This aids in
removing the particulate P that would not otherwise be accessible by the P-inactivation
material.
Phoslock® is a lanthanum modified bentonite clay (Douglas 2002) that sinks to
the sediment, where it acts as a “cap” by intercepting P released from sediments during
15

internal nutrient loading (Douglas et al., 2016; Lürling and Mackay 2016). It has been
shown to reduce P efflux from the sediments by up to 98 % during extended periods of
anoxia, and by up to 88 % during wind-induced resuspension periods (Funes et al., 2021).
Application of this material has been attributed to the reduction in algal biomass in
numerous instances, making it one of the first geoengineering techniques considered by
water managers looking to reduce cyanobacterial blooms (Meis et al., 2012; Noyma et
al., 2016; Waajen et al., 2016a, Waajen et al., 2016b). By reducing P concentrations
available to phytoplankton, Phoslock® has also been shown to shift some water bodies
from being N limited to P limited (Douglas et al., 2016). This shift corresponds with a
shift from conditions that favor cyanobacteria to conditions that favor eukaryotic algae
which is often a management goal to improve water quality. Phoslock® is especially
effective at reducing cyanobacteria in mesocosms where conditions were set to replicate
those under simulated climate change scenarios, suggesting that this management
strategy will continue to be an important tool for lake managers into the future (Cabrerizo
et al., 2020).
Despite its previous successes, there are some drawbacks to relying on Phoslock®
to improve water quality. Often, reapplication of materials is required because the
binding sites that adsorb P become saturated and materials designed to “cap” nutrient-rich
sediments can become buried (Gibbs et al., 2010; Reitzel et al., 2013). Phoslock® is also
expensive ($9.44/kg, http://www.forestrydistributing.com). Many of the Phoslock®
concentrations used to effectively reduce cyanobacterial blooms fall in the range of 0.046
and 0.085 g L-1 (van Oosterhout & Lürling 2011; Lürling and van Oosterhout 2012) but
often require multiple applications and costs can be high (Epe et al., 2017). In addition to
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cost, the effects of Phoslock® on aquatic organisms have been understudied and have
focused mostly on zooplankton (van Oosterhout and Lürling 2013). Lanthanum (the
element in Phoslock® that adsorbs P) may negatively impact aquatic organisms (Lürling
and Tolman 2010). The length of time lanthanum takes to bind with P also influences its
impacts on aquatic organisms (Spears et al., 2013). Finally, in-lab experimentation with
Phoslock® and other geoengineering materials often yield results and specifications that
are not directly transferable to complex, in-lake systems and in-lake “trial and error” is
required to achieve desired P reduction results (Mackay et al., 2014).
Aluminum salts are also a way to reduce internal nutrient loading through Pinactivation. The most common of these is aluminum sulfate, or alum
(Al2(SO4)3*14.3H2O), which has been applied to over 250 lakes worldwide since 1967
(Cooke et al., 2005; Brattebo et al., 2015). There have been many instances where alum
applications reduce internal P loading, alleviate cyanobacterial blooms, and increase
water clarity (Pilgram and Brezonik 2005; Brattebo et al., 2017; Wagner et al., 2017).
Like Phoslock®, alum provides additional binding sites for mobile P (the fraction of
sediment that will likely be released under anoxic conditions) and can also be used to cap
sediments. Alum is effective in a variety of conditions (Huser and Pilgrim 2014).
However, the longevity of treatment success ranges from 0–45 years and highlights our
lack of understanding with regards to application (Huser et al., 2016). Reapplication is
often necessary, although the length of time between reapplications varies from as short
as annual additions, to as long as 31 years between reapplication (Lewandowski et al.,
2003; Rӧnicke et al., 2021). There is less of a concern that alum will get covered by lake
sedimentation over time than for Phoslock® because alum is less dense than some
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sediments (James 2017). Despite the documented improvements alum has had on water
quality, alum treatment can be only partially effective at reducing internal P loading if
rates are underestimated or the effectiveness of the alum is overestimated (James 2017).
Additionally, the negative effects of aluminum toxicity to aquatic organisms is a concern
with alum, especially in low alkalinity lakes where applied aluminum compounds can
induce potentially toxic pH shifts (Wagner et al., 2017). Alum must be buffered because
toxic Al3+ ions will form below pH 6.5 (Cooke et al., 2005).
An important caveat to the effectiveness of P-inactivation techniques is that they
are most successful when used in lakes with small watersheds, or in conjunction with
efforts to reduce external nutrient loading (Mackay et al., 2014). Otherwise, reductions in
P from alum or Phoslock® will be negated as external nutrient loading will raise nutrient
concentrations back to what they were. Another drawback to Phoslock® and alum is that
they only address internal P loading and do nothing to control N loading. N deficiency
has been observed in Missouri reservoirs (Petty et al., 2020) and is not uncommon in
other parts of the world (Elser et al., 1990; Maberly et al., 2002; Dzialowski et al., 2005).
Aquashade®
A less common approach to reducing phytoplankton biomass is to reduce light
levels with the colored, insoluble dye Aquashade®. Aquashade® is a product designed to
eliminate rooted aquatic macrophytes and filamentous algae. It is composed of the dyes
acid blue 9 and acid yellow 23, which absorb light wavelengths critical to plant
photosynthesis. This strategy is typically used at a small scale (aquaculture ponds, golf
course ponds) and little research has been done to investigate its ability to reduce
cyanobacterial blooms. Concentrations of 1,000 to 5,000 µg L-1 have been shown to
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reduce growth rates of both chlorophyta and cyanobacteria (Spencer 1984), but recent
work has shown that cyanobacteria are able to continue to grow in ponds that receive
regular dosing (Tucker and Mischke 2019). Aquashade® can reduce photosynthetically
active radiation (PAR; Madsen et al., 1999), but its effects on phytoplankton are mixed.
While some reports cite a 60 % decline in algal biomass (Batt et al., 2015), others found
that Aquashade® had no effect on primary productivity, chlorophyll-a, zooplankton, and
phytoplankton concentrations (Ludwig et al., 2008; Suski et al., 2018). Aquashade® is
not suitable for ponds with an outflow and must be reapplied periodically as it does
degrade over time (Suski et al., 2018).
Artificial mixing
Artificial mixing is another method that can shift phytoplankton assemblages
from cyanobacteria-dominated to a mixed and diverse community (Visser et al., 1996)
and in some cases, may cause a reduction in total algal biomass (Pacheco and Lima Neto
2017). This method is only appropriate when lake depth is sufficiently deep and
buoyancy-regulating cyanobacteria dominate the phytoplankton (Ibelings et al., 2016). If
these conditions are not met, or if artificial mixing is not high enough to exceed the
flotation rates of the buoyancy-regulating cyanobacteria, artificial mixing will not work
(Lürling et al., 2016). Sufficient circulation must be supplied to move water that is below
the euphotic zone for extended periods of time. In many systems, this requires circulators
to mix the entire water column, which is often not done (Han et al., 2020). While
artificial mixing has been demonstrated to reduce cyanobacteria in lakes with a maximum
depth ranging from 5.2 (Cowell et al., 1987) to 55 m (Becker et al., 2006), water clarity
and phytoplankton community will influence the depth at which artificial mixing will be
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effective (Ibelings et al., 2016). Additionally, internal nutrient loading is higher in
polymictic lakes where frequent lake mixing transports P-rich hypolimnetic waters up to
the euphotic zone (Orihel et al., 2015). If lake managers are not careful, artificial mixing
can have a similar effect, which may increase cyanobacteria bloom occurrence.
Ultrasonication
Recently, ultrasonication has been proposed as a way to control cyanobacterial
blooms. Sound waves with a frequency greater than 20 kHz can cause acoustic cavitation,
ultimately lysing cyanobacterial cells, disrupting photosynthetic activity, or causing gas
vacuoles to collapse (Phull et al., 1997). Several commercially available units designed to
be placed in a pond exist for the purpose of controlling cyanobacteria. These units are
largely untested in the field (Park et al., 2017), and, when studies do exist, they suggest
that these units are ineffective (Lürling et al., 2014; Wei et al., 2018). Many laboratory
studies have attempted to explain the specific parameters that result in the greatest
reduction in cyanobacteria, including frequency, duration of exposure, and intensity (Wu
et al., 2011). Commercially available ultrasonicator units do not emit sound waves at the
same frequency and intensity that has been shown to work in the lab (Lürling et al.,
2016). Another concern with ultrasonication is that it can lead to large spikes in dissolved
cyanotoxin concentrations (Ressom et al., 1994). Much of the cyanotoxins that
cyanobacteria produce are retained within their cell membranes. When these membranes
are disrupted and the membranes are lysed, intracellular cyanotoxins are released into the
surrounding water (Greenstein et al., 2020). These units can kill zooplankton, which is
another criticism of commercially available ultrasonicators (Lürling et al., 2014). As they
exist currently, sonication units may be useful, but only in select instances. Custom-made
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ultrasound units have been shown to reduce cyanobacteria in mesocosm experiments
(Ahn et al., 2003), suggesting that this may one-day be a viable cyanobacteria
management strategy if improvements are made to commercially available units.
Glacial rock flour
To the best of our knowledge, this dissertation is the first instance where glacial
rock flour is used as a cyanobacteria management strategy. When applied to the water, a
portion of the rock flour floats on the surface, reducing light availability throughout the
water column. This reduction in light may lead to a decrease in cyanobacteria biomass.
More details about the use of glacial rock flour as a geoengineering technique are
presented in Chapter 2, but some background about this material, including its occurrence
in nature, impact on the ecosystems where it occurs naturally, and physical and chemical
characteristics are presented here.
Glacial rock flour occurs naturally as the erosional silt and clay sized particles
formed from a glacier passing over bedrock (Rampe et al., 2017). Thus, the composition
of glacial rock flour reflects the bedrock from which it was derived (Bischoff and
Cummins 2001). As the glacier melts, either from seasonal receding (Casassa et al.,
2009) or climate change (Moore et al., 2009), glacial rock flour runs off into a lake, often
via a stream. Lakes with high concentrations of glacial rock flour are located where
glaciers preside (high latitudes and elevations), and nearness to a glacier determines the
amount of glacial rock flour that will occur in a lake. When a glacier is farther away,
there are more opportunities for glacial rock flour to become trapped and retained
upstream (Saros et al., 2010). Time of year also determines how much glacial rock flour
is present in a lake. On a seasonal scale, glacial rock flour inputs will be determined by
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temperature and precipitation (Casassa et al., 2009), although variations in glacial rock
flour inputs on the scale of tens and hundreds of thousands of years reflect the
advancement and retreat of glaciers (Bischoff et al., 1997; Bischoff and Cummins 2001).
A substantial body of work has examined the how glacial rock flour inputs affect
conditions in glacially fed alpine lakes. Studies have examined everything from water
clarity (Sommaruga et al., 1999; Modenutti et al., 2000), water chemistry (Hood and
Berner 2009; Saros et al., 2010; Slemmons and Sarros 2012), light penetration (Rose et
al., 2014), and zooplankton communities (Sommaruga, 2015). In lakes near glaciers,
glacial rock flour decreases water clarity, but this is less pronounced in large lakes not
formed by wind or volcanic activity (Irwin 1974). In glacially fed Lake Tekapo, New
Zealand, concentrations of 2.6 mg L-1 of glacial rock flour contributed to a Secchi disk
depth of 1.2 m, and a PAR light attenuation coefficient 0.51 m -1 (Vant and Davies-Colley
1984). Concentrations of glacial rock flour were measured again in Lake Tekapo 23 years
later and were 1.6 mg L-1 (Gallegos et al., 2008). Comparisons with nearby Lake Pukaki,
another glacially fed lake in New Zealand, revealed higher glacial rock flour
concentrations of 11.6 mg L-1 (Gallegos et al., 2008). Maximum total suspended solids
concentrations, which were dominated by glacial rock flour, in glacially fed Mascardi
Lake (Argentina) of the southern Andes Mountains were ~2.5 mg L-1 (Modenutti et al.,
2000). Turbidity in 18 glacially fed lakes in Chile, Canada, and New Zealand varied from
0.3 to 45.5 NTU (mean 14.0 NTU, Rose et al., 2014). As a result of the increased
turbidity in glacially fed lakes, the depth at which maximum chlorophyll-a occurs is
shallower than in oligotrophic, alpine lakes not fed by glaciers (Sommaruga et al., 1999).
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Glacial rock flour can alter water chemistry. For example, glacially fed lakes can
have nitrate concentrations that are 1–2 orders of magnitude higher than lakes fed by only
snowmelt, although this trend is limited to the North American Rocky Mountains (Hood
and Berner 2009; Saros et al., 2010; Slemmons and Sarros 2012). This is likely because
glacial coverage does not retain N as readily as vegetated soils (Lafreniere and Sharp
2005). P concentrations in glacial rock flour are only 1.1 mg g-1, although potassium and
magnesium concentrations can be 28.7 and 26.4 mg g-1, respectively (Gunnarsen et al.,
2019). Glacial meltwater also increases conductivity. Two decades of monitoring in
Rasass See in the European Alps revealed an 18-fold increase in conductivity that
corresponded with meltwater inputs, which had also increased over this time period as a
result of climate change (Thies et al., 2007). Similarly, glacially fed lakes tended to have
higher conductivities in Rocky Mountain lakes fed exclusively by snowpack, although
this trend does not exist for all alpine lakes (Slemmons and Sarros 2012).
As a result of increasing suspended sediment loads and decreasing water clarity,
glacial rock flour reduces light intensity throughout the water column in glacially fed
lakes. In British Columbia, glacial rock flour caused the euphotic zone to become 14 m
shallower (Barouillet et al., 2019). Many of the studies examining glacially fed alpine
lakes are not focused on the glacial rock flour input itself, but rather on the conditions
resulting from its presence. Therefore, much of what we know about how the relationship
between glacial rock flour concentrations and light is derived from reported light
parameters in glacially fed lakes. For example, light attenuation from glacially fed lakes
has been measured in lakes across the globe. In these systems, glacial rock flour accounts
for 63 % of the total light attenuated, after taking into account the total attenuation from
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glacial rock flour, water, dissolved organic matter, and algae (Rose et al., 2014). The
effect of glacial rock flour on light attenuation changes based on the proximity of
measurements from the river inflow. Compared to immediately next to a glacial inflow in
Mascardi Lake, PAR and UV penetration was 20–25% greater ~9000 meters away
(Hylander et al., 2011). Along this same gradient (next to the inflow to ~9000 m away),
PAR light attenuation decreased from 0.24 to 0.16 m-1 and total suspended solids
decreased from 3.36–3.83 mg L-1 to 0.59–0.76 mg L-1 (Laspoumaderes et al., 2013).
Many studies of alpine lakes recognize that glacial rock flour influences the
glacially fed systems where it is found, but fewer attempts have been made to
characterize the physical and chemical properties of the glacial rock flour particulate.
One of the reasons for this is that glacial rock flour is defined broadly as the fine
particulate derived from glacial erosion. No standards exist to characterize it by size class
or composition because the minerals glacial rock flour is composed of reflect local
geology in a lake’s catchment (Chanudet and Filella 2009). There are a number of
instances where glacial rock flour characterization was made for a specific location, often
to aid in paleolimnology studies. For example in Oregon, glacial rock flour derived from
the mafic bedrock was composed predominantly of andesine, augite, and pigeonite, with
minor amounts of amorphous materials, olivine, hematite, zeolite, magnetite, smectite,
and maghemite (Rampe et al., 2017). Lake Brienz in Switzerland is fed by the Aare and
Lütschine rivers, which combine to form a mixture of glacial rock flour. This glacial rock
flour is composed of 51 % feldspars (albite and orthose), 27 % 2:1 minerals (illite, tibiotite, biotite), 6 % quartz, 2 % oxides, and 7 % other materials (Chanudet and Filella
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2009). These percentages are the means of 8 sampling dates between June 2004 and
October 2005 (Chanudet and Filella 2009).
While the mineral composition of glacial rock flour is reported, it is rare to
quantify the sediment particle size. When sediment particle size is taken into account,
most studies consider only the composition of clay (<2 µm). The three glacial rock flour
brands we considered are composed of 3.5–11.2 % clay, making comparisons with the
literature difficult. In Owens Lake of the Sierra Nevada mountains, the clay fraction (<2
µm) of the glacial rock flour is composed predominantly of quartz, smectite, K-feldspar,
and biotite with minor amounts of vermiculite and kaolinite (Bischoff et al., 1997;
Bischoff and Cummins 2001). Sediment samples taken from the glacial rock flour rich
riverbed of the Copper River (Alaska), were composed of the minerals plagioclase (37
%), quartz (26.3 %), amphibole (ferrotschermakite, 5.9 %), calcite (4.1 %), Kspar (2.4
%), dolomite (1.8%), pyroxene (1.2 %), magnetite (0.2 %), and the clays chlorite (7.5 %),
biotite (4.3 %), muscovite (3.7 %), smectite (ferruginous, 2.9 %), and vermiculite (2.7 %,
Crusius et al., 2011).
CONSEQUENCES OF HARMFUL CYANOBACTERIAL BLOOMS
Harmful cyanobacterial blooms occur when one species rapidly increases its
biomass at a quicker rate than all or many of the other phytoplankton present in the water
(Richardson 1997). Definitions about what constitutes a cyanobacterial bloom vary,
including such definitions as a significate increase in the population of one taxon leading
to a peak in biomass (Smayda 1997), the presence of phytoplankton in numbers that
cause substantial societal impacts (Wells et al., 2015), a visible discoloration of water
caused by cyanobacteris (Huisman et al., 2018), and chlorophyll-a concentrations either
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above a certain threshold (Tett 1987) or significantly higher than baseline concentrations
(Carstensen et al., 2007). Others have argued that harmful cyanobacterial blooms should
be defined based on the amount of toxins they produce (Watson and Boyer 2013). While
what constitutes a cyanobacterial bloom is still being debated, the consequences of
increased cyanobacterial densities are clear. Cyanobacterial blooms are unsightly and can
result in beach closures, decreased property values, lost recreational opportunities, and
interupted drinking water (Dodds et al., 2009; Bingham et al., 2015; Carmichael and
Boyer 2016). Cyanobacterial blooms are considered “harmful” because some taxa can
produce secondary metabolites that are recognized as potentially carcinogenic by the
International Agency for Research on Cancer (IARC; Grosse et al., 2006). In extreme
instances, exposure to these cyanotoxins can result in death for humans (Li et al., 2011),
pets (Backer et al., 2013), livestock (Van Halderen et al., 1995), and wildlife (Miller et
al., 2010). There are a variety of cyanotoxins which can be classified as neurotoxins,
dermal toxins, gastrointestinal inflammatory toxins, and general cytotoxins, but the most
commonly occurring cyanotoxin in most freshwater systems is the hepatotoxin
microcystin (Carmichael and Boyer 2016). Microcystin is commonly found in lakes,
reservoirs, and rivers throughout the world (Sukenik et al., 2015), and has been detected
in aquatic and terrestrial organisms including zooplankton (Ferrão-Filho and KozlowskySuzuki 2011), aquatic insects (Toporowska et al., 2014), gastropods (Zurawell et al.,
2007), bivalves (Poste and Ozersky 2013), oligochaetes (Xue et al., 2016), fish (Schmidt
et al., 2013), turtles (Perrault et al., 2020), bats (Woller-Skar et al., 2015), and birds
(McCain et al., 2020). Its distribution and transfer throughout the environment is of
particular interest to researchers because of the human health risk it poses.
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Microcystin in water
Microcystin occurs in freshwater environments when it is produced by
cyanobacteria. There are currently 36 genera of cyanobacteria know to potentially
produce microcystin (Chapman and Foss 2019). Within these genera, there are toxin and
non-toxin producing strains, depending on whether a cell contains the nonribosomal
enzyme complex for the microcystin synthetase (mcy) gene cluster (Rantala et al., 2006).
When mcy is expressed, the cell produces microcystin. Blooms sometimes display high
spatial (Kurmayer et al., 2004) and temporal (Tang et al., 2018) variation in toxin
production, but it is still unclear what causes mcy expression, nor what factors favor
toxin-producing and non-toxin producing strains. There is evidence that growth rate is
tied to mcy expression, as less microcystin is produced during stages of rapid growth
compared to bloom maintenance (Tang et al., 2018). Water temperature may also play a
role, although whether warming or cooling causes mcy gene expression to increase
remains unclear (Scherer et al., 2017; Martin et al., 2020). N is another factor that could
influence mcy expression but like water temperature, this linkage is still unresolved.
There is evidence to support that both low and high N concentrations lead to an increase
in mcy expression and microcystin production (Harke et al., 2016). Determining the
environmental factors that contribute to microcystin production will continue to be an
important avenue of cyanobacterial research as this knowledge will help us understand
and predict water microcystin concentrations. The primary way microcystin enters the
water column is through cell lysis of toxin-producing strains (Chorus and Welker 2021).
While it is possible that intact cells could release microcystin into the water, no export
mechanism has yet been identified and it is likely that, if it exists, this export contributes
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only negligibly to dissolved microcystin concentrations (Shi et al., 1995). Instead,
dissolved microcystin concentrations are usually highest at the end of a bloom as cells
senesce (Wantanabe et al., 1992).
Another potential route for cyanotoxins to enter the water column is from
sediments. Microcystin adsorbs to sediment particles (Cousins et al., 1996; Zastepa et al.,
2015), which can resuspend through wind, waves, or bioturbation. Sediment microcystin
concentrations have been measured as high as 2.37 µg g-1 dry weight (Xue et al., 2020).
Additionally, chemical changes in overlying water might cause microcystin to be released
back into the water column by altering the capacity of sediment particles to adsorb
microcystin. Previous work has shown that multiple factors influence the capacity of
sediments to adsorb microcystin including changes in pH (Miller et al., 2001; Liu et al.,
2008), organic matter content (Mohamed et al., 2007; Wu et al., 2011), and sediment
particle size (Miller et al., 2001; Munusay et al., 2012). A decline in sediment adsorption
capacity could result in microcystin release and reintroduction into the water column
through wind or bioturbation (Song et al., 2015). Either of these scenarios (resuspension
of sediment particles or a change in pH of overlying water) could be a source of
microcystin in water.
Microcystin in fish
Aquatic organisms can be exposed to microcystin by consuming contaminated
food items (Smith and Haney 2006) and by coming into contact with dissolved
microcystin in the water (Sieroslawska et al., 2012). In fish, ingested microcystin is
transported to the gut after consumption and can then pass into the bloodstream through
absorption by intestinal epithelia, although the amount of toxin that passes into the
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bloodstream varies by species and microcystin congener (Ernst et al., 2001; Chen et al.,
2006). The time between ingestion and when microcystin enters the blood can occur in as
little as 3 hours (Tencalla & Dietrich 1997). Microcystin is found at its highest
concentrations in the gut, followed by blood-rich organs such as the liver and kidney
(Cazenave et al., 2005; Chen et al., 2006). This can be a concern when the entire fish is
consumed such as for many small species (Onyango et al., 2020). Microcystin also
accumulates in muscle tissues, where it covalently binds to proteins (Smith et al., 2010).
The amount of microcystin present in a fish at any given time will depend on the
concentration to which the fish is exposed, the length of exposure, and the amount of
time that has passed since exposure (Jia et al., 2014; Gurbuz et al., 2016). Unlike many
other toxins such as mercury and PCBs, microcystin does not accumulate indefinitely. It
can be eliminated through the glutathione metabolic pathway, although the rate of this
metabolism is poorly understood (Schmidt et al., 2014). The ability to metabolize this
toxin is the main reason that microcystin concentrations decrease as trophic level
increases (Ibelings et al., 2005; Ferrão-Filho and Kozlowsky-Suzuki 2011), and is why
microcystin concentrations are often highest in planktivorous fish and followed by
omnivorous, and then carnivorous taxa (Flores et al., 2018).
Exposure to microcystin can have negative effects on fish health. Exposure can
result in histological inflammation, and degeneration and necrosis in tissues throughout
the body, but especially the liver (Ibelings et al., 2005). Liver damage seems to be
reversible for acute exposure (Kankaanpää et al., 2002). In response to acute microcystin
exposure, fish are able to increase the activity of antioxidant enzymes like superoxide
dismutase, catalase, glutathione reductase, and glutathione peroxidase (Prieto et al.,
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2006). Production of these enzymes and the subsequent detoxification of microcystin
exerts an energetic cost, which can be especially harmful to embryotic fish because they
have a limited energy reserve contained in the yolk (Cazenave et al., 2006). Chronic
exposure to microcystin can also have a negative effect on fish health, resulting in liver
and ovary apoptosis, damaged gills, hepatic steatosis, and increased difficulty in
maintaining cation-anion homeostasis (Carbis et al., 1997; Zhan et al., 2020; Zhang et al.,
2020). These effects are likely a result of cyanotoxin exposure, although it should be
noted that exposure to non-toxin producing cyanobacteria can also result in gill damage
(Bury et al., 1995, 1998). Microcystin exposure also can cause a change in fish behavior
like increased opercular beat rates (Ernst et al., 2006), elevated plasma glucose levels
(Ernst et al., 2006), and reduced swimming activity (Baganz et al., 2004). Ultimately,
cyanotoxin exposure can result in a greater physiological stress response and reduced
fitness, degrading the fishery and reducing its utility to anglers (Ferrão-Filho and
Kozlowsky-Suzuki 2011).
Human health risks associated with microcystin
Human exposure to cyanotoxins can occur through consumption of contaminated
fish (Poste et al., 2011), directly through drinking water (Song et al., 2007), or from
produce irrigated with contaminated water (Xiang et al., 2019). Exposure can also occur
from recreational activities such as aerosol inhalation (Backer et al., 2008), contact with
contaminated beach and shoreline sediments (Preece et al 2021), ingestion of small
amounts of water while swimming (Stewart et al., 2006), or direct contact with skin
(Lévesque et al., 2014). Microcystin inhibits protein phosphatase 2A (PP2A) and 1 (PP1)
in hepatocytes, resulting in autophagia, apoptosis, necrosis, hepatocellular vacuolation,
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and/or cell proliferation (MacKintosh et al., 1995; Bagu et al., 1997). This can result in
liver disease in the form of hemorrhaging, increased rates of infection by the Hepatitis B
virus, and even death (Jochimsen et al., 1998; Miller et al., 2010; Li et al., 2011). Other
health effects include respiratory problems (Stewart et al., 2006) and gastrointestinal
symptoms (Pilotto et al., 1997; Backer et al., 2008; Lévesque et al., 2014). Chronic
exposure, while understudied, also can have dramatic human health implications.
Drawing causal links between human health and chronic exposure to materials is difficult
because it is often impossible to control for many variables, so instead epidemiologists
often rely on correlative and weight-of-evidence approaches (Wyzga and Rohr 2015).
Comparisons of people who get their drinking water and consume fish and waterfowl
from lakes with varying frequencies of cyanobacterial blooms showed that the people
who used the lake with frequent blooms were more likely to use hepatotoxic medicine
and test positive for hepatitis B (Li et al., 2011). This suggests that there does seem to be
some link between chronic exposure to microcystin and negative health effects. Recent
studies conducted on mice have shown that chronic exposure to microcystin can result in
increased risk of prostate cancer and kidney injury (Yi et al., 2019; Pan et al., 2021). It is
still unclear if these same risks will occur in humans.
As a result of the human health risks associated with microcystin, advisories have
been developed for drinking water and fish consumption. These advisories calculate
tolerable daily intake (TDI) by applying an uncertainty factor to the no observed adverse
effect levels measured in mouse studies (Fawell et al., 1999; Fromme et al., 2000). TDI is
the level of microcystin that can be ingested without resulting in negative health effects
over some length of time. In the United States, the Environmental Protection Agency has
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developed drinking water advisories for microcystin over 10 days of continuous exposure
(US EPA 2015). The microcystin advisory for drinking water is 0.3 µg L-1 for infants and
pre-school children, and 1.6 µg L-1 for adults (US EPA 2015). They have also developed
recreational guidelines of 8 µg L-1 for microcystin (US EPA 2019). Other agencies and
organizations around the world have microcystin advisories including the World Health
Agency, 16 countries, and 20 individual states (AWWA 2016). For adult drinking water
advisories, these range from 1 µg L-1 to 1.6 µg L-1 (AWWA 2016). Drinking water
advisories are developed based on TDIs because people require drinking water on a daily
basis. The World Health Organization has used the same chronic exposure TDI that they
use to set their drinking water advisory for fish consumption as well (WHO 2006). Many
agencies and organizations use this same TDI to set their own recommendation for fish
consumption and microcystin exposure (Testai et al., 2016). TDIs might be appropriate
for people who consume fish as a regular part of their diet, but not for those who
consume fish for short periods, such as recreationally (Ibelings and Chorus 2007). To
account for this discrepancy in frequency of exposure, the most comprehensive
microcystin advisory for fish consumption is divided into acute, seasonal, and daily
exposure (Ibelings and Chorus 2007). Acute exposure represents a single event where
microcystin is consumed, such as eating fish caught at a single fishing trip. For acute
exposure, no negative health effects should occur if exposure does not exceed 25 µg per
exposure for a 10 kg child and 190 µg per exposure for a 75 kg adult (Ibelings and
Chorus 2007). For seasonal tolerable daily intake advisories, limits are calculated based
on per day exposure because this advisory assumes per day exposure over the course of
several weeks. These limits are 4 µg day-1 for a 10 kg child and 30 µg day-1 for a 75 kg
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adult (Ibelings and Chorus 2007). For daily exposure for several months at a time,
lifetime tolerable daily intake advisories are listed as 0.4 µg day-1 for a 10 kg child and 3
µg day-1 for a 75 kg adult (Ibelings and Chorus 2007). Other fish consumption advisories
relating to microcystin are more general, recommending against consuming fish with
microcystin concentrations higher than a set threshold value. For example, the state of
California also has a general fish consumption advisory for microcystin, warning
consumers to avoid eating fish with microcystin concentrations exceeding 0.01 µg g -1 wet
weight (Testai et al., 2016). Ohio and Illinois both recommend that consumers avoid fish
when microcystin concentrations exceed 0.028 µg g-1 (Testai et al., 2016), and the
Australian government recommends avoiding fish with microcystin concentrations
greater than 0.024 µg g-1 wet weight (Mulvenna et al., 2012).
ZEBRA MUSSELS
The effects of zebra mussels on phytoplankton
Many of the impacts zebra mussels have on the systems to which they invade
result from their prolific filtering capacity. They can filter up to 21.7 mL mg-1 hr-1
(Fanslow et al., 1995), although this rate likely varies based on phytoplankton availability
(Smith et al., 1998), cyanobacteria abundance (Gardner et al., 1995; Lavrentyev et al.,
1995), water temperature (Fanslow et al., 1995), zebra mussel densities (Fanslow et al.,
1995), and lake stratification patterns (Schwalb et al., 2013). Zebra mussel filtration rates
can be limited by phytoplankton quantity (Smith et al., 1998) and quality (Gardner et al.,
1995, Lavrentyev et al., 1995). Zebra mussels can selectively reject nutrient-poor and/or
toxic cyanobacteria in their pseudofeces (Vanderploeg et al. 2001), and high
phytoplankton densities may still be associated with decreased filtration rates if
33

cyanobacteria make up a large percentage of the community (Gardner et al., 1995;
Lavrentyev et al., 1995). Zebra mussels are able to filter a broad range of particle sizes
(~1–750 µm) which contributes to their ability to assimilate up to 40% of their body
carbon per day (Vanderploeg et al., 2001). Energy and nutrients are shifted to benthic
areas nearshore (Hecky et al., 2004; Cha et al., 2011; North et al., 2012; Ozersky et al.,
2012; Kim et al., 2015). Approximately a third of the P filtered out of water column is
egested as feces or pseudofeces, much of which is composed of N and P in bioavailable
forms easily taken up by benthic organisms (Conroy et al., 2005; Ozersky et al., 2013;
Vanderploeg et al., 2017; Vanni 2021). The increase in benthic nutrient availability can
dramatically alter ecosystem structure in invaded lakes and is often associated with an
increase in macroinvertebrate populations (Ward and Ricciardi, 2007). This also reduces
nutrients and energy availability for planktivores, resulting in smaller young-of-the-year
fish (Hansen et al., 2020). Improved light conditions and increased nutrient availability in
the benthos also have led to an increase in filamentous algae and periphyton after zebra
mussel establishment (Lowe and Pillsbury 1995; Sakharova et al., 2018). In some
instances, zebra mussel densities have become high enough to reduce dissolved oxygen
(DO) concentrations in the water column (Caraco et al., 2000; Effler et al., 2004). Zebra
mussels also outcompete native mussels and displace them through suffocation
(Schloesser et al., 1991; Dzierżyńska-Białończyk et al., 2018). While the full economic
impacts of zebra mussels has not been fully quantified, they are likely in excess of $100
million (Strayer, 2009) and may be as high as $1 billion annually (Pimentel et al., 2005).
Most of this cost comes from the clogging of intake pipes. Between 1989 and 2004,
North American drinking water and power plants spent a combined $267 million on
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removing and trying to prevent zebra mussel colonization on intake pipes (Connelly et
al., 2007). Increased nutrient concentrations have been associated with an increase in
zebra mussel densities, so the cost of this invader will likely increase as it continues to
spread and cultural eutrophication occurs at increasing rates (Schuler et al., 2020).
Zebra mussel fecundity is over one million eggs per female per spawning event
(Ludyanskiy et al., 1993) and mussels are able to reproduce twice per year under
favorable conditions (Chase and Bailey 1999; Locklin et al., 2020). Veligers are
planktonic for the first 18–90 days of their life before attaching to a surface with byssal
threads (Ackerman et al., 1994). Zebra mussels readily colonize any hard surface, which
along with the aforementioned life history traits (high fecundity, planktonic veligers),
have contributed to the overland spread of zebra mussels via the ballast water and hulls of
personal watercraft. In lotic systems, zebra mussels spread when planktonic veligers are
transported downstream (Jin and Zhao 2021). The high fecundity, ability to colonize a
variety of substrates, and planktonic veliger stage that enables wide dispersal often leads
to high mussel densities in the lakes, reservoirs, and rivers where zebra mussels become
established, often within 2 years of introduction (Ludyanskiy et al., 1993; Strayer et al
2019). Zebra mussels are currently considered invasive in 33 European countries, 3
Canadian provinces, and 33 states in the US (Dölle and Kurzmann 2020; Benson et al.,
2021). High zebra mussel densities, and their associated collective filtering capacity, can
filter the entire volume of a water body in as little a time scale as hours to days. In Lake
Simcoe (ON), which has a volume of 11.6 km3, conservative estimates for the rate
dreissenids filter the water column is 0.24 times per day (North et al., 2013). The 7.9 km3
of the inner part of Saginaw Bay (Lake Huron, MI) gets filtered by dreissenids 0.2–1.3
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times per day (Fanslow et al., 1995), and Lake St. Clair (MI/ON), volume 4.2 km3, gets
filtered twice per day (Herbert et al., 1991). Such high fecundity and filtering capacity are
some of the reasons that this invader can have such substantial impacts in systems where
it becomes established.
It is well documented that zebra mussels increase water clarity in the water bodies
where they become established. A meta-analysis of almost 200 studies revealed an
increase in water clarity in nearly all systems after the invasion of zebra mussels (Higgins
and Vander Zanden, 2010). This was evident by a mean 38.5 % increase in Secchi disk
depth, 40.7 % decrease in turbidity, 39.7 % decrease in suspended solids, 47.3 %
decrease in chlorophyll-a concentrations, 58.5 % decrease in phytoplankton, and 51.3 %
decrease in zooplankton (Higgins and Vander Zanden, 2010). Many of these trends were
corroborated in Lake Simcoe (ON; North et al., 2013), which experienced a decrease in
chlorophyll-a concentrations and phytoplankton biovolume during all four seasons of the
first 12 years post- zebra mussel invasion (Baranowska et al., 2013). In Hargus Lake
(OH), decreases in phytoplankton biomass (and increases in water clarity) after the
introduction of zebra mussels resulted in a 1.2 m increase in thermocline depth over a
three year span (Yu and Culver, 2000). As zebra mussels reduced the concentrations of
suspended seston, light attenuation decreased and the epilimnion thickened due to an
increased heating rate (Yu and Culver, 2000). Water clarity in Saginaw Bay (Lake Huron,
MI) increased and a muting effect on the seasonal phenomenon (spring Saginaw River
discharge, summer cyanobacterial blooms, autumnal wind-driven resuspension) that
typically influence turbidity was also observed post- zebra mussel invasion (Fahnenstiel
et al., 1995; Budd et al., 2001). There were negative correlations between zebra mussel
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biomass and both turbidity and phytoplankton biomass in Lake Michigan (US,
Ransibrahmanakul et al., 2018). In Oneida Lake (NY), the introduction of zebra mussels
likely contributed to a greater increase in Secchi disk depth than did the reduction of total
P loading (Zhu et al., 2006). Lake Ontario (NY/ON) also experienced increases in water
clarity. However, this shift likely originated from decreased calcium loading from Lake
Erie, where rapidly growing zebra mussel populations use calcium for cell construction
(Barbiero et al., 2006). As a result, fewer “whiting,” or calcite precipitation, events
occurred in Lake Ontario during this study, which may increase water clarity more than
mussel filtration (Barbiero et al., 2006). Zebra mussels increase water clarity in rivers as
well. In the Seneca River (NY), Secchi disk depth increased 2.5 times and chlorophyll-a
concentrations decreased 16 times post- zebra mussel invasion (Effler et al., 2004). In the
Hudson River Estuary (NY), phytoplankton biomass declined by 85 % post- zebra mussel
establishment (Caraco et al., 1997). Incidences where zebra mussels do not lead to an
increase in water clarity are rare and seem to be the exception, not the rule. In Green Bay
(Lake Michigan, WI), chlorophyll-a concentrations increased post- zebra mussel invasion
while phytoplankton biomass remained unchanged (De Stasio et al., 2014).
Phytoplankton communities shifted as the bay saw a decrease in chlorophyta and an
increase in grazing resistant cyanobacteria and bacillariophyta, which may attribute to the
increase in chlorophyll-a concentrations (De Stasio et al., 2014).
Environmental factors influencing zebra mussel filtration
Few aquatic invaders can have as much of an impact on ecosystems where they
become established as can zebra mussels. This invasive bivalve is notorious for reducing
phytoplankton biomass in systems where it becomes established because of its filter37

feeding behavior. The collective filtering capacity, and thus the impact these mussels
have on invaded systems, is ultimately determined by the densities they are able to attain.
Many organisms are able to persist in sub-optimal conditions even if they are not able to
reach the same densities that they otherwise might have had conditions been more
favorable (Lockwood et al., 2013). Environmental factors occurring outside of the
optimal range for zebra mussels may limit the densities they are able to form, and thus
limit their collective filtering capacity. For zebra mussels, some of these factors include
water temperatures, DO concentrations, calcium concentration, and concentrations of
suspended inorganic particles. Understanding the range of these conditions that zebra
mussels are able to tolerate is an important factor in assessing the risk of invasion that
individual water bodies face. While zebra mussel tolerance thresholds for many
conditions have been established, the combined effects of multiple stressors is not well
understood. Preliminary work has shown that the likelihood of zebra mussel mortality
increases when multiple stressors are introduced, compared to when a single parameter is
suboptimal (Mathai et al., 2020). Recent work has also shown that zebra mussels are able
to adapt to conditions outside of their optimum, both behaviorally (Ouellette-Plante et al.,
2017) and because of selection pressure (Elderkin and Klerks 2005; De Ventura et al.,
2016). The extent of zebra mussels’ adaptive capacities should be a continued area of
research, especially as they continue to push the boundaries of their predicted range
expansion in North America (Drake and Bossenbroek 2004; Locklin et al., 2020; Benson
et al., 2021; Vanderbush et al., 2021). Our current understanding of zebra mussel
dynamics is not adequate to meet research and management needs and investigations into
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how this invader responds to different environmental conditions remain necessary
(Strayer et al., 2019).
Water temperature
Temperature is an important variable in zebra mussel life history and many
studies have examined how temperature changes affect growth and survival. Temperature
determines when zebra mussels spawn, how often they spawn, how quickly veligers
develop, and veliger and adult zebra mussel growth rates. Spawning rates are maximized
at 18 °C (McMahon, 1996), but a lower limit of 12 °C is commonly accepted as the
minimum temperature required for spawning (Neumann et al., 1992). If temperatures
warm quickly enough in the spring, zebra mussels are able to spawn twice in the same
season (Chase and Bailey 1999). In Texas, near the southern extent of zebra mussel
distributions, spawning was initiated early enough that the spring cohort was able to
spawn by autumn (Churchill 2013; Locklin et al., 2020). Peaks in larval development and
veliger settlement onto substrates are also optimized at 18 °C (Piesik 1983; Afanas’yev
and Protasov 1987; Sprung 1987). Optimal zebra mussel growth rate is between 10–15
°C (Walz 1978), while optimal temperatures for filtration are 10–22 °C (Reeders and Bij
de Vaate 1990). Multiple spawning events in a season, along with higher growth rates at
elevated temperatures, could compensate for increased mortality associated with
temperatures above 25 °C, enabling zebra mussels to continue to expand along the
southern extant of their range (Churchill et al., 2017).
An upper temperature threshold to zebra mussel growth and survival could limit
the spread of zebra mussels. While mussels are able to persist beyond 25 °C, some
evidence suggests that temperatures above this threshold cause growth rates to decline
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(Thorp et al., 1998), respiration rates to increase (Alexander et al., 1994), and a reduction
in byssus thread production and foot activity (Rajagopal et al., 1997). Similarly, a stress
response, indicated by increased mortality and reduced growth rates, occurred in zebra
mussels in 30 °C water compared to 20 °C water (Jost et al., 2015). Zebra mussels are
able to survive beyond 30 °C for limited periods. The thermal tolerance for zebra mussels
seems to be between 31–32 °C, with 100% mortality occurring in as little as 2 and as
many as 47 days at these temperatures (McMahon et al., 1994; Elderkin and Klerks,
2005). Continual exposure to elevated temperatures seems to be especially deadly. Even
brief, 8 hour reductions in temperature to below 32 °C can result in 20 % survival
compared to 0 % survival when temperatures are kept above 32 °C (Mathai et al., 2020).
Zebra mussels are also able to survive temperatures as high as 37–39 °C, but only for up
to 75 minutes (McMahon et al., 1994, Spidle et al., 1995).
Most of the work investigating thermal limits of zebra mussels has been
conducted in the lab and may not completely explain some of the regional differences
that are observed in zebra mussels and temperature. Zebra mussels located in areas with
warmer climate can survive in elevated temperatures for longer (McMahon, 1996,
Elderkin and Klerks, 2005, Morse et al., 2009). In Lake Texoma (OK/TX), near the
southern extant of this species’ range, zebra mussels have highest growth rates at 27–28
°C, much warmer than the 17–23 °C optimal temperature range described previously
(Ludyanskiy et al., 1993; Churchill et al., 2017), and the thermal tolerance of zebra
mussels in southern Kansas is 32 °C (Morse et al., 2009). Zebra mussels in the mouth of
the Mississippi River can survive for an average of 20 hours longer than zebra mussels in
the Mississippi’s headwaters at water temperatures of 32 °C (Elderkin and Klerks 2005).
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These examples suggest that zebra mussels at southern latitudes can evolve thermal
tolerance due to the selection pressure of elevated water temperatures (Morse et al., 2009;
Locklin et al., 2020). It seems that cooler temperatures also influence regional
temperature tolerances of zebra mussels. In Gull Lake, Michigan, in situ experiments
revealed that 25 °C was the lethal limit for zebra mussels (White at al. 2015). This is
cooler than the 30–32 °C lethal limit reported in many laboratory studies (McMahon et
al., 1994; Elderkin and Klerks, 2005; White et al., 2015). Zebra mussel distributions in
Lake Winnipeg, Manitoba, are reduced in areas of the lake where cooler temperatures
resulting from shallower water depths limit mussel establishment and spread (Depew et
al., 2020). The range of thermal adaptation that zebra mussels are able to show will
ultimately determine how far they will spread. Our ability to understand this extent will
enable us to accurately predict this spread and assess its impacts (Feng et al., 2020).
Dissolved oxygen
Zebra mussels are one of the least tolerant bivalves to anoxic conditions
(McMahon, 1996). In the Ponto-Caspian region where they are native, zebra mussels use
byssal threads to remain attached to surfaces in turbulent, oxygenated littoral areas of
large lakes (Farr and Payne 2010). There is some evidence to suggest that populations
from different geographic regions can adapt to local dissolved DO conditions (De
Ventura et al., 2016). This has only been investigated in Europe, but it could have
implications for assessing the potential range of zebra mussels in North America as well.
To date, our understanding of zebra mussel DO tolerance depends mostly on laboratory
studies conducted several decades ago. Zebra mussel DO tolerance depends on
temperature and it is easier to understand the relationship between these variables in a
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controlled, laboratory environment. At warmer temperatures, mussels require more DO to
meet metabolic demands (Alexander and McMahon, 2004). Zebra mussels are able to
survive anoxic conditions, but only for limited periods. For example, when DO
concentrations are below 0.7 mg L-1, zebra mussel mortality is 100 % after 6 days when
water temperatures are 17–18 °C, 4 days at temperatures between 20–21 °C, and 3 days
when temperatues are 23–24 °C (Mikheev, 1964). Others have found that in anoxic
conditions, 100 % mortality happens after 5 days when temperatures are 18 °C
(Karatayev et al., 1998). Zebra mussels can survive anoxic environments for much longer
at colder temperatures. Below DO concentrations of 0.4 mg L-1, zebra mussels can
survive for 38–42 days at 5 °C compared to 3–4 days at 25 °C (Mathews and McMahon,
1999). Zebra mussel size also influences the length of time individual mussels are able to
survive in reduced DO environments with larger mussels surviving for longer in anoxic
environments than smaller ones (Mikheev 1964; Mathews and McMahon, 1999).
Several field studies have also identified DO as playing an important role in zebra
mussel survival, distribution, and health, although these have not been able to directly
verify the specific survival thresholds measured in lab studies due to variable
environmental parameters. In Hargus Lake (OH), no decrease in zebra mussel survival
occurred until the lower metalimnion, where DO concentrations reached 1.7 mg L-1 and
temperatures were 18 °C (Yu and Culver 1999). Below these DO concentrations, zebra
mussel survival dropped from 75 to 0 %, and many of the mussels expired during the
third (and final) month of stratification when hypoxic conditions were most pronounced
(Yu and Culver 1999). It is difficult to attribute this mortality exclusively to low DO
concentrations, as other environmental changes, such as increased ammonia or nitrate
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concentrations, could also play a role (Yu and Culver 1999). DO concentrations can limit
zebra mussel distributions to above the depth of stratification, at least in systems that
often experience anoxia in the hypolimnion. In larger lakes, zebra mussel densities are
higher in basins that are deeper and have higher DO concentrations (Depew et al., 2020).
Cohorts from the previous spring, or previous years depending on DO conditions at the
time, can be wiped out during years when stratification persists for several months
(Garton and Johnson 2008; Locklin et al., 2020). Zebra mussels might be prevented from
reaching high densities in systems that experience frequent and prolonged stratification.
This is more common at southern latitudes where mixing depths tend to be shallower and
anoxia in the hypolimnion tends to last longer than water bodies to the north (Jones et al.,
2011; Churchill et al., 2017). High DO concentrations also can influence zebra mussel
health. Zebra mussel production of glutathione, an antioxidant that reduces oxidative
stress, is positively correlated with DO concentrations (Wojtal-Frankiewicz et al., 2017).
High DO concentrations do not seem to be a prerequisite for zebra mussel establishment
as high densities have been observed in systems where DO concentrations are ~6 mg L-1
throughout much of the summer (Effler et al., 1996).
Calcium
Calcium (Ca) is necessary for zebra mussel shell construction and osmoregulation
(Vinogradov et al., 1993; McMahon, 1996). Calcium carbonate (CaCO3) is the most
usable form of Ca for zebra mussels. A minimum threshold for CaCO3 is required for
mussel survival, but the exact concentration of this threshold is debated. Based on a metaanalysis of laboratory and field studies, Ca concentrations of 12.0 mg Ca L-1 represent a
functional threshold for zebra mussel establishment, although zebra mussels have been
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observed in water bodies with lower Ca concentrations (Cohen 2007). Zebra mussels
have been observed at Ca concentrations as low as 8.0 mg Ca L-1 in the St. Lawrence
River (Jones and Ricciardi 2005), and 8.5 mg Ca L-1 in Ontario (Canada) lakes (Hincks
and Mackie 1997). Field studies may underestimate the Ca threshold necessary for zebra
mussel survival as Ca concentrations can fluctuate from when they are measured. In the
lab, CaCO3 concentrations of 13 mg Ca L-1 have been identified as the threshold for
survival and reproduction (Baldwin et al., 2012). Zebra mussel growth rate is highest at
concentrations of 32 mg Ca L-1 (Hincks and Mackie 1997). No upper toxicity of Ca
concentrations have been identified, but zebra mussel densities decline when exposed to
calcium chloride (CaCl2, Coldsnow et al., 2021). CaCO3 concentrations have been used to
model the potential range of zebra mussels in North America, and waterbodies with
concentrations above 20 mg Ca L-1 are classified as having a moderate risk of invasion
(Whittier et al., 2008). In the United States, water bodies in regions such as the Pacific
Northwest and parts of New England likely have a low risk of zebra mussel invasion, due
to their low CaCO3 concentrations (Strayer 2009). In 80 % of Missouri reservoirs, mean
Ca concentrations are above 20 mg L-1, and CaCO3 are above 70 mg L-1 (Wylie and Jones
1991). In only 4 % of reservoirs are concentrations below 20 mg L-1 (Wylie and Jones
1991).
Inorganic suspended solids
Inorganic suspended solids can clog inhalant siphons and gills which can reduce
zebra mussel respiration, clearance, and ingestion rates (Madon et al., 1998; TuttleRaycraft et al., 2017). Many bivalves address elevated concentrations of inorganic
particles by reducing their filtering rates and/or producing pseudofaeces to clear their
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gills from inorganic particles, but this exerts an energetic cost (Chapman et al., 2017;
Goldsmith et al., 2021). Previous research has tried to determine a level of inorganic
suspended solids under which zebra mussels display a negative response, but with mixed
results. Some studies suggest that the impacts of inorganic particles on zebra mussel
fitness is substantial, while others argue that zebra mussels are only minimally impacted.
Of the former, 5.0 inorganic: organic particles in the seston has been proposed as a ratio
beneath which zebra mussel ingestion, assimilation, water processing, and clearance rates
are substantially reduced (Madon et al., 1998; Schneider et al., 1998). Others have found
that threshold concentrations are more appropriate for assessing the impacts of inorganic
solids on zebra mussels because underneath these thresholds, zebra mussels begin to
display negative responses. For example, bentonite clay in 31 mg L-1 concentrations
resulted in a significant decrease in respiration rates of zebra mussels in mesocosm tanks
(Alexander et al., 1994), and inorganic suspended solids exceeding 27 mg L-1 caused
zebra mussels to produce an increased amount of pseudofeces (Lei et al., 1996). One
reason for the lack agreement about the precise threshold might be because zebra mussels
are able to adapt their behavior to reduce the impacts of chronic levels of high suspended
inorganic solids (Ouellette-Plante et al., 2017). This makes understanding the exact
effects of inorganic suspended solids on zebra mussel behavior a challenge.
There is evidence suggesting that zebra mussels are only minimally impacted by
high concentrations of inorganic suspended particles. During benthic sediment
resuspension in Lake Druzno (Poland), zebra mussels stopped filtering until all but the
smallest particles settled out of suspension, a process that only took 10–30 minutes
(Wiśniewski 1990). For these mussels, total ingestion rates over a four hour period were
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the same as mussels that did not experience sediment resuspension, suggesting that brief
periods of exposure to fine inorganic particles do not cause a negative impact
(Wiśniewski 1990). The respiration rate of zebra mussels exposed to high turbidity
derived from bentonite clay (80 NTU) decreased, but this decrease was smaller in
mussels that had previously been acclimated to similar turbidity levels (Summers et al.,
1996). Behaviorally, zebra mussels can close their inhalant siphons under high
concentrations of illitesmectite clay for brief time periods and can selectively reject
inorganic materials in pseudofaeces before digestion (MacIsaac and Rocha 1995; Baker
et al., 1998). Physiologically, zebra mussels exposed to chronically high concentrations
of suspended sediments are able to increase their palp to gill surface area ratio to increase
their ability to sort food and non-food particles (Payne et al., 1995). At this point, more
work is needed to better understand the impacts of inorganic sediments on zebra mussels
and their ability to adapt to the suboptimal conditions.
DISSERTATION JUSTIFICATION
Objectives and Hypotheses
The objective of this dissertation is to investigate the influence of light on
phytoplankton. Traditional management of phytoplankton biomass has focused on
controlling nutrient loading while light availability is considered unchangeable and is
largely ignored. This dissertation looks at how decreased light availability, resulting from
GRF application, influences phytoplankton communities in mesocosm tanks. It also looks
at microcystin accumulation in the tissues of bluegill and largemouth bass. Microcystin is
a secondary metabolite produced by some species of cyanobacteria, possibly as a way to
protect the cell from high UV radiation (Phelan and Downing 2011). Finally, this
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dissertation investigates how increased light availability influences phytoplankton by
looking at water clarity before and after the introduction of filter feeding zebra mussels in
Missouri reservoirs.

H0: Light does not control phytoplankton biomass independent of nutrient concentrations,
water temperature, and grazing.
H1: Light controls phytoplankton biomass independent of nutrient concentrations, water
temperature, and grazing.

This dissertation focuses on studying some of the aquatic threats in Missouri’s
reservoirs. In Chapter 2, we used a novel geoengineering approach, glacial rock flour, to
control cyanobacterial blooms by limiting light availability. Despite being a crucial factor
to cyanobacterial growth, light is rarely considered as a cyanobacterial management
strategy. To the best of our knowledge, glacial rock flour has never before been used for
this purpose. We applied glacial rock flour to chlorophyte- and cyanophyte-dominated
mesocosm tanks and measured phytoplankton taxonomic composition and phytoplankton
biovolume before and after glacial rock flour additions. Our objective was to see if we
could reduce light availability throughout the water collumn and, in doing so, control
cyanobacterial growth. We hypothesized that decreased light availability would reduce
cyanobacterial biomass. Our findings from this study are published in Frontiers in
Environmental Science (Gaskill et al. 2020).
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In Chapter 3, we study how microcystin, one of the most commonly produced
cyanotoxins, accumulates in fish. Microcystin has been shown to transfer between trophic
levels, ultimately ending up in fish tissues (Ibelings et al., 2005). This creates a potential
human health risk for anglers who consume the fish they catch. Currently, only California
(Butler et al., 2012), Illinois (Illinois EPA, 2012), Nebraska (Walker et al., 2008), Ohio
(Ohio, 2010), Oregon (Oregon Health Authority, 2015), and Washington (Trainer and
Hardy, 2015) have microcystin guidelines or advisories for fish consumption in the
United States. We measured microcystin concentrations in the fillets, livers, and kidneys
of two recreationally valuable sportfish in Missouri, bluegill (Lepomis macrochirus) and
largemouth bass (Micropterus salmoides), over the course of 12 months in a reservoir
that frequently experiences cyanobacterial blooms. We measured water parameters once
every two weeks throughout this 12-month period as well. Our objectives for this study
were to investigate whether any fish characteristics or water quality parameters were
linked with cyanotoxin accumulation in fish tissues. We hypothesized that there would be
no relationship between microcystin concentrations in fish tissues and fish characteristics,
and also that there would be no relationship between microcystin in fish and water quality
parameters.
Chapter 4 looks at the effects of invasive zebra mussels in Missouri reservoirs.
There is substantial evidence showing that zebra mussels increase water clarity of water
bodies in northern latitudes, but this has not been investigated in Missouri where many
reservoirs are characterized by warm water temperatures, high turbidities, and anoxic
hypolimnions throughout most of the summer. While water temperatures in southern
latitudes often exceed experimental tolerance levels for zebra mussels, there is some
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evidence that zebra mussel populations can adapt to local temperature regimes (Elderkin
and Klerks 2005). The ability to withstand higher temperatures might lead to faster
growth rates and more frequent reproduction events, which may ultimately increase the
impact zebra mussels have in southern reservoirs (Locklin et al., 2020). Our objective for
this study was to determine whether zebra mussels are causing an increase in water
clarity in Missouri reservoirs. We predict that the presence of zebra mussels will result in
an increase in water clarity due to the filter-feeding behavior of zebra mussels. Our
hypothesis is that zebra mussel presence and water clarity are related in Missouri
reservoirs.
Chapters 2 through 4 are written with the intent to publish in peer-reviewed
journals and an independent literature cited section follows each chapter. Formatting for
these chapters follows the requirements outlined by the journal to which each chapter was
(or will be) submitted. This was Frontiers in Environmental Science for Chapter 2,
Aquatic Toxicology for Chapter 3, and will be Biological Invasions for Chapter 4.
Writing in these chapters uses plural pronouns (i.e., “we” and “our”) to reflect the
contribution of coauthors. Additionally, some of the introductory materials may overlap
between chapters.
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CHAPTER 2
PHYTOPLANKTON COMMUNITY RESPONSE TO CHANGES IN LIGHT: CAN
GLACIAL ROCK FLOUR BE USED TO CONTROL CYANOBACTERIAL
BLOOMS?
This work is published in Frontiers in Environmental Science (Gaskill et al.
2020).
Gaskill, J.A., T.D. Harris & R.L. North, 2020. Phytoplankton response to changes in
light: can glacial rock flour be used to control cyanobacterial blooms? Frontiers in
Environmental Science 8:540607.

ABSTRACT
Cyanobacterial harmful algal blooms are one of the most prominent threats to
water quality in freshwater ecosystems and are expected to become more common as the
climate continues to change. While traditional strategies to manage algal blooms have
focused on controlling nutrients, manipulating light as a way to reduce cyanobacteria is
less frequently explored. Here, we propose the addition of glacial rock flour (GRF), a fine
particulate that floats on the water’s surface and remains suspended in the water column,
to reduce light availability and in turn, phytoplankton biomass dominated by
cyanobacteria. To determine if a sustained reduction in light could lower cyanobacteria
biomass and microcystin concentrations, we applied GRF to large-scale (11 kL)
mesocosm tanks for 9 consecutive days. Mesocosm tanks were amended by adding
nitrogen and phosphorus to generate chlorophyte- and cyanophyte- dominated
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experimental tanks. To assess how the phytoplankton community was impacted in each
tank, we measured photosynthetic irradiance parameters, the maximum quantum yield of
photosystem II, gross primary productivity (GPP), phytoplankton biovolume, and
phytoplankton community composition before and after the addition of GRF. GRF
effectively reduced cyanophyte biovolume by 78% in the cyanophyte-dominated tanks,
despite no significant change in total phytoplankton community biovolume. Cyanophytes
were replaced by cryptophytes, which increased by 106% in the chlorophyte-dominated
tanks and by 240% in the cyanophyte-dominated tanks. The change in photosynthetic
irradiance parameters and GPP after the addition of GRF was not significantly different
between any of the treatment or control groups, suggesting that either the cyanophytes
will likely recover if light availability increases, or that the new cryptophyte-dominated
community was well suited to a reduced light environment. Cyanobacterial blooms are
expected to increase in frequency and magnitude as climate change progresses, but our
study suggests that light manipulation may be a useful in-lake management strategy for
controlling these blooms and warrants further investigation.
INTRODUCTION
Cyanobacterial harmful algal blooms often occur in lakes and reservoirs with high
nutrient concentrations (Heisler et al., 2008). These blooms are increasing in frequency
and magnitude across the globe and are a threat to aquatic resources (Brooks et al., 2016).
Cyanobacteria are of poor nutritional food quality compared to other phytoplankton taxa
for zooplankton grazers, which rely on foods high in polyunsaturated fatty acids, and can
cause inefficiencies in trophic transfers (Brett et al., 2009; Grosbois et al., 2017). Some
cyanobacteria produce secondary metabolites, the most common of which is the
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cyanotoxin microcystin, that are toxic to animals and have been identified as potentially
carcinogenic to humans (Grosse et al., 2006). Cyanotoxins have caused livestock (Van
Halderen et al., 1995), pet (Backer et al., 2013), and wildlife (Miller et al., 2010)
mortality and in extreme instances can result in human fatalities (Carmichael et al.,
2001). Given the human and animal health hazard posed by cyanobacterial blooms, water
body advisories and closures are common during bloom events, which can strain local
economies during cyanobacterial outbreaks (Dodds et al., 2009).
Light is a critical resource for all phytoplankton. Phytoplankton use stored sugars
and starches or rely on mixotrophy to temporarily survive in the absence of light (Lee,
2008), but prolonged light limitation can result in cell death or cause the cell to enter a
resting phase (Bellinger and Sigee, 2010). Light requirements vary among individual
taxa, and many cyanobacteria can be superior competitors at both low and high light
intensities (Yang and Jin, 2008). Cyanobacteria are tolerant of reduced light conditions
because of low maintenance energy requirements and their ability to maintain higher
growth rates at lower light levels than many other phytoplankton (Van Liere and Mur,
1980). This tolerance allows them to persist deeper in the water column underneath other
phytoplankton groups until conditions become favorable (Chorus and Bartram, 1999).
Light also influences the ability of buoyancy regulating cyanobacteria to position
themselves at a favorable depth in the water column. Low light levels induce gas vacuole
production, giving the cell positive buoyancy (Deacon and Walsby, 1990), while high
light intensities increase photosynthetic rates, allowing cells to store dense carbohydrate
ballasts (Wallace and Hamilton, 2000). Cyanobacteria are also superior competitors
under high light conditions due to their ability to withstand high levels of UV radiation
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(Paerl et al., 1983; Sinha and Häder, 2008). The ability to withstand variable light
intensities may be allowing cyanobacteria to adapt to a changing climate more favorably
compared to eukaryotic algae.
Cyanobacteria are anticipated to benefit from climate-induced environmental
changes. Warmer water temperatures will favor cyanobacteria, many of which have peak
growth rates at temperatures between 25 and 34 °C (Robarts and Zohary, 1987; but see
Lurling et al., 2013). Warming waters will result in earlier and stronger thermal
stratification, which will benefit buoyancy regulating taxa (Paerl and Huisman, 2009).
Projected climate change scenarios indicate that some states will experience more severe
droughts while others will have higher rates of precipitation (U.S. Environmental
Protection Agency, 2016). Extended droughts can increase the salinity of surface waters,
which may favor cyanobacteria over other phytoplankton taxa (Paerl and Paul, 2012;
Lehman et al., 2013). Higher rates of precipitation will result in increased nutrient runoff
from the landscape, potentially leading to an increase in cyanobacterial blooms (Paerl and
Paul, 2012). These impending climatic changes emphasize the need for a reliable method
to mitigate cyanobacterial blooms.
A commonality among cyanobacterial management strategies is to reduce water
column nutrient availability. Each management strategy has tradeoffs and no single
strategy has been successful at controlling all types of cyanobacterial blooms (Ibelings et
al., 2016). For example, beneficial management practices (BMPs) are often used to
reduce external nutrient loading and subsequent cyanobacteria biomass (Sharpley et al.,
2000). While BMPs can be effective, it can take several decades before noticeable
improvements to water quality are observed (Osgood, 2017). Another strategy to control
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cyanobacterial blooms is to lower in-lake phosphorus (P) concentrations. Commercially
available solid-phase P sorbents can reduce available P, and in turn cyanobacterial
biomass, but these reductions are not permanent unless external nutrient loading is also
reduced (Mackay et al., 2014). Where it is not always practical to reduce nutrient
availability, other approaches could provide a more realistic way to reduce cyanobacterial
blooms. One strategy is to negate the advantage that buoyancy regulation provides some
taxa with approaches such as artificial mixing or lake flushing (Visser et al., 2016).
When nutrient reduction methods are not feasible, light reduction management
strategies may help mitigate cyanobacterial blooms. To the best of our knowledge, the
only management strategy designed to control algal growth by altering the light
environment is the application of artificial dye products. These dyes come in a variety of
colors, but all are designed to absorb incoming photosynthetically active radiation (PAR),
thus reducing the amount available for aquatic photosynthesizers. These dyes are touted
as environmentally friendly and published research shows they have no effect on fish,
crayfish, nor tadpoles (Spencer, 1984; Bristow et al., 1996; Bartson et al., 2018), but can
reduce zooplankton diversity (Suski et al., 2018). The main drawback to these dyes is that
they are designed to control rooted macrophytes and have limited effectiveness in
controlling cyanophyta, bacillariophyta, euglenophyta, or chlorophyta biomass (Ludwig
et al., 2008). In this study, we designed an experiment to test the efficacy of an alternative
way to reduce light availability through the addition of glacial rock flour (GRF).
GRF is defined broadly as fine particulate derived from glacial erosion and occurs
naturally as the erosional silt- and clay-sized particles formed from a glacier passing over
bedrock (Rampe et al., 2017). No standards exist to characterize it by size class or
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composition because GRF is composed of minerals reflecting the local geology in a lake
catchment (Chanudet and Filella, 2009). As the glacier melts, either from seasonal
receding (Casassa et al., 2009) or climate change (Moore et al., 2009), GRF runs off into
the lake, often via a tributary. In glacial lakes, GRF attenuates 63% of the total water
column PAR (Rose et al., 2014). Lakes that receive glacial meltwater have reduced
primary productivity due to the decreased light availability, although mixotrophic
phytoplankton are less sensitive to this change in light than those who rely solely on
photosynthesis (Slemmons et al., 2013; Sommaruga and Kandolf, 2014).
We conducted an experiment where we reduced light through the addition of GRF
with the objective of decreasing cyanophyta biomass and microcystin concentrations.
Phytoplankton growth was stimulated in mesocosm tanks with amendments of P,
nitrogen (N), or a combination of both to produce phytoplankton communities dominated
by either chlorophytes or cyanophytes. The light environment in experimental tanks was
manipulated through the addition of GRF. We hypothesize that cyanophyte biovolume
and microcystin concentrations would be impacted by GRF additions, and that this
change would be reflected in the physiology and primary productivity of the
phytoplankton community. Our results have important implications for the future
management of our changing water bodies.
MATERIALS AND METHODS
Experimental Design and Sample Collection
This experiment was conducted at the University of Kansas field station in
Lawrence, KS, USA (39.049674°N, 95.190777°W) in closed bottom, fiberglass
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mesocosm tanks. Each was filled to a volume of 11,000 L and depth of 1.25 m. To
insulate from fluctuations in air temperatures, mesocosm tanks were kept in a ~1,300 m 2
shallow pond and were surrounded with ~1 m of water (Figure 1). The insulation pond
was surrounded by low vegetation, mainly grasses and wildflowers that were mowed
periodically throughout the summer (Figure A2.1). The closest trees were over 100 m
away from the mesocosm tank set. Tanks were positioned within 50 cm of each other and
were accessed via anchored walkways. On July 23, 2018, we filled each tank with 10,840
L of water from an on-site storage impoundment, then inoculated each tank with 160 L of
surface water from a nearby reservoir (Milford Lake, KS, USA) with a well-documented
history of cyanobacterial harmful algal blooms (Harris et al., 2020). For 8 consecutive
weeks prior to the beginning of our experiment, 20 of the 23 mesocosm tanks received
weekly N and P amendments. Treatments were designed to result in tanks with N- or Pdeficient conditions for phytoplankton growth. Three tanks were maintained as ambient
control tanks and received no nutrient nor GRF additions (Table 2.1). Each tank was
randomly assigned a nutrient amendment, or in the case of the controls, no nutrient
amendment.
A preliminary experiment was conducted on 6 of the 20 amended tanks to assess
the quantity of GRF required to achieve the greatest reduction in light. We compared
light conditions in tanks that received zero (n= 3), 5 (n= 2), 10 (n= 2), and 20 (n= 2) kg of
GRF and determined that adding more than 5 kg of GRF did not result in any additional
reduction in light based on no significant difference in PAR among tanks that received
the 3 doses of GRF (Kruskal-Wallis p= 0.2551, df= 3, χ2= 18.01). We chose 5 kg of GRF
as the optimum quantity to add in our subsequent experiment (Figure A1.2). The 6 tanks
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that received GRF during this preliminary experiment were then removed from the
experiment described below.
The GRF used was commercially available from Vital Earth’s®. Its elemental
composition was determined in triplicate by Activation Laboratories Ltd. (ActLabs,
Ancaster, ON) via lithium metaborate/tetraborate fusion followed by aqueous phase
analyses using inductively coupled plasma (ICP)–optical emission spectrometry (OES)
and ICP–mass spectrometry (MS) for major and trace elements, respectively (Table
A1.1). We determined GRF sediment particle fractionation using a hydrometer (Gee and
Bauder, 1979). Sediment particles were measured in the following size fractions: 0.5 – 2
mm (sand), 0.002 – 0.05 mm (silt), and <0.002 mm (clay). GRF was 18.3% sand, 70.7%
silt, and 11.2% clay. We did not explicitly test for any biota associated with GRF.
Before our main experiment began, we grew algal communities in the
mesocosms, and assessed light reduction resulting from GRF application to mesocosms.
Algal communities were created by adding different forms of nutrients so that algal
communities would vary (Table 2.1). We kept tanks that received the same nutrient forms
together, even if a single tank in the group was not dominated by the same
phytoplankton. We included 1 tank in the chlorophyte-dominated group where
chlorophytes only comprised 9.2% of the total biovolume (Tank #3, Table A1.2).
Cryptophytes were the dominant taxa in this tank on day 0 (71.2%), but we decided to
include it with the other tanks that received the same nutrient amendments because we do
not believe excluding it would have changed our results. If this tank were excluded,
cryptophyte biovolume would have increased in the 5 remaining chlorophyte-dominated
tanks by 111.0% between day 0 and day 9, compared to an increase of 105.7% if the tank
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were included. In 1 of the cyanophyte-dominated tanks as well, cyanophytes were not the
dominant taxa on day 0, comprising only 14.3% (Tank #11, Table A1.2). We included
this tank for the same reasons. When it was included, cryptophytes increased by 240.0%
between day 0 and day 9. When this tank was excluded, they increased by 408.0%.
Ultimately, we considered phytoplankton dominance to be the taxa with the highest
biovolume, averaged across all tanks within the group. On day 0, 6 of the 17 tanks were
included in the chlorophyte-dominated group (biovolume mean and range = 1.51, 0.06 –
3.11 mm3 L-1; % of total phytoplankton biovolume mean and range = 51.4, 9.2 – 89.4%)
and 8 were included in the cyanophyte-dominated group (biovolume mean and range =
28.17, 0.98 – 71.87 mm3 L-1; % of total biovolume mean and range = 71.3, 14.3 –
92.0%). Oocystis was the most prevalent phytoplankton in chlorophyte-dominated tanks,
comprising a mean 35.4% of total phytoplankton biovolume (range = 0 – 86.9%), while
Aphanizomenon, which comprised a mean 22.8% total phytoplankton biovolume (range =
0 – 49.4%), was the most prevalent phytoplankton in cyanophyte-dominated tanks
(Tables 2.2 and A1.2). Control tanks (n= 3) were also dominated by chlorophytes
(biovolume mean and range= 3.17, 0.28 – 8.08 mm3 L-1; % of total biovolume mean and
range = 52.3, 25.1 – 82.0%) when the experiment began, particularly from the genus
Tetraedron, which comprised a mean 26.2% of total phytoplankton biovolume (range = 0
– 78.5%, Table 2.2 and A1.2). We added GRF to each of the chlorophyte- and
cyanophyte-dominated treatment tanks, exclusive of the 3 control tanks. For 9
consecutive mornings between 9:00-10:30 AM (CST), we distributed 5 kg of GRF evenly
across the surface of each tank with a sifter. GRF was allowed to float on the tank
surface, although some mixed into the water column over the next 24 hrs. PAR
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measurements were taken in the air above the water surface, just below the water’s
surface, 0.5, and 1 m below the surface in each tank using a cosine Li-Cor underwater
quantum sensor (LI-192). To account for changes in PAR from the time we measured the
first tank to the time that we measured the last, we corrected each underwater PAR
measurement by dividing it by the air PAR measurement we made above the water’s
surface. We report this value as the PAR ratio (0.5 m water/air reading). To ensure that a
reduction in light was maintained throughout the entire day, light was measured one hour
after GRF addition on all experimental days, 4 hours after GRF addition on days 0, 5, 6,
and 7, and 6 hours after GRF addition on day 4. PAR measurements from just below the
surface, 0.5, and 1 m below the surface, were used to determine the light attenuation
coefficient (Kd) in all tanks from the natural logarithm of irradiance versus depth (Kirk,
1994). Temperature profiles were collected from just below the surface, 0.5, and 1 m
below the surface using a Yellow Springs Instrument EXO3, which is accurate to ± 0.01
°C.
During our main experiment, we collected water samples from each tank on days
0 and 9 with a PVC integrated sampler with a check valve from the surface to a depth of
1.0 m to avoid collecting or resuspending any material that had settled to the tank bottom.
We then filtered water samples onto pre-combusted, 1.2 µm, GF/C filters for total
suspended solids (TSS), which were frozen until analysis. Integrated whole water for
total P (TP) and total N (TN) analyses were stored in glass digestion test tubes. Filtrate
from 0.7 µm glass fiber filters (GFF) was also stored in glass digestion test tubes within
30 hrs of collection to measure total dissolved P (TDP) and total dissolved N (TDN).
Filtrate from 0.45 µm nitrocellulose membrane filters was frozen for nitrate (NO 3-) and
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ammonium (NH4+) analysis. Dissolved organic carbon (DOC) samples were stored
frozen as filtrate from pre-combusted, 0.7 µm GFF filters. A subset of the integrated
water sample was immediately frozen at -20 °C in amber, HDPE bottles for microcystin
analysis. Samples for phytoplankton identification and enumeration were collected by
taking a subset of the integrated water sample and preserving it with 1% Lugols solution
in amber vials. Within 30 hrs of collection, water filtered onto 0.7 µm GF/F filters were
frozen until they were analyzed for chlorophyll-a (chl-a) and the phytoplankton pigment
absorption coefficient (αφ). Whole water for P–E parameters, gross primary production
(GPP), and the maximum quantum yield of photosystem II (φ PSII) were stored in the dark
prior to running on the Water-Pulse Amplitude Modulated fluorometer (PAM, Heinz
Walz GmbH) within 30 hrs of collection.
We collected samples for zooplankton identification and enumeration throughout
the entire water column of each tank (1.25 m deep) using a 243 µm Wisconsin net
(diameter = 200 mm) raised at approximately one-third of a meter per second.
Zooplankton samples were immediately preserved with 4% formalin for enumeration.
We used sediment traps, positioned 0.5 m below the water’s surface, to determine
sedimentation rates in each tank. Sediment traps were constructed from PVC with a 7.6
cm diameter and 6:1 height to aspect ratio (Bloesch and Burns, 1980). On each sampling
date, the entire 2 L sediment trap was emptied into a HDPE collection bottle and
homogenized by inverting 3 times. A portion of homogenized water was retained on precombusted, 1.2 µm, GF/C filters and later analyzed for TSS.
Laboratory Analyses
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We measured TSS from both whole water integrated samples and sediment traps
using standard methods (Section 2540 D and E; APHA 2017). Pre-weighed filters with
retained material were dried at 105 °C for 30 minutes and then weighed. Filters were then
incinerated at 550 °C for 20 minutes to burn off organic material before being weighed
again. This loss-on-ignition analysis allowed us to differentiate TSS by subtracting the
mass left after incineration, which is particulate inorganic matter (PIM), from the total
filter mass before incineration, which is TSS. The difference is particulate organic matter
(POM). TSS had a detection limit of 0.1 mg L-1. We determined sedimentation rates from
the TSS measured in our sediment traps using (Kalff, 2002):
Sedimentation Rate
Subsample Dry Weight (mg) × Total Sample Vol. (cm3 )
=
10 × Subsample Vol. (cm3 ) × Trap Area (cm2 ) × Period (day)
Total sample volume was always 2000 cm 3, sediment trap area was 45.6 cm2, and the
period that traps were deployed was 9 days.
Mean daily mixed layer irradiance (Ē24) is a measure of the amount of light
phytoplankton in the mixed layer are exposed to over 24 hrs. It was calculated using the
formula:
Ē24 = Ē0 × (1 – exp(−1 × K 𝑑 × Z𝑚𝑖𝑥 )) × (K 𝑑 × Z𝑚𝑖𝑥 )−1
Incident irradiance, Ē0, was calculated as the 24 hr mean of PAR measurements taken at
an onsite meteorological station (Natural Resources Conservation Service, site Ku-Nesa,
https://wcc.sc.egov.usda.gov/nwcc/site?sitenum=2147) on day 0 (9/24/18) and day 9
(10/2/18). Mixing depth within each tank, Zmix, was calculated from temperature profiles
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using the rLakeAnalyzer package (Winslow et al., 2017). Profiles were taken one hour
after GRF addition on all experimental days, 4 hours after GRF addition on days 0, 5, 6,
and 7, and 6 hours after GRF addition on day 4. Occasionally, tanks would temporarily
stratify in the afternoon between the water’s surface and 0.5 m. Tanks were isothermal
every morning, indicating that even if a tank did stratify at the end of the previous day, it
mixed during the night. We used the maximum depth of each tank, 1.25 m, as the value
for Zmix when calculating Ē24.
TP and TDP were measured spectrophotometrically using the ascorbic acid
colorimetric method (Section 4500-P E; APHA, 2017) with a detection limit of 0.03
µmol L-1. TN and TDN were measured with the second derivative spectroscopy
procedure (Crumpton et al., 1992) with a detection limit of 2.50 µmol L-1. Total and total
dissolved P and N samples were measured in triplicate. NO3-, which was measured in
duplicate on a Lachat QuikChem Flow Injection Analyzer (Lachat Method 10-107-04-1B/C), had a detection limit of 0.36 µmol L-1. This method reports NO3- as NO3- plus
nitrite (NO2-) based on the assumption that environmental NO2- concentrations are
minimal. We measured NH4+ in duplicate on a Lachat QuikChem Flow Injection
Analyzer (Lachat Method 10-107-06-1-K) based on the Berthelot reaction with a limit of
detection of 0.71 µmol L-1. We report NH4+ as NH3 plus NH4+. We measured DOC in
duplicate using a Shimadzu total organic C analyzer with the high-temperature
combustion method (Section 5310B; APHA 2017), with a limit of detection of 16.7 µmol
L-1. Intracellular microcystin was extracted via 3 freeze-thaw cycles from whole water
samples, which were then filtered through 0.45 µm GFFs. We measured total
microcystin, both the intracellular microcystin previously released from freeze-thaw
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cycles and the extracellular microcystin present in the water, using indirect competitive
ELISA (Enzyme Linked Immunosorbent Assay) kits from Abraxis LLC, which have a
limit of detection of 0.15 µg L-1. Chl-a concentrations were quantified fluorometrically
with a Turner Design Fluorometer (TD-700) after ethanol extraction and phaeophytin
acid-correction (Knowlton, 1984; Sartory and Grobbelaar, 1986). The chl-a detection
limit was 0.09 μg L-1.
Phytoplankton were identified to genus (Table A1.2) by BSA Environmental
Services Inc. (Guiry and Guiry, 2020), and enumerated using the Ütermohl method (Lund
et al., 1958). Phytoplankton were allowed to settle for at least 20 hrs in a dark enclosure
protected from vibrations and temperature changes prior to enumeration (Burkholder and
Wetzel, 1989). Cell biovolume estimates are based on measurements from 10 cells in
each taxon and were calculated using the formula of Hillebrand et al., (1999) for solid
geometric shapes that most closely match cell shape. All enumerations were conducted
using a LEICA DMiL inverted microscope at 800× and 1260× magnification, depending
on the size of the dominant taxa, particulates, and variation in the range of taxon sizes.
Heterocyte abundance was calculated for all phytoplankton samples. It is beneficial to
group phytoplankton into functional groups when trying to understand ecological
function (Salmaso et al., 2015). For example, both cryptophytes and dinoflagellates have
2 flagella, are known to participate in diel vertical migrations to take advantage of both
the nutrient-rich hypolimnion and light-replete surface waters, and can supplement
metabolic requirements with mixotrophy (Raven and Richardson, 1984; Lee, 2008). We
classified the phytoplankton by the following 6 taxonomic groups: 1) potentially
toxigenic cyanophyta (Chapman and Foss, 2019), 2) non-toxin producing cyanophyta, 3)
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chlorophyta, 4) euglenophyta, 5) cryptophyta and dinoflagellates, and 6) chrysophyta,
including chrysophytes, bacillariophyta, ochrophytes, and haptophytes (Table A1.3).
We assessed phytoplankton physiology, including φ PSII, P–E parameters (alpha
normalized to chl-a [αB], the light saturation threshold normalized to chl-a, [EkB], and the
maximum relative electron transport rate [rETR MAX]), and gross primary productivity
normalized to chl-a (GPPB) following the procedures outlined in Petty et al., (2020).
Within 30 hrs of collection, we measured φ PSII in triplicate with a Water-PAM
fluorometer on whole, integrated water that had been dark adapted for 30 minutes. Water
samples were corrected for background fluorescence with 0.2 µm PTFE sample water
filtrate. We also used the Water-PAM to perform rapid light curves. For each light curve,
the light limited slope (α) and light saturation threshold (E k) were defined as φPSII fit
against irradiance to a light intensity (E) using the normalized version of Webb et al.,
(1974):
α × E𝐾 × (1 − e(−E × E𝐾 )) × E −1
where rETRMAX was the product of α and Ek. We divided Ē24 by Ek to assess light
deficiency within each tank. When this ratio is above 1, light availability is greater than
phytoplankton light saturation and light does not limit photosynthesis. Below 1,
phytoplankton do not receive enough light to reach saturation and may experience light
deficiency (Hecky and Guildford, 1984). The areal pigment absorption coefficient (α φ), a
factor in our calculation of GPPB, was quantified using the quantitative filter technique by
measuring absorbance at 350 – 750 with a scanning spectrophotometer (Agilent Cary60
UV/VIS) before and after depigmentation with a sodium hypochlorite solution (4.00 –
4.99% available chlorine). We then calculated aφ using:
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aϕ = 2.303 × (A𝑃 − A𝑁𝐴𝑃 ) × β−1 × (V𝑓 /A𝑓 )−1
where AP is absorption before and ANAP is absorption after depigmentation, β is the pathlength amplification factor to adjust for differences in absorption between water and
filter, and Vf/Af is the ratio of volume of water filtered to the filter area (Silsbe et al.,
2012). We determined GPP using the R package phytotools (Silsbe and Malkin, 2015).
This package is based on the primary production model of Fee (1990) and incorporates
chl-a, P–E parameters, aφ, Kd, and Ē0.
Zooplankton were enumerated by the Central Plains Center for Bioassessment to
the following taxonomic groups: cladocerans, adult copepods, and copepod nauplii
(Thorp and Covich, 2001). Before being photographed, samples were switched from the
4% fixation preservative from the field to 80% ethanol. Images of each zooplankton were
taken using a Motic Plus 2.0 digital camera at 10× magnification (87.7 pixels mm -1)
using Image-J software (National Institutes of Health, Bethesda, Maryland). All
abundance calculations of each zooplankton taxa assumed 100% net filtering efficiency.
Statistical Analyses
A Shapiro-Wilk test was used to test for normality and a Levene’s test to assess
homoscedasticity. The alpha value for all statistical tests was set at 0.05. All statistical
analyses were performed in Program R (R Core Team, 2019) and all figures were created
using the ggplot2 package (Wickham, 2009).
We tested for a significant difference in Kd and the PAR ratio (0.5 m water/air
reading) between tanks that received GRF and the control tanks that did not receive GRF.
We took the mean of control (n= 3) and GRF (n= 14) tanks. Neither parameter was
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normally distributed, even after transformation, so we used a Kruskal-Wallis test to look
for significant differences at one, 4, and 6 hours after GRF addition and a Dunn’s post
hoc test to identify where significant differences existed.
Unless stated otherwise, statistical analyses were performed on the change in each
parameter between days 0 and 9. We calculated this change by subtracting the value for
each parameter on day 9 from the value for that parameter on day 0 (i.e., day 9 - day 0).
Positive values indicate an increase in the parameter on day 9, while negative values
indicate a decrease. We used a One-Way Analysis of Variance (ANOVA) to test whether
the change in each parameter was significantly different between the control (n= 3),
chlorophyte-dominated (n= 6), and cyanophyte-dominated (n= 8) tanks. In instances
where a parameter was not normally distributed, even after transformation, we used a
Kruskal-Wallis test. When a significant difference did exist, we used a Tukey post hoc to
identify significant differences for parameters that followed a parametric distribution, and
a Dunn’s test on parameters that did not follow a normal distribution. For tanks where the
microcystin concentrations were below the limit of detection, we used the limit of
detection, 0.15 µg L-1, for statistical analyses. We compared chl-a concentrations and
phytoplankton biovolume to assess photoacclimation. Neither chl-a nor biovolume were
normally distributed, even after transformation, so we used the non-parametric
Spearman’s Rank correlation to assess the relationship between these 2 variables.
RESULTS
Physical Parameters
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We assessed water clarity by measuring Kd and the PAR ratio (0.5 m water/air
reading) in each tank. Kd was significantly higher (Kruskal-Wallis p< 0.0001, df= 1, χ2=
118.84) and the PAR ratio (Kruskal-Wallis p< 0.0001, df= 1, χ2= 112.18) was
significantly lower in tanks that received GRF. The PAR ratio was significantly lower
one hour after GRF addition than 4 (Kruskal-Wallis p< 0.0001, df= 2, χ2= 26.46) or 6
hours (Kruskal-Wallis p= 0.0002, df= 2, χ2= 26.46), but not significantly different
between 4 and 6 hours (Kruskal-Wallis p= 0.1709, df= 2, χ2= 26.46; Figure 2.2). In tanks
that received GRF, Kd was significantly higher one hour after GRF addition than 4
(Kruskal-Wallis p< 0.0001, df= 2, χ2= 37.10) or 6 (Kruskal-Wallis p< 0.0001, df= 2, χ2=
37.10) hours, but not significantly different between 4 and 6 hours (Kruskal-Wallis p=
0.2347, df= 2, χ2= 37.10; Figure 2.2). Kd was ~3× higher in tanks that received GRF
compared to the control tanks (Figure 2.2). Tanks that received GRF had PAR ratios
86.4, 60.4, and 67.7% lower, and mean Kds 80.5, 73.6, and 68.8% higher, compared to
control tanks for one, 4, and 6 hours after GRF application, respectively.
Water temperatures remained below 25 °C throughout the experiment (Table 2.3).
The change in temperature over the course of the experiment was not significantly
different between control, chlorophyte-, and cyanophyte- dominated tanks (Table 2.4,
Figure A1.3).
Mean TSS sedimentation rates were 0.1 g m-2 day-1 (range= below detection limit
[BDL] – 0.1 g m-2 day-1) in control, 1.9 g m-2 day-1 (range= 0.8 – 2.9 g m-2 day-1) in
chlorophyte-dominated, and 2.3 g m-2 day-1 (range= 1.0 – 3.4 g m-2 day-1) in cyanophytedominated tanks. Mean PIM sedimentation rates were BDL (range= BDL – 0.1 g m-2 day) in control, 1.9 g m-2 day-1 (range= 0.8 – 2.8 g m-2 day-1) in chlorophyte-dominated, and
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2.2 g m-2 day-1 (range= BDL – 0.1 g m-2 day-1) in cyanophyte-dominated tanks. Mean
POM sedimentation rates were always BDL in control and 0.1 g m -2 day-1 (range= BDL –
0.1 g m-2 day-1) in both chlorophyte- and cyanophyte-dominated tanks (Table 2.3).
Between days 0 and 9, Ē24 increased from 106.67 to 115.45 µmol photons m-2 s-1
in control, and from 57.14 to 64.36 µmol photons m-2 s-1 in cyanophyte-dominated tanks.
Ē24 decreased from 114.16 to 110.66 µmol photons m-2 s-1 in chlorophyte-dominated
tanks (Table 2.3, Figure A1.3). The change in Ē24 throughout the experiment was not
significantly different between the control, chlorophyte-, and cyanophyte- dominated
tanks (Table 2.4). The Ē24 values we observed throughout the experiment were above the
light deficiency threshold of 41.7 µmol photons m-2 s-1 (Hecky and Guildford, 1984) in
all tanks.
Water Chemistry
We report all water chemistry parameters as the mean of control, chlorophyte-,
and cyanophyte- dominated mesocosm tanks (Table 2.3). To determine the influence of
GRF on water chemistry, we examined the change in each parameter between day 9 and
day 0 and tested to see if this change was different between the control, chlorophyte-, and
cyanophyte- dominated tanks, but in most cases it was not (Tables 2.3 and 2.4). The
change in water column TSS, PIM, and POM was not significantly different between any
of the experimental groups. TSS increased from 0.8 to 3.1 mg L-1, from 1.5 to 7.3 mg L-1,
and from 4.5 to 20.2 mg L-1 in the control, chlorophyte-, and cyanophyte- dominated
tanks, respectively. PIM decreased from 0.4 to 0.3 mg L-1 in the control, but increased
from 1.0 to 5.5 mg L-1 and from 2.2 to 10.5 mg L-1 in the chlorophyte- and cyanophytedominated tanks, respectively. POM increased in the control and cyanophyte-dominated
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tanks from 0.9 to 2.8 mg L-1 and from 6.6 to 9.7 mg L-1, respectively, but decreased in the
chlorophyte-dominated tanks from 2.9 to 1.8 mg L-1 (Table 2.3, Figure A1.3).
TP concentrations decreased from 0.74 to 0.67 µmol L-1 in the control and from
5.89 to 3.85 µmol L-1 in the cyanophyte-dominated tanks. All cyanophyte-dominated
tanks received P amendments for 8 weeks prior to the beginning of the experiment (Table
2.1). The change in TP concentrations was not significantly different between the control
and chlorophyte-dominated, nor the control and cyanophyte-dominated tanks (Table 2.4).
TP concentrations were unchanged over the course of the experiment in the chlorophytedominated tanks (mean= 0.57 µmol L-1; Table 2.3, Figure A1.4). The change in TP
concentrations between days 9 and 0 in the cyanophyte-dominated tanks was
significantly greater than the change between days 9 and 0 in the chlorophyte-dominated
tanks.
The change in TN concentrations between days 9 and 0 was not significantly
different between the control, chlorophyte-, and cyanophyte- dominated tanks (Table
2.4). TN concentrations were stable in the control and chlorophyte-dominated, but
decreased from 163.06 to 153.54 µmol L-1 in the cyanophyte-dominated tanks (Table 2.3,
Figure A1.4).
The TN:TP molar ratio can serve as an indicator of phytoplankton nutrient
deficiency. We report the natural log (ln) of the TN:TP ratio as this transformation
reduces bias inherent with calculating the mean of a ratio (Isles, 2020). If the ln(TN:TP)
molar ratio exceeds 3.91, then the phytoplankton community is P-deficient, and if it is
lower than 3.00 then the phytoplankton community is N-deficient (Guildford and Hecky,
2000). Between 3.00 and 3.91, it could be N, P, or some other factor restricting growth
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(Guildford and Hecky, 2000). The mean ln(TN:TP) molar ratios for control and
chlorophyte-dominated tanks on day 0 were 4.61 (range= 4.07 – 4.96) and 4.74 (range=
4.30 – 5.47), respectively, indicating P-deficient conditions (Tables 2.1 and 2.3;
Guildford and Hecky, 2000). Cyanophyte-dominated tanks had a mean ln(TN:TP) molar
ratio of 3.39 (range= 2.74 – 4.23) on day 0 (Tables 2.1 and 2.3, Figure A1.4). This value
was between P-deficient and N-deficient conditions, suggesting that these tanks could
have been either N or P deficient. Alternatively, cyanophyte-dominated tanks could have
been growth-limited by other factors such as light (Guildford and Hecky, 2000).
Heterocytes were only present in the cyanophyte-dominated tanks. They were identified
in 6 tanks on day 0 and only 4 tanks on day 9 in low densities (mean= 5,850, range= 27 –
13,800 cells L-1). The change in the ln(TN:TP) ratio between days 9 and 0 was not
significantly different between the control, chlorophyte- and cyanophyte- dominated
tanks (Table 2.4).
The change in TDN, TDP, NO3-, and NH4+ concentrations were not significantly
different between any of the experimental groups (Table 2.4). TDN and TDP
concentrations were stable in all tanks throughout the experiment, although a notable
deviation was the decrease in TDP from 1.52 to 1.27 µmol L-1 in the cyanophytedominated tanks (Table 2.3). NO3- concentrations were never above the limit of detection
in control, and decreased from 3.94 to 2.78 µmol L-1 and from 1.75 to 0.45 µmol L-1 in
chlorophyte- and cyanophyte- dominated tanks, respectively (Table 2.3). NH4+
concentrations increased from 1.51 to 1.83 µmol L-1 and from 8.53 to 12.17 µmol L-1 in
the control and cyanophyte-dominated tanks, respectively, but decreased from 3.49 to
3.03 µmol L-1 in the chlorophyte-dominated tanks (Table 2.3, Figure A1.4).
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Over the course of the experiment, DOC concentrations increased from 1009.25
to 1063.20 µmol L-1 in the control, from 1015.00 to 1030.73 µmol L-1 in the chlorophytedominated, and from 1032.98 to 1081.02 µmol L-1 in the cyanophyte-dominated tanks
(Table 2.3, Figure A1.4). The difference between day 9 and day 0 DOC concentrations in
the cyanophyta-dominated tanks were significantly larger than in the chlorophytedominated tanks (Table 2.4), but there was no significant difference between the control
and neither the chlorophyte- nor cyanophyte-dominated tanks (Table 2.4).
Microcystin concentrations ranged from BDL to 4.04 µg L-1 (Table 2.3). Over this
9-day experiment, they increased from 0.17 to 0.19 µg L-1 in the control, from 0.16 to
0.19 µg L-1 in the chlorophyte-dominated, and from 0.70 to 0.87 µg L-1 in the
cyanophyte-dominated tanks (Table 2.3). The change in microcystin concentrations
between days 9 and 0 was not significantly different among any of the experimental
groups (Table 2.4, Figure A1.3).
Phytoplankton Community Biovolume
Photoacclimation is a photosynthesizer’s physiological response to changes in
light and displays as an increase or decrease in chl-a concentrations relative to
phytoplankton biomass (Falkowski and LaRoche, 1991). To check if photoacclimation
was occurring in the experimental tanks to which we added GRF, we examined the
relationship between chl-a concentrations and phytoplankton biovolume. There was a
significant positive correlation between these parameters prior to GRF addition (day 0;
Spearman’s Rank, p= 0.0023, rho= 0.76, n= 14) and on day 9 (Spearman’s Rank, p=
0.0038, rho= 0.74, n= 14), indicating that the phytoplankton did not exhibit
photoacclimation. Chl-a concentrations decreased from 3.54 to 2.09 µg L-1 and from 2.97
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to 1.53 µg L-1 in the control and chlorophyte-dominated tanks, respectively, but increased
from 48.7 to 63.52 µg L-1 in the cyanophyte-dominated tanks (Table 2.3, Figure A1.5).
The change in chl-a concentrations and phytoplankton biovolume between days 9 and 0
was not significantly different between the control, chlorophyte- and cyanophytedominated tanks (Table 2.4). Total phytoplankton biovolume decreased from 4.43 to 2.64
mm3 L-1 and from 35.31 to 28.13 mm3 L-1 in the control and cyanophyte-dominated
tanks, respectively. Total phytoplankton biovolume remained unchanged in the
chlorophyte-dominated tanks (mean= 2.55 mm3 L-1; Table 2.3). Within all tanks,
dinoflagellates comprised only 23.0, 13.3, and 0.1%, respectively, of the cryptophyte and
dinoflagellate functional group. Throughout the rest of this study, we refer to the group
containing cryptophytes and dinoflagellates as the cryptophyte functional group.
Within the chlorophyte- and cyanophyte-dominated tanks, declines in
cyanophytes (49.4 and 77.9%, respectively) were compensated by an increase in
cryptophytes (105.7 and 240%, respectively; Figure 2.3). Much of this cryptophyte
increase can be attributed to the genus Cryptomonas, which comprised 32.2 and 37.1% of
total phytoplankton biovolume on day 9 in chlorophyte- and cyanophyte-dominated
tanks, respectively (Tables 2.2 and A1.2). The change in potentially toxigenic cyanophyta
biovolume was significantly different in the cyanophyte-dominated tanks compared to the
control and chlorophyte-dominated tanks (Table 2.4). Potentially toxigenic cyanophytes
increased by 16.7% in control, and declined by 100 and 76.2% in chlorophyte and
cyanophyte-dominated tanks, respectively. All cyanobacteria (potentially toxigenic taxa
and non-toxin producing taxa combined) declined by 22.8, 49.4, and 77.9% in the
control, chlorophyte- and cyanophyte-dominated tanks, respectively, between days 0 and
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9. While the change in biovolume between sampling dates for all other taxonomic groups
was not significantly different between experimental tanks, cryptophytes increased by
18.8, 105.7, and 240.0% in the control, chlorophyte- and cyanophyte-dominated tanks,
respectively.
Phytoplankton Physiology and Gross Primary Productivity
Phytoplankton samples with φPSII values below 0.65 can indicate that the
communities are physiologically stressed due to light, nutrients, or some combination
thereof (Kromkamp et al., 2008). At no point on days 0 nor 9 did φPSII exceed the
empirical optimum threshold of ~0.65 in any tank (Table 2.3, Figure A1.6). φPSII
decreased from 0.57 to 0.53 and from 0.61 to 0.56 in the control and chlorophytedominated tanks, respectively, but increased from 0.34 to 0.48 in the cyanophytedominated tanks (Table 2.3, Figure A1.6). We observed no significant difference in the
change in φPSII between the control, chlorophyte-, and cyanophyte- dominated tanks.
Additional indicators of phytoplankton physiology also remained largely
unchanged after the addition of GRF (Table 2.4). The light utilization efficiency
parameter (αB) increased from 0.51 to 0.58 and from 0.48 to 0.65 in the control and
chlorophyte-dominated tanks, respectively, but decreased from 0.07 to 0.05 in the
cyanophyte-dominated tanks. The light saturation parameter (EkB) increased from 153.23
to 377.22 µmol photons (µg Chl-a-1) m s-1 in the control, but decreased in both the
chlorophyte- and cyanophyte- dominated tanks from 428.24 to 388.69 and from 80.90 to
32.34 µmol photons (µg Chl-a-1) m s-1, respectively (Table 2.3). rETRMAX decreased from
315.69 to 291.40 in the control, but increased from 175.63 to 222.69 and from 136.12 to
197.21 photons reemitted photons absorbed-1 in the chlorophyte- and cyanophyte104

dominated tanks, respectively (Table 2.3). The light deficiency parameter (Ē24/Ek)
decreased in control, chlorophyte-, and cyanophyte-dominated tanks from 0.85 to 0.45,
0.55 to 0.43, and from 0.20 to 0.18, respectively (Table 2.3, Figure A1.6). We observed
no significant difference in the change in αB, EkB, rETRMAX, nor Ē24/Ek, between the
control, chlorophyte- and cyanophyte- dominated tanks.
Gross primary productivity normalized to chl-a (GPPB) increased from 25.9 to
33.3, from 15.4 to 18.2, and from 15.2 to 22.8 mmol O2 (µg Chl-a-1) m day-1 in the
control, chlorophyte- and cyanophyte- dominated tanks, respectively (Table 2.3, Figure
A1.6). We did not observe a significant difference in the change in GPP B between any of
the tanks (Table 2.4).
Zooplankton
To evaluate whether zooplankton dynamics were influenced by GRF addition
and/or if grazing was impacting phytoplankton populations differently between tanks and
over the course of the experiment, we compared total zooplankton, cladoceran, and
copepod abundance between days 0 and 9 (Table A1.4, Figure 2.4). Copepods were
separated into adults and nauplii. Between days 9 and 0, the change in total zooplankton,
cladoceran, adult copepod, and copepod nauplii abundance was not significantly different
in any of the tanks (Table 2.4). While not significant (Table 2.3, Figure A1.7), total
zooplankton abundance increased from 70.85 to 111.87 in control, but decreased from
79.56 to 31.78 and from 211.84 to 126.04 in chlorophyte- and cyanophyte-dominated
tanks, respectively. Adult copepod abundance increased from 14.82 to 16.00 individuals
L-1 in the control, but decreased from 17.36 to 12.73 and from 89.05 to 59.59 individuals
L-1 in chlorophyte- and cyanophyte- dominated tanks, respectively. Copepod nauplii
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abundance decreased from 26.73 to 16.59 in control, from 31.46 to 12.75 in chlorophytedominated, and from 63.54 to 39.01 individuals L-1 in cyanophyte-dominated tanks.
Cladocerans increased from 29.30 to 79.27 in control tanks, but decreased from 30.75 to
6.30 and from 59.25 to 27.43 individuals L-1 in chlorophyte- and cyanophyte- dominated
tanks, respectively (Table 2.3, Figure A1.7).
DISCUSSION
Light availability throughout the water column was significantly reduced in all
mesocosm tanks that received GRF relative to the control tanks. This reduction in light
was maintained throughout the 9-day experiment and resulted in a 77.9% decline in
cyanophyte biovolume in tanks dominated by cyanophytes. While total phytoplankton
biovolume did not change after the addition of GRF, cryptophytes increased by 240.0%
in cyanophyta-dominated tanks. In the chlorophyte-dominated tanks, cyanophytes
decreased by 49.4% while cryptophytes increased by 105.7%. Changes in cyanophytes
and cryptophytes were less in the control tanks where cyanophytes decreased by 22.8%
and cryptophytes increased by 18.8% between days 0 and 9.
How Did the GRF Addition Affect Physical, Chemical, and Biological Parameters in the
Mesocosm Tanks?
The addition of GRF to mesocosm tanks significantly reduced PAR by half and
maintained this relatively low light level throughout the 9-day experiment. PIM
concentrations increased by ~80% from day 0 to day 9 in the chlorophyte- and
cyanophyte-dominated tanks that received GRF. POM decreased by 37.9% in
chlorophyte-dominated tanks and increased by only 32.0% in cyanophyte-dominated
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tanks between day 0 and day 9, suggesting that the reduction in light is due to increases in
suspended inorganic particles derived from the GRF. In tanks that received GRF, the
mean Kd value was 3.77 m-1. This was higher than what occurs in many glacially-fed,
natural lakes. Glacially-fed lakes in New Zealand, Chile, and Canada have mean Kds of
0.96 m-1 and a maximum of 2.28 m-1 (Rose et al., 2014). Lakes in the US Rocky
Mountains do not exceed Kd of 0.30 m-1 (Slemmons and Sarros, 2012) and Kd in
glacially-fed Mascardi Lake in Argentina is often between 0.40 and 0.75 m -1 (Modenutti
et al., 2000; Hylander et al., 2011). Our Kd values are likely higher than those that occur
in water bodies, due to the smaller scale of our experiment, the lack of flow in our
mesocosm tanks, and the higher rate of GRF addition. In natural systems, GRF inputs are
relatively constant due to consistent tributary inflows creating horizontal gradients in
turbidity as particles fall out of suspension with increasing distance from tributary
inflows (Laspoumaderes et al., 2013).
Our experimental approach was to manipulate light while maintaining nutrient
concentrations. We wanted to ensure that the GRF additions were not adding or
precipitating nutrients in the experimental tanks. TN, TDN, NO3-, NH4+, and TDP
concentrations remained largely unchanged throughout this 9-day experiment. The
change in TP from days 9 to 0 was significantly different in the chlorophyte-dominated
tanks compared to the cyanophyte-dominated tanks, but not compared to the control
tanks. If the addition of GRF precipitated P from the water column, we would have
expected to see a decline in TP in all of the GRF tanks, including both the chlorophyteand cyanophyte- dominated tanks. This was not the case as TP only declined by 0.01
µmol L-1 in the chlorophyte-dominated tanks. We believe the decrease in cyanophyta and
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increase in cryptophyta can be attributed to reduced light and not an increase in P
deficiency because we also saw no significant change in the ln(TN:TP) molar ratio in any
of the tanks.
Microcystin concentrations were low throughout the experiment but increased in
all tanks between days 0 and 9. The decline in cyanophyta in the chlorophyte- and
cyanophyte- dominated tanks could explain the increase in microcystin concentrations.
As cyanobacterial cells lyse, they can release intracellular microcystin into the water
column (Greenfield et al., 2014). Microcystin concentrations never exceeded 4.04 µg L-1
on day 9 and increases in microcystin between days 0 and 9 were never more than 0.17
µg L-1, despite the declines we observed in cyanophyta. Non-toxic strains of the
cyanobacterium Microcystis outcompete toxic strains at low light levels (Kardinaal et al.,
2007), which could be why we did not see a greater increase in microcystin
concentrations following the addition of GRF.
We anticipated that increased turbidity resulting from GRF additions would
negatively impact zooplankton abundance and diversity, especially for filter-feeding
cladocerans (Sommaruga, 2015). High concentrations of suspended particles can make it
difficult for filter-feeding cladocerans to obtain food and they are often absent from lakes
with high GRF inputs (Barouillet et al., 2019). Copepods are able to survive higher
turbidities than other zooplankton (Sommaruga, 2015). We observed a decline in
cladoceran, adult copepod, and copepod nauplii abundance in the chlorophyte- and
cyanophyte- dominated tanks. The decline in cladocerans could be the result of an
increase in fine particulates, which interferes with their ability to filter organic particles
out of the water (Sommaruga, 2015; Barouillet et al., 2019). In our experiment,
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cladocerans declined in tanks that received GRF, but increased in the control tanks. A
longer study period is necessary to properly evaluate whether the decline in zooplankton
we observed is a direct result of GRF application, or simply natural variation in the
population. Our 9-day experiment was not long enough to see a dramatic change in the
zooplankton community life cycle as cladocerans can live for 15 – 50 days depending on
species (Sarma et al., 2002), and lay new egg clutches every 3 – 7 days (Dodson and
Frey, 1991). It is not uncommon for many copepods to live up to a year (Allan, 1976),
and it can take a month before nauplii reach sexual maturity (Gilbert and Williamson,
1983). The additional time it would take for at least one generation of zooplankton to be
born likely explains why we did not see a significant change in zooplankton abundance
by day 9 of our experiment. Our findings suggest that additional work is needed over a
longer time period to better understand how the addition of GRF impacts zooplankton
communities.
The dominant cyanophyte in cyanophyte-dominated tanks at the beginning of the
experiment was Aphanizomenon. While Aphanizomenon has been shown to persist at
light levels as low as 50 µmol photons m -2 s-1 in culture, its highest growth rates occur
above 150 µmol photons m-2 s-1 (Hadas et al., 2002; Üveges et al., 2012) and it is often
outcompeted in reduced light environments (Huisman et al., 1999). Cryptomonas, the
most common cryptophyte on day 9, can dominate algal communities when light levels
are as low as 15 µmol photons m-2 s-1 (Lizotte and Priscu, 1992). The reduced light
environment created from GRF addition could have enabled Cryptomonas to replace
Aphanizomenon as the most prevalent genera.

109

The switch from a cyanophyte-dominated community to one where cryptophytes
are the dominant taxon is efficient and beneficial for trophic interactions. Cyanophytes
create inefficient trophic transfers due to their low composition of polyunsaturated fatty
acids (Brett et al., 2009). Zooplankton meet most of their polyunsaturated fatty acid
requirements from eukaryotic phytoplankton and are not able to survive long periods
when these fatty acids are unavailable (Grosbois et al., 2017). Cyanophytes can be too
large for many gape-limited grazers to consume, either because they form mucilaginous
colonies or long filaments (Haney, 1987). The production of cyanotoxins can also be
detrimental to grazers, but the magnitude of these effects are debated (Rohrlack et al.,
2001; Paes et al., 2016). Conversely, cryptophytes are highly nutritious and are an
important component of aquatic food webs (Stemberger and Gilbert, 1985; Sarnelle,
1993). Thus, the switch from cyanophyte- to cryptophyte-dominated phytoplankton
communities likely provided a net benefit to the treated mesocosms by creating a highly
edible phytoplankton community for primary consumers.
Which Functional Traits Enabled Cryptophytes to Replace Cyanophytes?
Both cryptophytes and cyanophytes can tolerate low light, but in our study,
cryptophytes replaced cyanophytes when GRF was added. Cryptophytes, especially of
the genus Cryptomonas, are better suited to sustained periods of reduced light availability
and are often the dominant phytoplankton in permanently ice-covered lakes (Gervais,
1998). Cryptomonas was the most common cryptophyte we observed on day 9 in tanks
that were originally dominated by cyanophytes on day 0 (Table A1.2). Cryptophytes can
position themselves at favorable light intensities using their 2 flagella, and many are
mixotrophs that can supplement their metabolic (Porter, 1988) and nutrient (Urabe et al.,
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2000) requirements with heterotrophy. This is consistent with existing projections that
protists sometimes use phagotrophy to survive and outcompete phototrophs at low
irradiance levels (Jones, 2000; Schwaderer et al., 2011). The ability to acquire energy
through both heterotrophy and autotrophy provides mixotrophs with a competitive
advantage (Tittle et al., 2003). Some models even suggest a positive relationship between
mixotrophy and primary productivity (Hammer and Pitchford, 2005; Stoecker et al.,
2017) because mixotrophs can use phagotrophy to relieve nutrient stress, enabling them
to be productive in nutrient-deficient conditions (Jost et al., 2004). None of our tanks
were nutrient sufficient (Guildford and Hecky, 2000). Phagotrophy might explain why
GPPB increased in all of them, albeit at low rates. Our maximum increases of 7.6 mmol
O2 [µg Chl-a-1] m day-1 are consistent with low increases in GPP for phagocytic
phytoplankton (Hammer and Pitchford, 2005).
The increase in GPPB over the course of the experiment also suggests that the new
cryptophyte-dominated community used light more efficiently than the previous
chlorophyte- or cyanophyte- dominated communities. Phycobiliproteins, secondary
pigments present in both cyanophytes and cryptophytes, can lead to an inverse
relationship between αB and PAR that is contrary to the positive relationship observed in
other phytoplankton groups (MacIntyre et al., 2002; Overkamp et al., 2014). This could
explain why αB in the chlorophyte-dominated tanks, which switched from a chlorophyteto a cryptophyte- dominated community increased, and why α B in the cyanophytedominated tanks did not change. Cyanophyta can have E k values between 150.82 and
783.30 µmol photons m-2 s-1 (Zhang et al., 2011), while cryptophytes under ice cover
have been between 15 and 45 µmol photons m-2 s-1 (Lizotte and Priscu, 1992). Our
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cyanophyte-dominated tanks experienced a 2.5-fold decrease in EKB from day 0 to 9,
suggesting that the shift to dominance by cryptophytes impacted P–E parameters.
Eukaryotic phytoplankton are physiologically stressed at φ PSII values below 0.65,
while cyanophyta thresholds are lower, typically between 0.4 and 0.6 (Campbell et al.,
1998; Kromkamp et al., 2008). In our cyanophyte-dominated tanks, φPSII increased from
0.34 to 0.48 over the course of the experiment, corresponding with a decline in
prokaryotic cyanophyta and an increase in eukaryotic cryptophytes. The control and
chlorophyte tanks remained dominated by eukaryotes throughout the experiment and
exhibited little change in φPSII. Phytoplankton communities in all tanks were
physiologically stressed throughout the experiment.
What Implications do our Findings Have for the Nutrient Load Hypothesis?
Our findings provide important insights for the nutrient load hypothesis (Brauer et
al., 2012), which predicts phytoplankton dominance based on nutrient concentrations and
light availability. It postulates that in low-nutrient environments, the ln(TN:TP) ratio will
determine phytoplankton composition while in high-nutrient systems, absolute nutrient
concentrations explain which species dominate (Brauer et al., 2012). Increased nutrient
enrichment leads to an increase in algal biomass, which in turn reduces light availability
through self-shading. Thus, when absolute nutrient concentrations are high, light
becomes the single limiting resource. This hypothesis assumes that cyanophyta are
superior competitors for light and will dominate the community unless light limitation is
reached, at which point total phytoplankton biomass is expected to decline (Brauer et al.,
2012). Our results suggest the assumption that cyanophytes will be sole “winners” in this
scenario should be revised to include phytoplankton functional traits (Figure 2.5). These
112

functional traits could enable certain taxa to thrive in the reduced light environment
created by bloom formation and self-shading.
The nutrient load hypothesis does consider some functional traits for cyanophyta
such as their ability to fix atmospheric N2 or regulate their buoyancy with gas vacuoles.
In our experiment, heterocystous N2 fixation rates were insubstantial given the low
(mean= 5,850 cells L-1) number enumerated. The ln(TN:TP) ratios were lowest in the
cyanophyte-dominated tanks, but were always between the N- and P- deficiency
thresholds where it can be N, P, or something else that limits growth (Guildford and
Hecky, 2000). This, along with the increase in NH4+ concentrations observed from days 0
to 9, suggest that the cyanophyte-dominated tanks were not N-deficient. Functional traits
for other phytoplankton groups, such as mixotrophy or flagella, both of which might
enable other phytoplankton to dominate in low light environments, are not considered
(Brauer et al., 2012). Contrary to predictions from the nutrient load hypothesis (Brauer et
al., 2012), cyanophyta were not the dominant taxa at the end of our experiment.
Cryptophytes were, suggesting that at high nutrient concentrations, functional traits add
nuance to competition for light not previously considered.
While cyanobacteria often dominate when light is the limiting resource, our
findings suggest that cryptophytes can outcompete cyanobacteria under low light levels.
In Lake Peipsi, Estonia/Russia, cyanobacteria are replaced by cryptophytes shortly after
the formation of ice and its associated reduction in light availability (Blank et al., 2009).
Further experimentation is required to quantify the thresholds where this shift from
nutrient stoichiometry to functional traits occurs, but the importance of functional traits in
determining phytoplankton community composition should not be overlooked.
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How does GRF Compare to Other Geoengineering Strategies?
One of the challenges faced by lake managers and drinking water treatment plant
operators is mitigating or controlling harmful algal blooms. In 2014, a toxic
cyanobacterial bloom in Lake Erie cost the Toledo drinking water plant ~$4 million and
had a total economic impact of ~$65 million (Bingham et al., 2015). Reductions in
external nutrient loading can successfully lower cyanobacterial biomass, but it usually
takes years after government regulations have been enacted before declines in biomass
are observed (Osgood, 2017). Sometimes, managers need to reduce phytoplankton
biomass over a much shorter time scale if, for example, the resource is being used for
drinking water. In other instances, it might not always be feasible to reduce external
nutrient loading, such as in water bodies with watersheds dominated by agriculture or
urban areas. In these situations, alternative geoengineering strategies can be used. Solidphase P sorbents may be the most common geoengineering approach. These materials are
clays enriched with aluminum (Gibbs et al., 2010), iron (Zamparas et al., 2012), or
lanthanum (Haghseresht et al., 2009) and work by binding to any soluble reactive P they
contact as they sink through the water column.
One benefit of GRF over other geoengineering techniques is its effectiveness on a
short timescale. We saw a 49.4 and 77.6% decline in cyanobacteria in chlorophyte- and
cyanophyte-dominated tanks, respectively, after 9 days. This decline occurred more
quickly than the several months to a year phytoplankton biomass declines after the
addition of solid-phase P sorbents (Epe et al., 2017; Wagner et al., 2017). Re-application
of solid-phase P sorbents can be required in as short as a couple of years to as long as a
decade, depending on lake morphology, nutrient inputs, inorganic particle inputs, and
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sedimentation rates (Lürling and van Oosterhout, 2012; Mackay et al., 2014; Wagner et
al., 2017). Another benefit of GRF is that it results in a decrease in cyanobacteria, but not
total phytoplankton biovolume, while solid-phase P sorbents are typically associated with
a decline in total phytoplankton biomass (Epe et al., 2017). Maintaining phytoplankton
biomass is important in systems where fish yield is a concern (Downing and Plante,
1993).
A consideration to using GRF is that it adds inorganic particles into the water, a
concern in reservoirs with limited storage capacity (deNoyelles and Kastens, 2016). Of
the 14 tanks that received GRF, the highest TSS sedimentation rate was 3.4 g m -2 day-1.
This rate is well within the range of natural sedimentation and is lower than some rates
found in the North American Midwest. Sedimentation rates in Iowa lakes can range from
11.6 to as high as 203.0 g m-2 day-1 during the summer (Canfield et al., 1982). We added
GRF based on tank surface area at a rate of 0.68 kg m -2 day-1. For the average small
impoundment of 0.027 km2 (Downing et al., 2006), this would come to 39,706 kg day-1.
At this application rate, it would cost $35,854 USD, based on the $18.06 USD per kg
price at which we purchased GRF. Such a high application rate and cost likely makes
GRF an untenable management strategy in large systems. Using surface area from our
mesocosms to calculate cost for a pond is a rough estimation and assumes that application
rates are constant based on surface area. Other factors, such as wind blowing the GRF to
one side of the impoundment, or disruptions to the water’s surface from animals could
influence the amount of GRF required for an impoundment compared to a mesocosm.
Another consideration to the use of GRF is that it must be applied more frequently
than most other geoengineering techniques, at least initially. Frequent GRF additions may
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not be required if the phytoplankton community shifts to an alternative stable state. The
alternative stable state hypothesis posits that ecosystems maintain resilience and do not
experience state change until a dramatic disturbance shifts the ecosystem to a different
state with its own resilience (Scheffer et al., 2001; Carpenter and Brock, 2006).
Disturbances can include modifications to habitat or changes in resource availability
(Shurin et al., 2004). Competition for one such resource, light, could create an alternate
stable state, especially if the existing phytoplankton community was replaced (Brauer et
al., 2012). We were able to shift a cyanophyte- dominated phytoplankton community to
dominance by cryptophytes in 9 days but we did not continue the experiment long
enough to see if an alternate stable state was achieved, nor the time point at which further
GRF additions would be unnecessary. In Shidou Reservoir, China, cyanophyta made up
~100% of the phytoplankton biovolume before an abrupt reduction in the human
population within the watershed shifted the phytoplankton community to dominance by
chlorophytes (Yang et al., 2017). This shift was sustained for ~3 years, during which time
cyanophytes made up less than 20% of phytoplankton biomass, before a climatic
disturbance event shifted the community back to dominance by cyanophytes (Yang et al.,
2017). Additional experimentation should investigate long-term trends in the
phytoplankton community to determine if GRF application is able to shift the
phytoplankton community to an alternative stable state.
The effects of GRF to higher trophic levels will be important when determining
whether it should be used in cyanoHAB management. The reduction in light availability
from GRF additions could reduce the foraging efficiency of visual predators (Minor and
Stein, 1996; Vogel and Beauchamp, 1999). GRF also increases the amount of suspended
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inorganic particles, which can have a negative impact on fish by damaging gills (Lake
and Hinch, 1999) or reducing the filtering efficiency of filter-feeders (Sommaruga, 2015).
These effects to biota might not be substantial if short periods of GRF application result
in a shift to an alternate stable state. In addition to aquatic biota, the extraction of GRF
might impact the terrestrial environment. Commercial GRF is mined from terminal
moraines located in the northwestern United States and southwestern Canada, and is sold
as a soil amendment for micronutrients. Additional studies should evaluate the long-term
effects of GRF addition to higher trophic levels and on the terrestrial environment before
its adoption as a widespread management strategy.
Conclusions
We demonstrate GRF application reduces light availability, resulting in a decline
in cyanophytes and replacement by cryptophytes. Our findings provide valuable insights
to the nutrient load hypothesis (Brauer et al., 2012), suggesting that cryptophytes might
outcompete cyanophytes for light when nutrients are abundant. Further iterations of this
hypothesis should consider incorporating functional traits into predictions of
phytoplankton community composition. Before GRF can be advocated as a harmful algal
bloom management strategy, further investigation is needed to determine whether an
alternative stable state was reached after cryptophytes became the dominant taxa.
Regardless, we believe that manipulating light is an important, overlooked strategy for
algal bloom management. As the effects of climate change become more pronounced,
algal blooms will continue to increase in frequency and magnitude (Paerl and Paul,
2012), and it will become even more important for lake managers to have a variety of
techniques to address this challenge.
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TABLES
Table 2.1. Experimental design to promote phytoplankton growth through nutrient
amendments. Nitrogen (N) and/or phosphorus (P) were added to 11,000 L mesocosm
tanks to create bloom conditions and induce nutrient deficiency. A total of 3.08 moles of
N was added as ammonium chloride (NH4Cl) or sodium nitrate (NaNO3), and 2.20 moles
of P was added as dipotassium phosphate (K2HPO4). Control tanks did not receive
nutrient amendments and were dominated by chlorophytes at the beginning of the
experiment. The ln(TN:TP) molar ratio is from day 0 of the experiment. Sample size (n)
refers to the number of mesocosm tanks that received each nutrient form.
Nutrient forms
added

Amount N
and/or P added
(moles)

Experimental group

ln(TN:TP )
(molar ratio)

NH4Cl + K2HPO4
(n=3)

3.08N + 2.20P

cyanophyte-dominated

3.73

NaNO3 + K2HPO4
(n=3)

3.08N + 2.20P

cyanophyte-dominated

3.12

K2HPO4
(n=2)

2.20

cyanophyte-dominated

3.29

NH4Cl
(n=3)

3.08

chlorophyte-dominated

4.52

NaNO3
(n=3)

3.08

chlorophyte-dominated

4.95

None
(n=3)

0

control

4.61
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Table 2.2: Top 3 dominant phytoplankton genera on day 0 and day 9. Percent composition (% Comp.) was calculated for each genera
as the percent of total phytoplankton biovolume in each tank. Mean percent composition of all tanks within each group is reported for
control (n= 3), chlorophyte- (n= 6), and cyanophyte-dominated (n= 8) mesocosms. Lowest identification was to genus (Table A2.2).
Dominant Algal Genus on Day 0
Experimental
Group
Control
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ChlorophyteDominated

CyanophyteDominated

Dominant Algal Genus on Day 9

Functional Group

Genus

Chlorophyta

Tetraedron

%
Comp.
26.2

Chlorophyta

Scenedesmus

Cryptophyta &
Dinoflagellates

Functional Group

Genus

Chlorophyta

Tetraedron

%
Comp.
23.4

13.8

Chlorophyta

Scenedesmus

12.5

Cryptomonas

13.6

Cryptophyta &
Dinoflagellates

Plagioselmis

12.0

Chlorophyta

Oocystis

35.4

Cryptophyta &
Dinoflagellates

Cryptomonas

32.2

Cryptophyta &
Dinoflagellates

Cryptomonas

9.6

Chrysophyta

Chrysochromulina

14.7

Chrysophyta

Chrysochromulina

7.3

Chlorophyta

Oocystis

10.7

Potentially Toxigenic
Cyanophyta

Aphanizomenon

22.8

Cryptophyta &
Dinoflagellates

Cryptomonas

37.1

Potentially Toxigenic
Cyanophyta

Dolichospermum

22.1

Potentially Toxigenic
Cyanophyta

Aphanizomenon

13.8

Non-toxin Producing
Cyanophyta

Pseudanabaena

13.3

Chlorophyta

Scenedesmus

9.8

Table 2.3: Water quality and phytoplankton physiology parameters. Control (Con),
chlorophyte- (Chloro), and cyanophyte- (Cyano) dominated mesocosm tanks prior to
glacial rock flour addition (day 0) and at the end of the experiment (day 9). Mean and
standard deviation (std dev) are reported. “BDL” indicates that all tanks in a group were
below the detection limit as stated in the Methods. Sediment traps were collected only on
day 9, so it is not applicable (n/a) to report day 0 sedimentation rates. Significant
differences between groups for the change in each parameter from day 0 to day 9 are
reported in Table 2.4.
Day 0 Mean ± Std Dev

Physical Parameters
Temperature
(°C)
Total Suspended Solids,
TSS
(mg L-1)
Particulate Inorganic
Matter, PIM
(mg L-1)
Particulate Organic Matter,
POM
(mg L-1)
TSS Sedimentation Rate
(g m-2 day-1)
PIM Sedimentation Rate
(g m-2 day-1)
POM Sedimentation Rate
(g m-2 day-1)
Mean daily mixed layer
irradiance, Ē24
(µmol photons m-2 s-1)
Chemical Parameters
Total Nitrogen:Total
Phosphorus, ln(TN:TP)
(molar ratio)
Total Phosphorus, TP
(µmol L-1)
Total Dissolved
Phosphorus, TDP
(µmol L-1)

Day 9 Mean ± Std Dev

Con
n=3

Chloro
n=6

Cyano
n=8

Con
n=3*

Chloro
n=6

Cyano
n=8†

21.1 ±
0.1
0.8 ±
0.6

21.2 ±
0.1
1.5 ±
0.6

20.8 ±
0.1
4.5 ±
1.7

18.6 ±
0.1
3.1 ±
1.2

18.6 ±
0.2
7.3 ±
2.2

18.4 ±
0.1
20.2 ±
7.7

0.4 ±
0.3

1.0 ±
0.5

2.2 ±
0.6

0.3 ±
0.2

5.5 ±
1.8

10.5 ±
5.2

0.9 ±
1.0

2.9 ±
2.4

6.6 ±
6.7

2.8 ±
1.2

1.8 ±
0.7

9.7 ± 5.2

n/a

n/a

n/a

n/a

n/a

n/a

n/a

n/a

106.67
± 11.64

114.16
± 10.69

57.14 ±
19.64

1.9 ±
0.8
1.9 ±
0.8
0.1 ±
0.0
110.66
± 14.07

2.3 ± 0.9

n/a

0.1 ±
0.0
0.0 ±
0.0
0.0 ±
0.0
115.45
± 9.55

4.61 ±
0.39

4.74 ±
0.40

3.39 ±
0.40

4.67 ±
0.33

4.70 ±
0.28

3.72 ±
0.22

0.74 ±
0.42
0.25 ±
0.10

0.57 ±
0.18
0.16 ±
0.01

5.89 ±
2.05
1.52 ±
1.61

0.67 ±
0.34
0.23 ±
0.04

0.56 ±
0.09
0.18 ±
0.03

3.85 ±
1.53
1.27 ±
0.58
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2.2 ± 0.9
0.1 ± 0.0
64.36 ±
22.67

Total Nitrogen, TN
(µmol L-1)
Total Dissolved Nitrogen,
TDN
(µmol L-1)
Nitrate, NO3(µmol L-1)
Ammonium, NH4+
(µmol L-1)

65.43 ± 62.09±
9.25
5.63
49.92 ± 53.71 ±
4.12
6.82

Dissolved Organic Carbon,
DOC
(µmol L-1)
Microcystin
(µg L-1)
Biological Parameters
Total Phytoplankton
Biovolume
(mm3 L-1)
Potentially Toxigenic
Cyanophyta Biovolume
(mm3 L-1)
Non-toxin Producing
Cyanophyta Biovolume
(mm3 L-1)
Chlorophyta Biovolume
(mm3 L-1)
Euglenophyta Biovolume
(mm3 L-1)
Cryptophyta +
Dinoflagellate
Biovolume
(mm3 L-1)
Chrysophyta (including
Chrysophytes,
Bacillariophytes,
Ochrophytes, and
Haptophytes) Biovolume
(mm3 L-1)
Chlorophyll-a, Chl-a
(µg L-1)
Maximum Quantum Yield
of Photosystem II, φPSII
(unitless)

163.06
± 35.41
93.20 ±
22.17

64.45 ±
9.58
51.80 ±
4.74

61.68 ±
7.83
55.88 ±
8.83

153.54 ±
46.67
91.16 ±
23.28

1.75 ±
2.51
8.53 ±
14.26

BDL

1.51 ±
0.12

3.94 ±
5.53
3.49 ±
1.64

1.83 ±
0.32

2.78 ±
2.05
3.03 ±
1.19

0.45 ±
0.21
12.17 ±
10.91

1009.2
5±
236.88
0.17 ±
0.03

1015.0
0±
256.75
0.16 ±
0.01

1032.9
8±
157.96
0.70 ±
0.93

1063.20
±
248.10
0.19 ±
0.04

1030.73
±
261.91
0.19 ±
0.06

1081.02
± 147.70

4.43 ±
3.87

2.55 ±
1.38

35.31 ±
28.91

2.64 ±
1.21

2.56 ±
1.41

28.13 ±
37.08

0.12 ±
0.16

0.02 ±
0.02

17.94 ±
16.60

0.14 ±
0.20

0.00 ±
0.01

4.27 ±
6.65

0.19 ±
0.18

0.17 ±
0.17

10.23 ±
11.60

0.06 ±
0.03

0.13 ±
0.14

2.34 ±
2.24

3.17 ±
3.49
0±0

1.51 ±
1.13
0±0

2.08 ±
1.30
0±0

1.56 ±
1.49
0±0

0.41 ±
0.30

0.54 ±
0.55

3.75 ±
5.12

0.61 ±
0.46

0.57 ±
0.32
0.01 ±
0.01
1.10 ±
0.82

1.46 ±
1.62
0.07 ±
0.18
19.50 ±
36.49

0.54 ±
0.37

0.32 ±
0.30

1.31 ±
2.47

0.26 ±
0.23

0.75 ±
1.10

0.49 ±
0.82

3.54 ±
1.21
0.57 ±
0.11

2.97 ±
2.30
0.61 ±
0.11

48.70 ±
39.85
0.34 ±
0.15

2.09 ±
1.07
0.53 ±
0.03

1.53 ±
1.02
0.56 ±
0.02

63.52 ±
79.94
0.48 ±
0.13

BDL
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0.87 ±
1.27

Light saturation threshold
normalized for Chl-a, EkB
(µmol photons [µg Chl-a-1]
m s-1)
Alpha normalized for Chla, αB
Maximum relative electron
transport rate, rETRMAX
(photons reemitted photons
absorbed-1)
Light deficiency parameter,
Ē24/Ek
Gross Primary Productivity
normalized to Chl-a, GPPB
(mmol O2 [µg Chl-a-1] m
day-1)
Total Zooplankton
Abundance
(Individuals L-1)
Adult Copepod Abundance
(Individuals L-1)
Copepod Nauplii
Abundance
(Individuals L-1)
Cladoceran Abundance
(Individuals L-1)

153.23
±
177.98

428.24
±
728.62

80.90 ±
174.58

377.22
±
430.44

388.69
±
360.81

32.34 ±
33.67

0.21 ±
0.10
315.69
±
359.98

0.48 ±
0.53
175.63
±
150.92

0.07 ±
0.14
136.12
± 47.95

0.58 ±
0.54
291.40
±
265.33

0.65 ±
0.43
222.69
±
138.22

0.05 ±
0.06
197.21 ±
46.31

0.85 ±
0.70
25.9 ±
13.0

0.55 ±
0.28
15.4 ±
13.7

0.20 ±
0.15
15.2 ±
9.5

0.45 ±
0.21
33.3*

0.43 ±
0.20
18.2 ±
15.5

0.18 ±
0.07
22.8 ±
12.3

70.85 ±
57.89

79.56 ±
51.45

111.87
± 90.99

31.78 ±
17.90

126.04 ±
95.11

14.82 ±
9.13
26.73 ±
25.39

17.36 ±
9.66
31.46 ±
39.62

211.84
±
149.78
89.05 ±
82.69
63.54 ±
54.43

16.00 ±
3.75
16.59 ±
6.57

12.73 ±
9.92
12.75 ±
8.20

59.59 ±
74.25
39.01 ±
55.49

29.30 ±
23.47

30.75 ±
28.30

59.25 ±
75.82

79.27 ±
80.83

6.30 ±
3.28

27.43 ±
36.79

*There was only one control tank for day 9 GPPB
†There were only 7 cyanophyte dominated tanks for day 9 DOC
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Table 2.4: Statistical analyses for each parameter. Analyses were evaluated on the difference between day 9 and day 0 (i.e., day 9 day 0). We used a one-way analysis of variance (ANOVA) when the parameter followed a normal distribution, or when a normal
distribution resulted from a transformation. A Kruskal-Wallis test (KW) was used when the data did not follow a normal distribution.
Statistically significant differences between groups (p<0.05) are denoted by different letters, while same letters indicate that no
significant difference exists. Post Hoc tests were used to identify when the change in each parameter was different between control
(Con), chlorophyte- (Chloro), and cyanophyte- (Cyano) dominated mesocosm tanks. A Tukey post hoc test was used to identify
significant differences for parameters that followed a parametric distribution while Dunn’s test was used on non-parametric
parameters.
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Physical Parameters
Temperature
Total Suspended Solids,
TSS
Particulate Inorganic Matter,
PIM
Particulate Organic Matter,
POM
Mean daily mixed layer irradiance,
Ē24
Chemical Parameters
Total Nitrogen:Total Phosphorus,
ln(TN:TP)
Total Phosphorus,
TP
Total Dissolved Phosphorus,
TDP
Total Nitrogen,
TN

Test
Statistic

Test

p

ANOVA
KW

p=0.08
p=0.97

KW

p=0.43

ANOVA

p=0.93

F2,14 = 3.05
χ2 = 0.07
df= 2
χ2 = 1.67
df= 2
F2,14 = 0.08

ANOVA

p=0.61

F2,14 = 0.52

ANOVA

p=0.10

KW

p=0.03

KW

p=0.87

KW

p=0.27

χ2 = 2.10
df= 2
2
χ = 7.16
df= 2
2
χ = 0.23
df= 2
2
χ = 2.63
df= 2

Con

ab

Post Hoc
Chloro
Cyano

a

b

Total Dissolved Nitrogen,
TDN
Nitrate,
NO3Ammonium,
NH4+
Dissolved Organic Carbon,
DOC
Microcystin

ANOVA

p=0.90

F2,14 = 0.11

KW

p=0.45

KW

p=0.20

ANOVA

p=0.05

χ2 = 1.58
df= 2
χ2 = 3.18
df= 2
F2,13 = 3.92

KW

p=0.12

χ2 = 4.26
df= 2

Biological Parameters
Total Phytoplankton Biovolume

KW

p=0.20

Potentially Toxigenic Cyanophyta Biovolume

KW

p=0.00

Non-toxin Producing Cyanophyta Biovolume

KW

p=0.78

Chlorophyta Biovolume

KW

p=0.99

Euglenophyta Biovolume

KW

p=0.79

Cryptophyta + Dinoflagellate
Biovolume
Chrysophyta (including Chrysophytes,
Bacillariophytes, Ochrophytes, and Haptophytes)
Biovolume
Chlorophyll-a, Chl-a

KW

p=0.74

KW

p=0.11

χ2 = 3.18
df= 2
2
χ = 12.61
df= 2
χ2 = 0.51
df= 2
χ2 = 0.02
df= 2
χ2 = 0.47
df= 2
χ2 = 0.60
df= 2
χ2 = 4.46
df= 2

KW

p=0.44

ANOVA

p=0.06

Maximum Quantum Yield of Photosystem II,
φPSII

χ2 = 1.64
df= 2
F2,14 = 3.43

ab

a

b

a

a

b

Light saturation threshold normalized for Chl-a,
EkB
Alpha normalized for Chl-a,
αB
Maximum relative electron transport rate,
rETRMAX
Light deficiency parameter,
Ē24/Ek
Gross Primary Productivity normalized for Chl-a,
GPPB
Total Zooplankton Abundance
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ANOVA

p=0.26

F2,14 = 1.50

ANOVA

p=0.71

F2,14 = 0.36

ANOVA

p=0.28

F2,14 = 1.40

ANOVA

p=0.70

F2,14 = 0.36

ANOVA

p=0.16

F2,9 = 2.26

ANOVA

p=0.45

F2,14 = 0.85

Adult Copepod Abundance

KW

p=0.51

Copepod Nauplii Abundance

KW

p=0.88

ANOVA

p=0.06

χ2 = 1.35
df= 2
χ2 = 0.27
df= 2
F2,14 = 3.42

Cladoceran Abundance

FIGURES

Figure 2.1: Birds-eye view of mesocosm tank set-up. We added glacial rock flour (GRF)
to 14 of the 17 mesocosm tanks used in this experiment. Phytoplankton communities
were dominated by either chlorophytes or cyanophytes (n= 8) at the beginning of the
experiment. Of the 9 chlorophyte dominated tanks, a subset (n= 3) did not receive any
nutrient nor GRF amendments and were treated as a control (Con). The remaining
chlorophyte dominated tanks (n= 6) received daily GRF additions. Tanks were kept in a
~1300 m2 shallow pond that was ~1 m deep to insulate for changes in air temperatures.
The pond was surrounded by low vegetation. Mesocosm tanks were ~3 m across, 1.25 m
high, and volume of 11,000 L. Crossbeams were placed across each mesocosm. Sediment
traps were suspended from each crossbeam.
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(A)

(B)

Figure 2.2: Comparison of the light environment between tanks that received glacial
rock flour (GRF) and tanks that did not receive GRF. PAR ratio (0.5 m water/air reading;
A) and vertical light attenuation coefficient (Kd; B) were measured in all tanks after GRF
was added to all (n=14) but the control tanks (n=3). Both the PAR ratio and Kd were
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measured one hour after GRF addition every day of the experiment, 4 hours after addition
on days 0, 5, 6, and 7, and 6 hours after addition on day 4. The light ratio was determined
by dividing photosynthetically active radiation (PAR) measurements made at 0.5 m depth
by PAR measurements from above the water’s surface in the air. Among GRF tanks, the
light ratio was significantly lower one hour after GRF addition than 4 (Kruskal-Wallis p<
0.0001, df= 2, χ2= 26.46) or 6 hours (Kruskal-Wallis p= 0.0002, df= 2, χ2= 26.46), but
not significantly different between 4 and 6 hours (Kruskal-Wallis p= 0.1709, df= 2, χ2=
26.46; Figure 2). Kd was significantly higher one hour after GRF addition (KruskalWallis p<0.0001, df= 2, χ2= 37.10), but not 4 nor 6 hours after addition (Kruskal-Wallis
p= 0.2347, df= 2, χ2= 37.10). For each time, the light ratio was significantly lower
(Kruskal-Wallis p< 0.0001, df= 1, χ2= 75.99) in tanks that received GRF compared to
control tanks that did not. For each time, Kd was significantly higher (Kruskal-Wallis
p<0.0001, df= 1, χ2= 87.88) in tanks that received GRF compared to control tanks that
did not.
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(A)

(B)

Figure 2.3: Phytoplankton biovolume categorized by functional group. Biovolume for
day 0 (A) and day 9 (B) for control tanks, tanks dominated by chlorophytes at the
beginning of the experiment, and tanks dominated by cyanophytes at the beginning of the
experiment. The chrysophyta* group includes chrysophyta, bacillariophyta, haptophyta,
and ochrophyta.
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(A)

(B)

Figure 2.4: Zooplankton abundance in mesocosm tanks. Abundance was measured on
day 0 (A) and day 9 (B) for control tanks, tanks dominated by chlorophytes at the
beginning of the experiment, and tanks dominated by cyanophytes at the beginning of the
experiment.
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Figure 2.5: Adaptation of the nutrient load hypothesis from Brauer et al., (2012). This
hypothesis predicts which phytoplankton dominate based on competition for nitrogen
(N), phosphorus (P), and light. The nutrient load hypothesis is based on the assumption
that cyanobacteria are superior competitors for light and are able to dominate when N and
P concentrations are high (Brauer et al., 2012). We add an additional box to highlight the
nuance that functional traits can add to competition for these resources, specifically light.
Our added box, above, connects to Brauer et al. original figure in the area where there is
competition for light. While cyanobacteria often dominate when light is the limiting
resource, our findings suggest that cryptophytes can outcompete cyanobacteria under
specific light levels due to functional traits. Our box shows this by introducing
cryptophytes to this figure, showing that as light availability declines, cryptophytes
outcompete cyanophytes.
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CHAPTER 3
MONITORING MICROCYSTIN ACCUMULATION IN TWO POPULAR
SPORTFISH OVER THE COURSE OF A YEAR
ABSTRACT
Cyanobacterial blooms sometimes create secondary metabolites that can be
transferred between trophic levels and accumulate in fish, where they pose a potential
health risk to anglers. We examine microcystin in the muscle, liver, and kidney of
bluegill and largemouth bass on 8 sampling dates over a 12 month period. We identify
drivers of microcystin accumulation in tissues from fish characteristics and water
parameters. Microcystin in bluegill were significantly higher than largemouth bass and in
both species, microcystin was highest in livers (bluegill mean= 57.6 ng g-1, largemouth
bass mean= 71.8 ng g-1 wet weight [ww]), then kidneys (bluegill mean= 27.1, largemouth
bass mean= 22.7 ng g-1 ww), and muscles (bluegill mean= 7.6, largemouth bass mean=
5.7 ng g-1 ww). Adult bluegill feed on benthic macroinvertebrates and zooplankton,
which may explain their higher microcystin concentrations compared to largemouth bass,
which are primarily piscivorous. Harvest date emerged as the best predictor of
microcystin in muscles and kidneys, with highest concentrations occuring in April before
decreasing throughout the year. Behavioral or physiological response related to spawning
may explain this pattern. Microcystin in water also emerged as a significant predictor for
microcystin in fish, although its signal was much weaker than harvest date. This suggests
that low but persistent microcystin concentrations in the water can lead to accumulation
of this cyanotoxin in fish tissues. This study is the first to look at microcystin in fish from
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the North American Great Plains and one of only 3 studies that investigate microcystin in
bluegill and largemouth bass.
INTRODUCTION
Cyanobacteria are a group of prokaryotic phytoplankton that sometimes form
dense blooms, often in the presence of high nutrient concentrations (Smith and Schindler
2009), warm water temperatures (Paerl and Huisman 2008), and low wind conditions
(Cao et al. 2006). Some cyanobacteria can produce secondary metabolites that are
harmful to humans (Azevedo et al. 2002; Rao et al. 2002; Stewart et al. 2006).
Microcystin, the most common cyanotoxin found in most fresh water bodies, is a
hepatotoxin that inhibits protein phosphatases 1 and 2A (Carmichael 1994). In extreme
instances, exposure to cyanotoxins can result in death for humans (Li et al. 2011), pets
(Backer et al. 2013), livestock (Van Halderen et al. 1995), and wildlife (Miller et al.
2010).
Microcystin accumulates in aquatic organisms such as fish by direct exposure to
microcystin dissolved in water (Sieroslawska et al. 2012) and through consumption of
contaminated food items (Smith and Haney 2006). This hepatotoxin occurs in the water
column most often during summer months when cyanobacterial blooms are traditionally
most common (Huisman et al. 2018). Microcystin has been detected in fish collected
throughout the year, even times when it is not present in the water (de Magalhães et al.
2001; Zhang et al. 2013). Natural degradation of dissolved microcystin through
photolysis (Wӧrmer et al. 2010) and microbial activity (Park et al. 2001) usually occurs
within 8 days (Christoffersen et al. 2002), but fish may continue to be exposed afterwards
through their diet. Water parameters like nutrients (Vézie et al. 2002) and chlorophyll-a
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(chl-a; Yuan et al. 2014) have been linked with water microcystin concentrations, but
whether they are secondarily linked to microcystin accumulation in fish has not been
investigated. General consensus is that microcystin concentrations decline at higher food
web trophic levels (Ibelings et al. 2005; Ferrão-Filho and Kozlowsky-Suzuki 2011; Pham
and Utsumi 2018), although there have been reports of higher microcystin in fish that
feed from high trophic levels compared to organisms from lower trophic levels (ZamoraBarrios et al. 2019). The negative relationship between microcystin and trophic level
could be because microcystin can be eliminated in fish via the glutathione metabolic
pathway, although the factors that influence this metabolization are poorly understood
(Schmidt et al. 2014). Microcystin concentrations are highest in fish livers and kidneys
because microcystin is metabolized and eliminated at these sites (Malbrouck and
Kestemont 2006; Papadimitriou et al. 2013). Factors and mechanisms behind the
toxicodistribution of microcystin in fish muscles and organs are not well understood, and
we do not know if differences in metabolic rate among fish species would result in
microcystin variability in tissues.
Fish can be a route of toxin exposure for anglers who consume their catch because
microcystin covalently binds to proteins in fish muscles (Smith et al. 2010). Covalentlybound microcystins are 3 to 10 times less toxic than free toxins (Campos and
Vasconcelos 2010), but can be released into tissues through enzyme cleaving (Smith et
al. 2010). During digestion, enzyme cleaving can release formally bound microcystin,
increasing the potential health risk to consumers (Díez-Quijada et al. 2019). This
potential human health risk has prompted the creation of microcystin fish consumption
advisories (Ibelings and Chorus 2007; Anderson-Abbs et al. 2016). The frequency and
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magnitude of cyanobacterial blooms and exposure to the toxins they can produce likely
play a role in determining how much microcystin has accumulated in a fish at any given
time (Jia et al. 2014; Gurbuz et al. 2016). The Missouri Department of Health and Senior
Services (MDHSS) recommends that anglers do not consume fish from reservoirs that
have experienced a visible bloom within the previous 2 weeks. The presence of a
cyanobacterial bloom is sometimes a misleading indicator of microcystin in fish tissues
because toxin production is highly variable across space and time (Sabart et al. 2010).
Fish collected from lakes that often experience cyanobacterial blooms do not always
contain microcystin. For example, despite water microcystin concentrations frequently
exceeding 40 µg L-1 in Grand Lakes St. Mary’s (OH, USA) during the spring, summer,
and fall of 2012, microcystin was only measured in 6 % of the fish sampled, and was
never greater than 70.43 ng g-1 ww in black crappie (Pomoxis annularis; Schmidt et al.
2013). In other instances, microcystin in fish muscles can be as high as 27.0 ng g-1 dw
(dry weight) despite below detection water microcystin concentrations (de Magalhães et
al. 2001). Understanding seasonal variation in visible blooms and their relationship to
microcystin in fish is needed to inform consumption guidelines. Knowing how other
variables that might be related to microcystin accumulation in fish, such as individual fish
characteristics or water parameters, could provide anglers and government agencies with
a more suitable proxy for determining which fish are safe to consume and when.
This study identifies variables that contribute to microcystin in fish over a 12month period in a recreational reservoir with a history of cyanobacterial blooms. We do
not have a clear understanding of how microcystin accumulation changes temporally, and
if the factors linked with accumulation are consistent over time. The concentration of
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microcystin in muscles, livers, and kidneys were examined in 2 recreationally favored
sportfish species to examine potential differences in the accumulation and
toxicodistribution of microcystin in intermediate (bluegill, Lepomis macrochirus) and
high trophic level (largemouth bass, Micropterus salmoides) feeders. We examine
whether microcystin in fish tissues varied with time of fish collection from April, 2018 to
March, 2019, while accounting for fish characteristic variables (i.e., age, length, mass,
organosomatic index for liver and gonad, body conditioning index, and sex). We
hypothesize that microcystin concentrations will differ between bluegill and largemouth
bass because these species feed from different trophic levels. We also hypothesize that
microcystin will differ between tissue types, and between harvest dates. Results from this
study represent the first assessment of microcystin concentrations in fish tissues collected
from the North American Great Plains and contribute to our broader knowledge of
accumulation of this toxin in aquatic food webs.
METHODS
Site description
Dairy Farm Lake #1 is a hypereutrophic reservoir, according to chl-a trophic
status thresholds previously established for Missouri reservoirs (Jones et al. 2008). It is
located in central Missouri, USA (W 38.994156° N -92.488833°) at the University of
Missouri Foremost Dairy Research Center and was impounded in 1993. From
bathymetric measurements (Figure A2.1), we determined the reservoir has a surface area
of 56,084 m2 and a volume of 123,921 m3. The maximum depth is 4.6 m and mean depth
is 2.2 m. The watershed, which is 550,370 m2, is composed of 70 % crops, 28 % pasture
grass, 1 % forest, and <1 % each of wetland, herbaceous or shrub rangeland, and barren
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land (Dewitz 2019). Dairy Farm Lake #1 has been periodically stocked by the Missouri
Department of Conservation (MDC) with bluegill and largemouth bass and was open to
the public for angling during the study period. The reservoir has no inflowing tributary
and overland and subsurface flow are the primary input into the reservoir. Outflowing
water exits through an outflow valve. This reservoir has been part of a long-term
surveillance program through the Missouri Department of Natural Resources (MDNR) to
monitor water quality in waterbodies statewide. Dairy Farm Lake #1 was chosen for this
study based on DNR’s historic reports of cyanobacterial blooms, based on high chl-a
concentrations as well as visual surface scums, and fish kills in the summer months. Prior
to this study, between June, 2017 and December, 2018, phytoplankton samples were
collcted and biovolume was measured to characterize the composition of phytoplankton
in Dairy Farm Lake #1. Cyanobacterial biovolume of 17 samples collected during
summer months (June, 2017 to September, 2018) averaged 69.6 % of the total
phytoplankton biovolume (Figure A2.2). Potential microcystin producers (procedures
described in Chapman and Foss 2019) composed 28.7 % of the cyanobacterial biovolume
and estimated nitrogen (N) fixation rates averaged 0.32 µg N L-1 day-1, based on the
number of heterocysts counted (procedures described in Findlay et al. 1994).
Cyanobacterial biovolume of 3 samples collected during winter months (October to
December) of 2017 and 2018 represented 37.8 % of the total phytoplankton biovolume
and 3.4 % of these were potential microcystin producers). Estimated N fixation rates of
these non-summer samples were 0.12 µg N L-1 day-1) based on a single sample taken on
October 3, 2018. Phytoplankton collection, preservation, and enumeration methods are
described in the supplemental information.
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Field collection
Water
During this study, water parameters were measured approximately twice per
month from Dairy Farm Lake #1 between April 19, 2018 and March 25, 2019.
Additionally, archival water data measured in the field and lab from the waterbody were
available from twice per month testing over a year prior to fish collection (June 9, 2017
to December 20, 2019). All water quality samples were collected from a site located at
the deepest point in the reservoir, directly in front of the earthen dam (Figure A2.1).
During each water quality sampling, we measured Secchi disk depth and used a
Yellow Springs Instruments (YSI) EXO 3 sonde to record a vertical profile of
temperature, dissolved oxygen (DO), pH, phycocyanin, and chl-a. The sonde was
calibrated weekly using a 2 point calibration for DO and yearly for chl-a and
phycocyanin using a known standard. In the field, we determined whether the reservoir
was stratified or isothermal by a temperature change greater than 1 °C per meter. We
record parameters from the sonde, including temperature (resolution is 0.02 °C, accuracy
is ± 0.01 °C), DO (resolution is 0.1 mg L-1, accuracy is ± 0.1 mg L-1), pH (resolution is
0.1, accuracy is ± 0.2), and the ratio of phycocyanin to chl-a (PC:Chl-a; resolution is 0.01
RFU, accuracy is 0.1 RFU for both), as the average of measurements taken every 0.1 m
throughout the mixed layer when the reservoir was stratified, or throughout the entire
water column when the reservoir was isothermal. We record hypolimnetic DO as the
mean of measurements taken every 0.1 m below the metalimnion to the sediment when
the reservoir was stratified. A light profile was taken using a Li-Cor cosine underwater
quantum sensor (LI-192) which recorded photosynthetically active radiation (PAR) at
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0.25 m intervals throughout the water column. We used PAR to determine the light
attenuation coefficient (Kd) by taking the natural logarithm of irradiance versus depth
(Kirk 1994).
Water cyanotoxin samples were collected using an integrated sampler from the
water surface to 0.5 m, and with a van Dorn discrete sampler from 1 m above the
sediment. Anatoxin-a and saxitoxin were preserved per Abraxis instructions immediately
after collection. All cyanotoxin samples were stored frozen in amber glass vials until
analysis. Composite water samples were collected from the surface to 1 m above the
thermocline under stratified conditions, or when the reservoir was isothermal from the
surface to 1 m above the sediment using a peristaltic pump. After collection, these
samples were kept in the dark and transported back to the lab in acid-washed HDPE
bottles and processed immediately.
Fish
Largemouth bass (n= 117) and bluegill (n= 89) were harvested from the study site
by MDC fisheries staff using diurnal boat electro-shocking. Fish were harvested on 8
sampling dates including April 23, 2018 (bluegill n= 10, largemouth bass n= 20), May
30, 2018 (bluegill n= 13, largemouth bass n= 19), July 16, 2018 (bluegill n= 10,
largemouth bass n= 20), August 21, 2018 (bluegill n= 11, largemouth bass n= 19),
October 11, 2018 (bluegill n= 10, largemouth bass n= 10), November 27, 2018 (bluegill
n= 11, largemouth bass n= 10), February 4, 2019 (bluegill n= 14, largemouth bass n= 9),
and March 18, 2019 (bluegill n= 10, largemouth bass n= 10). Target size of fish during
collection were based on sizes most consumed by anglers (largemouth bass < 381 mm;
bluegill < 127 mm), but actual size of fish collected was limited by fish availability at
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time of sampling. All fish were kept in a live tank with reservoir water while being
transported to the lab for processing. Fish mass and total body length, measured from the
anterior edge of the mouth to the tip of the tail fin with lobes pressed together, were
recorded and fish were euthanized by cervical cut. During dissection, muscles, kidneys,
livers, and gonads were extracted. The masses of the liver and gonad were recorded and
the organosomatic index was calculated as the mass of the organ divided by the total
body mass, multiplied by 100. Muscles, livers, and kidneys were wrapped in aluminum
foil and stored at -80 °C until microcystin analysis. Body condition index was calculated
for Fulton’s condition factor, which equals 100 times fish mass divided by the total
length raised to the 3rd power (Froese 2006). Additionally, sagittae otoliths were collected
during dissection for determination of fish age, with each ring counting as one year. All
fish with the same number of rings were considered to be in the same age class, with the
next age class beginning on January 1st of the next year (Devries and Fire 1996).
Laboratory analyses
Physiochemical analyses of water samples
From integrated water samples from the mixed layer (when the reservoir was
stratified), or from the surface to 1 m above the sediment (when the reservoir was
isothermal), we measured total phosphorus (TP), total dissolved phosphorus (TDP), total
nitrogen (TN), total dissolved nitrogen (TDN), nitrate + nitrite (NO3-), ammonium
(NH4+), dissolved organic carbon (DOC), chl-a, total suspended solids (TSS), particulate
inorganic matter (PIM), and particulate organic matter (POM) concentrations. Whole
water was stored in glass digestion tubes for total nutrient analyses (TP, TN). Filtrate
from 0.7 μm glass fiber filters (GFF) was used to measure total dissolved nutrients (TDP,
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TDN) which were also stored in glass digestion tubes. TP and TDP were measured
spectrophotometrically using the ascorbic acid colorimetric method (Method 4500P B5
[persulfate digestion] and Method 4500P E [ascorbic acid]; APHA, 2017). Phosphorus
analyses had a detection limit of 0.03 μmol P L–1. We measured TN and TDN with the
second derivative spectroscopy method (Crumpton et al., 1992; Method 4500-N C;
APHA, 2017), which had a detection limit of 2.50 μmol N L–1. Total and total dissolved
P and N samples were analyzed in triplicate. NO3– and NH4+ were analyzed from 0.7 μm
GFF whole water filtrate using a Lachat QuikChem Flow Injection Analyzer. NO 3–
methodology (Method 4500-NO3- I; APHA 2017) has a detection limit of 0.36 μmol NO3L–1 and reports NO3– as NO3– plus nitrite (NO2–) based on the assumption that
environmental NO2– concentrations are minimal. The lab detection limit for NH4+ is 0.71
μmol NH4+ L–1 (Method 4500-NH3 G; APHA 2017). NO3– and NH4+ were both analyzed
in duplicate. We measured DOC from the filtrate of pre-combusted, 0.7 μm GFF using a
Shimadzu total organic C analyzer with the high-temperature combustion method
(Method 5310B; APHA, 2017). DOC samples were analyzed in duplicate and had a limit
of detection of 16.7 μmol C L–1. Chl-a concentrations were quantified from the material
retained on 1.0 µm Pall AE GFF using a Turner Design Fluorometer (TD-700) after
ethanol extraction and pheophytin acid-correction (Sartory and Grobbelaar, 1984).
Pheophytin is a chromophore produced when chlorophyll is digested and can be
indicative of grazing rates. The chl-a detection limit was 0.3 μg L–1. We used standard
methods (Method 2540 D and E; APHA 2017) to measure TSS by drying pre-weighed
1.5 µm Whatman 934-AH filters at 105 °C for 30 minutes. Filters were weighed and then
incinerated at 550 °C for 20 minutes to burn off organic material, allowing us to quantify
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the portion of TSS that was PIM and POM. TSS, PIM, and POM had a detection limit of
0.1 mg L–1.
We calculated mean daily mixed layer irradiance (Ē24) using the formula:
Ē24 = Ē0 × (1 − exp(−1 × 𝐾𝑑 × 𝑍𝑚𝑖𝑥 )) × (𝐾𝑑 × 𝑍𝑚𝑖𝑥 )−1
where Ē0 is incident irradiance and Zmix is mixing depth. Ē0 was calculated from
the estimated shortwave radiation at the coordinates and date of sampling in Program R
(R Core Team 2019) using the phytotools package (Silsbe and Malkin 2015), where it
was modeled at 1 minute increments and scaled to PAR, while Zmix was calculated from
temperature profiles using the rLakeAnalyzer package in Program R (Winslow et al.
2017).
Enzyme-immunoassay for microcystin in water and fish
We used enzyme linked immunosorbent assay (ELISA, Abraxis LLC) to quantify
microcystin concentrations in water sampled from the upper 0.5 m of the water’s surface,
water from 1 m above the sediment, and from fish tissues (i.e., muscles, livers, kidneys).
The ELISA we used is an indirect, polyclonal anti-MC-Adda competitive assay based on
the recognition of the cyanotoxins by specific biotinylated antibodies. The ELISA kit is
approved by the US Environmental Protection Agency (EPA) to quantify microcystin in
surface waters (Zaffiro et al. 2016). While cyanotoxins can occur in a variety of different
congeners with differing levels of toxicity, ELISA is not able to distinguish between
these congeners (Van Apeldoorn et al. 2007). The ELISA procedure measures total
microcystin as MC-LR equivalent, meaning that our reported microcystin concentrations
are a conservative assessment of potential health risk. We also used ELISA kits from
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Abraxis LLC to quantify anatoxin-a, cylindrospermopsin, and saxitoxin in water samples.
Before analyses, water samples were thawed and refrozen 3 times and filtered through
0.45 µm GFF. The detection limits for water microcystin, anatoxin-a,
cylindrospermopsin, and saxitoxin in water samples were 0.10, 0.10, 0.04, and 0.015 µg
L-1, respectively.
Microcystin extraction methods for fish tissues followed published methods
(Wood et al. 2006; Smith and Boyer 2009; Preece et al. 2015). Briefly, fish tissues were
stored at -80 °C between dissection and extraction. Whole tissues were cut up, weighed,
and lyophilized to dryness. After lyophilization, whole tissues were weighed again and
percent moisture was calculated by: (mass before lyophilization - mass after
lyophilization)/mass before lyophilization. Dried tissue subsets were ground using a
mortar and pestle and combined with 4 mL of 80 % aqueous methanol in a scintillation
vial. Positive controls were spiked with 5 µg L-1 microcystin standard from the Abraxis
kit. Next, we used a tissue distributor (D160 model from Scilogex) to homogenize
samples for 60 seconds, and a probe sonicator (Q500 model with a saw-tooth probe from
Qsonica) at 18 – 21 hertz frequency to sonicate samples for 60 seconds in 20 second
on/off pulses. Both homogenization and sonication were conducted on ice. In between
samples, both units were cleaned with 10 % bleach solution and rinsed with deionized
water to prevent cross-contamination. Extracted fish samples were stored at room
temperature and in the dark for 24 hours and then centrifuged for 20 minutes, after which
the supernatant was passed through 0.45 µm PES syringe filters (Environmental
Express). Filters were pre-conditioned with 80 % methanol before the supernatant was
passed through, and then rinsed with 80 % methanol. The rinse methanol was retained
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and combined with our sample extraction. We then dried the samples at room
temperature and in the dark using compressed air until all methanol was evaporated.
After drying, we reconstituted the samples with 5 % aqueous methanol, which is the
methanol threshold for the Abraxis Microcystin-Adda ELISA kit, and vortexed them for
60 seconds. We stored the samples at 4 °C if they were to be analyzed within 48 hours, or
at -20 °C if it was going to be more than 48 hours before analysis. Immediately before
analysis with ELISA, samples were brought to room temperature and vortexed for 60
seconds. Thereafter, detection of microcystin followed methods described in the ELISA
kit instructions. We calculated the microcystin concentration per wet weight (ww) of
each fish tissue using the ELISA output, the mass of the tissue subset, and the percent
moisture of each tissue subset and report microcystin in fish tissues as concentrations per
ww in ng g-1.
While ELISA is a common technique used to measure microcystin concentrations
in fish tissues, it can be associated with false positives because other components in the
sample, like humic substances, proteins, and other biological macromolecules, can crossreact or interfere with the antibodies in each well (Meriluoto and Spoof 2007). To
account for this potential inaccuracy, we included several quality assurance measures,
including the use of fish raised in a hatchery with a groundwater source and no history of
cyanotoxin exposure as positive (with addition of spike), and negative controls. We
determined the detection limit for fish tissues to be the concentration where negative
controls, which had no microcystin, were above the detection limit and attributed these
false positives to matrix effects. Fish tissue detection limits were 1.6, 14.6, and 10.9 ng g 1

ww for muscles, livers, and kidneys, respectively. There were 12 muscles (all
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largemouth bass), 4 livers (2 bluegill and 2 largemouth bass), and 11 kidneys (5 bluegill
and 6 largemouth bass) that were below the detection limit, which never represented
more than 50 % of the samples collected on a single date for the same species. Our
extraction efficiencies, based on spiked recoveries, were 95.4, 114.1, and 89.0 % for
muscles, livers, and kidneys, respectively (Table A2.1) and are consistent with
microcystin recoveries reported elsewhere (Preece et al. 2015). Intra assay variation was
assessed by including the same fish tissue sample at the beginning and end of each
ELISA run and was 13.7 % based on the average of each run. Inter assay variation was
assessed for both bluegill and largemouth bass for all 3 tissue types by including the same
sample in multiple runs. Bluegill inter assay variation was 25.4, 18.1, and 19.3 % for
muscles, livers, and kidneys, respectively (Table A2.1). Largemouth bass inter assay
variation was 13.8, 15.0, and 7.5 % for muscles, livers, and kidneys, respectively (Table
A2.1).
We contracted 17 of our samples representing both species and all 3 tissue types
to an external lab (Dr. Greg Boyer, Syracuse, NY), allowing us to compare our analysis
with a lab that uses liquid chromatography coupled with tandem mass spectrometry (LCMS/MS) to measure cyanotoxins in fish. LC-MS/MS is a specialized technique that is
less susceptible to false positives than ELISA, especially when quantifying microcystin in
organic tissues (Schmidt et al. 2013). LC-MS/MS was used to detect the molecular ion of
11 microcystin congeners, including RR, LR, dLR, LA, YR, hYR, WR, LY, LF, LW, and
NOD. While our assay results reported microcystin concentrations ranging from 7.0 –
2592.8 ng g-1 dry weight (1.6 – 614.6 ng g-1 ww), results from LC-MS/MS were below
the detection limit (2 ng g-1) for all samples. One reason for this could be because of false
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positives in the Adda ELISA kit we used, which can arise when other compounds contain
amino acids that are similar to the Adda moiety (3-amino-9-methoxy-2,6,8-trimethyl-10phenyl-deca-4,6-dienoic acid; Moreno et al. 2011). Another possible explanation is that
we are measuring degradation products from the glutathione metabolic pathway, which
occur when microcystin is metabolized and are often not detected with LC-MS/MS
(Schmidt et al. 2014).
Statistical analyses
Unless otherwise stated, all statistical tests were performed in the base package of
Program R (R Core Team 2019) and all figures were created with the package ggplot2
(Wickham 2016). For all statistical analyses, α was set at 0.05. For microcystin in fish
tissue toxin concentrations that were below the detection limit, we used half the detection
limit in statistical analyses. Water samples were not collected on the same date that fish
were harvested. For each fish harvest date, we calculated the associated water parameter
values by taking the mean of samples collected immediately before, and immediately
after each harvest date.
We modeled variables associated with microcystin concentrations in 6 species by
tissue combinations (2 fish species and 3 tissue types). We created a separate model for
each species tissue combination because existing work shows that microcystin
accumulation in fish can vary by trophic level (Ibelings et al. 2005) and tissue type
(Ferrão-Filho and Kozlowsky-Suzuki 2011) and we did not want these previously
established patterns to drive our results. We began with 31 predictor variables, including
9 fish characteristics and a single temporal measure (harvest date; Table 3.1), hereon
collectively referred to as fish characteristics, and 21 water parameters (Table 3.2).
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Harvest date was treated as a categorical variable with 8 levels and was included with the
fish characteristics because it was correlated with many of the water parameters. We
screened fish characteristics and water parameters separately because we wanted to
ensure that potential drivers of fish microcystin were not overlooked by considering so
many predictors together. To determine which fish characteristics (Table 3.1) to include
in our final, combined models, we used multiple linear regression. For all but largemouth
bass livers, harvest date emerged as the only variable contributing to the best model to
determine microcystin and was retained for inclusion in our combined models. We found
no significant fish characteristic variables for microcystin concentrations in largemouth
bass livers, so none of these predictors were retained. Total length, age, total mass, BCI,
sex, liver mass, liver organosomatic index, gonad mass, and gonad organosomatic index
were not significant variables and were not included in our first set of final, combined
models.

We used a correlation-based principal components analysis (PCA) with no
rotation to limit the number of variables in in our final, combined models. Water quality
parameters are often correlated within a sampling period and would therefore exhibit
multicollinearity in linear regression models. We considered water variables to be
strongly correlated if absolute values were ≥ 0.6 within the first 3 component loadings
(Table 3.2). We retained one variable from the group of correlated variables within each
component loading. For the first component, we retained chl-a because it had a high
component loading value and the relationship between chl-a and microcystin in fish was
of ecological interest for this study. Water microcystin was retained for the second
component loading. It also had a high component loading value and was of interest due to
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its relationship with microcystin in fish tissues (Flores et al. 2018). None of the correlated
parameters in the third component loading were more ecologically relevant than the
others, so we retained TDN because it had the highest component loading value. We also
retained parameters that had absolute values < 0.6 for all 3 component loadings. These
parameters did not display multicollinearity with each other nor the other water
parameters and were DOC and TDP. To summarize, we retained chl-a, TDP, TDN, DOC,
and water microcystin and included them in our final, combined model set to determine
contribution to fish tissue microcystin value because our PCA showed us that they did not
display multicollinearity.
We created a final, combined multiple linear regression model for each of our 6
species tissue combinations using harvest date and the 5 water parameters retained
previously. We compared forward and backward stepwise selection and selected the
model that had the lowest AIC. Our 6 final models assume a linear relationship between
the predictor variables and fish microcystin concentrations and that our water parameters
taken at a single site reflect conditions throughout the reservoir. After our final models
were developed, we repeated this process, but excluded harvest date to examine whether
there were other parameters related to fish microcystin concentrations that were being
excluded by the strong harvest date signal. This left us with 2 final model sets, the first
being 6 species and tissue models that considered harvest date, while the second was 6
species and tissue models that did not include harvest date.
Harvest date was identified as a significant variable in our models of microcystin
in fish tissues. It was categorical, so we applied a 2-way analysis of variance (ANOVA)
from the “car” package in Program R (Fox and Weisberg 2019) to identify the differences
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between harvest date and fish species. Microcystin concentrations in all 3 tissue types
were log transformed and outliers greater than 1.5 times the inter quartile range were
removed in order to meet the assumptions of normality and homoscedasticity required for
a 2-way ANOVA. Normality and homoscedasticity were verified for muscles (bluegill
n= 85, largemouth bass n= 113), livers (bluegill n= 89, largemouth bass n= 111), and
kidneys (bluegill n= 71, largemouth bass n= 105) with a Shapiro-Wilk test and a
Levene’s test, respectively. When appropriate, we applied a Tukey HSD post hoc test
from the R package “agricolae” (de Mendiburu 2020).
We also looked for correlations between microcystin in muscles and livers,
muscles and kidneys, and livers and kidneys for each fish species. All but bluegill
kidneys did not follow a normal distribution (Shapiro-Wilk p< 0.05) even after
transformation. Kidneys were homoscedastic, but muscles and livers were
heteroscedastic (Levene’s test p< 0.05), even after transformation. For these reasons, a
Spearman’s rank correlation test was selected to measure correlations between
microcystin in muscles (bluegill n= 89, largemouth bass n= 116), livers (bluegill n= 88,
largemouth bass n= 116), and kidneys (bluegill n= 73, largemouth bass n= 108). We also
looked for correlations in fish total length and age as these parameters are related in most
naturally occurring fish populations (Quist and Isermann 2017). Age did not follow a
normal distribution (Shapiro-Wilk p< 0.05) and was not homoscedastic (Levene’s test p<
0.05) even after transformation. For these reasons, a Spearman’s rank correlation test was
used to examine the relationship between fish length and age for bluegill (n= 89) and
largemouth bass (n= 116).
RESULTS
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Reservoir characteristics
Dairy Farm Lake #1 is a hypereutrophic reservoir located in an agricultural
watershed. TP concentrations ranged from 1.56 – 3.92 µmol P L−1 and were highest in
August (Table 3.3). TN concentrations were lowest in May and highest in August,
ranging from 65.81 – 141.28 µmol N L−1 (Table 3.3). The natural log of the TN:TP ratio
is reported to reduce bias resulting from calculating the mean of a ratio (Isles 2020).
When the ln(TN:TP) ratio is above 3.91, the phytoplankton community is considered to
be P-deficient, while ln(TN:TP) ratios below 3.00 suggest N-deficiency (Guildford and
Hecky 2000). In October and November, ln(TN:TP) was above 3.91, suggesting that the
phytoplankton community was P-deficient. Between ln(TN:TP) 3.00 and 3.91, as was the
case throughout the rest of the study period, factors other than N and P or both N and P
could be restricting growth (Guildford and Hecky 2000). NH4+ was higher than NO3- on
all dates except November 27, 2018. At no time during the study did NO 3- plus NH4+
make up more than half of TDN, indicating that dissolved organic N was the dominant
form of dissolved N. DOC was highest in July and lowest in March (Table 3.3).
We observed the clearest water in April and May when sampling dates were
characterized most strongly by Secchi disk depth according to the PCA (Figure 3.1).
Maximum Secchi disk depth (1.47 m), minimum TSS (4.4 mg L-1) and PIM (0.8 mg L-1)
occurred durig May, while minimum Kd (1.07 m-1) was in April (Table 3.3). Maximum
TSS (20.0 mg L-1) and PIM (12.2 mg L-1) occurred in February and, along with higher
TDP and DO, characterized February and March sampling (Figure 3.1). PIM made up 17
– 29 % of TSS between May 30, 2018, and October 11, 2018, whereas it represented ~60
% throughout the rest of the study (Table 3.3). Ē24 was highest in the May (271.11 µmol
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photons m−2 s −1), before declining throughout the rest of the year. The only time that Ē 24
was below the light deficiency threshold (Table 3.3; Hecky and Guildford 1984) occurred
in February when the reservoir was ice covered. Dairy Farm Lake #1 was stratified
between May 30 and August 21, 2018 and was isothermal after November 27, 2018
(Table 3.3). Mean DO concentrations throughout the epilimnion when the reservoir was
stratified, or entire water column when the reservoir was isothermal, were lowest in the
July and highest in February. When the reservoir was stratified, hypolimnetic DO
concentrations ranged from 0.2 – 1.7 mg L-1 (Table 3.3).
POM and chl-a were both lowest in April (2.3 mg L-1 and 9.61 µg L-1,
respectively) and highest in August (12.9 mg L-1 and 100.89 µg L-1, respectively).
Pheophytin was also highest in August when maximum concentrations were 40.4 µg L-1,
but lowest (2.8 µg L-1) in November. The percentage of PC relative to chl-a (PC:Chl-a) is
an indicator of how much of the total phytoplankton community is composed of
cyanobacteria. In May, 0 % of the phytoplankton were cyanobacteria, increasing to a
maximum of 25.49 % in July (Table 3.3). These 4 parameters (POM, chl-a, pheophytin,
and PC:Chl-a) are positively correlated, which suggests that photoacclimation is not
occurring and that chl-a and POM are representative of phytoplankton biomass.
According to our PCA, high POM, chl-a, pheophytin, PC:Chl-a, Kd, pH, and TN are
characteristic of July and August sampling dates (Figure 3.1).
Water cyanotoxins
The highest surface water microcystin concentration was 3.82 µg L-1 on
September 11, 2017 which was over 7 months before our first fish harvest date (Figure
3.2). We observed low (0.54 – 0.95 µg L-1) but persistent concentrations of microcystin
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in the water throughout the first 5 fish harvest dates (Table 3.3). The highest microcystin
concentration collected from 1 m above the sediment between October 17, 2017 and
March 25, 2019 was 1.01 µg L-1 on May 31, 2018. Surface microcystin concentrations
from the upper 0.5 m were similar to those 1 m above the sediment throughout the study
period (Table 3.3). Anatoxin-a was detected in the surface and bottom waters from
October 11, 2018 until March 18, 2019, but never in concentrations greater than 0.23 µg
L-1 (Table 3.3). Cylindrospermopsin was never measured above the detection limit and
saxitoxin was only measured above the detection limit in the bottom waters on July 16,
2018 (Table 3.3).
Fish characteristics
Bluegill and largemouth bass were both smallest by mass and length in May
(Table 3.1). Mean fish mass was variable over time, especially for largemouth bass
(Table 3.1), but individual total mass ranged from 25.0 – 245.0 g for bluegill and 15.0 –
1737.5 g for largemouth bass. Mean total fish length over time varied little for both
bluegill and largemouth bass (Table 3.1). Age was also similar across dates for both
species, and total length and age were correlated for both bluegill and largemouth bass
(Table A2.2). Individual fish lengths ranged from 12.6 – 1.6 cm for bluegill and from
11.0 – 49.0 cm for largemouth bass and individual ages ranged from 1 – 7 years for
bluegill and from 0 – 11 years for largemouth bass. Mean Body Condition Index (BCI)
displayed little variation throughout the year for both species (Table 3.1). BCI for
individual bluegill and largemouth bass was more variable and ranged from 1.2 – 2.4 and
0.5 – 1.6, respectively. Mean liver organosomatic index for both species was not
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consistent over time while gonad organosomatic index was highest in May for bluegill
and April for largemouth bass (Table 3.1).
Microcystin in fish by harvest date, species, and tissue
The highest concentration of microcystin in both bluegill and largemouth bass
occurred in fish livers, followed by kidneys, and muscles. Microcystin concentrations in
muscles and kidneys were correlated (Table 3.4, Figure A2.3), and varied similarly over
time. For bluegill, a positive correlation was identified for muscles and livers, muscles
and kidneys, and livers and kidneys (Table 3.4). For largemouth bass, a positive
correlation was identified for muscles and livers, and muscles and kidneys (Table 3.4).
For muscles and kidneys, the highest microcystin concentrations of both species
were measured at the beginning of the study period on April 23, 2018. On each
subsequent date, the concentrations were either lower, or not significantly different from
the previous date, with the exception of muscle concentrations measured in February
which was significantly higher than the preceding 2 dates. Conversely, liver microcystin
concentrations for both species did not consistently decrease over time. Maximum liver
microcystin concentrations for both bluegill and largemouth bass occurred in April, but
after this date there was no consistent pattern in liver microcystin concentrations (Table
A2.3).
Fish characteristic cofactors contributing to microcystin variation in fish tissues
We used multiple linear regression to assess which fish characteristics (Table 3.1)
were related to microcystin accumulation in fish tissues. Significant variables were
included in a final, combined model of fish characteristics and water parameters. When it
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was included in the models, harvest date emerged as the only significant variable for
microcystin in bluegill muscle, liver, kidneys, and largemouth bass muscle and kidneys.
For largemouth bass liver microcystin concentrations, water microcystin was the only
significant predictor variable (Table A2.4). Total fish length, age, BCI, sex, liver mass,
liver organosomatic index, gonad mass, and gonad organosomatic index were not
significant variables in any of our models that also included harvest date.
When we removed harvest date from the models, some fish characteristics
emerged as predictive variables (Table A2.4). Liver organosomatic index was the only
variable for the bluegill liver model (R2-adj= -0.116; p< 0.001), and gonad organosomatic
index was the only variable for both the largemouth bass muscle (R2-adj= -0.117; p<
0.001) and kidney models (R2-adj= -0.044; p= 0.020). None of the remaining fish
characteristics contributed to significant models for bluegill muscles, bluegill kidneys,
nor largemouth bass livers.
Combined drivers of microcystin in fish tissues
We applied multiple linear regression to determine which fish characteristics
(Table 3.1) and water parameters (Table 3.2) contributed to microcystin in fish tissues.
Harvest date emerged as the only variable in our final models for microcystin in bluegill
muscle (R2-adj=0.698, p< 0.001), bluegill liver (R2-adj= 0.266, p< 0.001), bluegill
kidney (R2-adj= 0.384, p< 0.001), largemouth bass muscle (R2-adj= 0.763, p< 0.001),
and largemouth bass kidney (R2-adj= 0.433; p< 0.001), while water microcystin was the
only variable in our final model for largemouth bass liver (R 2-adj= 0.035; p= 0.024).
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The strong signal from harvest date likely prevented other variables from
emerging as significant variables in our combined models, so we re-analyzed our
variables without harvest date (Table A2.4). In the second set of combined models, we
included the 5 water parameters identified from our PCA including chl-a, TDP, TDN,
DOC, and microcystin from the upper 0.5 m of the surface. We also included liver
organosomatic index for bluegill livers and gonad organosomatic index for largemouth
bass muscles and kidneys. When harvest date was not considered, these variables were
identified as significant predictors for multiple linear regression models which considered
only fish characteristics. No fish characteristics were included in combined models for
bluegill muscles, bluegill kidneys, nor largemouth bass livers because the fish
characteristics did not yield a significant model. In all of our 6 combined models that did
not consider harvest date, water microcystin emerged as a significant variable (Figure
A2.4), and was the only variable for bluegill kidneys and all largemouth bass tissues. For
these, the final model structure was:
𝐹𝑖𝑠ℎ 𝑀𝑖𝑐𝑟𝑜𝑐𝑦𝑠𝑡𝑖𝑛 = 𝑊𝑎𝑡𝑒𝑟 𝑀𝑖𝑐𝑟𝑜𝑐𝑦𝑠𝑡𝑖𝑛 + 𝑏
The models for bluegill kidneys (R2-adj= 0.100; p= 0.004), largemouth bass muscles (R2adj= 0.259; p< 0.001), largemouth bass livers (R2-adj= 0.035; p= 0.024), and largemouth
bass kidneys (R2-adj= 0.175; p< 0.001) were all significant. For bluegill muscles, final
model structure was:
𝐵𝑙𝑢𝑒𝑔𝑖𝑙𝑙 𝑀𝑢𝑠𝑐𝑙𝑒 𝑀𝑖𝑐𝑟𝑜𝑐𝑦𝑠𝑡𝑖𝑛 = 𝑊𝑎𝑡𝑒𝑟 𝑀𝑖𝑐𝑟𝑜𝑐𝑦𝑠𝑡𝑖𝑛 + 𝑐ℎ𝑙 + 𝑇𝐷𝑁 + 𝑏
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where chl refers to chlorophyll-a concentrations in µg L-1 and TDN is total dissolved
nitrogen concentrations in µmol N L-1. This model was significant (p< 0.001) and had an
R2-adj of 0.459. Final model structure for bluegill livers was:
𝐵𝑙𝑢𝑒𝑔𝑖𝑙𝑙 𝐿𝑖𝑣𝑒𝑟 𝑀𝑖𝑐𝑟𝑜𝑐𝑦𝑠𝑡𝑖𝑛 = 𝑊𝑎𝑡𝑒𝑟 𝑀𝑖𝑐𝑟𝑜𝑐𝑦𝑠𝑡𝑖𝑛 + 𝐿𝑖𝑣𝑒𝑟 𝑂𝑆𝐼 + 𝑇𝐷𝑃 + 𝑏
where Liver OSI is the liver organosomatic index as a percent and TDP is total dissolved
phosphorus in µmol P L-1. This model was significant (p< 0.001) and had an R2-adj of
0.299.
The effect of harvest date and species on microcystin in fish tissues
Multiple linear regression identified harvest date as an important categorical
variable of microcystin in fish tissues, but this test does not differentiate differences
between individual dates, so further analyses were required. Two-way ANOVAs were
conducted to compare the main effects of harvest date and species as well as their
interaction on wet weight microcystin concentrations in fish muscles, livers, and kidneys
(Table 3.5, Figure 3.3). For muscles and kidneys, the interaction term between harvest
date and species was not significant because microcystin was correlated in these tissues
(Table 3.5).
Individually, both harvest date and species were significant for muscles and
kidneys indicating that microcystin concentrations in these tissues were significantly
different between bluegill and largemouth bass, and that microcystin concentrations in
these tissues differed between harvest dates (Table 3.5). For livers, the interaction
between harvest date and species was significant, indicating that differences between
microcystin in these 2 species depended on harvest date.
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DISCUSSION
Harvest date emerged as the most important variable explaining microcystin
accumulation in fish tissues, although microcystin concentrations in the water also played
a role. After removing harvest date, water microcystin emerged as a predictor variable of
microcystin in fish for all 6 of our final, combined models, suggesting that low but
persistent concentrations in the environment can lead to accumulation in fish. Chl-a and
TDN were also included in our final model for bluegill muscles, but the R 2-adj for this
model was only 0.175. Likewise, TDP and liver organosomatic index were significant
predictors for bluegill livers, but the final R2-adj for this model was only 0.299. While
these variables could explain some of the temporal variation we observed in fish
microcystin concentrations, the low R2-adj values suggests that the link between these
predictors and microcystin in fish tissues is weak. Microcystin concentrations in fish
tissues were highest in April in the muscles and kidneys of both bluegill and largemouth
bass and declined throughout the rest of the year. This decline could be due to cooler
water temperatures in the fall and winter slowing down fish consumption and thus
microcystin exposure (Block et al. 2020), or because there is an unidentified link between
microcystin accumulation and spawning. Behavioral changes associated with spawning,
such as consuming more food or spending more time in the littoral zone, may influence
microcystin accumulation. Liver microcystin concentrations were more variable than
microcystin in muscles and kidneys throughout the year for both species, possibly
because microcystin elimination rates are much slower in livers than in muscles or
kidneys (Adamovský et al. 2007). Microcystin concentrations were higher in bluegill
than in largemouth bass, and concentrations in muscles and kidneys were positively
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correlated for both species. Trophic transfer of microcystin is well documented (Ibelings
et al. 2005) and we believe that differences in diet offer an explanation for the patterns
we observed. Bluegill feed at lower trophic levels than largemouth bass, which could
explain why microcystin in bluegill muscles and kidneys were higher than in largemouth
bass. This study, measuring microcystin accumulation in 2 recreationally valuable
species, is the first to quantify cyanotoxins from fish in the Great Plains, a region where
cyanobacterial blooms are common due to high agricultural land use and fertilizer
application. This study helps inform the potential microcystin related health risks of
consuming the muscles of sportfish in a region where harmful cyanobacterial blooms are
common.
Temporal patterns of microcystin in fish
Diet and feeding habits may contribute to the differences in microcystin
concentrations we observed among dates. For warm-water fish like bluegill and
largemouth bass, foraging rates are positively correlated with temperature (Block et al.
2020), which could explain the temporal patterns that we observed in microcystin in
muscles and kidneys. Bluegill feeding, for example, starts to decline below 10 °C, and
ceases when temperatures drop below 3.3 °C (Carlander 1977). Warmer temperatures and
increased foraging in the spring and summer contribute to increases in fish growth
(McCauley and Kilgour 1990) and could explain the temporal patterns we observed in
our study. If fish mass increases at a higher rate than microcystin accumulation, it might
appear that microcystin concentrations in fish were decreasing over time. A similar
“dilution” effect occurs in mercury uptake by fish (Pickhardt et al. 2002). Ultimately,
decreased foraging rates during colder periods could reduce fish exposure to microcystin
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if, as we suspect, diet is important to explaining microcystin concentrations in fish from
our study site.
Spawning may also play a role in explaining the temporal trends we observed in
microcystin accumulation. In Missouri, bluegill typically spawn from late May through
August, while largemouth bass spawn from mid-April through late May (Pflieger et al.
1997), roughly corresponding with the sampling dates where we measured the highest
microcystin concentrations in muscles and kidneys in both species. The link between
spawning and microcystin accumulation could be behavioral, such as consuming more
food to offset the high energetic cost of spawning (Jennings et al. 1997; Brown and
Murphy 2004) or spending more time in shallow, littoral waters during spawning and nest
protection (Gosch et al. 2006; Lawson et al. 2011), which could increase exposure if a
surface bloom has been blown close to shore. Either of these behaviors could explain the
higher April microcystin concentrations in fish, although we also might have expected to
see higher concentrations of liver microcystin concentrations in the spring. Microcystin in
the water can reduce spawning activity and success (Baganz et al. 1998), but additional
work is required before a definitive link can be made between spawning and microcystin
accumulation.
Differences in microcystin by species
Species-specific dietary patterns likely explain the significant difference we
observed in muscle and kidney microcystin concentrations between bluegill and
largemouth bass. Consumed food items are a primary route of microcystin exposure for
fish (Zamora-Barrios et al. 2019), and these 2 species usually feed from different trophic
levels. Bluegill feed primarily on benthic macroinvertebrates and zooplankton (Olson et
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al. 2003). Zooplankton are an important component for bluegill diets throughout their
lives, even for adults over 200 mm (Harris et al. 1999). In our study, bluegill ranged from
80 – 224 mm, so it is likely that zooplankton made up at least a portion of their diet.
Adult largemouth bass above 80 – 100 mm rarely consume zooplankton and primarily
feed on fish (Carlander 1977), although benthic macroinvertebrates can also be an
important component of their diet (Phillips et al. 1995; Olson 1996; Dibble and Harrel
1997). It is likely that largemouth bass did not consume zooplankton as the smallest bass
we sampled was 110 mm. As piscivores (Carlander 1977), largemouth bass probably fed
primarily on bluegill as these were the most abundant prey species in the reservoir. While
there is some evidence that microcystin biomagnification can occur for planktivorous
fish, the ability of organisms to metabolize this toxin mean that it often declines as
trophic level increases (Kozlowsky-Suzuki et al. 2012; Pham and Utsumi 2018). Food
web studies have revealed that zooplankton contain higher concentrations of microcystin
than the fish that consume them, in part because microcystin can be eliminated through
the glutathione metabolic pathway (Ibelings et al. 2005; Schmidt et al. 2014). This would
explain why microcystin in bluegill was higher than in largemouth bass, despite the
likelihood that largemouth bass are consuming bluegill.
The difference between microcystin in bluegill and largemouth bass livers varied
temporally, but not by species alone. There is some evidence that fish at higher trophic
levels have smaller differences in microcystin in livers and muscles than do fish at lower
trophic levels (Flores et al. 2018). This finding is not ubiquitous (Ferrão-Filho and
Kozlowsky-Suzuki 2011) and does not explain the significant interaction between date
and species. While broad patterns in microcystin accumulation exist based on trophic
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level, our study re-emphasizes that individual species may accumulate microcystin
differently (Jia et al. 2014) and at different temporal scales. Fish organ size changes over
time and in our study, liver OSI was negatively related to microcystin in bluegill livers
(Table A2.4). This could suggest that a loss in liver mass concentrates microcystin in
bluegill livers.
Microcystin toxicodistribution in fish
For both bluegill and largemouth bass, microcystin accumulation was highest in
livers, followed by kidneys, and then muscles. This order has been previously reported,
although there is some evidence to suggest that microcystin accumulation is higher in
kidneys than in livers for carnivorous fish like largemouth bass (Ferrão-Filho and
Kozlowsky-Suzuki 2011). We observed a positive correlation between microcystin in
muscles and kidneys for both bluegill and largemouth bass, which is consistent with
previous studies (Mohamed et al. 2003; Chen et al. 2006a). The gut is the primary
location for microcystin to be transferred into the bloodstream (Cazenave et al. 2005).
Once in the blood, microcystin is transported throughout the body but is not evenly
retained across all tissue types, and toxicodistribution can vary by species (Xie et al.
2004). Microcystin retention varies based on several factors including the type of
microcystin congener present, type of microcystin exposure, and the amount of blood
within the organ (Cazenave et al. 2005; Steiner et al. 2016). The existence of such a
strong correlation between microcystin in muscles and kidneys, despite the fact that the
kidney is blood-rich while the muscle is not, suggests that the mechanism behind
microcystin retention might be similar for these tissue types.
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In our study, microcystin concentrations in fish livers were dissimilar to those
observed for muscles and kidneys, which is inconsistent with previous work (Mohamed
et al. 2003; Chen et al. 2006a). Unlike muscles and kidneys, liver microcystin
concentrations did not decrease consistently throughout the study and correlations
between livers and other tissues, while present, were never strong (rho value ≤ 0.38).
Microcystin is eliminated at a much slower rate in fish livers compared to muscles. The
half-life for microcystin in carp livers was estimated to be 8.4 days, compared to 0.7 days
for muscles (Adamovský et al. 2007). One explanation for the apparent lack of pattern in
liver microcystin accumulation could be that repeated exposure may roughly equal
elimination because it takes longer for fish to eliminate microcystin from their liver. We
measured detectable microcystin in the water on 6 of 8 harvest dates. Another
explanation is that the microcystin congener changed throughout the study period. There
is evidence to suggest that the quantity of microcystin absorbed across the intestinal
epithelia varies by congener, as does the transport of microcystin throughout fish (Xie et
al. 2004; Chen et al. 2006a). Cyanobacterial blooms can be temporally heterogeneous in
the type of microcystin congener they produce (Greene et al. 2021). If this temporal
heterogeneity was present during our study, it might explain why microcystin
accumulation in fish livers followed different patterns than in muscles and kidneys.
Further research is needed to better understand species differences in the accumulation of
microcystin congeners.
To the best of our knowledge, this is the first study to assess microcystin
concentrations in bluegill and largemouth bass kidneys, the first to measure microcystin
in the muscles and livers of these two species over a 12 month period, and the first to

172

investigate microcystin concentrations in the North American Great Plains (Table 3.6). In
the US Midwest, bluegill and largemouth bass are frequently targeted by anglers and are
recreationally valuable. In 2019, boating and fishing contributed $23.6 billion to the
United States gross domestic product, so maintaining a healthy fishery has important
economic implications (BEA 2020). By measuring microcystin concentrations in fish
over the course of 12 months, we acquired a better understanding of how microcystin
accumulation varries temporally. We found that microcystin impacts are not ubiquitous
across taxa. This study also provides regional context for microcystin concentrations in
the tissues of 2 fish species that have been largely overlooked when it comes to
measuring microcystin accumulation. The microcystin concentrations we observed in
these species are consistent with the small number of largemouth bass and Lepomis sp.
previously assessed for cyanotoxins. For example in Washington, mean microcystin
concentrations in largemouth bass were 2.4 and 75.0 ng g-1 ww for muscles and livers,
respectively, based on quantification with ELISA (Hardy et al. 2015), and 4.8 ng g-1 ww
in Lake Ontario bluegill muscles (Table 3.6; Poste et al. 2011). In pumpkinseed sunfish
(Lepomis gibbous), a close relative to bluegill, microcystin ranged from 1.9 to 8.7 ng g-1
ww in muscles from Lake Ontario and Washington fish, respectively (Table 3.6; Poste et
al. 2011; Hardy et al. 2015). Liver microcystin concentrations from New Hampshire
pumpkinseed sunfish were 3.8 ng g-1 ww, an order of magnitude lower than the
microcystin concentrations from bluegill livers measured in our study (Table 3.6; Smith
and Haney 2006). Overall, the range of microcystin concentrations we measured
generally fell within previously reported microcystin concentrations from Lepomis sp.
and largemouth bass tissues in other regions.
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Microcystin in water and fish
Water microcystin concentrations explained the differences we observed in fish
tissue microcystin concentrations only when harvest date was not included in our models.
It was a significant predictor in all 6 of our final models and was the only predictor for
bluegill kidneys and all 3 largemouth bass models. A positive relationship between
microcystin in water and in fish has previously been reported when concentrations in the
water are as high as 13.4 µg L-1 (Amrani et al., 2014; Nchabeleng et al. 2014; Flores et al.
2018). Our surface water microcystin concentrations were comparably low (<1.0 µg L-1;
Table 3.3). While chl-a concentrations were high (~100 µg L-1) during summer sampling,
the PC:Chl-a ratio was never greater than 25.49 % (Table 3.3), suggesting that
cyanobacteria did not dominate the phytoplankton. In other studies where water
microcystin is not directly related to microcystin in fish, water microcystin concentrations
are also relatively low. In Italy, over a 16 month period, the highest water microcystin
concentration was 4.21 µg L-1 and there was no relationship between microcystin in fish
and water (Bruno et al. 2009). We observed detectable levels of microcystin in the water
on 5 of 8 harvest dates. This suggests that water microcystin concentrations do not need
to be especially high to result in accumulation in fish as long as they are persistent and
occur frequently. Cyanobacteria likely were not a dominant phytoplankton group when
we harvested fish. Not all cyanobacteria can produce microcystin (Chapman and Foss
2019), and even potential toxin producers do not always produce cyanotoxins
(Carmichael and Boyer 2016).
The rate of microcystin elimination from fish tissues via the glutathione metabolic
pathway is likely on the order of days to weeks (Schmidt et al. 2014). On September 11,
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2017, we observed water microcystin concentrations of 3.82 µg L-1. We think it is
unlikely that the higher concentrations of microcystin in fish during spring 2018 are a
result of the higher microcystin concentrations measured on September 11, 2017 because
of the 7 month timespan before the first fish harvest date. In previous work, microcystin
was eliminated completely from the muscles of silver carp (Hypophthalmichthys molitrix)
and common carp (Cyprinus carpio) and reduced by 96 and 87 %, respectively, in the
livers of these 2 species over a 2 week study period (Adamovský et al. 2007). In
pumpkinseed sunfish, microcystin was eliminated from the muscle and liver within 9
days (Smith and Haney 2006). We observed a general decline in microcystin in muscles
and kidneys over the course of the study, suggesting that microcystin elimination from
these tissues was greater than exposure throughout the study period (Soares et al. 2004;
Gurbuz et al. 2016). Microcystin concentrations in water can vary 3-fold over the course
of a day (Miller et al. 2019), so it is possible that our bimonthly sampling missed periods
of high microcystin concentrations that occurred before the first fish harvest date on April
23, 2018. While uncommon, spring cyanotoxin concentrations have been observed
(Wiltsie et al. 2018).
High chl-a concentrations or visible presence of an algal bloom have been
suggested as time periods to avoid consumption of fish due to the potential for toxin
accumulation in fish. Our findings suggest that there is not a reliable water parameter to
determine elevated microcystin in fish tissues. When harvest date was not included in our
models, water microcystin did emerge as a significant predictor variable for both species
and for all tissues, and it was the only predictor variable that was significant for more
than a single model. These models did not explain much of the variation in microcystin in
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fish tissues, but this could be attributed to the fact that the range of water microcystin
concentrations we observed was low. It is possible that a bloom occurred and died
between water sampling, which may have released a pulse of microcystin into the water
(McKindles et al. 2020). Microcystin concentrations measured at the bottom of the
reservoir were similar to concentrations measured at the surface. When the reservoir was
isothermal, such as November 11, 2018, February 4, 2019, and March 18, 2019,
microcystin concentrations in water from above the sediment could have originated from
cyanobacteria suspended throughout the water column. The reservoir was stratified on
May 30, 2018, July 16, 2018, and August 21, 2018. On these dates, microcystin measured
above the sediment was similar to microcystin measured in surface waters. Phytoplankton
sedimentation rates would have to be high to account for the similar microcystin
concentrations measured at both depths (Wörmer et al. 2011). Alternatively, microcystin
near the bottom could be produced by benthic cyanobacteria (Izaguirre et al. 2007).
Resuspension of cyanobacterial cells from the sediment (Tsujimura et al. 2000) or
sediment particles themselves could be a source of hypolimnetic cyanotoxins as they
readily bind to fine particles (Chen et al. 2006b). Microcystin likely degrades at a slower
rate in the bottom waters due to reduced temperatures, PAR, and UV (Park et al. 2001;
Wӧrmer et al. 2010). Bottom water microcystin likely does not represent a major route of
exposure for fish as the lack of DO in the hypolimnion excludes most fish for extended
periods (Vanlandeghem et al. 2010). Hypoxia also excludes some species of zooplankton
(Vanderploeg et al. 2009), which further suggests that fish from our study remained in the
epilimnion or littoral zone throughout most of the summer.
Ecological implications
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Exposure to microcystin can have negative effects on fish health, causing
histological inflammation, and degeneration and necrosis in tissues throughout the body,
but especially the liver (Ibelings et al. 2005). Liver damage is reversible for acute
exposure through increased activity of antioxidant enzymes like superoxide dismutase,
catalase, glutathione reductase, and glutathione peroxidase, but production of these
enzyme exerts an energetic cost (Kankaanpää et al. 2002; Prieto et al. 2006). While adult
fish can usually meet this cost, embryotic fish sometimes struggle to meet it because of
their limited energy reserve within the yolk (Cazenave et al. 2006). We observed the
highest concentrations of microcystin in fish tissues during the spring. If intergeneration
transfer of microcystin through gametes does occur, as is the case with organochlorine
compounds (Miller 1993), and selenium (Coyle et al. 1993), it is possible that embryonic
fish spawned during our study period were exposed to microcystin. We are unaware of
any study that investigates intergenerational transfer of microcystin in fish, although this
transfer does not seem to occur in aquatic insects (Woller-Skar et al. 2020). Younger fish
are more susceptible to the negative health effects of microcystin exposure (Saraf et al.
2018), so even a small transfer could have outsized effects on the success of the entire
year class. High spring microcystin concentrations could result in ovarian necrosis
(Acuña et al. 2012), which could also reduce year class recruitment. Chronic exposure to
microcystin can also have a negative effect on fish health, resulting in liver and ovary
apoptosis, damaged gills, hepatic steatosis, and increased difficulty in maintaining cationanion homeostasis (Carbis et al. 1997; Zhan et al. 2020; Zhang et al. 2020). This results
in a greater physiological stress response and reduced fish fitness, ultimately degrading
the fishery and reducing its utility to anglers (Ferrão-Filho and Kozlowsky-Suzuki 2011).

177

Impacts from chronic exposure may be especially pronounced in systems like Dairy Farm
Lake #1, where microcystin concentrations in the water are usually low but occur often.
Increased susceptibility to predation resulting from behavioral and physiological
changes associated with microcystin exposure may also negatively impact fishery health.
Fish motility decreases as exposure to microcystin increases (Baganz et al. 2004),
hampering a fish’s ability to acquire food and ultimately making it more susceptible to
predation (Plaut 2000). A fish may also be more susceptible to predation if it is
experiencing negative health effects, like those that can result from microcystin exposure
(Kankaanpää et al. 2002; Prieto et al. 2006). Bluegill are common prey for largemouth
bass in many small, agriculturally dominated reservoirs (Garvey and Stein 1998), and
increased bluegill predation could result in a degraded largemouth bass fishery over time
as food becomes scarcer. In small, warmwater impoundments where agricultural land use
is high, cyanobacterial blooms occur frequently (Straubinger-Gansberger et al. 2014), and
bluegill and largemouth bass are the most commonly stocked fish species (Modde 1980).
Our study suggests that it is possible cyanotoxins frequently disrupt the fisheries in these
systems, especially in the spring when spawning occurs, and additional investigation into
the relationship between cyanobacteria and fish health is required.
Management implications
A quick and easy method for determining cyanotoxin concentrations in fish
tissues would be useful to management agencies tasked with advising the public about
when fish are safe to eat. Our findings suggest that the time of year fish are caught is an
important variable in assessing microcystin in fish muscles and should be considered
when setting consumption advisories. We did not find any fish characteristic or water
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parameters that can be reliably used to predict microcystin in fish tissues, although water
microcystin concentrations appear to be related. It is possible that water microcystin
could be used as a proxy if the range in concentrations was greater than what we
observed, but additional research is required to properly assess whether this is the case.
Despite the fact that it was not a significant variable in any of our regression analyses,
total fish length was negatively correlated with microcystin in muscles and kidneys (i.e.
smaller fish have higher concentrations of microcystin) for largemouth bass (Table A2.2,
Figure A2.5). Fish length is easy to measure in the field and is commonly used as a proxy
for pollutant accumulation in fish (Backstrom et al. 2020). The correlations we observed
between these parameters were weak, suggesting that length is not a good proxy for
microcystin in fish tissues.
Exposure to microcystin poses a risk to human health, so advisories have been
developed for safe levels of fish consumption (Ibelings and Chorus 2007). Several factors
are considered for consumption advisories, including weight of the consumer, established
no observed adverse effect levels (Fromme et al. 2000), and duration of exposure
(Ibelings and Chorus 2007). While it is beyond the scope of this study to make any sort of
recommendation about what fish are safe to eat, it is important to put the microcystin
concentrations we observed into context by comparing them to existing advisories, taking
into consideration the microcystin concentrations in consumed tissues and the amount of
tissue consumed. For bluegill and largemouth bass, anglers typically consume only the
muscle. Using the highest microcystin concentrations we measured in muscles of bluegill
(38.0 ng g-1 ww) and largemouth bass (17.9 ng g-1 ww), we calculated how much fish a
person would have to consume to exceed tolerable daily intakes by dividing tolerable
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daily intake (Ibelings and Chorus 2007) by the highest microcystin concentrations we
observed in both species. Assuming a child weighs 10 kg and an adult weighs 75 kg, we
can compare microcystin in fish from our study with consumption advisories for lifetime
tolerable daily intake, which is calculated based on daily exposure for many months and
reflects the risk posed to subsistence fishers (Ibelings and Chorus 2007). To exceed the
lifetime tolerable daily intake consumption advisory, a child would have to consume 10.5
g of bluegill and 22.3 g of largemouth bass per day, while an adult would have to
consume 78.9 g of bluegill and 167.6 g of largemouth bass per day. Assuming a meal size
for a child is 85 g of fish and for an adult is 227 g based on American Heart Association
recommendations, a single meal of both species would exceed lifetime consumption
advisories (Lichtenstein et al. 2006; Ibelings and Chorus 2007). For people who are
eating the fish they catch regularly, but for several weeks at a time instead of months, the
seasonal tolerable daily intake advisory might be more applicable (Ibelings and Chorus
2007). To exceed the seasonal advisory for daily consumption, a child would have to
consume 105.3 g of bluegill and 223.5 g of largemouth bass per day, while an adult
would have to consume 789.5 g of bluegill and 1676.0 g of largemouth bass per day. The
American Heart Association recommends consuming 1 – 1.5 meals (227–340 g) of fish
each week (Lichtenstein et al. 2006), and Missouri anglers typically consume 306 g of
fish each meal (McKee et al. 2015). Based on the microcystin concentrations we
measured in fish from this study, an adult Missouri angler could consume 18 meals of
bluegill, and 38 meals of largemouth bass each week without exceeding microcystin
consumption advisories (Ibelings and Chorus 2007). Our calculation represents a
conservative, worst-case scenario because we are using the highest microcystin
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concentrations we observed in both species, and because many Missourians do not eat
fish every day, per the assumptions of the seasonal consumption advisory (McKee et al.
2015).
Conclusions
Microcystin concentrations were highest in the livers of both bluegill and
largemouth bass, followed by kidneys and then muscles. Microcystin concentrations in
muscles and kidneys were highest in the spring for both species and declined throughout
the rest of the year. This pattern could be related to diet, as we observed relatively low
concentrations of microcystin in the water. Consumption of contaminated food could be a
primary route of microcystin exposure and future work should look for a link in fish diet
and microcystin accumulation in tissues. Another reason that fish microcystin
concentrations were higher in April could be because there is a link between spawning
and microcystin accumulation. Additional work is required to confirm that this
relationship exists in other systems, and to identify the mechanism causing higher
concentrations of microcystin in fish collected during the spring. We found that
microcystin in fish varies by species, and that bluegill have higher microcystin
concentrations possibly because they feed more often from lower trophic levels where
microcystin concentrations are often higher, than do largemouth bass. Our findings
suggest that fish from our study reservoir did not pose an immediate human health
concern for anglers. Study of additional species and reservoirs is necessary before
conclusions about the health risk of consuming contaminated fish can be made.
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TABLES
Table 3.1 Characteristics of fish collected from Dairy Farm Lake #1. The sample size (n) for bluegill (BLG) and largemouth bass
(LMB) are listed underneath each harvest date (month/day/year). For continuous variables, the top value in each cell is the mean of all
fish collected on each harvest date, while the bottom value in parentheses is the standard deviation. For sex, which is a categorical
variable, the total number of male (m) and female (f) fish are shown for each date. When sex was unable to be determined, fish are
reported as undetermined (UD).
Fish
Characteristic

Units

Length

cm

Species
BLG
LMB
BLG

Age

years
LMB
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BLG
Mass

g
LMB
BLG

Body Condition
Index

n/a

Sex

n/a

LMB
BLG
LMB
BLG

Liver Mass

g
LMB

Gonad Mass

g

BLG

4/23/18
BLG n=10;
LMB n=20
18.8
(2.7)
31.5
(9.3)
4
(1)
4
(2)
263.8
(59.9)
508.5
(406.3)
2.0
(0.2)

5/30/18
BLG n=13;
LMB n=18
16.1
(3.9)
26.6
(11.1)
3
(1)
3
(3)
105.5
(66.5)
374.2
(399.3)
1.9
(0.3)

7/16/18
BLG n=10;
LMB n=20
18.9
(1.5)
29.2
(7.9)
3
(1)
3
(2)
149.5
(38.1)
410.5
(349.8)
2.1
(0.1)

8/21/18
BLG n=11;
LMB n=19
17.8
(2.5)
29.6
(8.3)
3
(1)
3
(2)
115.5
(46.4)
413.7
(345.1)
2.0
(0.3)

10/11/18
BLG n=10;
LMB n=10
19.8
(1.5)
37.6
(6.1)
4
(2)
4
(2)
160.5
(36.8)
737.9
(362.0)
2.0
(0.2)

11/27/18
BLG n=11;
LMB n=10
18.7
(3.0)
34.1
(7.2)
3
(2)
4
(2)
140.9
(61.8)
621.8
(483.9)
2.0
(0.1)

2/4/19
BLG n=14;
LMB n=9
18.2
(2.1)
35.9
(5.2)
3
(1)
5
(2)
126.6
(50.1)
643.3
(280.3)
2.0
(0.1)

3/18/19
BLG n=10;
LMB n=10
17.6
(2.1)
36.3
(5.2)
3
(1)
5
(2)
111.9
(52.1)
682.3
(315.8)
1.9
(0.2)

1.2
(0.2)
5m/5f

1.2
(0.2)
5m/6f
2 UD
8m/7f
3 UD
1.0
(0.7)
3.3
(5.8)
2.2
(1.6)

1.3
(0.1)
7m/3f

1.2
(0.2)
7m/4f

1.3
(0.1)
4m/6f

1.3
(0.1)
1 m / 10 f

1.3
(0.1)
8m/6f

1.3
(0.1)
6m/4f

3 m / 12 f
5 UD
1.3
(0.5)
3.8
(3.4)
1.4
(1.0)

4m/9f
6 UD
1.4
(1.0)
2.6
(1.8)
1.1
(1.4)

4m/6f

6m/4f

6m/3f

7m/3f

1.2
(0.4)
4.5
(1.8)
1.0
(1.0)

1.4
(0.6)
6.3
(5.0)
1.2
(1.5)

1.5
(0.4)
6.6
(3.8)
0.6
(0.5)

1.3
(0.5)
6.3
(2.4)
0.4
(0.4)

11 m / 9 f
1.6
(0.7)
5.7
(5.6)
1.0
(1.0)

LMB
Liver
Organosomatic
Index

%

BLG

Gonad
Organosomatic
Index

%

LMB
BLG
LMB

13.0
(21.2)
1.15
(0.19)
1.06
(0.39)
0.66
(0.58)
1.70
(2.16)

1.4
(1.6)
0.85
(0.24)
0.88
(0.36)
1.98
(2.13)
0.36
(0.25)

0.9
(1.3)
0.85
(0.16)
1.01
(0.23)
1.04
(0.84)
0.22
(0.23)

1.1
(2.0)
1.12
(0.37)
0.85
(0.77)
0.75
(0.72)
0.25
(0.26)

4.4
(4.0)
0.73
(0.13)
0.65
(0.16)
0.62
(0.54)
0.56
(0.35)

4.5
(8.5)
1.00
(0.16)
1.03
(0.19)
0.79
(0.73)
0.58
(0.52)

5.4
(7.0)
1.29
(0.35)
0.99
(0.26)
0.46
(0.37)
0.65
(0.67)

4.5
(6.2)
1.15
(0.25)
0.92
(0.39)
0.41
(0.43)
0.65
(0.75)
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Table 3.2 Classification of component loadings for annual water parameters using a
correlation based principal component analysis (PCA). The percent total variation in the
whole dataset that can be described by the included factors is listed next to each
component loading (CL). Bold values indicate strongly correlated parameters within each
CL. One correlated parameter from each CL was retained for statistical analyses. For CL
1, we retained chl-a because of its high loading value and relevance to our research
questions. We retained water microcystin from CL 2 because of its high loading value
and relationship with microcystin in fish. We retained TDN from CL 3 because it had the
highest loading value. We also retained DOC and TDP because they had an absolute
value < 0.6 for all CLs, indicating that they did not exhibit multicollinearity with each
other or any other water parameters. Retained parameters were included in our final,
combined model set and are italicized.
Water Parameters

CL 1 (39.9 %)

CL 2 (24.9 %)

CL 3 (23.3 %)

Particulate Organic
Matter (POM)

0.991

-0.104

0.008

Pheophytin

0.976

0.038

0.139

Light Attenuation
Coefficient (Kd)

0.969

-0.030

-0.086

Chlorophyll-a (chl-a)

0.953

0.155

0.043

PC:Chl

0.847

0.316

-0.333

pH

0.825

0.012

0.022

Total Phosphorus (TP)

0.824

-0.465

0.212

Total Nitrogen (TN)

0.794

0.255

-0.549

Secchi Disk Depth

-0.667

0.346

0.474

Total Suspended Solids
(TSS)

0.640

-0.765

-0.064

ln(TN:TP)

-0.567

0.603

-0.514

Dissolved Oxygen
(DO)

-0.521

-0.750

-0.288

Temperature

0.499

0.714

0.456

Dissolved Organic
Carbon (DOC)

0.458

0.528

-0.543

Nitrate (NO3-)

-0.332

0.002

-0.852

Ammonium (NH4+)

-0.254

0.273

-0.795

-0.192

0.639

0.697

0.072

0.832

0.307

Mean Daily Mixed
Layer Irradiance (Ē 24)
Surface Water
Microcystin
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Total Dissolved
Phosphorus (TDP)
Particulate Inorganic
Matter (PIM)
Total Dissolved
Nitrogen (TDN)

-0.048

-0.487

0.423

-0.035

-0.992

-0.100

-0.005

0.218

-0.933

195

Table 3.3 Water parameters measured in Dairy Farm Lake #1. Water parameters, including profiles, are the mean of the sampling date
immediately before and immediately after the fish harvest date listed in the top row. “BDL” indicates that parameter was below the detection
limit. When fish harvest date fell in between a water sampling date that showed the reservoir to be isothermal and the other to be stratified, we
were unable to determine mixing depth nor hypolimnetic dissolved oxygen. This is indicated by “n/a”. We report the maximum depth for
mixing depth when the reservoir was isothermal. Parameters measured with a YSI EXO 3 sonde, indicated by “*”, are averages of the
epilimnion when the reservoir was stratified or of the entire water column when the reservoir was isothermal. Hypolimnetic dissolved oxygen
is a sonde profile average of the hypolimnion when the reservoir was stratified. Surface water cyanotoxins were integrated samples between 0
and 0.5 m while bottom water cyanotoxins were collected 1 m above the sediment.
Water Parameter

Units

4/23/18

5/30/18

7/16/18

8/21/18

10/11/18

11/27/18

2/4/19

3/18/19

Total Phosphorus (TP)

µmol P
L-1

1.560

2.137

3.214

3.925

2.234

1.751

3.587

3.136

Total Dissolved
Phosphorus (TDP)

µmol P
L-1

0.605

0.943

0.782

0.735

0.573

0.785

0.920

0.846

Total Nitrogen (TN)

µmol N
L-1

73.79

65.81

141.28

136.84

123.63

110.31

91.33

77.99

Total Dissolved
Nitrogen (TDN)

µmol N
L-1

59.90

52.54

66.30

71.59

76.92

97.48

61.86

49.05

Nitrate (NO3-)

µmol
NO3- L-1

BDL

0.70

BDL

2.05

5.18

15.69

1.89

0.79

Ammonium (NH4+)

µmol
NH4+ L-1

1.5420

3.9145

BDL

4.6048

15.2620

14.1890

2.5877

0.9103

ln(TN:TP)

unitless

3.86

3.43

3.78

3.55

4.01

4.14

3.24

3.21

Dissolved Organic
Carbon (DOC)

µmol C
L-1

670.3

690.0

823.3

749.3

770.4

764.7

702.6

581.3

Chemical

196

Dissolved Oxygen
(DO)*

mg L-1

9.8

7.3

4.7

7.7

8.7

11.9

12.9

11.5

Hypolimnetic DO

mg L-1

n/a

1.3

0.2

1.7

n/a

isothermal

isothermal

isothermal

pH*

unitless

7.9

7.6

8.1

8.7

8.0

7.7

7.8

8.1

Surface Water
Microcystin

µg L-1

0.95

0.87

0.54

0.87

0.91

BDL

BDL

0.13

Bottom Water
Microcystin

µg L-1

0.92

0.97

0.66

0.76

0.96

BDL

0.13

BDL

Surface Water
Anatoxin-a
Bottom Water
Anatoxin-a
Surface Water
Cylindrospermopsin
Bottom Water
Cylindrospermopsin
Surface Water
Saxitoxin
Bottom Water
Saxitoxin

µg L-1

BDL

BDL

BDL

0.18

0.18

0.21

0.19

0.18

µg L-1

BDL

BDL

BDL

BDL

0.23

0.17

0.21

0.20

µg L-1

BDL

BDL

BDL

BDL

BDL

BDL

BDL

BDL

µg L-1

BDL

BDL

BDL

BDL

BDL

BDL

BDL

BDL

µg L-1

BDL

BDL

BDL

BDL

BDL

BDL

BDL

BDL

µg L-1

BDL

BDL

0.047

BDL

BDL

BDL

BDL

BDL

Secchi Disk Depth

m

0.76

1.47

0.44

0.47

0.63

0.74

0.50

0.68

Light Attenuation
Coefficient (Kd)

m-1

1.07

1.14

3.37

2.79

2.16

1.32

2.01

2.03

Mixing Depth

m

n/a

2.1

2.0

1.7

n/a

4.6

4.6

4.6

µmol
photons
m−2 s −1

168.73

271.11

104.39

140.16

65.04

42.57

31.48

58.96

°C

14.43

25.81

27.59

26.91

13.69

3.76

1.60

8.11

Total Suspended
Solids (TSS)

mg L-1

5.5

4.4

15.1

16.5

9.9

9.8

20.0

18.7

Particulate Inorganic
Matter (PIM)

mg L-1

3.2

0.8

2.5

3.6

2.9

6.1

12.2

11.0

Particulate Organic
Matter (POM)

mg L-1

2.3

3.7

12.6

12.9

7.0

3.7

7.9

7.7

Chlorophyll-a (chl-a)

µg L-1

9.6

30.3

78.0

100.9

52.7

13.3

43.6

30.4

Pheophytin

µg L-1

3.2

8.5

38.7

40.4

10.7

2.8

17.4

14.2

Phycocyanin:Chl-a*

percent

2.00

0.00

25.49

12.68

16.06

10.75

3.61

6.03

Mean Daily Mixed
Layer Irradiance (Ē 24)
Water Temperature*

Biological

Table 3.4 Correlations between microcystin in muscles, livers, and kidneys for both
bluegill and largemouth bass. Spearman’s rank correlation test was used to measure
correlations between tissue type. The degrees of freedom (df), p-value, and correlation
coefficient (rho) are reported for each correlation. Significance, based on an α value of
0.05, is indicated by *. For both species, the correlation between muscles and kidneys
(Figure A2.3) was stronger than for any other tissue combination.
Tissues Being
Compared

Species

df

p-value

rho

Muscle to Liver

Bluegill

84

< 0.001*

0.38

Muscle to Kidney

Bluegill

66

< 0.001*

0.57

Liver to Kidney

Bluegill

66

0.001*

0.38

Muscle to Liver

Largemouth Bass

105

0.007*

0.25

Muscle to Kidney

Largemouth Bass

101

< 0.001*

0.69

Liver to Kidney

Largemouth Bass

101

0.050

0.19

Table 3.5 Two-way analysis of variance results showing differences in microcystin
concentrations between harvest date and species (Figure 3.3). Degrees of freedom for
harvest date and the interaction between harvest date and species are 7. Degrees of
freedom for species is one. Significance, based on an α value of 0.05, is indicated by *.
Muscle
(residuals= 172)
F statistic p-value

Liver
(residuals= 182)
F statistic
p-value

Kidney
(residuals= 159)
F statistic
p-value

Harvest
Date

85.19

< 0.001*

4.64

< 0.001*

34.31

< 0.001*

Species

31.04

< 0.001*

1.23

0.270

28.37

< 0.001*

Harvest
Date ×
Species

1.39

0.210

3.15

0.004*

1.05

0.396
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Table 3.6 Microcystin concentrations in the tissues of largemouth bass and Lepomis sp.
from this study in comparison to those reported in the literature. Microcystin is reported
as wet weight concentrations in ng g-1. ELISA was used to quantify microcystin in all
studies. Sample size (n) is reported for each study, as well as the range in parentheses
underneath. “UDL” indicates that the minimum sample was measured under the detection
limit. Some studies (*) pooled tissues from multiple fish. We do not report the range of
these fish as it only reflects inter-assay variation.
Species

n

Tissue

Microcystin
(range)

Largemouth bass

1–3*

Muscle

2.5

Largemouth bass

1–3*

Liver

75.0

Largemouth bass

116

Muscle

Largemouth bass

116

Liver

Largemouth bass

116

Kidney

Bluegill

1

Muscle

Bluegill

89

Muscle

Bluegill

88

Liver

Bluegill

73

Kidney

Pumpkinseed

4

Muscle

Pumpkinseed

1–3*

Muscle

8.7

Pumpkinseed

9*

Liver

3.8
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5.7
(UDL–17.9)
71.8
(UDL–614.6)
22.7
( UDL–79.8)
2.4
7.6
(UDL–38.0)
57.6
(UDL–208.1)
27.1
( UDL–86.7)
1.9
(0.7–2.9)

Source
Hardy et al.
(2015)
Hardy et al.
(2015)
This study
This study
This study
Poste et al.
(2011)
This study
This study
This study
Poste et al.
(2011)
Hardy et al.
(2015)
Smith and
Haney (2006)

FIGURES

Figure 3.1 Correlation-based principal component analysis (PCA) used to investigate the
relationship between harvest date and 21 water parameters. The first principal component
(PC 1) explains 39.9 % of the variation in this dataset, while the second component (PC
2) explains 24.9 % (Table 3.2). Water parameters include: ammonium (NH4),
chlorophyll-a (Chl), dissolved organic carbon (DOC), dissolved oxygen (DO), light
attenuation coefficient (Kd), mean daily mixed layer irradiance (E24), microcystin from
the upper 0.5 m of the water, natural log of the ratio of total nitrogen to total phosphorus
(TN:TP), nitrate (NO3), particulate inorganic matter (PIM), particulate organic matter
(POM), percent composition of phycocyanin to chlorophyll as measured with a YSI EXO
3 (PC:Chl), pheophytin, pH, Secchi disk depth, temperature (temp), total dissolved
nitrogen (TDN), total dissolved phosphorus (TDP), total nitrogen (TN), total phosphorus
(TP), and total suspended solids (TSS). Vector length reflects the magnitude of variation
explained by that water parameter. Vectors close together are positively correlated while
vectors opposite from each other are negatively correlated. Vectors that are orthogonal
from each other are unrelated. Harvest date is represented by points.
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Figure 3.2 Microcystin in water and fish muscles. Microcystin was measured in the
upper 0.5 m of water (dashed lines, open circles, right y-axis) and in bluegill (light grey
boxes) and largemouth bass (dark grey boxes) muscles (left y-axis). Standard error for
water microcystin was never more than 0.4 per Abraxis Microcystin ELISA guidelines.
The boxplots display the 25–75 % quartile with median bar, while the upper (lower) lines
show the highest (lowest) values that are not considered outliers. Outliers are indicated by
solid, black circles.
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A)

B)
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C)

Figure 3.3 Boxplots showing wet weight microcystin concentrations in fish during each
harvest date, by species. A two-way ANOVA was used to evaluate differences in
microcystin between dates and species (α= 0.05). The central box in the 25 - 75 %
quartile with median bar, while the upper (lower) lines show the highest (lowest) values
that are not considered outliers. Different letters within each plot indicate significant
differences in microcystin concentrations between species per sampling date as indicated
by a Tukey’s post hoc test. For muscles (A) and kidneys (C), there was a significant
difference between microcystin in bluegill and largemouth bass. The interaction effect
between harvest date and species is not significant, so letters in these plots show
significant differences in harvest date. For livers (B), the interaction effect between
harvest date and species is significant, indicating this relationship depends on harvest
date. Letters in this plot are placed above each individual box to show significant
differences between boxes (Table 3.5).
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CHAPTER 4
ARE INVASIVE ZEBRA MUSSELS ALWAYS ASSOCIATED WITH AN INCREASE IN
WATER CLARITY?
ABSTRACT
Invasive, filter feeding zebra mussels (Dreissena polymorpha) typically cause an
increase in water clarity shortly after their establishment. The purpose of this study is to
evaluate whether this occurred in Midwest reservoirs, near the southern edge of their
North American expansion, using a 40+ year dataset. We look for regime shifts and longterm trends in annual water clarity and compare these to the estimated zebra mussel
invasion date for 7 invaded reservoirs in Missouri, USA. We also look at water clarity in
26 non-invaded, reference reservoirs to evaluate if zebra mussel impacts are being
masked by changes in external factors. Collectively, our analyses provide a weight of
evidence showing that zebra mussel establishment did not increase water clarity, likely
because densities are too low to result in a noticeable impact. The highest zebra mussel
density we observe is 65 mussels m-2, an order of magnitude less than in systems where
they have had a sustained impact. Low densities could be due to a combination of
sublethal environmental conditions for multiple parameters. We identified low particulate
inorganic material and low water temperatures as characteristics common to invaded
reservoirs. This is the first report where zebra mussel establishment did not cause an
increase in water clarity. This study serves as an initial report of factors that may limit
zebra mussel densities in Missouri reservoirs.
INTRODUCTION
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The impact of an invasive species is dependent on its adaptability to local
conditions and its successful proliferation once established. A successful invader is able
to tolerate and adapt to a wide range of environmental conditions, allowing it to expand
its distribution and form dense populations (Thompson 1998; Sakai et al. 2001;
Lockwood et al. 2013). Many non-native species have established reproducing
populations in new areas, but do not always reach densities necessary to cause dramatic,
negative impacts because of the environmental conditions (Carey 1996; Kulhanek et al.
2011; Ricciardi et al. 2013). While conditions may not be lethal, they can add increased
physiological stress associated with surviving and reproducing in a suboptimal
environment (Lockwood et al. 2013). Understanding the parameters that limit a species’
spread, resulting in variable densities throughout its distribution, can help managers
assess invasion risk and impact (Keller and Perrings 2011).
Zebra mussels (Dreissena polymorpha) are one of the most problematic invaders
in North America (Lowe et al. 2004). Since their arrival in Lake Erie in 1986 (Carlton
2008), they have spread as far as California (Benson et al. 2021a) and Texas (Churchill et
al. 2017), with new water bodies being invaded every year (Benson et al. 2021a). Zebra
mussels can reach peak densities 2–4 years after they are introduced (Karatayev et al.
2011) and can have dramatic impacts on native ecosystem processes and function
(Schloesser et al. 1991; Ward and Ricciardi 2007; Kim et al. 2015). In the United States,
economic impacts are substantial, with an estimated $11–16 million spent annually to
remove zebra mussels from intake pipes at drinking water and power facilities (Connelly
et al. 2007).
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Given their high filter-feeding capacity (Fanslow et al. 1995), zebra mussel
invasions can lead to reductions in phytoplankton biovolume and other suspended
particles throughout the water column (Higgins and Vander Zanden 2010; Kirsch and
Dzialowski 2012). The magnitude of their impact on water clarity depends on mussel
density, which is influenced by several abiotic factors including water temperature (Jost
et al. 2015), suspended inorganic solids (Madon et al. 1998), and dissolved oxygen
concentrations (McMahon 1996). Zebra mussel densities can fluctuate widely from year
to year locally within a water body, but usually do not decline on a lake-wide scale over
the long term unless they are replaced by quagga mussels (Dreissena rostriformis
bugensis; Strayer et al. 2019). To to best of our knowledge, zebra mussel establishment is
always associated with an increase in water clarity.
The impact of zebra mussels on Missouri reservoirs is poorly understood. Most
North American studies investigating zebra mussel impacts have been conducted in
northern, natural lakes (Fahnenstiel et al. 1995; Budd et al. 2001; Higgins and Vander
Zanden 2010; Baranowska et al. 2013; North et al. 2013). In contrast, Missouri reservoirs
are warmer, have higher concentrations of inorganic particles, and often have longer
stratification periods (Jones et al. 2008; Jones et al. 2011). Reservoirs are characterized
by longitudinal flow that impacts zebra mussel distributions compared to natural lakes
where water movement between nearshore and offshore areas has a greater influence on
phytoplankton (Locklin et al. 2020), and consequently sessile filter feeders like zebra
mussels (Hecky et al. 2004). These abiotic factors affect zebra mussel survival and
persistence (Schneider et al. 1998; Yu and Culver 1999; Elderkin and Klerks 2005), so it
is possible that zebra mussel impacts in Missouri reservoirs differ from natural lakes.
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The purpose of this study is to determine whether zebra mussels impact water
clarity in Missouri reservoirs. Our first objective is to identify whether shifts in water
clarity in invaded reservoirs exist, and if so, whether they align with the introduction of
zebra mussels using before and after, long-term water clarity data. To accomplish this, we
looked for water clarity shifts in non-invaded reference reservoirs and compared them
with water clarity in invaded reservoirs over the same time period. We also measured
zebra mussel density and biomass in several invaded reservoirs as, to the best of our
knowledge, no previous attempt has been made to quantify zebra mussels in Missouri
where warmer water temperatures, longer periods of stratification, and higher
concentrations of inorganic particles create habitat that differs from lakes to the north.
We hypothesize that zebra mussels will affect water clarity and predict that this effect
will be similar to that documented in northern latitude lakes. Our results will lend insights
into the potential impacts of this aquatic invader near the leading edge of its expansion,
which will help inform the potential zebra mussel risk in other regions.
METHODS
Study reservoirs
This study was conducted in 33 reservoirs throughout the state of Missouri, USA,
using data collected between 1976 and 2019. We analyzed water clarity indicators over
time in reservoirs invaded by zebra mussels (n= 7; Blue Springs, Bull Shoals, Jacomo,
Lake of the Ozarks, Lotawana, Smithville, Truman) to assess whether there was a shift in
water clarity post-invasion. Three of these rservoirs, Lake of the Ozarks, Lotawana, and
Smithville have at least 11 years of data pre-, and 11 years post- zebra mussel invasion.
We also measured these parameters over time in reference reservoirs (n= 26; Atkinson,
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Binder, Bowling Green, Brookfield, Capri, Clearwater, Council Bluff, Deer Ridge,
Fellows, Forest, Higginsville, Hunnewell, Kraut Run, Lincoln, Long Branch, Mark
Twain, McDaniel, North, Pomme de Terre, Shayne, Stockton, Sugar Creek, Table Rock,
Viking, Wappapello, Watkins Mill), which had no known zebra mussel populations.
Throughout the state, the Missouri Department of Conservation (MDC) records the first
year in which adult zebra mussels are observed in invaded reservoirs. Private citizens
report sightings, which are then verified by MDC personnel and reported to the United
States Geological Survey (USGS; Benson et al. 2021a). To account for the latency period
between when zebra mussels first reached each reservoir and when they were first
observed, we report zebra mussel invasion periods as 3 years before initial observation of
zebra mussel adults (Burlakova et al. 2006). For this study, we analyzed invaded
reservoirs with a minimum of 5 years of data both pre- and post- invasion. All reference
reservoirs had at least 26 years of water clarity data spanning the same time period as the
zebra mussel reservoirs, and no more than 4 years of non-continuous data for at least one
parameter.
Reservoir surface area, volume, and watershed area are from the Missouri
Department of Natural Resources (MDNR) and were determined during reservoir
impoundment (Missouri DNR 2019). The maximum depth of each reservoir is based on
dam height. Mean reservoir depth was calculated from volume and surface area. Flushing
rate was calculated by dividing total runoff by reservoir volume, where total runoff was
calculated for each reservoir by multiplying watershed area (Missouri DNR 2019) by
runoff (Missouri DNR 1986).
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While not directly measured in this study, previous reports of calcium
concentrations and reservoir use help to give context to Missouri reservoirs. Previous
reported calcium concentrations in 80 out of 103 Missouri reservoirs are above 20 mg Ca
L-1 (Wylie and Jones 1991), well above the 12 mg Ca L-1 threshold necessary for zebra
mussel establishment (Cohen 2007). Zebra mussels are still spreading throughout
Missouri and the reservoirs that are currently invaded may be related to the amount of
boat traffic they receive. Based on a 2013 survey of Missouri anglers, zebra mussel
reservoirs are visited 314.1 % more often than reference reservoirs (Reitz 2015).
Excluding Lake of the Ozarks, which receives almost twice as many anglers as any other
reservoir in the state, invaded reservoirs received 178.7 % more visitors than reference
reservoirs (Reitz 2015).
Water clarity parameters
To assess whether zebra mussel introductions led to a shift in water clarity in
Missouri reservoirs, we analyzed chlorophyll-a (chl-a), total suspended solids (TSS),
particulate organic matter (POM), particulate inorganic matter (PIM), and Secchi disk
depth in both invaded and non-invaded reference reservoirs. Water samples are collected
from the surface of each reservoir at the dam, with the exception of Bull Shoals, which
lacked a dam study site. Secchi disk depth and chl-a concentrations are measured at 2
locations in Bull Shoals. Site 1 (36.5169°N -92.6235°W), which is 16.4 km up-reservoir
of the dam in one of the main arms of the reservoir and has data between 1978 and 2012.
TSS and PIM data are also available for site 1. These parameters were never measured in
more than 8 consecutive years, so while we were able to include them in our habitat
suitability index, we were not able to look for regime shifts nor trends. Site 2 (36.5013°N
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-92.9306°W) in Bull Shoals is 36.6 km up-reservoir of the dam, is located in a second
main arm of the reservoir, and has data between 2003 and 2019. Each year, n= 1 to n= 37
water samples per reservoir are collected between May 15 th and September 15th. We
calculate the annual arithmetic mean for each parameter and use this metric in all
statistical analyses.
To measure chl-a, water is filtered through 1.0 um PALL AE glass fiber filter
(GFF) prior to 2019, and through 0.7 µm Whatman GFF in 2019, and stored frozen until
analysis. We quantified chl-a concentrations fluorometrically with a Turner Design 700
Fluorometer after ethanol extraction. We report total chl-a, which has not been acid
corrected for pheophytin (Sartory and Grobbelaar 1984). The chl-a detection limit is 0.3
μg L–1. We measure TSS following standard methods (Method 2540 D and E; APHA
2017). Water is filtered through pre-weighed 1.5 µm, grade 934-AH Whatman GFF,
which are stored frozen until analysis. TSS filters are thawed and dried at 105 °C for 30
minutes, weighed, and then incinerated at 550 °C for 20 minutes to burn off organic
material before being weighed again. This loss-on-ignition procedure allowed for the
differentiation of TSS by subtracting the mass left after incineration, which is PIM, from
the total filter mass before incineration, which is TSS. The difference is POM. TSS, PIM,
and POM analyses have a detection limit of 0.1 mg L-1. Secchi disk depth is measured
with a 20 cm black and white Secchi disk.
Zebra mussel density and biomass
In summer 2019, we measured zebra mussel density and biomass in Bull Shoals
(6/17/2019–6/21/2019), Lake of the Ozarks (5/29/2019, 6/12/2019, 7/11/2019, 7/29/2019,
8/28/2019), Lotawana (10/23/2019), and Smithville (5/22/2019, 6/10/2019, 7/17/2019,
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8/19/2019). We did not measure zebra mussel density and biomass in Blue Springs,
Jacomo, and Truman because at the time of sampling there were less than 5 years postinvasion water quality data. Zebra mussels were collected from transects placed
perpendicular to the shore. The number of transects was based on reservoir size. Twelve
transects were sampled in Bull Shoals, 12 in Lake of the Ozarks, 3 in Lotawana, and 10
in Smithville. The first transect was placed at the conjuncture of the dam and shoreline.
Subsequent transects were evenly spaced around the shoreline, although some transects
were moved to where previous observations of live mussels have occurred (Figure A3.1;
Benson et al. 2021a). To date, quagga mussels have only been observed in Missouri in
the Mississippi River (Benson et al. 2021b) and we did not observe this other invasive
bivalve during our field sampling.
The number of sites sampled in each transect varied based on the slope of the
littoral area, but typically 5 sites were sampled along each transect. Water levels are
highly variable from year to year in several reservoirs. Water levels were procured from
the Army Corps of Engineers for both Smithville1 and Bull Shoals2, while Lake of the
Ozarks3 were provided by Ameren Corporation. Daily water levels are not recorded for
Lotawana but the reservoir was at full pool at the time of sampling. To avoid sampling
sites that had been recently dry, we placed our shallowest site at 2 m deeper than the
lowest water level recorded over the previous 6 years (Figure A3.1). Each subsequent site
along the transect was placed 2 m deeper than the previous site. Sampling ceased when
no mussels were collected at the previous 2 sites and the depth was 10 m deeper than the

1

https://waterdata.usgs.gov/mo/nwis/uv?
https://www.swl-wc.usace.army.mil/pages/data/tabular/htm/bulsdam.htm
3
http://apps.ameren.com/HydroElectric/Reports/Osage/HSTBagnellDaily.aspx
2
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lowest water level recorded throughout the reservoir over the previous 6 years. The 6year low in water levels for Lotawana is unknown, so we began sampling at 2 m.
At each site, 3 intact grab samples were collected with an Ekman dredge (0.023
m-2). Samples were rinsed through a 500 µm mesh and any live zebra mussels were
retained. Each mussel’s length was measured (nearest 1.0 mm) from its umbo to its
posterior margin and its weight measured (nearest 0.01 g) after opening its shell to
remove water from the mantle cavity. All zebra mussels were counted, measured, and
weighed within 48 hrs of collection.
We calculated zebra mussel density and biomass for each sample site based on the
area of the Ekman grab. For each reservoir, we report the average density across all sites
as individuals per m2 and the average live-weight biomass as g per m2. These reservoirwide density and biomass estimates reflect the nearshore area where our sampling
occurred.
Temperature and dissolved oxygen profiles
Temperature and dissolved oxygen profiles were measured one to 4 times each
year between May 15th and September 15th. Profiles were taken near the dam at the
deepest point in the reservoir using a YSI multi-parameter sonde. No profiles were taken
at Bull Shoals site 2. A model 50B was used to take profiles prior to 2000, while a model
85 was used between 2000 and 2006, and a model 550A was used from 2006 to 2016.
Prior to 2017, temperature (accuracy: ±0.1–0.3 °C, resolution: 0.10 °C) and dissolved
oxygen (accuracy: ±0.03 mg L-1, resolution: 0.01 mg L-1) measurements were made at
discrete, vertical depths (usually 0.5 m intervals). After 2016, dissolved oxygen
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(accuracy: ± 0.1 mg L-1, resolution: 0.1 mg L-1) and temperature (accuracy: ±0.01 °C,
resolution: 0.02 °C) profiles were continuous and collected using a YSI EXO3. Each
profile was interpolated to 0.5 m using piecewise cubic hermite interpolating polynomial
(PCHIP) with the pracma program in R (Borchers 2019). Mixing depth was calculated
from the interpolated profile using rLakeAnalyzer (Winslow et al. 2019). If mixing depth
was not identified in a profile, it was removed unless the profile extended to the reservoir
bottom. Epilimnetic temperature and dissolved oxygen were determined for each profile
by taking the mean of these parameters above the mixing depth. The depth where anoxia
began, or anoxia depth, was considered to be the first depth where dissolved oxygen
concentrations were ≤ 1 mg L-1 (Jones et al. 2011). Annual means of mixing depth,
anoxia depth, epilimnetic temperature, and epilimnetic dissolved oxygen were used for
statistical analyses.
Statistical analyses
We looked for long-term trends in water clarity parameters for each reservoir. For
each year of collection, the mean of each parameter was calculated and analyzed using a
sequential t-test analysis of regime shifts (Rodionov 2004). We set the significance level
to 0.05, the cut-off length to 10 years, and Huber’s Weight Parameter to one. The number
of observations with this analysis are not fixed, meaning that a new test is ran on each
new data point (Rodionov 2004). This gives it an advantage over other regime shift tests
because it is able to identify shifts as soon as they occur, not several years later
(Rodionov and Overland 2005). Next, we used a Mann-Kendall trend test before and
after each regime shift, or on the entire data series when no regime shift existed, to
determine the presence of monotonic trends through time (Pohlert 2020). The year of the
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regime shift reported was considered after the shift. If a significant monotonic trend was
detected, we determined its magnitude using a Sen’s slope calculation (Pohlert 2020). We
report significant monotonic trends, as well as the magnitude of these trends for each
reservoir and water clarity parameter. We also report the mean of each parameter before
and after each regime shift, or on the entire data series if no regime shift existed. The year
of the regime shift was included in the calculation of the mean for after the shift.
We determined regime shifts in Secchi disk depth (Table 4.2), TSS (Table 4.3),
PIM (Table 4.4), and chl-a (Table 4.5) in invaded reservoirs. A regime shift
corresponding with the invasion date indicates that zebra mussels could be having an
impact, but the direction and trend in water clarity after the shift is indicative of whether
that impact is resulting in increased water clarity due to zebra mussel grazing. Increasing
water clarity is associated with an increase in Secchi disk depth and a decrease in TSS,
PIM, and chl-a. An increase in water clarity after the regime shift that corresponds with
invasion date could indicate that zebra mussels are having an impact. Likewise, a
declining trend in water clarity that is followed by no trend after a regime shift that
corresponds with invasion date suggests that zebra mussels could be having a moderating
impact. We used a Mann-Kendall test and Sen’s slope calculation to determine whether
there was an increasing trend in water clarity after the shift occurred, which would further
suggest that the introduction of zebra mussels was leading to an increase in water clarity.
Considering 4 indicators of water clarity in each invaded reservoir enabled us to establish
weight of evidence assessment about the impacts of zebra mussels on invaded reservoirs.
We assessed habitat suitability of invaded and reference reservoirs using a
correlation (scaling 2) principal component analysis (PCA) with no rotation. Vectors for
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the PCA included mixing depth, anoxia depth, epilimnetic temperature, epilimnetic
dissolved oxygen, TSS, PIM, and the ratio of PIM:POM. PIM:POM is reported as a
natural log to reduce bias associated with taking the average of ratios (Isles 2020). Bull
Shoals site 2 was excluded from the PCA because no epilimnetic temperature nor
dissolved oxygen data exists for this site. For each reservoir, the mean for each of these
parameters was calculated from the entire long-term dataset and then converted to a zscore to standardize PCA inputs. The PCA was calculated using Program R (R Core
Team 2019) and was plotted using the factoextra package (Kassambara and Mundt 2020).
We looked at the relationship between POM and chl-a to assess whether
photoacclimation was influencing our findings. Phytoplankton can produce increased
concentrations of chl-a in low light conditions and, if this occurs, chl-a may over
represent phytoplankton biomass. If light availability has decreased over time in Missouri
reservoirs, chl-a production may be increasing even though actual biomass is not. This
could influence our assessment of temporal rends in chl-a. Neither POM nor chl-a were
normally distributed, even after transformation, so we ran a Spearman’s rank correlation
test on these parameters in both invaded and reference reservoirs.
RESULTS
Study reservoirs
All invaded reservoirs are eutrophic except for Bull Shoals, which is classified as
mesotrophic (Table 4.1, Jones et al. 2008). Surface area of invaded reservoirs ranged
from 1.9 to 217.8 km2 and volume ranged from 0.0013321584 to 7.416926289 km3
(Table 4.1). The maximum depth in invaded reservoirs ranges from 17.7 m to 79.6 m and

216

watershed area ranges from 34.6 to 24,993.3 km2 (Table 4.1). Flushing rate in invaded
reservoirs ranges from 0.363 to 2.835 times per year (Table 4.1). Four invaded reservoirs
were located in the Osage Plains, 2 are in the Ozark Highlands, and one is in the Glacial
Plains (Jones et al. 2008). Reference reservoirs were located throughout the state and
include oligotrophic (n= 3), mesotrophic (n= 9), and eutrophic (n= 14) impoundments
(Jones et al., 2008; Table 4.1). These range in size from 0.1 to 161.5 km2 surface area and
0.000287401 to 3.332862960 km3 volume (Table 4.1). The maximum depth of reference
reservoirs ranges from 6.7 m to 78.6 m and watershed area ranges from 2.1 to 4,852.7
km2 (Table 4.1). Reference reservoir flushing rates range from 0.190 to 19.201 times per
year (Table 4.1). Two reference reservoirs are located in the Osage Plains, 10 are in the
Ozark Highlands, 13 are in the Glacial Plains, and one is in the Ozark Border.
Photoacclimation did not have an effect on our findings, as POM and chl-a were
substantially correlated for the entire long-term dataset in both reference (p< 0.0001,
rho= 0.91) and invaded reservoirs (p< 0.0001, rho= 0.78) and in the latter, both before
(p< 0.0001, rho= 0.77) and after (p< 0.0001, rho= 0.78) invasion. Chl-a is representative
of phytoplankton biomass.
Regime shifts in invaded reservoirs
In Blue Springs, a regime shift in PIM occurred during the zebra mussel invasion
range. Mean PIM concentrations were lower after the shift than before, and there was no
trend before nor after (Figure 4.1). No regime shifts were identified during nor after the
zebra mussel invasion range for Secchi disk depth nor TSS. A regime shift in chl-a
occurred 2 years after the zebra mussel invasion range, but there was only one year postinvasion to detect a trend. While there was no regime shift, an increasing trend of 0.01 m
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yr-1 in Secchi disk depth was identified throughout the study period in Blue Springs. Of
the 4 parameters we considered, PIM was the only one that was consistent with what
would be expected if zebra mussels were having an impact.
In Bull Shoals, both Secchi disk depth and chl-a concentrations were measured
from both sites. At site 1, a regime shift occurred in Secchi disk depth 3 years after the
zebra mussel invasion range (Figure 4.2). After this regime shift, a trend was not
identified because there was only one year post shift to run a Mann-Kendall test (Table
4.2). At Bull Shoals site 2, a regime shift occurred in Secchi disk depth 10 years after the
zebra mussel invasion range (Figure 4.2). After this regime shift, a trend was not
identified because there was only one year post shift to run a Mann-Kendall test (Table
4.2). No regime shift was identified at site 2 during or after the zebra mussel invasion
range for chl-a, and there was no trend in this parameter during the study period. Neither
of the 2 water clarity parameters we looked at in Bull Shoals sites 1 and 2 increased after
the zebra mussel invasion, suggesting that mussels did not have an impact.
In Jacomo, a regime shift in PIM occurred 2 years after the zebra mussel invasion
range (Figure 4.3). After this regime shift, a trend was not identified because there was
only one year post shift to run a Mann-Kendall test (Table 4.4). No regime shifts nor
trends were identified during or after the zebra mussel invasion range for Secchi disk
depth, TSS, nor chl-a. Of the 4 water clarity parameters we considered in Jacomo, none
were consistent with what would be expected if zebra mussels were having an impact.
In Lake of the Ozarks, a regime shift in Secchi disk depth occurred 8 years after
the zebra mussel invasion range (Figure 4.4). Mean Secchi disk depth decreased after the
shift and there was no trend pre- or post- shift (Table 4.2). A regime shift in TSS and chl218

a occurred 8 years after the zebra mussel invasion range (Figure 4.4). Before this shift in
TSS, a decreasing trend of 0.09 mg L-1 yr-1 was identified (Table 4.3). After the shift,
mean TSS increased but there was no trend (Table 4.3). A second shift in TSS occurred
19 years after the zebra mussel invasion range, but there were were only 2 years postshift to measure a trend. For chl-a, there was an increasing trend of 0.16 g-1 L-1 yr-1 until
the regime shift (Table 4.5). Mean chl-a increased after this shift, but no trend was
identified. No regime shift nor trend was identified during or after the zebra mussel
invasion range for PIM. Of the 4 water clarity parameters examined in Lake of the
Ozarks, none were were consistent with what would be expected if zebra mussels were
having an impact.
In Lotawana, a regime shift in PIM occurred during the zebra mussel invasion
range. After the regime shift, mean PIM decreased and a declining trend of 0.06 mg L-1
yr-1 was identified (Table 4.4). Regime shifts in TSS occurred one and 10 years after the
zebra mussel invasion range (Figure 4.5). Mean TSS decreased after the first shift, but no
trend was identified pre- or post- regime shift (Table 4.3). There were only 2 years after
the second regime shift and we could not run a Mann-Kendall test. No regime shifts nor
trends were identified during or after the zebra mussel invasion range for Secchi disk
depth nor chl-a. We examined 4 water clarity parameters for Lotawana, 2 of which, TSS
and PIM, decreased after the zebra mussel invasion, as would be expected iif zebra
mussels were having an impact.
In Smithville, no regime shifts occurred during the zebra mussel invasion range.
Regime shifts in Secchi disk depth and chl-a occurred 6 and 2 years, respectively, after
the zebra mussel invasion range (Figure 4.6), although there was not a trend after the
219

regime shift for either parameter (Tables 4.2, 4.5). For chl-a, mean concentrations
increased after the shift, which was preceded by an increasing trend of 0.28 µg L-1 yr-1
and followed by no trend. Despite no identified regime shift, an increasing trend of 0.09
mg L-1 yr-1 in TSS was identified throughout the study period in Smithville. No regime
shifts nor trends were identified during or after the zebra mussel invasion range for
Secchi disk depth, TSS and PIM. None of the 4 water clarity parameters we examined in
Smithville were consistent with what would be expected if zebra mussels were having an
impact.
In Truman, a regime shift occurred during the zebra mussel invasion range for
TSS and PIM (Figure 4.7), but the mean of both parameters increased and there was no
trend after the shift occurred. A regime shift occurred in chl-a 4 years after the zebra
mussel invasion range, but there was only one year post-shift (Table 4.5). No regime shift
nor trend was identified during or after the zebra mussel invasion range for Secchi disk
depth. Of the 4 water clarity paraeters we examined in Truman, none provided evidence
that zebra mussels were having an effect.
To summarize, an increase in water clarity consistent with what we would expect
if zebra mussels were having an impact occured in 2 out of the 4 water quality parameters
in Lotawana, and only one parameter in Blue Springs and Truman. No parameters in Bull
Shoals, Jacomo, Smithville, nor Lake of the Ozarks displayed a pattern that was
consistent with the expected change in water clarity if zebra mussels were having an
impact.
Regime shifts in reference reservoirs

220

We looked for regime shifts in Secchi disk depth, TSS, PIM, and chl-a in 26
reference reservoirs to determine whether there were any statewide trends in water clarity
that should be accounted for in our analysis of invaded reservoirs and might be indicative
of a larger pattern. If water clarity did not increase in invaded reservoirs but decreased in
reference reservoirs, it could suggest that zebra mussels were having a moderating effect
on water clarity. In other words, water clarity might look static in invaded reservoirs if
impacts from zebra mussels were offset by external factors causing water clarity to
decrease throughout the state and over time.
A regime shift in Secchi disk depth occurred in 77 % of reference reservoirs.
Mean Secchi disk depth increased post shift in 50 % of reservoirs and decreased in 4 %
of reservoirs. In 8 % of reservoirs, there were 2 regime shifts. Mean Secchi disk depth
increased after the frst shift but decreased after the second. Two out of 4 reservoirs saw a
significant trend after the regime shift occurred. This trend was positive in Forest,
indicating a yearly increase in water clarity, but was negative in Binder.
For TSS, 65 % of reference reservoirs experienced a regime shift, but mean TSS
increased in 19 % of these reservoirs and decreased in 8 % of reservoirs. In 8 % of
reservoirs, there were 2 regime shifts where mean TSS increased after the first shift and
decreased after the second shift. Nineteen percent of reservoirs saw a trend after the
regime shift occurred. This trend was positive in Higginsville and Wappapello, indicating
a decreasing trend in water clarity, but negative in Deer Ridge, Lincoln, and Viking. Like
Secchi disk depth, there was only one reservoir where a regime shift was followed by a
trend showing an increase in water clarity.
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Fiftty-eight percent of reference reservoirs experienced a regime shift in PIM.
Mean PIM increased in 19 % of those reservoirs and decreased in 23 %. After the shift, a
trend occurred in 35 % or resevoirs. This trend was positive only in Watkins Mill,
showing a decrease in water clarity that might be caused by external factors on a
statewide scale. A negative trend, and increase in water clarity, occurred after a regime
shift in Atkinson, Binder, Bowling Green, Capri, Lincoln, Pomme de Terre, Shayne, and
Viking.
For chl-a, a regime shift occurred in 69 % of reference reservoirs. Mean chl-a
increased in 46 % of reservoirs and decreased in 4 %. No trends were observed after a
regime shift in any reference reservoirs, but we identified positive trends in chl-a before a
regime shift in both Clearwater and Table Rock.
To summarize, of the 4 indicators of water clarity that we examined, we did not
observe a consistent pattern throughout the reference reservoirs. Water clarity increased
in 46, 8, 23, and 4 % for Secchi disk depth, TSS, PIM and chl-a, respectively, but
decreased in 4, 27, 19, and 46 % of these same parameters. Consistent water clarity
decreases in reference reservoirs could suggest that zebra mussels are having a
moderating effect in invaded reservoirs, where their impacts are being masked by broader
trends. Our weight of evidence shows that no overarching trends exist in reference
reservoirs.
Zebra mussel density and biomass
Zebra mussel density, biomass, and length were measured in Bull Shoals, Lake of
the Ozarks, Lotawana, and Smithville (Table 4.6). Lake of the Ozarks had the highest
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mean density per site (64.72 mussels m-2), followed by Smithville (25.76 mussels m-2),
Lotawana (2.34 mussels m-2), and Bull Shoals (1.75 mussels m-2). Smithville had the
greatest mean live weight mussel biomass per site (10.10 g m -2), followed by Lake of the
Ozarks (6.69 g m-2), Bull Shoals (2.28 g m-2), and Lotawana (0.20 g m-2). Mean zebra
mussel length was highest in Bull Shoals (22.6 mm). It was followed by Smithville (10.3
mm), Lotawana (9.5 mm), and Lake of the Ozarks (9.5 mm).
Habitat suitability
We initially included 7 environmental variables in our PCA (Table 4.7) but
ultimately removed TSS, PIM:POM, and mixing depth because they explained little of
the variance in the data. When TSS was included, the first 2 components only explained
an additional 0.4 % of the variation in the study reservoirs. The inclusion of PIM:POM
and mixing depth reduced the amount of variation explained by 9.8 and 5.9 %,
respectively. When PIM, DO, anoxia depth, and temperature were included in the PCA,
the first component explained 50.1 % of the variation in all study reservoirs and was
characterized predominantly by PIM, anoxia depth, and epilimnetic temperature (Figure
4.8). The second component, which explained 33.7 % of the variation in the dataset, was
characterized by epilimnetic dissolved oxygen. Of the 7 invaded reservoirs we were able
to include in the PCA, including only site 1 in Bull Shoals, only one was characterized by
higher PIM concentrations and epilimnetic temperatures. Four invaded reservoirs were
characterized by lower temperatures, because they were located opposite the temperature
vector, while 3 of these were also characterized by lower PIM concentrations and deeper
depths for the onset of anoxia because of their location opposite these vectors.
Epilimnetic dissolved oxygen concentrations were the primary driver of variation in 2 of
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the invaded reservoirs. Reference reservoirs overlapped with invaded reservoirs but
displayed much greater variability in the parameters they were characterized by, as
indicated by their spread throughout the PCA biplot. Of the 26 reference reservoirs in this
study, 7 were located opposite of the epilimnetic temperature vector, compared to 3
located along it, indicating that reference reservoirs were also more often characterized
by lower temperatures.
We report the natural log of the ratio of PIM to POM for each study reservoir,
despite the fact that it was not included in our PCA (Table 4.7). Throughout all
reservoirs, mean ln(PIM):ln(POM) was -0.2, and on 98 % of sampling events, was below
the 1.61.
DISCUSSION
We looked at 4 water clarity parameters in 6 zebra mussel-invaded reservoirs, and
2 water clarity parameters in Bull Shoals, also invaded by zebra mussels. Our assessment
is especially robust in Lake of the Ozarks, Lotawana, and Smithville, where we have at
least 11 years of data pre- and post- the zebra mussel invasion date. In 5 out of 7
reservoirs, water clarity did not increase after zebra mussels invaded. Water clarity
increased for a single parameter in Blue Springs, and for 2 out of 4 parameters for
Lotawana. Our assessment of 26 reference reservoirs shows that water clarity is not
changing ubiquitously across the state and suggests that the lack of zebra mussel impact
was not a result of the mussels having a moderating effect on trends caused by external
factors. Taken collectively, our analyses amass a weight of evidence showing that zebra
mussel establishment did not increase water clarity in Missouri reservoirs. These findings
are supported by 2019 sampling, which revealed low zebra mussel density and biomass
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roughly 10 times lower in Missouri reservoirs compared to northern, natural lakes where
zebra mussels were associated with an increase in water clarity (Ozersky et al. 2011;
North et al. 2013; Knight et al. 2018; Rudstam and Gandino 2020). One explanation for
the low densities could be that one or more habitat suitability parameters are near the
tolerable threshold(s) for zebra mussels. It is possible that conditions in Missouri are
suboptimal, allowing zebra mussels to survive while preventing them from forming the
high densities that cause dramatic increases to water clarity. Invaded reservoirs tend to
have cooler epilimnetic temperatures, lower PIM concentrations, and deeper anoxia
depths than reference reservoirs. While zebra mussels are able to survive in Missouri
reservoirs, these conditions could prevent the mussels from reaching densities great
enough to impact water clarity.
Zebra mussel populations
Zebra mussel density is lower in Missouri than in northern, natural lakes. In 2019,
the highest mean density of zebra mussels we found was in Lake of the Ozarks. At each
site, there was an average of 65 individuals m -2, which is over an order of magnitude
lower than densities found in northern lakes where zebra mussels cause water clarity to
increase. In Lake Champlain (NY-VT), zebra mussel densities were 4,160 individuals m -2
at 5 m depth (Knight et al. 2018). Zebra mussel densities ranged from 1,000 to 10,000
individuals m-2 between 2005 and 2018 in Onondaga Lake (NY, Rudstam and Gandino
2020). In Lake Simcoe (ON, Canada), zebra mussel densities reached as high as 30,000
individuals m-2 at some locations but were more commonly found at densities of 3,300
individuals m-2 (Ozersky et al. 2011; North et al. 2013).
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The reservoir with the highest mean zebra mussel biomass we observed in 2019
was Smithville with 10 g m-2. Like density, this is lower than what has been observed in
northern lakes. Depending on when sampling occurred, mean zebra mussel biomass
ranged from 618 to 1,059 g m-2 in Hargus Lake (OH), and in Lake Erie (ON-NY-PAOH), zebra mussel biomass was 1,269 g m-2 before quagga mussels (Dreissena r.
bugensis) replaced zebra mussels as the dominant dreissenid (Custer and Custer 1997; Yu
and Culver 1999). Together, quagga and zebra mussel biomass in Oneida Lake (NY) was
461 g m-2 (Karatayev et al. 2014). The low biomass we observed in Missouri reservoirs
could be why we did not observe an increase in water clarity after zebra mussel
establishment.
It is possible that the low zebra mussel density and biomass measurements in
2019 reflected a low year for zebra mussel populations. Zebra mussel populations display
high levels of temporal variability and, in extreme cases, can change by more than 10fold from year to year (Strayer et al. 2019). However, even a 10-fold increase to 2019
measurements would be considerably lower than zebra mussel density and biomass in
northern lakes. While additional sampling is required to determine zebra mussel
interannual variation, we are confident that zebra mussel density and biomass in Missouri
reservoirs are substantially lower than in lakes from more northern latitudes. This could
explain why we did not observe a universal increase in water clarity post zebra mussel
invasion. Zebra mussels may not be able to form large populations in Missouri because
they are living in tolerable but stressful conditions. This is consistent with experimental
studies that show zebra mussel mortality is higher when 2 environmental parameters are
stressful but sublethal compared to just one (Mathai et al. 2020).
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Water temperature
Warm water temperatures could limit zebra mussels from reaching high densities
in Missouri reservoirs. Above 30 °C, zebra mussel mortality increases substantially,
although specific mortality rates depend on the length of time that temperature remains
above 30 °C and thermal tolerance of individual mussels. For example, zebra mussel
mortality is 100 % in as little as 2 days or as many as 47 days when temperatures are 31–
32 °C (McMahon et al. 1994; Elderkin and Klerks 2005). In Missouri, mean surface
water temperatures between May and August are ≥30 °C in a quarter of the 235 studied
reservoirs (Jones et al. 2011). Temperatures above 30 °C could kill some zebra mussels,
or could serve to reduce their ability to survive other suboptimal conditions.
Temperatures below the ~30 °C thermal maximum threshold could also have detrimental
effects on zebra mussels. Filtration rates begin to decline above 22 °C, and above 25 °C
zebra mussel growth rates decline (Thorp et al. 1998), respiration rates increase
(Alexander et al. 1994), and byssus thread production and foot activity is reduced
(Rajagopal et al. 1997). Surface water temperatures in most Missouri reservoirs are
greater than 25 °C throughout most of the summer (Jones et al. 2011). Based on water
temperatures and zebra mussel thermal tolerance, it is possible that zebra mussels that
settle in the littoral zone are eliminated during the summer, while the surviving mussels
are physiologically stressed.
Fluctuating water levels may also reduce zebra mussel densities by exposing
mussels at deeper depths to suboptimal water temperatures. In Bull Shoals and Truman
Reservoir for example, water levels can fluctuate widely from year to year because these
reservoirs are managed by the Army Corps of Engineers to prevent downstream flooding.
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August water levels since 2016 have fluctuated by 8.5 m in Bull Shoals4, while water
level fluctuation in Truman Reservoir5 have been as high as 5.2 m. Such wide
fluctuations could expose zebra mussels that were in deeper, cooler waters the previous
year to water temperatures that are suboptimal or lethal. Water level drops could also kill
zebra mussels by exposing them to air, and in fact, we observed empty zebra mussel
shells above the water line that were attached to permanent boat launch structures in Bull
Shoals.
Suspended inorganic particles
Suspended particles can negatively impact zebra mussel fitness by clogging
inhalant siphons and gills, reducing rates of respiration, clearance, and ingestion (Madon
et al. 1998; Tuttle-Raycraft et al. 2017). Reduced zebra mussel clearance and ingestion
rates have been observed in as little as 1 mg L-1 PIM, especially when food quality is low
(Madon et al. 1998). Others have not observed negative effects of suspended particles
until PIM concentrations are 27 mg L-1, above which zebra mussels increase their
pseudofeces production (Lei et al. 1996), and 31 mg L-1, which is the concentration above
which respiration rates begin to decline (Alexander et al. 1994). The natural log of the
ratio of inorganic to organic particles may also influence zebra mussel physiology, with
1.61 as a cutoff under which zebra mussel ingestion, assimilation, water processing, and
clearance rates are reduced (Madon et al., 1998; Schneider et al., 1998). PIM
concentrations in Missouri are generally higher than lakes at more northern latitudes as
median summer concentrations are 3.1 mg L-1 (Jones et al. 2008). This is above the 1 mg

4
5

https://www.swl-wc.usace.army.mil/pages/data/tabular/htm/bulsdam.htm
https://waterdata.usgs.gov/mo/nwis/uv?site_no=06922440
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L-1 threshold for negative zebra mussel effects (Madon et al. 1998), but well below some
of the other thresholds in the literature (Alexander et al. 1994; Lei et al. 1996). The
natural log of PIM to POM was below the 1.6 threshold in 98 % of the sampling events,
suggesting that zebra mussels in Missouri reservoirs may be frequently experiencing
physiological stress due to suboptimal PIM to POM ratios. Storm events, and the
associated increase in PIM from runoff (Hou et al. 2017) and resuspension (Jin and Ji
2001), could increase PIM concentrations and create intermittent periods of increased
stress. This would be especially pronounced up-reservoir, and less evident near the dam
where our samples were collected. The PIM to POM ratio and PIM concentrations by
themselves could be a contributing factor to a suboptimal environment for zebra mussels.
There is evidence that zebra mussels can adapt to chronic levels of high inorganic
suspended solids (Ouellette-Plante et al. 2017). Mussels previously exposed to high
suspended PIM concentrations are less likely to be affected by future exposures
(Summers et al. 1996), possibly because of behavioral techniques such as increasing their
palp to gill surface area to facilitate food and non-food particle sorting (Payne et al.
1995), closing their inhalant siphons during periods of high suspended particles
(Wiśniewski 1990), and increasing pseudofeces production (Chapman et al. 2017). These
adaptations could enable zebra mussels to survive in Missouri reservoirs, despite suboptimal concentrations of suspended PIM, but they do incur an energetic cost that might
reduce overall fitness (Goldsmith et al. 2021). Our comparison of invaded and reference
reservoirs showed that 4 of 7 invaded reservoirs were characterized by low PIM
concentrations, and only one invaded reservoir was associated with higher PIM
concentrations. This suggests that PIM could be an important influence on zebra mussel
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densities in Missouri, and the chronic levels of relatively high suspended PIM could be
one of multiple factors that ultimately prevents zebra mussels from reaching high
densities.
Dissolved oxygen concentrations
Hypolimnetic oxygen concentrations are probably suboptimal for zebra mussels
in Missouri reservoirs throughout most of the summer. Zebra mussels are one of the least
tolerant bivalves to low oxygen levels. Their survival thresholds for dissolved oxygen
depend on water temperature because of increased metabolic demands associated with
warmer temperatures (McMahon 1996; Alexander and McMahon 2004). Under anoxic
conditions, 100 % zebra mussel mortality can occur in as little as 4 days when
temperatures are 25 °C, but as many as 42 days when temperatures are 5 °C (Mathews
and McMahon 1999). By August, temperatures in Missouri hypolimnions often exceed
20 °C (Jones et al. 2020) and approximately 80 % of reservoirs throughout the state
experience hypolimnetic anoxia throughout 65 % of the water column (Jones et al. 2011;
Petty et al. 2020). Most remain stratified between May and September when the mean
summer thermocline depth is ≤ 5.2 m in 90 % of reservoirs (Jones et al. 2011). Zebra
mussels typically colonize substrate within the upper 9 m when oxygen levels are
favorable (Burlakova et al. 2006; Hetherington et al. 2019), but in Missouri, where the
thermocline is near 5 m and hypolimnetic oxygen levels are reduced throughout much of
the summer, they may be limited to shallower depths. Zebra mussels at shallower depths
are more susceptible to drops in water levels, which could leave the mussels dry or
expose them to warmer surface waters. Rising water levels may also further reduce
habitat by changing the depth above which remains oxygenated. The mixing depth could
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establish at a shallower depth than where zebra mussels have settled in the littoral zone. It
is possible that during some years, when water levels are high and the depth of the
hypolimnion is greater, dissolved oxygen plays a very important role in zebra mussel
survival. During years when water levels are low, oxygen concentrations may not be as
important because zebra mussels are exposed to the oxygenated epilimnion.
Deeper anoxia depths, which were characteristic of 4 invaded reservoirs, may
provide an indication of the importance of hypolimnetic dissolved oxygen concentrations
on zebra mussels. Deeper anoxia depths could expand zebra mussel habitat availability
by increasing the depth at which water remains oxygenated throughout the summer.
Zebra mussels growing below the anoxia have been killed in other water bodies as a
result of low hypolimnetic dissolved oxygen levels (Yu and Culver 1999), so it would be
unsurprising if this parameter was an important factor in determining zebra mussel
populations in Missouri.
Zebra mussels along the southern extant of their expansion
Our analysis of habitat suitability suggests that invaded reservoirs are more often
characterized by cooler epilimnetic water temperatures, lower PIM concentrations, and
larger oxygenated epilimnions. We found that many reference and invaded reservoirs
shared these conditions, but this overlap is unsurprising. The absence of an invader does
not necessarily mean that conditions prevent that invader from becoming established,
especially along the expanding edge of its range as it is possible the invader has not yet
arrived. In Missouri, Lake of the Ozarks was the first reservoir where zebra mussels were
observed and is also the most visited (Reitz 2015). It could be that the reference
reservoirs in this area might be more susceptible to zebra mussel establishment if they are
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invaded, while reference reservoirs with warmer temperatures and/or higher PIM
concentrations might be less likely to support dense zebra mussel populations if they are
invaded. The most consistent pattern we observed in invaded reservoirs was that they
were characterized by cooler epilimnetic temperatures and lower PIM concentrations
(Figure 4.8). Further investigation is required, but our analysis serves as an initial
assessment of the parameters that might be most influential to zebra mussel densities near
the end of their range.
Texas represents the southern extant of the zebra mussel invasion in North
America and Europe (Locklin et al. 2020). There, zebra mussels have been observed in
39 lakes and reservoirs and are expected to continue their expansion (Robertson et al.
2020). Zebra mussel densities are higher down-reservoir compared to up-reservoir, which
could reflect the longitudinal flow of these systems (Locklin et al. 2020). This differs
from natural lakes, where zebra mussels cause nutrients to move from the pelagic
offshore to the littoral nearshore (Hecky et al. 2004). Warm water temperatures at the
southern zebra mussel extant cause growth rates to be faster than anywhere else and
enable up to 2 reproductive events per year, compared to a single reproductive event in
many northern latitude lakes (Churchill 2013). Mortality in Texas reservoirs is high due
to frequent summer temperatures above 30 °C (Churchill et al. 2017; Arterburn 2020).
Due to extreme climate events and high mortality rates associated with water
temperatures near their thermal tolerance, zebra mussels along the southern edge of their
range may experience large population swings (Churchill et al. 2017). If these “boom and
bust” cycles are common in zebra mussel population densities at southern latitudes, it
would explain why we did not observe a consistent increase in water clarity post
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invasion. It is possible that our 2019 sampling may have occurred on a down, or “bust”
year. Even if this was the case, zebra mussel densities were over an order of magnitude
less in the 4 reservoirs we sampled than in any other invaded lake previously reported,
suggesting that not all areas are equally impacted by this invader. In Belton Lake, Texas,
zebra mussel densities from the spring cohort were as high as 21,160 mussels m-2 at a
single site (Locklin et al. 2020), much greater than the maximum zebra mussel density of
1,682 mussels m-2 that we measured at a site in Lake of the Ozarks, Missouri. The reason
why densities vary so dramatically in reservoirs at or near the southern zebra mussel
expansion is still unclear, but our study suggests that differences in PIM concentrations
and epilimnetic temperatures could play a role.
Conclusions
Using 40+ years of historical water clarity data, we looked for regime shifts in
water clarity corresponding with zebra mussel establishment. Considering the 4 water
clarity parameters and 7 Missouri reservoirs with zebra mussel populations, we amounted
a weight of evidence showing that zebra mussel establishment is not consistently
associated with an increase in water clarity. This finding contradicts trends in northern
lakes (Higgins and Vander Zanden 2010) and, to the best of our knowledge, is the first
record of zebra mussels having an undetectable effect on water clarity. In Missouri
reservoirs, epilimnetic temperatures, TSS, PIM, and hypolimnetic dissolved oxygen
concentrations are near, or occasionally exceed, zebra mussel survival thresholds. It is
possible that living in sublethal conditions prevents zebra mussels from establishing
consistently high densities in Missouri reservoirs. This theory was supported by 2019
sampling of 4 invaded reservoirs. We observed zebra mussel densities no greater than
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1,682 mussels m-2 at a single site, over 10 times less than densities in more northern lakes
(Ozersky et al. 2011; North et al. 2013; Knight et al. 2018; Rudstam and Gandino 2020).
Our habitat suitability assessment of Missouri reservoirs shows that invaded reservoirs
were characterized by lower PIM concentrations and cooler epilimnetic temperatures,
which could provide some indication about the parameters limiting zebra mussel
densities. Additional research is needed to confirm whether or not this is the case, but our
findings provide important insights into the impacts of invasive zebra mussels that will
help us better understand their impacts as they continue to expand throughout North
America.
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TABLES
Table 4.1: Characterization for all invaded and reference reservoirs. Latitude and longitude refer to the coordinates near the dam. For
all reservoirs except Bull Shoals, this is where water samples are collected. Maximum depth is based on the dam height of each
reservoir and volume is the volume of each reservoir at full pool. Trophic status was determined from previous work in Missouri
reservoirs (Jones et al. 2008). Flushing rate for Bull Shoals is unknown.

Zebra
Mussel
Reservoirs
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Reference
Reservoirs

Reservoir

Latitude
(°N)

Longitude
(°E)

Ecoregion

Trophic Status

Blue Springs
Bull Shoals
Jacomo
Lake of the
Ozarks
Lotawana
Smithville
Truman
Atkinson
Binder

39.0141
36.5308
38.9931
38.2039

-94.3371
-92.6047
-94.3078
-92.6236

Osage Plains
Ozark Highlands
Osage Plains
Ozark Highlands

38.9353
39.3631
38.2639
38.0064
38.6019
39.3420

-94.2464
-94.5567
-93.4083
-94.0461
-92.3008
-91.1531

39.7961
37.8978
37.1339
37.7324
40.1803
37.3153
40.1714
39.0617
39.7072
38.7353
39.0203
39.7514
39.5223
37.2939
38.6861
37.9017

-93.0283
-90.6275
-90.7722
-90.9145
-91.8269
-93.2300
-92.6548
-93.6700
-91.8619
-90.7619
-90.9217
-92.5150
-91.6467
-93.3142
-94.3583
-93.3200

Bowling Green
Brookfield
Capri
Clearwater
Council Bluff
Deer Ridge
Fellows
Forest
Higginsville
Hunnewell
Kraut Run
Lincoln
Long Branch
Mark Twain
McDaniel
North
Pomme de
Terre

Eutrophic
Mesotrophic
Eutrophic
Eutrophic

Mean
Depth
(m)
4.5
20.4
7.3
12.0

Max.
Depth
(m)
16.2
79.6
22.6
45.1

Surface
Area
(km2)
2.9
194.3
4.3
207.7

Flushing
Rate
(times yr-1)
1.125

Osage Plains
Glacial Plains
Osage Plains
Osage Plains
Ozark Boarder
Glacial Plains

Eutrophic
Eutrophic
Eutrophic
Eutrophic
Eutrophic
Mesotrophic

7.5
6.2
6.8
1.7
6.9
19.5

17.7
32.0
38.4
8.5
14.6
22.3

Glacial Plains
Ozark Highlands
Ozark Highlands
Ozark Highlands
Glacial Plains
Ozark Highlands
Glacial Plains
Glacial Plains
Glacial Plains
Glacial Plains
Glacial Plains
Glacial Plains
Glacial Plains
Ozark Highlands
Osage Plains
Ozark Highlands

Eutrophic
Oligotrophic
Mesotrophic
Oligotrophic
Eutrophic
Mesotrophic
Mesotrophic
Eutrophic
Eutrophic
Eutrophic
Mesotrophic
Eutrophic
Eutrophic
Eutrophic
Eutrophic
Mesotrophic

5.1
8.3
30.9
9.0
3.8
11.3
6.6
2.9
3.5
2.2
14.8
4.3
8.2
5.4
1.9
8.0

13.1
29.6
46.9
33.5
11.6
30.5
20.1
10.4
11.0
6.7
21.0
21.6
34.1
14.6
8.5
47.2

Watershed Volume (km3)
Area (km2)

0.363
2.548

86.7
15633.2
66.8
24993.3

0.013321584
7.416926289
0.031737440
2.491629600

1.9
28.7
217.8
1.9
0.6
0.1

0.425
0.449
2.835
1.196
0.963
0.394

34.6
543.2
18394.7
17.0
15.8
3.4

0.014268897
0.178361208
1.483506396
0.003357533
0.004085286
0.001739207

0.5
8.8
1.7
0.2
2.9
2.3
0.6
1.9
0.8
0.6
0.1
9.9
75.0
1.0
0.2
37.7

0.190
0.228
3.501
0.818
0.553
0.497
0.374
1.291
0.676
3.320
0.477
1.094
1.880
5.583
3.345
1.412

2.7
2337.7
34.6
2.4
51.4
38.3
8.0
17.0
10.3
16.6
4.0
270.7
6086.3
100.5
5.1
1514.8

0.002333744
0.003488281
0.271365600
0.015591187
0.000651277
0.032365282
0.015333390
0.002048810
0.002718590
0.001270484
0.001894625
0.042727747
0.616789339
0.005622202
0.000287401
0.299735640

Shayne
Stockton
Sugar Creek
Table Rock
Viking
Wappapello
Watkins Mill

37.8976
37.6917
39.4736
36.5950
39.9378
36.9311
39.3933

-90.6412
-93.7667
-92.4792
-93.3108
-94.0569
-90.2806
-94.2631

Ozark Highlands
Ozark Highlands
Glacial Plains
Ozark Highlands
Glacial Plains
Ozark Highlands
Glacial Plains

Oligotrophic
Mesotrophic
Eutrophic
Mesotrophic
Mesotrophic
Eutrophic
Eutrophic

10.3
9.8
4.9
20.6
6.5
2.3
7.3

21.9
49.1
14.9
76.8
25.9
12.8
15.8

0.3
112.3
1.3
161.5
2.1
32.5
0.4

0.246
0.755
0.844
0.459
0.383
19.201
0.370

2.1
2974.2
28.7
4852.7
36.5
3363.3
7.8

0.003052863
1.100264160
0.006475770
3.332862960
0.013568280
0.075636994
0.003207048
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Table 4.2: Regime shifts in Secchi disk depth for invaded and reference reservoirs. The year that a regime shift occurs is identified.
When no regime shift occurs in a reservoir, “none” is listed, and when more than one regime shift occurs in a reservoir, multiple years
are listed. The number of years is the mean of all years within each period, and the Mann-Kendall p-value indicates whether a
significant monotonic trend occurred within a period before and/or after a regime shift, or when no regime shift occurred, the entire
data series. When sample size is less than 3, as indicated by “†”, no mean Secchi disk depth nor Mann-Kendall p-value are shown. As
an example, Lake of the Ozarks displayed regime shifts in 1986 and 2007. The number of years (10), mean Secchi disk depth of 1.38,
and Mann-Kendall p-value of 0.59 correspond with the period before 1986. The sample size of 21, mean Secchi disk depth of 1.65,
and Mann-Kendall p-value of 0.65 correspond with the period from 1986 to 2006, and the sample size of 13, mean Secchi disk depth
of 1.25, and the Mann-Kendal p-value of 0.08 correspond with the period from 2007 to 2019. When a significant monotonic trend is
identified (Mann-Kendall <0.05, “*”), the Sen’s slope value identifies the direction and magnitude of the trend.
Reservoir
Zebra Mussel
Reservoirs
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Reference
Reservoirs

Blue Springs
Bull Shoals site 1
Bull Shoals site 2
Jacomo
Lake of the Ozarks
Lotawana
Smithville
Truman
Atkinson
Binder
Bowling Green
Brookfield
Capri
Clearwater
Council Bluff
Deer Ridge
Fellows

Invasion
Year
2014
2006
2006
2014
1999
2006
2007
2011
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a

Regime Shift
Year(s)
none
1996, 2012†
2019†
none
1986, 2007
none
2016
none
2018†
1996
2006
none
2000
2008
2019†
none
2019†

Number of
Mean Secchi
Years
Disk Depth (m)
27
1.12
9, 10, 1
2.41, 4.07
16, 1
3.14
29
1.24
10, 21, 13 1.38, 1.65, 1.25
22
1.42
30, 4
1.01, 0.81
34
1.21
0.52
29, 1
1.11, 0.80
10, 23
1.95, 1.53
18, 14
1.29
32
4.23, 5.07
14, 20
1.91, 1.49
22, 12
3.42
30, 1
1.03
32
2.77
27, 1

Mann-Kendall
p-value

Sen’s Slope
(m yr-1)

0.05*
0.40, 0.59
0.69
0.08

0.01

0.59, 0.65, 0.08
0.48
1, 0.09
0.64
0.28
0.06, 0.05*
0.16, 0.51
0.53
0.23, 0.45
0.23, 0.37
0.09
0.60
0.56

-0.01

-
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Forest
Higginsville
Hunnewell
Kraut Run
Lincoln
Long Branch
Mark Twain
McDaniel
North
Pomme de Terre
Shayne
Stockton
Sugar Creek
Table Rock
Viking
Wappapello
Watkins Mill

n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a

2008, 2019†
2015
2003, 2011
none
none
1992
none
2013
2019†
2008, 2019†
2009
2008
none
1991, 2019†
2012
1999
2018†

21, 11, 1
26, 5
15, 8, 9
26
33
10, 27
32
22, 3
30, 1
23, 11, 1
19, 11
23, 12
34
7, 28, 1
24, 4
13, 21
28, 2

1.39, 1.02
0.64, 0.46
0.90, 1.28, 0.96
0.48
2.23
0.85, 0.64
1.00
1.31, 1.75
0.68
1.80, 1.23
3.00, 4.09
2.94, 1.96
0.82
3.79, 2.19
1.35, 1.79
1.00, 0.78
0.87

1, 0.04*
0.08, 0.81
0.20, 0.90, 0.47
0.71
1
1, 0.36
0.60
0.27, 0.30
0.13
0.56, 0.21
0.75, 1
0.40, 0.84
0.43
0.23, 0.40
0.14, 0.09
0.67, 0.61
0.48

0.04
-

†Indicates that a regime shift was identified in the last 3 years of recorded data. No Mann-Kendall p-value is provided for these dates
because this test requires a minimum of 3 values

Table 4.3: Regime shifts in total suspended solids (TSS) for invaded and reference reservoirs. The year that a regime shift occurs is
identified. When no regime shift occurs in a reservoir, “none” is listed, and when more than one regime shift occurs in a reservoir,
multiple years are listed. The number of years is the mean of all years within each period, and the Mann-Kendall p-value indicates
whether a significant monotonic trend occurred within a period before and/or after a regime shift, or when no regime shift occurred,
the entire data series. When sample size is less than 3, as indicated by “†”, no mean TSS nor Mann-Kendall p-value are. As an
example, Lake of the Ozarks displayed regime shifts in 2007 and 2018. The number of years (28), mean TSS of 5.89, and MannKendall p-value of 0.02 correspond with the period before 2007. The sample size of 11, mean TSS of 7.74, and Mann-Kendall p-value
of 1 correspond with the period from 2007 to 2017. No mean TSS and Mann-Kendall p-value are reported for the period after 2017
because the sample size for this period is less than 3. When a significant monotonic trend is identified (Mann-Kendall <0.05, “*”), the
Sen’s slope value identifies the direction and magnitude of the trend. In the previous Lake of the Ozarks example, a Sen’s slope
calculation was performed on the period before 2007, and a -0.09 mg L-1 yr-1 slope was identified.

Reservoir
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Zebra Mussel
Reservoirs

Reference
Reservoirs

Blue Springs
Jacomo
Lake of the Ozarks
Lotawana
Smithville
Truman
Atkinson
Binder
Bowling Green
Brookfield
Capri
Clearwater
Council Bluff
Deer Ridge
Fellows

Invasion
Year
2014
2014
1999
2006
2007
2011
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a

Regime Shift
Year(s)
none
none
2007, 2018†
2010, 2019†
none
2011
2017†
2007, 2018†
1998, 2019†
none
2000
2005, 2018†
2018†
2010
2019†

Number
of Years
26
27
28, 11, 2
11, 9, 1
34
27, 7
28, 2
20, 10, 2
10, 20, 1
31
13, 20
18, 11, 2
29, 2
21, 10
27, 1

Mean TSS
(mg L-1)
6.49
5.55
5.89, 7.74
5.79, 3.81
8.13
6.60, 7.58
16.09
7.92, 10.74
4.86, 2.91
5.72
1.60, 1.20
3.35, 7.02
1.56
6.71, 9.90
2.29

Mann-Kendall
p-value
0.89
0.29
0.02*, 1
0.76, 0.25
0.03*
0.44, 0.55
0.57
0.38, 0.86
0.79, 0.87
0.06
0.95, 0.47
0.82, 0.64
0.42
0.01*, 0.15
0.82

Sen’s Slope
(mg L-1 yr-1)
-0.09
0.07
-0.30
-
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Forest
Higginsville
Hunnewell
Kraut Run
Lincoln
Long Branch
Mark Twain
McDaniel
North
Pomme de Terre
Shayne
Stockton
Sugar Creek
Table Rock
Viking
Wappapello
Watkins Mill

n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a

2008, 2016
none
none
none
none
none
2019†
2004, 2014†
2013
2008, 2014
2019†
2008, 2015
none
none
none
2010
2018†

20, 8, 4
30
29
26
32
36
31, 1
13, 10, 2
24, 7
22, 6, 6
23, 1
22, 7, 5
31
23
27
23, 9
28, 2

5.57, 11.49, 6.91
14.88
6.81
16.66
3.43
10.58
6.94
4.64, 5.40
11.87, 16.90
3.79, 6.58, 5.04
2.03
2.83, 5.97, 9.34
9.84
2.24
5.73
9.05, 11.52
8.25

0.97, 0.39, 0.31
0.01*
1
0.52
0.05*
0.61
0.68
0.33, 0.47
0.98, 1
0.45, 0.06, 1
0.26
0.35, 0.23, 0.09
0.93
0.63
0.02*
0.03*, 0.25
0.40

0.24
-0.03
-0.10
0.15
-

†Indicates that a regime shift was identified in the last 3 years of recorded data. No Mann-Kendall p-value is provided for these dates
because this test requires a minimum of 3 values

Table 4.4: Regime shifts in particulate inorganic matter (PIM) for invaded and reference reservoirs. The year that a regime shift
occurs is identified. When no regime shift occurs in a reservoir, “none” is listed, and when more than one regime shift occurs in a
reservoir, multiple years are listed. The number of years is the mean of all years within each period, and the Mann-Kendall p-value
indicates whether a significant monotonic trend occurred within a period before and/or after a regime shift, or when no regime shift
occurred, the entire data series. When sample size is less than 3, as indicated by “†”, no mean POM nor Mann-Kendall p-value are
shown. As an example, Lake of the Ozarks does not display a regime shift in PIM. The number of years (41), mean PIM of 3.63, and
Mann-Kendall p-value of 0.16 correspond with the entire period. When a significant monotonic trend is identified (Mann-Kendall
<0.05, “*”), the Sen’s slope value identifies the direction and magnitude of the trend.

Reservoir
Zebra Mussel
Reservoirs
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Blue Springs
Jacomo
Lake of the Ozarks
Lotawana
Smithville
Truman

0.03*

Sen’s Slope
(mg L-1 yr-1)
-0.06
-

246

3.20

Mann-Kendall
p-value
0.16, 0.46
0.88, 0.21
0.16
1, 0.01*
0.84
0.32, 0.76

246

31, 1

Mean PIM
(mg L-1)
3.05, 2.33
2.84, 1.66
3.63
3.02, 1.15
4.42
3.99, 4.15

246

2019†

Number
of Years
22, 5
11, 16, 1
41
10, 11
34
27, 7

246

n/a

Regime Shift
Year(s)
2014
2001, 2019†
none
2009
none
2011

246

246

246

246

Binder

Invasion
Year
2014
2014
1999
2006
2007
2011

-0.06
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Bowling Green
Brookfield
Capri
Clearwater
Council Bluff
Deer Ridge
Fellows
Forest
Higginsville
Hunnewell
Kraut Run
Lincoln
Long Branch
Mark Twain
McDaniel
North
Pomme de Terre
Shayne
Stockton
Sugar Creek
Table Rock
Viking
Wappapello
Watkins Mill

n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a

none
2001, 2018†
none
2005, 2014
none
2002
none
2008
none
2003, 2019†
none
none
none
none
2004, 2014†
2019†
2008, 2018†
2008, 2018†
2009, 2015
2014
none
none
2009, 2019†
1997, 2018†

32
13, 16, 2
33
18, 9, 6
31
13, 18
28
20, 12
30
14, 16, 1
26
32
36
32
13, 10, 2
30, 1
22, 10, 2
18, 10, 2
23, 6, 5
26, 5
29
27
22, 10, 1
9, 19, 2

1.68
3.99, 3.23
0.60
2.01, 4.25, 2.42
0.68
4.83, 2.55
0.85
4.11, 6.71
10.08
3.82, 2.38
6.57
1.70
7.43
4.22
1.56, 2.11
5.74
1.20, 2.14
1.44, 0.71
1.30, 3.00, 4.93
5.80, 4.59
0.94
3.50
4.19, 6.01
5.67, 4.15

0.01*
0.62, 0.30
0.01*
0.94, 0.18, 0.71
0.45
0.50, 0.26
0.06
0.72, 0.15
0.46
0.38, 0.26
0.35
0.01*
1
0.59
0.27, 0.37
0.75
0.01*, 0.01*
0.45, 0.03*
0.75, 1, 0.09
0.19, 1
0.46
0.01*
0.40, 0.37
0.60, 0.02*

-0.04
-0.01
-0.03
-0.04, -0.22
-0.05
-0.07
0.10

†Indicates that a regime shift was identified in the last 3 years of recorded data. No Mann-Kendall p-value is provided for these dates
because this test requires a minimum of 3 values

Table 4.5: Regime shifts in chlorophyll-a uncorrected for pheophytin (chl-a) for invaded and reference reservoirs. The year that a
regime shift occurs is identified. When no regime shift occurs in a reservoir, “none” is listed, and when more than 1 regime shift
occurs in a reservoir, multiple years are listed. The number of years is the mean of all years within each period, and the Mann-Kendall
p-value indicates whether a significant monotonic trend occurred within a period before and/or after an regime shift, or when no
regime shift occurred, the entire data series. When sample size is less than 3, as indicated by “†”, no mean chl-a nor Mann-Kendall pvalue are shown. As an example, Lake of the Ozarks displayed regime shifts in 2007 and 2018. The number of years (31), mean chl-a
of 15.58, and Mann-Kendall p-value of 0.03 correspond with the period before 2007. The sample size of 11, mean chl-a of 23.34, and
Mann-Kendall p-value of 0.88 correspond with the period from 2007 to 2017. No mean chl-a and Mann-Kendall p-value are reported
for the period after 2017 because the sample size for this period is less than 3. When a significant monotonic trend is identified (MannKendall <0.05, “*”), the Sen’s slope value identifies the direction and magnitude of the trend. In the previous Lake of the Ozarks
example, a Sen’s slope calculation was performed on the period before 2007, and a 0.16 µg L-1 yr-1 slope was identified.

Reservoir
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Zebra Mussel
Reservoirs

Reference
Reservoirs

Blue Springs
Bull Shoals site 1
Bull Shoals site 2
Jacomo
Lake of the Ozarks
Lotawana
Smithville
Truman
Atkinson
Binder
Bowling Green
Brookfield
Capri
Clearwater
Council Bluff

Invasion
Year
2014
2006
2006
2014
1999
2006
2007
2011
n/a
n/a
n/a
n/a
n/a
n/a
n/a

Regime Shift
Year(s)
2019†
none
none
none
2007
none
2012
2005, 2018†
none
2009, 2018†
none
2011
none
none
2018†

Sample
Size
20, 1
12
17
20
21, 13
15
16, 8
9, 12, 1
23
13, 8, 2
24
13, 9
24
24
22, 2

Mean Chl-a
(µg L-1)
18.53
3.68
4.04
15.53
14.46, 20.42
16.67
18.35, 27.26
13.64, 20.09
41.21
28.42, 52.45
6.53
8.87, 5.77
1.58
6.27
2.22

Mann-Kendall
p-value
0.13
0.45
0.84
0.21
0.02*, 0.43
0.69
0.30, 0.54
0.05*, 0.45
0.38
0.10, 1
0.73
1, 0.40
0.01*
0.33
0.05*

Sen’s Slope
(µg L-1 yr-1)
0.25
1.10
0.03
-0.04
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Deer Ridge
Fellows
Forest
Higginsville
Hunnewell
Kraut Run
Lincoln
Long Branch
Mark Twain
McDaniel
North
Pomme de Terre
Shayne
Stockton
Sugar Creek
Table Rock
Viking
Wappapello
Watkins Mill

n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a
n/a

2009, 2018†
none
2006, 2016
2010, 2019†
2012
2004
none
none
none
2019†
2015
2019†
2014
2008, 2019†
2019†
2019†
2015†
none
2018†

11, 9, 2
21
7, 10, 4
12, 9, 1
14, 8
8, 11
23
24
21
21, 1
19, 5
23, 1
17, 6
12, 11, 1
22, 1
23, 1
18, 1
24
20, 2

13.22, 39.99
4.68
4.22, 9.03, 5.67
28.48, 54.71
17.69, 27.44
48.59, 82.19
4.55
18.30
17.11
15.05
47.88, 81.69
15.88
1.22, 1.75
7.24, 19.12
23.96
11.45
7.96
29.85,
18.99

0.88, 0.75
0.86
0.37, 0.86, 1
0.03*, 0.47
0.08, 0.06
0.06, 0.76
0.46
0.13
0.83
0.45
0.09, 0.81
0.56
0.23, 0.13
0.45, 0.64
0.26
1
1
0.08
0.09

2.12
-

†Indicates that a regime shift was identified in the last 3 years of recorded data. No Mann-Kendall p-value is provided for these dates
because this test requires a minimum of 3 values

Table 4.6: Zebra mussel density and biomass from 4 invaded Missouri reservoirs. Density (individuals m-2) and biomass (live weight,
g m-2) are means of all sampling sites within each reservoir. Standard error is also reported. Mussels were collected in the summer of
2019.
Invaded Reservoir
Bull Shoals

Number of Sampling Sites
58

Density (mussels m-2)
1.75 ± 1.07

Biomass (g m-2)
2.28 ± 1.54

Lake of the Ozarks

58

64.72 ± 32.42

6.69 ± 2.83

Lotawana

11

2.34 ± 1.77

0.20 ± 0.14

Smithville

36

25.76 ± 14.92

10.10 ± 10.10
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Table 4.7: Parameters considered for habitat suitability using a principal component analysis (PCA). The top number is the mean for
each reservoir, while the bottom number in parentheses is the range (min-max). Temperature and dissolved oxygen (DO) are means of
the epilimnion, while total suspended solids (TSS) and particulate inorganic matter (PIM) were measured from surface water samples.
We report ratio of PIM to POM as a natural log, ln(PIM):ln(POM), to reduce bias associate with calculating the mean from ratios.
Anoxia depth is the depth at which DO concentrations are below 1 mg L-1. For Bull Shoals, only site 1 was included in the habitat
suitability analysis because no temperature nor dissolved oxygen data exists for Bull Shoals site 2.

253
Reference
Reservoirs

Reservoir

Mixing
Depth (m)

Epilimnetic
Temperature (°C)

Epilimnetic
DO (mg L-1)

Anoxia Depth
(m)

TSS (mg L-1)

PIM (mg L-1)

PIM:POM

Bull Shoals
site 1

5.18
(4.13–6.13)

27.30
(24.05–31.07)

8.3
(7.3–9.4)

8.44
(8.00–9.33)

3.32
(2.77–4.13)

1.45
(0.63–2.13)

-0.44
(-1.41–0.21)

Jacomo

3.81
(2.89–5.05)

26.11
(23.24–29.55)

8.1
(7.4–8.8)

6.15
(5.00–7.00)

5.55
(2.50–9.87)

2.15
(1.10–4.48)

-0.51
(-1.40–0.08)

Lotawana

4.23
(3.11–6.15)

25.96
(22.72–29.33)

7.7
(5.5–8.7)

6.43
(6.00–7.125)

4.72
(1.19–8.40)

2.04
(0.66–6.30)

-0.46
(-1.54–1.03)

Lake of the
Ozarks

7.75
(2.00–14.61)

25.88
(21.61–29.68)

7.4
(3.8–13.2)

11.79
(6.00–23.50)

6.37
(3.50–11.89)

3.63
(1.35–8.55)

-0.68
(-1.77–0.50)

Smithville

5.35
(3.64–10.30)

25.73
(22.92–28.13)

7.7
(4.8–10.5)

7.71
(5.00–11.00)

8.13
(4.65–20.40)

4.42
(2.20–6.99)

0.25
(-0.48–1.12)

Truman

5.41
(1.01–8.21)

25.98
(21.27–29.31)

7.4
(4.7–11.5)

7.73
(5.00–9.67)

6.80
(3.60–13.68)

4.02
(1.43–10.13)

0.18
(-0.96–1.49)

Atkinson

1.82
(0.96–2.86)

27.85
(23.67–33.00)

7.4
(4.1–10.1)

3.57
(2.50–5.80)

15.71
(7.47–30.93)

9.14
(3.55–19.37)

0.26
(-0.84–1.07)

Binder

2.65
(1.59–3.80)

26.14
(23.79–28.81)

7.4
(4.1–9.5)

3.91
(3.13–5.00)

8.85
(4.00–15.70)

3.14
(1.05–10.47)

-0.70
(-2.37–1.07)

Bowling
Green

2.35
(1.48–5.51)

25.16
(22.8–28.9)

7.5
(4.8–10.2)

6.35
(3.38–14.50)

3.55
(1.55–12.20)

1.68
(0.55–8.43)

-0.37
(-1.33–0.81)

Brookfield

3.07
(2.14–4.27)

25.30
(21.56–27.66)

7.6
(5.3–10.2)

5.46
(4.33–7.50)

5.66
(2.77–9.07)

3.59
(1.53–5.83)

0.56
(-0.03–1.16)

Capri

4.57
(2.75–5.95)

25.58
(23.26–28.09)

7.9
(5.2–10.8)

15.01
(8.00–20.00)

1.36
(0.80–2.90)

0.60
(0.20–1.80)

-0.38
(-1.40–1.30)

Clearwater

3.73
(1.50–5.79)

26.82
(21.44–30.12)

8.2
(4.9–11.9)

6.87
(4.00–9.00)

4.32
(2.27–9.10)

2.74
(1.13–6.77)

0.38
(-0.55–0.85)

Council
Bluff

3.43
(1.38–5.39)

25.73
(21.21–30.94)

7.5
(4.9–10.0)

10.02
(4.50–20.00)

1.47
(0.88–2.15)

0.68
(0.33–1.20)

-0.31
(-1.12–0.57)

Deer Ridge

1.57
(1.10–2.30)

26.43
(22.67–31.20)

7.4
(4.9–10.6)

3.28
(2.25–5.63)

7.74
(2.57–12.73)

3.51
(074–8.67)

-0.40
(-1.51–0.80)

Fellows

3.99
(2.50–5.51)

26.04
(22.79–29.58)

8.1
(5.1–10.8)

9.44
(5.00–14.00)

2.37
(1.63–3.27)

0.91
(0.33–1.60)

-0.60
(-1.81–0.00)

Forest

2.91
(1.97–4.16)

25.50
(21.63–29.72)

7.7
(5.1–9.7)

5.96
(4.50–7.33)

6.89
(2.90–14.40)

5.08
(1.80–11.63)

0.94
(0.15–1.98)

Higginsville

2.34
(1.08–3.75)

26.40
(20.52–30.67)

6.9
(2.2–11.4)

3.83
(2.50–6.00)

15.44
(7.83–50.60)

10.08
(4.63–41.67)

0.54
(-0.56–1.77)

Hunnewell

2.24
(1.54–3.44)

25.88
(22.43–29.08)

8.0
(4.9–11.1)

3.95
(3.00–4.75)

6.77
(3.34–11.38)

3.07
(0.93–5.25)

-0.21
(-1.09–0.83)

Kraut Run

1.76
(0.50–2.44)

27.56
(24.18–30.54)

7.9
(4.4–11.3)

3.13
(2.50–4.00)

16.85
(10.80–28.57)

6.57
(3.43–19.63)

-0.53
(-1.23–0.41)

Lincoln

2.05
(1.24–3.44)

26.29
(22.41–29.03)

7.6
(4.7–10.4)

5.63
(2.17–10.33)

3.28
(1.58–17.83)

1.70
(0.50–13.17)

-0.23
(-1.05–1.02)

Long
Branch

3.77
(0.77–6.37)

24.98
(19.96–29.79)

7.1
(5.0–10.8)

6.59
(4.83–9.25)

10.58
(4.05–32.62)

7.42
(2.60–22.60)

0.76
(-0.36–1.73)

Mark Twain

4.09
(1.35–6.45)

25.45
(22.0–28.77)

7.6
(4.8–11.5)

8.89
(4.00–14.50)

6.99
(3.10–15.80)

4.22
(1.00–13.20)

0.20
(-0.93–1.60)
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McDaniel

2.54
(1.13–3.50)

26.42
(22.72–29.26)

8.0
(4.6–12.9)

5.45
(3.00–28.00)

4.96
(2.58–7.50)

1.81
(0.45–3.63)

-0.67
(-1.75–-0.09)

North

1.90
(1.27–2.87)

26.42
(22.49–29.04)

7.4
(4.1–11.0)

3.27
(2.50–4.50)

13.01
(4.87–21.73)

5.84
(2.37–14.55)

-0.33
(-1.46–0.73)

Pomme de
Terre

5.00
(2.77–7.70)

26.79
(23.54–29.75)

8.0
(4.9–11.9)

8.15
(5.33–12.00)

4.50
(2.70–8.13)

1.48
(0.59–3.82)

-0.86
(-1.57–0.02)

Shayne

3.41
(2.20–4.77)

26.38
(23.58–29.25)

7.7
(5.0–10.2)

13.00
(9.50–16.00)

1.92
(0.98–3.13)

1.18
(0.35–2.30)

0.33
(-1.57–1.15)

Stockton

6.98
(4.43–9.39)

26.21
(22.66–29.50)

8.4
(5.6–10.8)

11.18
(7.25–15.75)

4.43
(1.55–11.89)

2.13
(0.53–6.61)

-0.35
(-1.26–0.81)

Sugar Creek

2.38
(1.14–3.95)

26.11
(22.59–31.58)

8.6
(7.9–10.4)

5.14
(3.70–7.00)

9.84
(7.23–13.80)

5.57
(3.90–7.62)

0.25
(-0.22–0.95)

Table Rock

5.52
(2.50–7.05)

26.64
(20.78–30.59)

8.9
(6.4–11.4)

9.30
(6.75–12.00)

2.31
(0.96–4.70)

0.94
(0.23–2.93)

-0.51
(-2.46–1.01)

Viking

6.13
(1.85–27.35)

24.77
(8.05–29.00)

7.2
(5.0–9.2)

6.85
(4.50–10.00)

5.41
(3.03–10.20)

3.50
(1.90–7.60)

0.56
(-0.30–1.10)

Wappapello

2.26
(0.75–4.83)

27.52
(24.00–31.20)

8.3
(4.4–12.8)

4.60
(2.50–8.50)

9.80
(3.77–15.80)

4.70
(1.73–8.70)

-0.09
(-0.75–0.67)

Watkins
Mill

2.59
(1.03–3.99)

26.09
(20.78–29.47)

7.5
(5.5–9.8)

4.35
(3.00–8.00)

8.02
(4.40–12.28)

4.47
(1.50–8.63)

0.17
(-0.61–0.89)

FIGURES

Figure 4.1: Boxplots showing parameters of water clarity for Blue Springs Reservoir.
The box shows the 25–75% quartile with median bar, while the upper (lower) lines show
the highest (lowest) values that are not considered outliers, which are indicated by black
circles. Secchi disk depth (Secchi), total suspended solids (TSS), particulate inorganic
matter (PIM), and chlorophyll-a uncorrected for pheophytin (chl-a) are shown. Vertical,
dashed lines indicate where a regime shift was identified. Gray shading show the
probable invasion period for zebra mussels, with the right edge of the box indicating the
year when zebra mussels were first observed.
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Figure 4.2: Boxplots showing parameters of water clarity at 2 sites in Bull Shoals
Reservoir. The box shows the 25–75% quartile with median bar, while the upper (lower)
lines show the highest (lowest) values that are not considered outliers which are indicated
by black circles. Monitoring at site 1 (A), which is closer to the dam than site 2 (B),
ended in 2012. Secchi disk depth (Secchi), and chlorophyll-a uncorrected for pheophytin
(chl-a) are shown. Vertical, dashed lines indicate where a regime shift was identified.
Gray boxes show the probable invasion period for zebra mussels, with the right edge of
the box indicating the year when zebra mussels were first observed.
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Figure 4.3: Boxplots showing parameters of water clarity in Jacomo Reservoir. The box
shows the 25–75% quartile with median bar, while the upper (lower) lines show the
highest (lowest) values that are not considered outliers. Secchi disk depth (Secchi), total
suspended solids (TSS), particulate inorganic matter (PIM), and chlorophyll-a
uncorrected for pheophytin (chl-a) are shown. Vertical, dashed lines indicate where a
regime shift was identified. Gray boxes show the probable invasion period for zebra
mussels, with the right edge of the box indicating the year when zebra mussels were first
observed.
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Figure 4.4: Boxplots showing parameters of water clarity in Lake of the Ozarks. The box
shows the 25–75% quartile with median bar, while the upper (lower) lines show the
highest (lowest) values that are not considered outliers, which are indicated by black
circles. Secchi disk depth (Secchi), total suspended solids (TSS), particulate inorganic
matter (PIM), and chlorophyll-a uncorrected for pheophytin (chl-a) are shown. Vertical,
dashed lines indicate where a regime shift was identified. Gray boxes show the probable
invasion period for zebra mussels, with the right edge of the box indicating the year when
zebra mussels were first observed.
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Figure 4.5: Boxplots showing parameters of water clarity in Lotawana Reservoir. The
box shows the 25–75% quartile with median bar, while the upper (lower) lines show the
highest (lowest) values that are not considered outliers, which are indicated by black
circles. Secchi disk depth (Secchi), total suspended solids (TSS), particulate inorganic
matter (PIM), and chlorophyll-a uncorrected for pheophytin (chl-a) are shown. Vertical,
dashed lines indicate where a regime shift was identified. Gray boxes show the probable
invasion period for zebra mussels, with the right edge of the box indicating the year when
zebra mussels were first observed.
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Figure 4.6: Boxplots showing parameters of water clarity in Smithville Reservoir. The
box shows the 25–75% quartile with median bar, while the upper (lower) lines show the
highest (lowest) values that are not considered outliers, which are indicated by black
circles. Secchi disk depth (Secchi), total suspended solids (TSS), particulate inorganic
matter (PIM), and chlorophyll-a uncorrected for pheophytin (chl-a) are shown. Vertical,
dashed lines indicate where a regime shift was identified. Gray boxes show the probable
invasion period for zebra mussels, with the right edge of the box indicating the year when
zebra mussels were first observed.
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Figure 4.7: Boxplots showing parameters of water clarity in Truman Reservoir. The box
shows the 25–75% quartile with median bar, while the upper (lower) lines show the
highest (lowest) values that are not considered outliers, which are indicated by black
circles. Secchi disk depth (Secchi), total suspended solids (TSS), particulate inorganic
matter (PIM), and chlorophyll-a uncorrected for pheophytin (chl-a) are shown. Vertical,
dashed lines indicate where a regime shift was identified. Gray boxes show the probable
invasion period for zebra mussels, with the right edge of the box indicating the year when
zebra mussels were first observed.

263

Figure 4.8: Correlation-based principal component analysis (PCA) biplot. The first
principal component explains 50.1 % of the variation in this dataset, while the second
component explains 33.7 %. Vectors represent environmental parameters that could
influence zebra mussel survival and density. Vector length reflects the amount of
variance in the dataset explained by each environmental parameter. Dissolved oxygen
and temperature were measured in the epilimnion, while particulate inorganic matter
measurements were made in surface water. Anoxia depth is the depth where dissolved
oxygen measurements drop below 1 mg L-1. Each point represents mean long-term
conditions in each study reservoir. Bull Shoals site 2 is not depicted because it lacks
dissolved oxygen, temperature, mixing depth, and anoxia depth data. Reservoirs that have
been invaded by zebra mussels are indicated by black circles while reservoirs with no
known zebra mussels are shown with grey circles.
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CHAPTER 5
EXECUTIVE SUMMARY
Freshwater ecosystems are under threat now more than ever. Anthropogenically
derived stressors have resulted in greater biodiversity losses in freshwater compared to
marine and terrestrial environments (Collen et al., 2009). As we proceed further into the
21st century, threats to water quality will include traditional issues like pollution, changes
in land use, harmful cyanobacterial blooms, regulated flow regimes, the introduction of
invasive species, and climate change, but also emerging threats like microplastics and
engineered nanomaterials (Dudgeon et al., 2019). The interactions between stressors also
pose unique challenges that may not have occurred previously (Craig et al., 2017).
Growing human populations will only increase the pressure to stressors resulting from
these threats (Settele et al., 2014), especially as the availability of high quality freshwater
resources declines (Vӧrӧsmarty et al., 2013). Two threats to freshwater systems, harmful
cyanobacterial blooms and invasive zebra mussels (Dreissena polymorpha), are
investigated in this dissertation.
Harmful cyanobacterial blooms have been increasing in frequency and magnitude
in recent decades, largely from anthropogenically derived eutrophication and climate
change (Paerl and Huisman, 2008; O’Neil et al., 2012; Huisman et al., 2018).
Cyanobacterial blooms are unsightly and pose a health risk because of the secondary
metabolites called cyanotoxins that they sometimes produce (Grosse et al., 2006). Due to
cyanotoxins, freshwater resources are often closed to the public when blooms occur.
Decreased property values, beach closures, interupted drinking water facilities, and lost
recreational opportunities put financial strain on local economies (Dodds et al., 2009;
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Bingham et al., 2015; Carmichael and Boyer, 2016). Cyanobacterial blooms have
resulted in wildlife mortality (Miller et al., 2010), livestock and pet deaths (Van Halderen
et al., 1995; Backer et al., 2013), and human fatalities (Carmichael et al., 2001). For
humans, routes of cyanotoxin exposure can be through swallowing small amounts of
water while swimming (Lévesque et al., 2014), inhalation of cyanotoxin aerosols (Cheng
et al., 2007), consumption of contaminated food items such as fish (Poste et al., 2011) or
produce irrigated with contaminated water (Corbel et al., 2016). Due to the associated
health risks of harmful cyanobacterial blooms, a lot of research has been conducted into
ways to manage cyanobacteria in freshwater systems.
A variety of techniques and strategies exist for mitigating harmful cyanobacterial
blooms and the cyanobacteria that are the primary freshwater cause of these blooms
(Ibelings et al., 2016). Many of these focus on reducing external nutrient loading
(Sharpley et al., 2000). These strategies can be effective over the long term, but there are
instances when a quick reduction in cyanobacteria is required (Osgood, 2017). Nutrient
reductions may also not be feasible in some areas, such as in the agriculturally dominated
Midwest. In Chapter 2, we tested a novel geoengineering strategy designed to reduce
cyanobacteria by limiting light availability. We applied a fine particulate called glacial
rock flour to 11,000 L mesocosm tanks that were dominated by either cyanobacteria or
chlorophytes. The glacial rock flour we used was composed of 70.7 % silt and 11.2 %
clay, and a large portion of it remained floating or in suspension for 24 hours. After 9
consecutive days of glacial rock flour additions, we observed a 77.9 % decline in
cyanobacteria in tanks that began the experiment with cyanobacteria dominated
communities, and a 49.4 % decline in cyanobacteria in tanks that began the experiment
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with chlorophyte dominated communities. Cyanobacteria were mostly replaced by
cryptophytes, which are more nutritious and highly sought after by planktivores
(Stemberger and Gilbert, 1985; Sarnelle, 1993). Cryptophytes are flagellated mixotrophs
that can supplement their energetic and nutritional requirements through heterotrophy
(Porter, 1988; Urabe et al., 2000) and have been found at high densities in other low-light
environments such as perennially ice-covered Antarctic lakes (Marshall and LaybournParry, 2002). Previously, cyanobacteria were viewed as the primary beneficiaries relative
to other taxa in the phytoplankton community of reduced light availability (Brauer et al.,
2012), but our study suggests that functional traits, like mixotrophy or possessing
flagella, enable cryptophytes to thrive under low-light conditions. While glacial rock
flour might not be a feasible management strategy in large systems due to the large
quantity of glacial rock flour required for daily additions, our experiment demonstrated
that light can be a viable management strategy for cyanobacteria even in the presence of
high nutrient concentrations.
Cyanotoxins can accumulate in the tissues of aquatic organisms where they can
then be transferred to higher trophic levels like fish, which can also be exposed to
cyanotoxins dissolved in water (Smith and Haney, 2006; Sieroslawska et al., 2012). The
accumulation of cyanotoxins in fish can pose a health risk for anglers who consume the
fish they catch (Poste et al., 2011). In Chapter 3, we examined accumulation of the
cyanotoxin microcystin in the fillets, livers and kidneys of 2 recreationally valuable
sportfish, bluegill (Lepomis macrochirus) and largemouth bass (Micropterus salmoides).
We measured water quality parameters, including microcystin in water, and microcystin
in fish over a 12-month period to see if we could identify the factors driving microcystin
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accumulation in fish tissues. We found that the date when fish were collected was the
most important factor in determining microcystin in fish tissues. When date was
removed, microcystin concentrations in the water were a significant predictor for all
species and tissue type combinations, but often explained little of the variation in fish
microcystin concentrations. Microcystin concentrations were highest in April and May
for fillets and kidneys, before decreasing throughout the rest of the year. The higher
microcystin concentrations we observed in spring could be due to some behavioral or
physiological fish response to spawning, although this relationship requires further
investigation. Our findings suggest that date when fish are caught could be an important
factor in assessing microcystin in fish and might be an important consideration for
managers setting consumption advisories. Of the 31 water parameters and fish
characteristics that we examined besides fish harvest date, only water microcystin
emerged as a significant predictor for more than a single model. Even then, the models it
was part of contained low R2-adj and did not explain much of the variation in fish
microcystin. We did not find a proxy for microcystin in fillets, livers, and kidneys among
fish characteristics and water parameters, suggesting that there is not a quick, easy
indicator to assess which fish are safe to consume. Bluegill had significantly higher
microcystin concentrations than did largemouth bass, which is consistent with literature
showing that microcystin often decreases as trophic level increases (Ibelings et al., 2005).
That we observed microcystin concentrations in fish throughout the study, even while
microcystin in the water was never measured above 0.95 µg L-1, suggests that low but
persistent exposure to microcystin can lead to accumulation in fish tissues. Based on the
highest microcystin concentrations from a fillet in our study, and assuming daily
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consumption over the course of several weeks, a child would have to consume 105.3 g
and an adult would have to consume 789.5 g of fish every day to exceed microcystin
consumption guidelines (Ibelings and Chorus, 2007). To the best of our knowledge, this
is the first study to look at microcystin in fish from the Great Plains, and one of only a
few studies that quantifies microcystin concentrations in the tissues of bluegill and
largemouth bass.
Zebra mussels were first observed in North America in 1986 in Lake Erie
(Carlton, 2008). Since then, they have spread as far west as California and as far south as
Texas, although their current North American range is mostly confined to east of the
Rocky Mountains (Benson et al., 2021). Throughout their current range, they have
formed dense populations associated with a dramatic increase in water clarity, especially
in the upper Midwest (Higgins and Vander Zanden, 2010). In Chapter 4, we looked at the
effects of zebra mussels on water clarity along this filter feeder’s southern extant. Zebra
mussels were first observed in Missouri reservoirs in 2001 and since then, there has been
no formal assessment of their effects on water clarity. In the 7 reservoirs we examined,
we did not observe a consistent increase in water clarity corresponding with zebra mussel
invasion that was greater than the interannual variability of these systems (Jones et al.,
2020). In 3 of these reservoirs, our assessment was wspecially robust as we had at least
11 years pre- and post- invasion data. Zebra mussels are unable to maintain high densities
in Missouri like they do at northern latitudes. Lower mussel densities mean that the
collective filtering capacity of this filter feeder would not be as high. In 2019, we
sampled zebra mussel densities in 4 invaded reservoirs. The highest densities we
observed were 64.7 mussels m-2, much lower than in lakes in more northern latitudes,
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where densities can be as high as 30,000 mussels m -2 (North et al., 2013). Densities may
be lower in Missouri because numerous environmental parameters, including water
temperature (McMahon, 1996), suspended inorganic solids (Lei et al., 1996), and
dissolved oxygen concentrations (Karatayev et al., 1998) could all be near the limits of
this species’ tolerable range. Species survival declines as more parameters near its
tolerable limits, causing that species increased physiological stress (Lockwood et al.,
2013). We performed a habitat suitability assessment by comparing conditions in invaded
and non-invaded reservoirs to see if we could detect any factors influencing zebra
mussels. Low concentrations of particulate inorganic materials and cooler epilimnetic
temperatures were characteristic of invaded reservoirs. While preliminary and requiring
additional study, this analysis suggests that these parameters may be limiting zebra
mussel densities in Missouri reservoirs. To the best of our knowledge, this is the first
study to assess the impacts of zebra mussels in Missouri and its results will inform the
potential impacts this invader will have as it continues to spread throughout North
America.
This work investigates several aquatic threats and their relationship to light,
including harmful cyanobacterial blooms, the transfer of cyanotoxins into fish, and
invasive zebra mussels. As harmful cyanobacterial blooms continue to increase in
frequency and magnitude, the need for a variety of mitigation strategies will be necessary
to accommodate a variety of settings and situations (Ibelings et al., 2016). Reducing light
availability, which has previously not recieved enough research, should be considered as
cyanobacterial bloom management strategy in situations where a quick reduction in
cyanobacterial biomass is necessary or it is not feasible to reduce external nutrient
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loading (Osgood, 2017). Mitigating cyanobacterial blooms will help reduce cyanotoxins
in the environment, but knowing how cyanotoxins accumulate throughout the food web
will continue to be important to ensure the safety of humans and animals (Ibelings and
Chorus, 2007). Zebra mussels, which are having dramatic impacts at more northern
latitudes, are not increasing water clarity nor light penetration in Missouri. This could be
because conditions in Missouri reservoirs are sub-optimal and prevent zebra mussels
from achieving the densities, and reaching the collective filtering capacity, they have
reached in areas where they have previously invaded (Higginds and Vander Zanden,
2010). Understanding how aquatic resources are impacted by threats helps managers
prioritize scarce resources and assess how threats will affect other systems. As increasing
human populations continue to put pressure on freshwater resources (Settele et al., 2014),
maintaining high water quality for aquatic life and human use will continue as a primary
challenge for scientists and managers.
The objective of this dissertation was to examine how changes in light influence
phytoplankton. Our null hypothesis was that light does not control phytoplankton
biomass and our alternative hypothesis was that light does control phytoplankton biomass
independent of nutrient concentrations, water temperature, and grazing. In chapter 2, we
showed that decreased light does lead to a reduction in algal biomass. Increased light
availability, resulting from increased grazing by invasive zebra mussels, did not result in
an impact to the phytoplankton community in chapter 3. In chapter 4, light contributed to
the growth of cyanobacteria and subsequent microcystin production. We found that low
but persistent concentrations of microcystin can result in accumulation in fish tissues.
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APPENDIX 1
TABLES
Table A1.1: Glacial rock flour (GRF) elemental composition, separated by major and
minor elements.
Major Elemental Composition
SiO2
Al2O3
Fe2O3
MnO
MgO
CaO
Na2O
K2O
TiO2
P2O5

Percent Composition
52.02%
16.61%
9.67%
0.17%
4.82%
8.58%
1.94%
0.75%
0.55%
0.10%

Minor Elemental Composition
Sc
V
Cr
Co
Ni
Cu
Zn
S
Ga
Ge
Rb
Sr
Y
Zr
Nb
Cs
Ba
La
Ce
Pr
Nd
Sm
Eu
Gd
Tb

0.0041%
0.0232%
0.002%
0.0027%
0.0011%
0.0078%
0.0092%
0.113%
0.0017%
0.00010%
0.0009%
0.0131%
0.00223%
0.0028%
0.00008
0.00009%
0.0144%
0.0002477%
0.0006800%
0.0001143%
0.0006367%
0.0002327%
0.00007673%
0.000301%
0.000056%
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Dy
Ho
Er
Tm
Yb
Lu
Hf
Ta
Th
U

0.000377%
0.000082%
0.000241%
0.0000353%
0.000245%
0.0000525%
0.00009%
0.000005%
0.000031%
0.000024%
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Table A1.2: Taxonomic composition of phytoplankton within each mesocosm tank. Finest taxonomic identification was down to
genus (Guiry and Guiry, 2020). Rare taxa, which are defined as those which total less than 5% of total phytoplankton density in each
tank, are excluded. Biovolume (BV) and percent composition is given for all genera that comprise more than 5% of the total
phytoplankton biovolume in each tank. Phytoplankton were sampled on day 0 and day 9 in chlorophyte-dominated (n= 6),
cyanophyte-dominated (n= 8) and control (n= 3) mesocosm tanks.
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Day

Tank

Experimental
Group

Functional Group

Division

Genus

Percent
Composition

BV (mm3 L-1)

0

1

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Raphidiopsis sp.

35.6

26.89

0

1

CyanophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

22.1

16.70

0

1

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Aphanizomenon sp.

17.4

13.18

0

1

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Dolichospermum
sp.

12.5

9.47

0

2

Control

Cryptophyta and
Dinoflagellates

Miozoa

Ceratium sp.

34.1

0.38

0

2

Control

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

28.9

0.32

0

2

Control

Chlorophyta

Chlorophyta

Sphaerocystis sp.

5.6

0.06

0

3

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Miozoa

Peridinium sp.

30.4

0.19

0

3

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

24.6

0.16

0

3

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Plagioselmis sp.

16.3

0.10

0

3

ChlorophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Microcystis sp.

7.3

0.05

0

4

ChlorophyteDominated

Chlorophyta

Chlorophyta

Oocystis sp.

86.9

3.02

0

4

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

8.0

0.28

0

5

ChlorophyteDominated

Chlorophyta

Chlorophyta

Oocystis sp.

44.3

0.76

0

5

ChlorophyteDominated

Non-toxin Producing
Cyanophyta

Cyanobacteria

Planktolyngbya sp.

14.1

0.24

0

5

ChlorophyteDominated

Non-toxin Producing
Cyanophyta

Cyanobacteria

Merismopedia sp.

10.7

0.18

0

5

ChlorophyteDominated

Chlorophyta

Chlorophyta

Tetraedron sp.

9.1

0.15

0

6

ChlorophyteDominated

Chlorophyta

Chlorophyta

Oocystis sp.

52.9

2.62

0

6

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Miozoa

Ceratium sp.

14.7

0.73

0

6

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

8.3

0.41

0

7

CyanophyteDominated

Chrysophyta

Ochrophyta

Ochromonas sp.

32.9

7.27

0

7

CyanophyteDominated

Non-toxin Producing
Cyanophyta

Cyanobacteria

Planktolyngbya sp.

25.5

5.63

0

7

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Aphanizomenon sp.

17.0

3.77

0

7

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Cylindrospermopsis
sp.

11.4

2.53

0

8

ChlorophyteDominated

Chrysophyta

Haptophyta

Chrysochromulina
sp.

29.2

0.76

0

8

ChlorophyteDominated

Chlorophyta

Chlorophyta

Oocystis sp.

20.1

0.52

0

8

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

14.5

0.38

0

8

ChlorophyteDominated

Non-toxin Producing
Cyanophyta

Cyanobacteria

Planktolyngbya sp.

11.5

0.30

0

8

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Plagioselmis sp.

6.5

0.17

0

9

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Aphanizomenon sp.

39.6

30.92

0

9

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Planktothrix sp.

22.3

17.42

0

9

CyanophyteDominated

Non-toxin Producing
Cyanophyta

Cyanobacteria

Pseudanabaena sp.

13.8

10.81

0

9

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Dolichospermum
sp.

8.1

6.34

0

9

CyanophyteDominated

Non-toxin Producing
Cyanophyta

Cyanobacteria

Limnothrix sp.

6.8

5.31

0

10

Control

Chlorophyta

Chlorophyta

Scenedesmus sp.

35.8

0.94

0

10

Control

Cryptophyta and
Dinoflagellates

Cryptophyta

Plagioselmis sp.

18.2

0.48

0

10

Control

Chrysophyta

Haptophyta

Chrysochromulina
sp.

12.9

0.34

0

10

Control

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

12.0

0.31

0

10

Control

Chrysophyta

Ochrophyta

Ochromonas sp.

6.6

0.17

0

11

CyanophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

39.3

2.70

0

11

CyanophyteDominated

Chlorophyta

Chlorophyta

Scenedesmus sp.

30.7

2.11

0

11

CyanophyteDominated

Non-toxin Producing
Cyanophyta

Cyanobacteria

Planktolyngbya sp.

10.1

0.70

0

12

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Aphanizomenon sp.

49.4

30.37

0

12

CyanophyteDominated

Non-toxin Producing
Cyanophyta

Cyanobacteria

Pseudanabaena sp.

25.5

15.68

0

12

CyanophyteDominated

Non-toxin Producing
Cyanophyta

Cyanobacteria

Limnothrix sp.

9.3

5.72

0

12

CyanophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

5.4

3.35

0

13

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Aphanizomenon sp.

42.5

3.59

0

13

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Dolichospermum
sp.

22.9

1.93

0

13

CyanophyteDominated

Chlorophyta

Chlorophyta

Scenedesmus sp.

5.1

0.43

0

13

CyanophyteDominated

Non-toxin Producing
Cyanophyta

Cyanobacteria

Cuspidothrix sp.

12.6

1.07

0

13

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Microcystis sp.

9.6

0.81

0

14

ChlorophyteDominated

Chlorophyta

Chlorophyta

Sphaerocystis sp.

17.5

0.33

0

14

ChlorophyteDominated

Chlorophyta

Chlorophyta

Chlorella sp.

12.5

0.24

0

14

ChlorophyteDominated

Chlorophyta

Chlorophyta

Scenedesmus sp.

12.0

0.23

0

14

ChlorophyteDominated

Chrysophyta

11.4

0.22

0

14

ChlorophyteDominated

Chrysophyta

Haptophyta

Chrysochromulina
sp.

10.2

0.20

0

14

ChlorophyteDominated

Chlorophyta

Chlorophyta

Oocystis sp.

8.4

0.16

Bacillariophyta Cyclotella sp.

0

14

ChlorophyteDominated

Chrysophyta

Ochrophyta

Ochromonas sp.

6.3

0.12

0

14

ChlorophyteDominated

Chlorophyta

Chlorophyta

Chlamydomonas
sp.

5.5

0.11

0

15

Control

Chlorophyta

Chlorophyta

Tetraedron sp.

78.5

7.73

0

16

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Dolichospermum
sp.

73.4

10.83

0

16

CyanophyteDominated

Chlorophyta

Chlorophyta

Crucigenia sp.

7.0

1.04

0

16

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Microcystis sp.

5.7

0.84

0

17

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Dolichospermum
sp.

56.7

8.51

0

17

CyanophyteDominated

Chlorophyta

Chlorophyta

Desmodesmus sp.

15.5

2.33

0

17

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Microcystis sp.

14.5

2.18

9

1

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Raphidiopsis sp.

34.0

10.41

9

1

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Aphanizomenon sp.

28.0

8.59

9

1

CyanophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

11.7

3.58

9

1

CyanophyteDominated

Chlorophyta

Chlorophyta

Vitreochlamys sp.

9.9

3.02

9

1

CyanophyteDominated

Non-toxin Producing
Cyanophyta

Cyanobacteria

Pseudanabaena sp.

6.1

1.87

9

2

Control

Cryptophyta and
Dinoflagellates

Miozoa

Ceratium sp.

52.9

0.70

9

2

Control

Cryptophyta and
Dinoflagellates

Miozoa

Gymnodinium sp.

13.9

0.18

9

2

Control

Cryptophyta and
Dinoflagellates

Cryptophyta

Plagioselmis sp.

9.4

0.12

9

3

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

57.4

0.58

9

3

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Plagioselmis sp.

16.6

0.17

9

3

ChlorophyteDominated

Chrysophyta

Ochrophyta

Ochromonas sp.

8.5

0.09

9

4

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

38.4

0.46

9

4

ChlorophyteDominated

Chlorophyta

Chlorophyta

Oocystis sp.

31.7

0.38

9

4

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Rhodomonas sp.

15.8

0.19

9

5

ChlorophyteDominated

Chlorophyta

Chlorophyta

Sphaerocystis sp.

22.4

0.30

9

5

ChlorophyteDominated

Chlorophyta

Chlorophyta

Oocystis sp.

16.3

0.22

9

5

ChlorophyteDominated

Chlorophyta

Chlorophyta

Drepanochloris sp.

15.6

0.21

9

5

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Rhodomonas sp.

15.7

0.21

9

6

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

63.5

2.33

9

6

ChlorophyteDominated

Chlorophyta

Chlorophyta

Oocystis sp.

14.5

0.53

9

6

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Rhodomonas sp.

10.3

0.38

9

7

CyanophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

93.0

114.00

9

8

ChlorophyteDominated

Chrysophyta

Haptophyta

Chrysochromulina
sp.

69.4

3.09

9

8

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

13.6

0.61

9

9

CyanophyteDominated

Non-toxin Producing
Cyanophyta

Cyanobacteria

Planktothrix sp.

35.2

7.13

9

9

CyanophyteDominated

Non-toxin Producing
Cyanophyta

Cyanobacteria

Pseudanabaena sp.

24.8

5.02

9

9

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Aphanizomenon sp.

10.5

2.12

9

10

Control

Chlorophyta

Chlorophyta

Scenedesmus sp.

32.9

0.77

9

10

Control

Cryptophyta and
Dinoflagellates

Cryptophyta

Plagioselmis sp.

25.8

0.60

9

10

Control

Chrysophyta

Haptophyta

Chrysochromulina
sp.

24.0

0.56

9

10

Control

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

5.9

0.14

9

10

Control

Chlorophyta

Chlorophyta

Pandorina sp.

5.2

0.12

9

11

CyanophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

49.9

6.50

9

11

CyanophyteDominated

Chlorophyta

Chlorophyta

Scenedesmus sp.

19.6

2.56

9

11

CyanophyteDominated

Chrysophyta

18.4

2.40

9

12

CyanophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

91.9

24.66

9

13

CyanophyteDominated

Chlorophyta

Chlorophyta

Scenedesmus sp.

52.6

0.17

9

13

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Aphanizomenon sp.

17.4

0.06

9

13

CyanophyteDominated

Chlorophyta

Chlorophyta

Monoraphidium sp.

6.5

0.02

9

13

CyanophyteDominated

Non-toxin Producing
Cyanophyta

Cyanobacteria

Eucapsis sp.

7.2

0.02

9

14

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

20.2

0.76

9

14

ChlorophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Plagioselmis sp.

14.2

0.53

Bacillariophyta Cyclotella sp.

9

14

ChlorophyteDominated

Chrysophyta

Haptophyta

Chrysochromulina
sp.

13.7

0.51

9

14

ChlorophyteDominated

Chlorophyta

Chlorophyta

Sphaerocystis sp.

12.3

0.46

9

14

ChlorophyteDominated

Non-toxin Producing
Cyanophyta

Cyanobacteria

Planktolyngbya sp.

9.7

0.36

9

14

ChlorophyteDominated

Chrysophyta

Ochrophyta

Ochromonas sp.

6.2

0.23

9

14

ChlorophyteDominated

Chrysophyta

5.6

0.21

9

14

ChlorophyteDominated

Chlorophyta

Chlorophyta

Scenedesmus sp.

5.6

0.21

9

15

Control

Chlorophyta

Chlorophyta

Tetraedron sp.

68.7

2.92

9

15

Control

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Microcystis sp.

10.0

0.42

9

15

Control

Chlorophyta

Chlorophyta

Crucigenia sp.

5.1

0.22

9

16

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Dolichospermum
sp.

30.6

1.10

9

16

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Aphanizomenon sp.

22.1

0.80

Bacillariophyta Cyclotella sp.

9

16

CyanophyteDominated

Non-toxin Producing
Cyanophyta

Cyanobacteria

Planktolyngbya sp.

19.5

0.70

9

16

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Microcystis sp.

5.1

0.18

9

17

CyanophyteDominated

Chlorophyta

Chlorophyta

Desmodesmus sp.

40.9

3.17

9

17

CyanophyteDominated

Cryptophyta and
Dinoflagellates

Cryptophyta

Cryptomonas sp.

17.3

1.35

9

17

CyanophyteDominated

Non-toxin Producing
Cyanophyta

Cyanobacteria

Planktolyngbya sp.

13.6

1.05

9

17

CyanophyteDominated

Chlorophyta

Chlorophyta

Scenedesmus sp.

5.1

0.39

9

17

CyanophyteDominated

Potentially Toxigenic
Cyanophyta

Cyanobacteria

Microcystis sp.

7.3

0.57

9

17

CyanophyteDominated

Euglenophyta

Euglenophyta

Euglena sp.

6.9

0.54

Table A1.3: Phytoplankton categorization based on functional group. Phytoplankton
were identified to genus and placed into one of six functional groups: potentially
toxigenic cyanophyta (Chapman and Foss 2019), non-toxin producing cyanophyta,
chlorophyta, euglenophyta, cryptophyta and dinoflagellates, and chrysophyta, including
bacillariophytes, chrysophytes, ochrophytes, and haptophytes.
Division
Cyanobacteria

Genus
Aphanizomenon sp.

Functional Group
potentially toxigenic
cyanophyta

Cyanobacteria

Cylindrospermopsis sp.

potentially toxigenic
cyanophyta

Cyanobacteria

Dolichospermum sp.

potentially toxigenic
cyanophyta

Cyanobacteria

Microcystis sp.

potentially toxigenic
cyanophyta

Cyanobacteria

Planktothrix sp.

potentially toxigenic
cyanophyta

Cyanobacteria

Raphidiopsis sp.

potentially toxigenic
cyanophyta

Cyanobacteria

Anathece sp.

non-toxin producing
cyanophyta

Cyanobacteria

Aphanocapsa sp.

non-toxin producing
cyanophyta

Cyanobacteria

Chroococcus sp.

non-toxin producing
cyanophyta

Cyanobacteria

Cuspidothrix sp.

non-toxin producing
cyanophyta

Cyanobacteria

Cyanodictyon sp.

non-toxin producing
cyanophyta

Cyanobacteria

Eucapsis sp.

non-toxin producing
cyanophyta

Cyanobacteria

Limnothrix sp.

non-toxin producing
cyanophyta

Cyanobacteria

Merismopedia sp.

non-toxin producing
cyanophyta
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Cyanobacteria

Planktolyngbya sp.

non-toxin producing
cyanophyta

Cyanobacteria

Pseudanabaena sp.

non-toxin producing
cyanophyta

Cyanobacteria

Snowella sp.

non-toxin producing
cyanophyta

Chlorophyta

Actinastrum sp.

chlorophyta

Chlorophyta

Ankyra sp.

chlorophyta

Chlorophyta

Asterococcus sp.

chlorophyta

Chlorophyta

Chlamydomonas sp.

chlorophyta

Chlorophyta

Chlorella sp.

chlorophyta

Chlorophyta

Chlorogonium sp.

chlorophyta

Chlorophyta

Coelastrum sp.

chlorophyta

Chlorophyta

Cosmarium sp.

chlorophyta

Chlorophyta

Crucigenia sp.

chlorophyta

Chlorophyta

Desmodesmus sp.

chlorophyta

Chlorophyta

Dictyosphaerium sp.

chlorophyta

Chlorophyta

Drepanochloris sp.

chlorophyta

Chlorophyta

Elakatothrix sp.

chlorophyta

Chlorophyta

Golenkiniopsis sp.

chlorophyta

Chlorophyta

Kirchneriella sp.

chlorophyta

Chlorophyta

Monoraphidium sp.

chlorophyta

Chlorophyta

Oocystis sp.

chlorophyta

Chlorophyta

Pandorina sp.

chlorophyta

Chlorophyta

Pedinomonas sp.

chlorophyta

Chlorophyta

Scenedesmus sp.

chlorophyta

Chlorophyta

Sphaerocystis sp.

chlorophyta

Chlorophyta

Tetraedron sp.

chlorophyta

Chlorophyta

Tetrastrum sp.

chlorophyta
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Chlorophyta

Treubaria sp.

chlorophyta

Chlorophyta

Vitreochlamys sp.

chlorophyta

Euglenophyta

Euglena sp.

euglenophyta

Miozoa

Ceratium sp.

cryptophyta and
dinoflagellates

Cryptophyta

Chroomonas sp.

cryptophyta and
dinoflagellates

Cryptophyta

Cryptomonas sp.

cryptophyta and
dinoflagellates

Miozoa

Gymnodinium sp.

cryptophyta and
dinoflagellates

Miozoa

Peridinium sp.

cryptophyta and
dinoflagellates

Cryptophyta

Plagioselmis sp.

cryptophyta and
dinoflagellates

Cryptophyta

Rhodomonas sp.

cryptophyta and
dinoflagellates

Bacillariophyta

Achnanthidium sp.

chrysophyta (including
bacillariophytes,
chrysophytes,
ochrophytes, and
haptophytes)

Ochrophyta

Chromulina sp.

chrysophyta (including
bacillariophytes,
chrysophytes,
ochrophytes, and
haptophytes)

Haptophyta

Chrysochromulina sp.

chrysophyta (including
bacillariophytes,
chrysophytes,
ochrophytes, and
haptophytes)

Bacillariophyta

Cocconeis sp.

chrysophyta (including
bacillariophytes,

293

chrysophytes,
ochrophytes, and
haptophytes)
Bacillariophyta

Cyclotella sp.

chrysophyta (including
bacillariophytes,
chrysophytes,
ochrophytes, and
haptophytes)

Bacillariophyta

Eunotia sp.

chrysophyta (including
bacillariophytes,
chrysophytes,
ochrophytes, and
haptophytes)

Bacillariophyta

Fragilaria sp.

chrysophyta (including
bacillariophytes,
chrysophytes,
ochrophytes, and
haptophytes)

Bacillariophyta

Geissleria sp.

chrysophyta (including
bacillariophytes,
chrysophytes,
ochrophytes, and
haptophytes)

Bacillariophyta

Gomphonema sp.

chrysophyta (including
bacillariophytes,
chrysophytes,
ochrophytes, and
haptophytes)

Ochrophyta

Mallomonas sp.

chrysophyta (including
bacillariophytes,
chrysophytes,
ochrophytes, and
haptophytes)

Bacillariophyta

Nitzschia sp.

chrysophyta (including
bacillariophytes,
chrysophytes,
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ochrophytes, and
haptophytes)
Ochrophyta

Ochromonas sp.

chrysophyta (including
bacillariophytes,
chrysophytes,
ochrophytes, and
haptophytes)

Bacillariophyta

Planothidium sp.

chrysophyta (including
bacillariophytes,
chrysophytes,
ochrophytes, and
haptophytes)

Bacillariophyta

Rhoicosphenia sp.

chrysophyta (including
bacillariophytes,
chrysophytes,
ochrophytes, and
haptophytes)

Bacillariophyta

Rhopalodia sp.

chrysophyta (including
bacillariophytes,
chrysophytes,
ochrophytes, and
haptophytes)

Bacillariophyta

Staurosira sp.

chrysophyta (including
bacillariophytes,
chrysophytes,
ochrophytes, and
haptophytes)

Bacillariophyta

Stephanodiscus sp.

chrysophyta (including
bacillariophytes,
chrysophytes,
ochrophytes, and
haptophytes)
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Table A1.4: Taxonomic composition of zooplankton within each tank. Zooplankton were
sampled on days 0 and 9 in chlorophyte-dominated (n= 6), cyanophyte-dominated (n= 9), and
control (n= 3) tanks. Copepods were classified as adults or nauplii. Cladocerans were identified
to genus, except those in the family Chydoridae (Thorpe and Covich, 2001).
Day
#

Tank
#

Experimental
Group

Division

0

1

CyanophyteDominated

0

1

0

Taxonomic
Classification

Percent
Composition

Abundance
(individuals L-1)

Copepoda
(adult)

66.67

13.51

CyanophyteDominated

Copepoda
(nauplii)

30.95

6.27

1

CyanophyteDominated

Cladocera

2.38

0.48

0

2

Control

Copepoda
(nauplii)

31.02

12.95

0

2

Control

Copepoda
(adult)

28.52

11.90

0

2

Control

Cladocera

Ceriodaphnia sp.

38.34

16.00

0

2

Control

Cladocera

Diaphanosoma
sp.

2.12

0.88

0

3

ChlorophyteDominated

Cladocera

Diaphanosoma
sp.

28.98

5.71

0

3

ChlorophyteDominated

Copepoda
(adult)

32.65

6.43

0

3

ChlorophyteDominated

Copepoda
(nauplii)

23.67

4.66

0

3

ChlorophyteDominated

Cladocera

Ceriodaphnia sp.

13.47

2.65

0

3

ChlorophyteDominated

Cladocera

Chydoridae

0.82

0.16

Diaphanosoma
sp.
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0

3

ChlorophyteDominated

Cladocera

Simocephalus sp.

0.41

0.08

0

4

ChlorophyteDominated

Cladocera

Ceriodaphnia sp.

83.41

84.52

0

4

ChlorophyteDominated

Copepoda
(adult)

8.33

8.44

0

4

ChlorophyteDominated

Copepoda
(nauplii)

6.90

7.00

0

4

ChlorophyteDominated

Cladocera

1.35

1.37

0

5

ChlorophyteDominated

Copepoda
(nauplii)

66.01

118.86

0

5

ChlorophyteDominated

Cladocera

Ceriodaphnia sp.

16.53

29.76

0

5

ChlorophyteDominated

Cladocera

Diaphanosoma
sp.

8.98

16.16

0

5

ChlorophyteDominated

Copepoda
(adult)

8.49

15.28

0

6

ChlorophyteDominated

Cladocera

37.97

24.61

0

6

ChlorophyteDominated

Copepoda
(adult)

33.62

21.79

0

6

ChlorophyteDominated

Copepoda
(nauplii)

23.70

15.36

0

6

ChlorophyteDominated

Cladocera

4.71

3.06

0

7

CyanophyteDominated

Copepoda
(adult)

62.26

278.66

0

7

CyanophyteDominated

Copepoda
(nauplii)

33.51

149.99

Diaphanosoma
sp.

Ceriodaphnia sp.

Diaphanosoma
sp.
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0

7

CyanophyteDominated

Cladocera

Diaphanosoma
sp.

2.32

10.37

0

7

CyanophyteDominated

Cladocera

Ceriodaphnia sp.

1.89

8.44

0

7

CyanophyteDominated

Cladocera

Chydoridae

0.02

0.08

0

8

ChlorophyteDominated

Copepoda
(adult)

51.56

35.79

0

8

ChlorophyteDominated

Copepoda
(nauplii)

32.10

22.28

0

8

ChlorophyteDominated

Cladocera

Ceriodaphnia sp.

11.82

8.20

0

8

ChlorophyteDominated

Cladocera

Diaphanosoma
sp.

2.90

2.01

0

8

ChlorophyteDominated

Cladocera

Chydoridae

1.62

1.13

0

9

CyanophyteDominated

Cladocera

Ceriodaphnia sp.

49.50

217.38

0

9

CyanophyteDominated

Copepoda
(nauplii)

31.07

136.48

0

9

CyanophyteDominated

Copepoda
(adult)

18.48

81.15

0

9

CyanophyteDominated

Cladocera

Diaphanosoma
sp.

0.95

4.18

0

10

Control

Cladocera

Ceriodaphnia sp.

45.38

8.69

0

10

Control

Copepoda
(adult)

28.15

5.39

0

10

Control

Copepoda
(nauplii)

25.63

4.91

0

10

Control

Cladocera

0.84

0.16

Diaphanosoma
sp.
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0

11

CyanophyteDominated

Copepoda
(nauplii)

37.28

15.68

0

11

CyanophyteDominated

Copepoda
(adult)

35.56

14.96

0

11

CyanophyteDominated

Cladocera

Ceriodaphnia sp.

26.20

11.02

0

11

CyanophyteDominated

Cladocera

Diaphanosoma
sp.

0.96

0.40

0

12

CyanophyteDominated

Cladocera

Ceriodaphnia sp.

70.64

142.19

0

12

CyanophyteDominated

Copepoda
(adult)

16.86

33.94

0

12

CyanophyteDominated

Copepoda
(nauplii)

11.87

23.89

0

12

CyanophyteDominated

Cladocera

0.64

1.29

0

13

CyanophyteDominated

Copepoda
(adult)

39.26

51.47

0

13

CyanophyteDominated

Cladocera

32.70

42.86

0

13

CyanophyteDominated

Copepoda
(nauplii)

13.99

18.34

0

13

CyanophyteDominated

Cladocera

Diaphanosoma
sp.

7.85

10.29

0

13

CyanophyteDominated

Cladocera

Ceriodaphnia sp.

4.42

5.79

0

13

CyanophyteDominated

Cladocera

Simocephalus sp.

1.78

2.33

0

14

ChlorophyteDominated

Copepoda
(nauplii)

49.33

20.59

Diaphanosoma
sp.

Chydoridae
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0

14

ChlorophyteDominated

Copepoda
(adult)

38.54

16.08

0

14

ChlorophyteDominated

Cladocera

Ceriodaphnia sp.

8.48

3.54

0

14

ChlorophyteDominated

Cladocera

Diaphanosoma
sp.

3.47

1.45

0

14

ChlorophyteDominated

Cladocera

Simocephalus sp.

0.19

0.08

0

15

Control

Copepoda
(nauplii)

41.09

62.33

0

15

Control

Cladocera

35.31

53.56

0

15

Control

Copepoda
(adult)

17.92

27.18

0

15

Control

Cladocera

Diaphanosoma
sp.

5.46

8.28

0

15

Control

Cladocera

Chydoridae

0.11

0.16

0

15

Control

Cladocera

Simocephalus sp.

0.11

0.16

0

16

CyanophyteDominated

Copepoda
(nauplii)

49.67

103.91

0

16

CyanophyteDominated

Copepoda
(adult)

45.25

94.66

0

16

CyanophyteDominated

Cladocera

Diaphanosoma
sp.

2.77

5.79

0

16

CyanophyteDominated

Cladocera

Ceriodaphnia sp.

2.31

4.83

0

17

CyanophyteDominated

Copepoda
(adult)

70.56

143.96

0

17

CyanophyteDominated

Copepoda
(nauplii)

26.37

53.80

Ceriodaphnia sp.
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0

17

CyanophyteDominated

Cladocera

Ceriodaphnia sp.

2.36

4.83

0

17

CyanophyteDominated

Cladocera

Diaphanosoma
sp.

0.71

1.45

9

1

CyanophyteDominated

Copepoda
(nauplii)

79.76

181.59

9

1

CyanophyteDominated

Copepoda
(adult)

20.24

46.08

9

2

Control

Cladocera

48.62

22.60

9

2

Control

Copepoda
(adult)

28.72

13.35

9

2

Control

Copepoda
(nauplii)

22.15

10.29

9

2

Control

Cladocera

0.52

0.24

9

3

ChlorophyteDominated

Copepoda
(adult)

33.33

4.83

9

3

ChlorophyteDominated

Cladocera

Ceriodaphnia sp.

26.11

3.78

9

3

ChlorophyteDominated

Cladocera

Diaphanosoma
sp.

21.11

3.06

9

3

ChlorophyteDominated

Copepoda
(nauplii)

19.44

2.81

9

4

ChlorophyteDominated

Cladocera

38.94

3.54

9

4

ChlorophyteDominated

Copepoda
(nauplii)

30.09

2.73

9

4

ChlorophyteDominated

Copepoda
(adult)

28.32

2.57

9

4

ChlorophyteDominated

Cladocera

2.65

0.24

Ceriodaphnia sp.

Diaphanosoma
sp.

Ceriodaphnia sp.
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9

5

ChlorophyteDominated

Copepoda
(adult)

37.33

11.02

9

5

ChlorophyteDominated

Copepoda
(nauplii)

31.34

9.25

9

5

ChlorophyteDominated

Cladocera

Diaphanosoma
sp.

24.80

7.32

9

5

ChlorophyteDominated

Cladocera

Ceriodaphnia sp.

5.45

1.61

9

5

ChlorophyteDominated

Cladocera

Daphnia sp.

1.09

0.32

9

6

ChlorophyteDominated

Copepoda
(adult)

51.82

33.21

9

6

ChlorophyteDominated

Copepoda
(nauplii)

30.11

19.30

9

6

ChlorophyteDominated

Cladocera

Ceriodaphnia sp.

17.19

11.02

9

6

ChlorophyteDominated

Cladocera

Diaphanosoma
sp.

0.88

0.56

9

7

CyanophyteDominated

Copepoda
(adult)

52.07

7.08

9

7

CyanophyteDominated

Cladocera

23.08

3.14

9

7

CyanophyteDominated

Copepoda
(nauplii)

18.34

2.49

9

7

CyanophyteDominated

Cladocera

Diaphanosoma
sp.

4.73

0.64

9

7

CyanophyteDominated

Cladocera

Chydoridae

1.78

0.24

9

8

ChlorophyteDominated

Copepoda
(nauplii)

55.79

19.38

Ceriodaphnia sp.
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9

8

ChlorophyteDominated

Copepoda
(adult)

32.41

11.26

9

8

ChlorophyteDominated

Cladocera

Ceriodaphnia sp.

7.64

2.65

9

8

ChlorophyteDominated

Cladocera

Diaphanosoma
sp.

2.78

0.97

9

8

ChlorophyteDominated

Cladocera

Chydoridae

1.39

0.48

9

9

CyanophyteDominated

Cladocera

Ceriodaphnia sp.

53.98

58.87

9

9

CyanophyteDominated

Copepoda
(adult)

27.65

30.16

9

9

CyanophyteDominated

Copepoda
(nauplii)

17.33

18.90

9

9

CyanophyteDominated

Cladocera

Diaphanosoma
sp.

1.03

1.13

9

10

Control

Cladocera

Ceriodaphnia sp.

43.71

21.23

9

10

Control

Copepoda
(nauplii)

28.48

13.83

9

10

Control

Copepoda
(adult)

27.48

13.35

9

10

Control

Cladocera

0.33

0.16

9

11

CyanophyteDominated

Copepoda
(adult)

48.82

39.97

9

11

CyanophyteDominated

Copepoda
(nauplii)

30.06

24.61

9

11

CyanophyteDominated

Cladocera

Ceriodaphnia sp.

20.43

16.73

9

11

CyanophyteDominated

Cladocera

Diaphanosoma
sp.

0.69

0.56

Diaphanosoma
sp.
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9

12

CyanophyteDominated

Copepoda
(nauplii)

34.46

27.83

9

12

CyanophyteDominated

Copepoda
(adult)

33.37

26.94

9

12

CyanophyteDominated

Cladocera

Ceriodaphnia sp.

31.37

25.33

9

12

CyanophyteDominated

Cladocera

Diaphanosoma
sp.

0.80

0.64

9

13

CyanophyteDominated

Cladocera

Chydoridae

53.59

27.02

9

13

CyanophyteDominated

Copepoda
(adult)

23.92

12.06

9

13

CyanophyteDominated

Cladocera

Ceriodaphnia sp.

9.73

4.91

9

13

CyanophyteDominated

Cladocera

Diaphanosoma
sp.

8.61

4.34

9

13

CyanophyteDominated

Cladocera

Simocephalus sp.

0.32

0.16

9

13

CyanophyteDominated

Copepoda
(nauplii)

3.83

1.93

9

14

ChlorophyteDominated

Copepoda
(nauplii)

59.34

23.00

9

14

ChlorophyteDominated

Copepoda
(adult)

34.85

13.51

9

14

ChlorophyteDominated

Cladocera

Diaphanosoma
sp.

2.90

1.13

9

14

ChlorophyteDominated

Cladocera

Ceriodaphnia sp.

1.45

0.56

9

14

ChlorophyteDominated

Cladocera

Chydoridae

1.24

0.48
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9

14

ChlorophyteDominated

Cladocera

Simocephalus sp.

0.21

0.08

9

15

Control

Cladocera

Ceriodaphnia sp.

78.50

188.83

9

15

Control

Copepoda
(nauplii)

10.67

25.65

9

15

Control

Copepoda
(adult)

8.86

21.31

9

15

Control

Cladocera

Diaphanosoma
sp.

1.94

4.66

9

15

Control

Cladocera

Chydoridae

0.03

0.08

9

16

CyanophyteDominated

Copepoda
(adult)

16.44

29.60

9

16

CyanophyteDominated

Cladocera

2.23

4.02

9

16

CyanophyteDominated

Copepoda
(nauplii)

1.21

2.17

9

16

CyanophyteDominated

Cladocera

0.54

0.97

9

17

CyanophyteDominated

Copepoda
(adult)

69.21

124.57

9

17

CyanophyteDominated

Copepoda
(nauplii)

8.76

15.76

9

17

CyanophyteDominated

Cladocera

Ceriodaphnia sp.

1.43

2.57

9

17

CyanophyteDominated

Cladocera

Diaphanosoma
sp.

0.18

0.32

Ceriodaphnia sp.

Diaphanosoma
sp.
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FIGURES

Figure A1.1: Experimental mesocosm tank set up. The trees in the distance are over 100
m away.
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Figure A1.2: Comparison of the light environment in tanks that received varying
amounts of glacial rock flour (GRF). PAR ratio (0.5 m water/air reading) measured in
mesocosm tanks that received 0, 5, 10, and 20 kg of GRF. The light ratio was determined
by dividing photosynthetically active radiation (PAR) measurements made at 0.5 m depth
by PAR measurements from above the water’s surface in the air. Bars with the same
letter indicate that no significant difference exists between experimental groups while
bars with different letters indicate that there is a significant difference in PAR between
groups. We found no significant difference in PAR among tanks that received 5, 10, and
20 kg of GRF (Kruskal-Wallis p>0.05). In this dosing experiment, each experimental
group consisted of 2 tanks that were not used in the larger, 9-day experiment.
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Figure A1.3: Slope plots for parameters in experimental mesocosm tanks. Temperature,
total suspended solids (TSS), particulate inorganic matter (PIM), particulate organic
matter (POM), mean mixed layer irradiance (Ē24), and microcystin are presented.
Vertical, dashed lines represent measurements taken on day 0 and day 9. Sloped lines
represent the change in each parameter for chlorophyte dominated (Chlo, black, dashed
line, n= 6), cyanophyte-dominated (Cyan, light gray solid, line, n= 8), and control (Cont,
dark gray, dotted line, n= 3) mesocosm tanks. Values to the right of each label are the
mean of all tanks within that group.
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Figure A1.4: Slope plots for chemical parameters in experimental mesocosm tanks. Total
phosphorus (TP), total nitrogen (TN), total dissolved phosphorus (TDP), total dissolved
nitrogen (TDN), the natural log ratio of TN to TP (TN:TP), ammonium (NH4+), dissolved
organic carbon (DOC), and nitrate (NO3-) are presented. Vertical, dashed lines represent
measurements taken on day 0 and day 9. Sloped lines represent the change in each
parameter for chlorophyte dominated (Chlo, black, dashed line, n= 6), cyanophytedominated (Cyan, light gray, solid line, n= 8), and control (Cont, dark gray, dotted line,
n= 3) mesocosm tanks. Values to the right of each label are the mean of all tanks within
that group.
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Figure A1.5: Slope plots for phytoplankton and chlorophyll-a concentrations (Chl-a) in
experimental mesocosm tanks. Vertical, dashed lines represent measurements taken on
day 0 and day 9. Sloped lines represent the change in each parameter for chlorophyte
dominated (Chlo, black, dashed line, n= 6), cyanophyte-dominated (Cyan, light gray,
solid line, n= 8), and control (Cont, dark gray, dotted line, n= 3) mesocosm tanks. Values
to the right of each label are the mean of all tanks within that group.
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Figure A1.6: Slope plots for phytoplankton physiology parameters in experimental
mesocosm tanks. Maximum quantum yield of photosystem II (φPSII), gross primary
productivity normalized to chlorophyll-a (GPPB), light saturation threshold normalized to
chlorophyll-a (EkB), alpha normalized to chlorophyll-a (αB), light deficiency parameter
(Ē24/Ek), and maximum relative electron transport rate (rETRMAX) are presented. Vertical,
dashed lines represent measurements taken on day 0 and day 9. Sloped lines represent the
change in each parameter for chlorophyte dominated (Chlo, black, dashed line, n= 6),
cyanophyte-dominated (Cyan, light gray, solid line, n= 8), and control (Cont, dark gray,
dotted line, n= 3) mesocosm tanks. Values to the right of each label are the mean of all
tanks within that group.
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Figure A1.7: Slope plots for zooplankton in experimental mesocosm tanks. Vertical,
dashed lines represent measurements taken on day 0 and day 9. Sloped lines represent the
change in each parameter for chlorophyte dominated (Chlo, black, dashed line, n= 6),
cyanophyte-dominated (Cyan, light gray, solid line, n= 8), and control (Cont, dark gray,
dotted line, n= 3) mesocosm tanks. Values to the right of each label are the mean of all
tanks within that group.
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APPENDIX 2
SUPPLEMENTARY METHODOLOGY
Bathymetric measurements
We created a bathymetric map of the reservoir in the summer of 2017 using a
Lowrance Elite 7 TI sonar (Figure S1). Continuous, geolocated readings were compiled
using ReefMaster software with a depth resolution of 0.01 m.
Phytoplankton identification and enumeration methodology
Phytoplankton samples were collected 4 times in 2017, including June 16, August
11, October 30, and December 17. In 2018, phytoplankton were collected on 16 dates
including June 21, June 29, July 2, July 11, July 16, July 27, August 1, August 6, August
17, August 20, August 28, September 5, September 12, September 21, September 26, and
October 3. We used a peristaltic pump to collect composite water samples from the
surface to one meter above the mixing depth under stratified conditions, or when the
reservoir was isothermal, from the surface to one meter above the sediment. A ~200 mL
subset of the water sample was preserved with Lugol’s in an amber glass bottle.
Phytoplankton were identified to species using an inverted microscope and the Ütermohl
method (Karlsson 2003; Komarek and Anagnostidis 2008a; Komarek and Anagnostidis
2008b; Lund et al. 1958; Wehr et al. 2015; John et al. 2017). Phytoplankton were allowed
to settle until no phytoplankton were observed in at least 15 fields from subsamples taken
from the midpoint of the settling chamber. Phytoplankton were counted at 225× for larger
cell and 900× for small cells. Cell biovolume estimates from the first 300 natural units
were based on measurements from 30 cells in each taxon and were calculated using the
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formula of Hillebrand et al. (1999). Samples collected in 2017 were identified and
enumerated by the University of Vermont Rubenstein Ecosystem Science Laboratory.
Samples from 2018 were identified and enumerated by H.J. Kling (Algal Taxonomy and
Ecology).
Correlation between microcystin and length
We looked for correlations in microcystin and fish length for all 3 tissue types and
both fish species. Length did not follow a normal distribution (Shapiro-Wilk p< 0.05)
and was not homoscedastic (Levene’s test p< 0.05) even after transformation. For these
reasons, a Spearman’s rank correlation test was selected to measure correlations between
length and microcystin in muscles (bluegill n= 89, largemouth bass n= 116), livers
(bluegill n= 88, largemouth bass n= 116), and kidneys (bluegill n= 73, largemouth bass
n= 108).
The relationship between fish length and microcystin in muscles, livers, and
kidneys was assessed with a Spearman’s rank correlation test for both bluegill and
largemouth bass (Table S3). For bluegill, no significant correlation between length and
microcystin was identified in muscles, livers, nor kidneys. For largemouth bass, no
significant correlation was identified between length and liver microcystin, but a
significant, negative correlation was identified for length and microcystin in muscles (p=
0.002, rho= -0.28) and in kidneys (p= 0.035, rho= -0.20).
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TABLES
Table A2.1: Assessment of the extraction of microcystin from fish tissue methodology. Both
detection limit and extraction efficiency were determined from hatchery raised bluegill,
which served as the negative control fish for our study. Negative controls were spiked with a
known concentration of microcystin. The extraction efficiency was the percent of this spike
that was recovered. We determined the detection limit to be the concentration where negative
controls, which are known to lack microcystin came back above the limit of detection,
indicating the level where matrix effects are being measured by the analysis. Inter assay
variation was determined by including a sample from each species on each plate.
Muscle

Liver

Kidney

Bluegill Inter Assay Variation

25.4 %

18.1 %

19.3 %

Largemouth Bass Inter Assay
Variation

13.8 %

15.0 %

7.5 %

Extraction Efficiency

95.4 %

114.1 %

89.0 %

1.6 ng g-1

14.6 ng g-1

10.9 ng g-1

Detection Limit

Table A2.2: Spearman’s rank correlations between fish length and microcystin (MC) in
muscles, livers, and kidneys for bluegill and largemouth bass. The degrees of freedom (df)
and p-value for each correlation are reported, along with the correlation coefficient (rho)
when significant correlations exist.
Parameters Being
Compared

Species

df

p-value

rho

Length to Muscle MC

Bluegill

87

0.116

-0.17

Length to Liver MC

Bluegill

86

0.666

0.05

Length to Kidney MC

Bluegill

71

0.248

-0.14

Length to Age MC

Bluegill

87

< 0.001

0.72

Length to Muscle MC

Largemouth Bass

87

0.002

-0.29

Length to Liver MC

Largemouth Bass

86

0.412

-0.08

Length to Kidney MC

Largemouth Bass

71

0.035

-0.20

Length to Age MC

Largemouth Bass

114

< 0.001

0.89
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Table A2.3: Microcystin concentrations measured in bluegill and largemouth bass over the
course of a year. Microcystin concentrations are reported as ng g -1 ww. The top value in each
cell is the mean of microcystin in all tissues from each harvest date. The middle value, in
parentheses, is the standard deviation and the bottom value is the samples size (n).
Tissue

Species

4/23/18

5/30/18

7/16/18

8/21/18

10/11/18

11/27/18

2/4/19

3/18/19

Muscle

Bluegill

24.3
(7.0)
n= 10

12.2
(8.1)
n= 13

6.9
(3.6)
n= 10

5.3
(1.0)
n= 11

2.3
(0.5)
n= 10

3.0
(1.0)
n= 11

4.1
(1.0)
n= 14

2.7
(2.3)
n= 10

Liver

Bluegill

65.6
(27.4)
n= 10

103.1
(55.4)
n= 13

66.1
(29.3)
n= 10

53.6
(22.6)
n= 11

58.1
(49.9)
n= 10

40.0
(17.4)
n= 10

38.6
(6.9)
n= 14

64.9
(32.2)
n= 10

Kidney

Bluegill

45.3
(16.5)
n= 10

26.8
(13.5)
n= 12

24.2
(14.3)
n= 8

14.0
(16.2)
n= 6

15.6
(8.4)
n= 8

13.5
(13.0)
n= 6

24.7
(9.9)
n= 13

12.1
(1.2)
n= 10

Muscle

Largemouth
Bass

12.9
(2.7)
n= 20

6.9
(2.6)
n= 18

5.8
(1.9)
n= 20

4.1
(1.7)
n= 19

1.9
(0.3)
n= 10

1.8
(0.4)
n= 10

2.6
(0.6)
n= 9

2.7
(2.3)
n= 10

Liver

Largemouth
Bass

124.4
(138.8)
n= 20

74.2
(46.4)
n= 18

69.7
(86.6)
n= 20

54.1
(35.8)
n= 19

72.0
(80.4)
n= 10

28.5
(11.4)
n= 10

46.3
(28.4)
n= 9

64.9
(32.2)
n= 10

Kidney

Largemouth
Bass

38.4
(7.6)
n= 20

23.2
(8.0)
n= 18

14.2
(10.2)
n= 20

21.1
(15.8)
n= 19

17.0
(2.4)
n= 10

16.7
(6.9)
n= 10

18.4
(7.1)
n= 9

12.1
(1.2)
n= 10

317

Table A2.4: Multiple linear regression models explaining microcystin accumulation in fish
fillets, livers, and kidneys. Models were created for all three tissue types for both bluegill
(BLG) and largemouth bass (LMB). In the “Fish Characteristic” models, only fish
characteristics such as length, age, mass, body condition index, sex, liver organosomatic
index (OSI), and gonad OSI (Table 1) were included. The “Combined” models included
significant parameters identified in the fish characteristic models, as well as water
microcystin (MC), total dissolved phosphorus (TDP), total dissolved nitrogen (TDN),
chlorophyll-a concentrations (chl-a), and dissolved organic carbon, which were identified as
un-correlated water quality parameters (Table 2). Both model sets were run twice, the first
time including harvest date as a categorical variable with 8 levels. We do not report the
individual statistics for harvest date because multiple linear regression determines these
based on a reference level for categorical variables. We see no ecological nor experimental
benefit to setting any individual date as a reference level, indicated by “-,”, and instead look
for differences in microcystin between dates using a two-way Analysis of Variance
(ANOVA, Table 3.5). In the second model set, harvest date was excluded. For each
individual model, the p-value and R2-adj are listed in the “Species and Tissue” column, while
the coefficient, t-value, standard error, and p-value for each significant model parameter are
listed in subsequent columns. In each row, “ns” is used to denote when a significant model
was not able to be created from the given parameters.

Model

Species and Tissue

Fish
Characteristics Harvest Date
Included

Fish
Characteristics Harvest Date
Excluded

Parameter

Coefficient

t-value

Standard
Error

p-value

BLG Muscle
(R2-adj=0.698; p<0.001)

Harvest
Date

-

-

-

-

BLG Liver (R2adj=0.266; p<0.001)

Harvest
Date

-

-

-

-

BLG Kidney
(R2-adj=0.384; p<0.001)

Harvest
Date

-

-

-

-

LMB Muscle
(R2-adj=0.763; p<0.001)

Harvest
Date

-

-

-

-

LMB Liver
(R2-adj=0.021; p=0.063)

ns

ns

ns

ns

ns

LMB Kidney
(R2-adj=0.433; p<0.001)

Harvest
Date

-

-

-

-

BLG Muscle
(R2-adj=-0.016; p=0.583)

ns

ns

ns

ns

ns

BLG Liver
(R2-adj=-0.116; p<0.001)

Liver OSI

-0.046

-3.529

0.013

<0.001

BLG Kidney
(R2-adj=-0.024; p=0.101)

ns

ns

ns

ns

ns

LMB Muscle
(R2-adj=-0.117; p<0.001)

Gonad OSI

0.001

3.936

<0.001

<0.001
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Combined Harvest Date
Included

Combined Harvest Date
Excluded

LMB Liver
(R2-adj=-0.021; p=0.063)

ns

ns

ns

ns

ns

LMB Kidney
(R2-adj=-0.044; p=0.020)

Gonad OSI

0.002

2.372

0.001

0.020

BLG Muscle
(R2-adj=0.698; p<0.001)

Harvest
Date

-

-

-

-

BLG Liver
(R2-adj=0.266; p<0.001)

Harvest
Date

-

-

-

-

BLG Kidney
(R2-adj=0.384; p<0.001)

Harvest
Date

-

-

-

-

LMB Muscle
(R2-adj=0.763; p<0.001

Harvest
Date

-

-

-

-

LMB Liver
(R2-adj=0.035; p=0.024

Water MC

0.051

2.280

0.022

0.025

LMB Kidney
(R2-adj=0.433; p<0.001)

Harvest
Date

-

-

-

-

Water MC

0.018

6.715

0.002

<0.001

chl-a

-0.125

-5.638

0.022

<0.001

TDN

< -0.001

-2.719

<0.001

0.008

Water MC

0.054

0.054

0.011

<0.001

Liver OSI

-0.034

-0.034

0.012

0.006

TDP

0.113

0.113

0.032

0.001

BLG Kidney
(R2-adj=0.100; p=0.004)

Water MC

0.012

2.995

0.004

0.004

LMB Muscle
(R2-adj=0.259; p<0.001)

Water MC

0.006

6.422

0.001

<0.001

LMB Liver
(R2-adj=0.035; p=0.024)

Water MC

0.051

2.280

0.022

0.025

LMB Kidney
(R2-adj=0.175; p<0.001)

Water MC

0.014

4.863

0.003

<0.001

BLG Muscle
(R2-adj=0.459; p<0.001)

BLG Liver
(R2-adj=0.299; p<0.001)
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FIGURES

Figure A2.1: Bathymetric map of Dairy Farm Lake #1 was created in 2017. Our
sampling site for water parameters is indicated by the grey triangle.
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A)

B)

Figure A2.2: Chlorophyll-a, microcystin, and cyanobacterial biovolume measured in
Dairy Farm Lake #1 between June 17, 2017 and October 3, 2018. Chlorophyll-a
concentrations (A) are from the epilimnion (when the reservoir was stratified) or from the
surface to 1 m above the sediment (when the reservoir was isothermal). Cyanobacteria
(B) are from the epilimnion (when the reservoir was stratified) or from the surface to 1 m
above the sediment (when the reservoir was isothermal). Total cyanobacterial biovolume
is reported as the percent of total phytoplankton biovolume that are cyanobacteria, while
potentially microcystin producing cyanobacteria (PTOX) is reported as the percent of
total cyanobacterial biovolume. Potential microcystin producers were classified following
Chapman and Foss (2019). Vertical, dotted lines show fish harvest dates that overlap with
phytoplankton enumeration.
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Figure A2.3: Scatterplot of muscle and kidney microcystin displayed as wet weight
concentrations. Significant and substantial positive correlations exist between these
tissues for both and largemouth bass (Table A2.3).
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A)

B)
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C)

Figure A2.4: Scatterplots of water microcystin and microcystin in fish tissues. R2 values
on each plot represent the R2adj for our final, combined multiple linear regression models
that excluded harvest date (Table A2.4). Trendlines indicate that water microcystin
concentrations were a significant predictor (p<0.05) for microcystin concentrations in
fish muscles (A), livers (B), and kidneys (C). We created models for bluegill (BLG, light
grey) and largemouth bass (LMB, dark grey).
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A)

B)

Figure A2.5: Scatterplot of microcystin and total fish length. Microcystin is reported in
wet weight (ww). Trendlines are included only for largemouth bass, as length and
microcystin was significantly correlated for largemouth bass and microcystin in muscles
(A) and kidneys (B; Table A2.3).
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APPENDIX 3
FIGURE

Figure A3.1: Example of site selection in each transect. The first site was always 2 m deeper
than the lowest water level recorded over the previous 6 years in the reservoir. Each subsequent
site was located at 2 m intervals. The last site in each transect occurred when we did not find any
zebra mussels at the previous 2 sites and a depth of 10 m deeper than the 6 year low was reached.
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